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Abstract

The development of an organism requires the expression of each gene to be precisely

orchestrated in space and time. This spatiotemporal control is partly achieved through

enhancers:cis-regulatory sequences that can modulate transcription at their cognate

promoters, even from millions of base pairs away. Despite the important regulatory

role of enhancers, the mechanisms by which enhancers and promoters interact to ex-

change regulatory information is still debated. Speci�cally, it is unclear whether close

spatial proximity between regulatory elements is required for transcription. Adding

another layer of complexity, recent studies have revealed multiway enhancer-promoter

(E-P) interactions that appear to drive cell type-speci�c gene expression. However, the

frequency of these multiway interactions in single cells remains under-explored.

To address these questions, we combined DNA and RNA 
uorescence in situ hybridiza-

tion (FISH), super-resolution microscopy, and Tri-C to investigate changes in E-P dis-

tances during the transition from naive to primed pluripotency in mouse. To this end,

we developed NOVA-FISH - a method capable of visualizing small regulatory elements

in close genomic proximity. We then used NOVA-FISH, together with Oligopaint, to

examine pairwise and multiway E-P interactions for �ve genes that are di�erentially

expressed during the naive-to-primed transition:Nanog, Dppa3, Sox2, Dnmt3aand

Prdm14. For Nanog and Dppa3, we additionally correlated E-P distance with nascent

transcription.

Despite transcriptional changes of several orders of magnitude, we found that changes in

pairwise E-P distances during the naive-to-primed transition are highly locus-dependent.

Tri-C data at the Nanog locus revealed a weak enrichment of multiway contacts when

Nanogwas highly expressed in the naive state, but not in the primed state, whenNanog

was downregulated. As transcription often occurs in transient bursts within a subset

of cells, we combined RNA and DNA FISH to identify active alleles. We observed a

positive correlation between shorter E-P distances and transcription at theNanog and

Dppa3 loci. Together, our data support models of dynamic contact, in which shorter

E{P distances are transiently stabilized during transcriptional initiation, and multiway

hubs may contribute to regulating cell type{speci�c gene expression.

ix



Introduction

1.1 Hierarchical view of 3D genome organization

The human interphase nucleus contains� 6.2 billion base pairs of DNA, divided into 23

pairs of chromosomes, together spanning 2 m in length. Therefore, the DNA must be

extensively packaged to �t in the nucleus, which measures only a few micrometers in

size. This packaging is not random, but rather follows a hierarchical structure known

as "chromatin architecture" (Figure 1), ranging from chromosome territories at the

largest scale, over compartments, topologically associating domains (TADs) and loops

to the arrangement of nucleosomes at the basepair level [1{3].

Chromosome territories

At the largest scale, chromatin in the mammalian nucleus is organized into chromosome

territories. Throughout interphase, individual chromosomes occupy spatially distinct

areas of the nucleus, typically around 2-3µm in diameter [4, 5]. Chromosomal regions

rich in active genes generally localize in the center of the nucleus, while regions rich

in inactive genes more frequently reside closer to the periphery [6{8]. Although chro-

mosomes preferentially interact with themselves, di�erent chromosomes have also been

shown to intermingle, especially at their boundaries [4, 5].

Compartments and subcompartments

At a megabase scale, genomic regions with similar chromatin characteristics tend to

interact with each other [3, 9]. Transcriptionally active regions, for example, tend to

interact with other active regions. These active regions are characterized by higher

gene density, higher levels of chromatin accessibility, and histone modi�cations associ-

ated with active (H3K36me3) and poised chromatin (H3K27me3). On the other hand,

transcriptionally inactive regions, characterized by lower gene density, higher chro-

1



1 INTRODUCTION

matin compaction, and high levels of repressing histone marks (eg. H3K9me3), tend

to interact with other inactive regions. Based on high-throughput chromosome con-

formation capture (Hi-C) data, these two types of regions are often referred to as the

"A compartment" (active) and "B compartment" (inactive) and roughly correspond to

euchromatin and heterochromatin in microscopy studies, respectively [1, 9, 10].

Based on interaction patterns observed in Hi-C maps, Rao et al. [11] further divided

compartments into �ve subcompartments: A1, A2, B1, B2 and B3. Subcompartments

show even more speci�city with respect to active and inactive histone marks, gene

density, DNA replication timing, and association with proteins and nuclear structures.

Active subcompartments A1 and A2, for example, are bound by RNA polymerase II

(RNAPII) and binding factors such as Bromodomain containing proteins, the inactive

B1 is bound by the Polyxomb complex, while inactive B2 and B3 contain heterochro-

matin protein 1 (HP1) [12]. Subcompartment A1 is located in close proximity to

nuclear speckles, while A2 is more distant [13]. B2 is enriched at the nuclear lamina

and nucleolus, while B3 is enriched at the lamina, but depleted at the nucleolus [11,

13].

Topologically associating domains (TADs) and loops

At a megabase to sub-megabase level, the genome is organized into so-called TADs.

These can be identi�ed as "triangles" or "squares" in Hi-C maps, where regions within

the same TAD interact � 2-fold more frequently with each other than with adjacent

regions outside the TAD [2, 14{16]. Initial studies estimated the size of TADs to

be � 800kb [15], however, later analysis of higher resolution Hi-C data suggested sizes

ranging between 40kb - 3Mb, with a median domain size of� 185kb [2, 11]. It should be

noted that TADs and their size can vary signi�cantly, depending on the algorithm and

parameters used to call them [17]. Di�erent TADs are demarcated by TAD boundaries.

In mammals, TAD boundaries are usually enriched for binding of insulator proteins

such as CCCTC-binding factor (CTCF) (detected at� 76% of boundaries), cohesin,

active transcription marks such as H3K4me3 and H3K36me3, presence of housekeeping

genes (� 34% of TAD boundaries) and repetitive elements [2, 11]. A relatively high de-

gree of conservation of TADs and TAD boundaries was observed between celltypes [11,

15], during di�erentiation [18] and even across species [19, 20]. A domain organization

similar to mammals was found in non-mammalian species likeDrosophila [14], zebra�sh

[21], C. elegans[22] and yeast [23, 24], suggesting the importance of TADs.

TADs are though to play a role in regulating gene expression through di�erent mech-

anisms. Firstly, TAD boundaries can act as barriers, insulating a promoter from the

2



1 INTRODUCTION

Figure 1: Hierarchical view of 3D genome organization. Chromosomes occupy dis-

tinct territories within the mammalian interphase nucleus. At the megabase scale, transcrip-

tionally active and inactive chromatin segregate into A/B compartments and topologically

associating domains (TADs). Within these domains, CTCF- and cohesin-mediated loop ex-

trusion organizes chromatin into loops that facilitate enhancer{promoter communication. At

the smallest scale, DNA is wrapped around histone octamers to form nucleosomes, which

assemble into heterogeneous clusters known as nucleosome clutches.

action of enhancers in neighboring TADs [25]. Studies in mice that deleted TAD bound-

aries [26] or inverted CTCF binding sites at boundaries [27] have demonstrated that

the loss of TAD boundaries can lead to aberrant gene expression, caused by ectopic E-P

interactions. Similarly, creating chromosomal inversions or duplications that fuse ad-

jacent TADs also leads to misregulated gene expression [28]. Highlighting their critical

role in vivo, a recent study has shown that targeted deletion of TAD boundaries near

developmentally important genesSmad3/Smad6causes complete embryonic lethality,

while a deletion nearTbx5/Lhx5 results in a severe lung malformation in mice [29].

Secondly, TADs could also increase the contact probability of enhancers and promot-

ers within the same TAD by restricting their movement in 3D space. TheShh gene

promoter, for example, displayed much more frequent interactions with its enhancers

when they were contained within the same TAD, compared to when those enhancers

were genomically equidistant or closer, but located outside the TAD [30]. Finally, TAD

boundaries can also function as insulating elements which restrict the spreading of eu-

chromatin into heterochromatin and vice versa [25]. This was exempli�ed by a study

3



1 INTRODUCTION

showing that the deletion of CTCF binding sites withinHox clusters resulted in the

expansion of active chromatin into a previously repressed region [31]. While additional

experimental evidence is required to validate these mechanistic models, it is reasonable

to assume that TADs are able to in
uence gene expression [25, 32, 33].

At the kilobase level, long-distance genomic contacts are facilitated by the formation of

chromatin loops. Some of these loops are formed via loop extrusion, which is mediated

by cohesin and boundary factors such as CTCF [34{40]. CTCF is an 11-zinc �nger DNA

binding protein with an insulator function [41]. Cohesin is a ring-shaped multi-protein

complex, consisting of two structural maintenance of chromosomes (SMC) subunits,

linked by a kleisin and additionally interacting with HEAT repeat proteins associated

with kleisins (HAWK proteins) [42]. It was initially discovered for its ability to hold

sister chromatids together after DNA replication until mitosis [43{45]. According to

the "loop extrusion model" NIPBL �rst loads cohesin onto the DNA [46], then cohesin

begins extruding a loop, which grows larger until cohesin spontaneously falls of, or

encounters a DNA-bound CTCF molecule in a convergent orientation. CTCF then

halts the loop extrusion process [34, 35, 42, 47, 48]. Additionally, the length of loops

is limited by WAPL, which competes with CTCF and is able to release loop-extruding

cohesin from DNA [38, 49{51]. Loops preferentially form when two CTCF molecules at

the boundaries of a TAD are arranged in a convergent orientation. Loops are thought

to facilitate E-P interactions by bringing distal regulatory elements at loop anchors

closer together. Di�erent models of E-P interaction will be discussed in more detail in

section 1.2.3. Furthermore, loops are the basis for the formation of TADs [34{40] and

depletion of both CTCF [36, 38] and cohesin largely leads to loss of TADs [37, 38, 50,

52].

Since TADs were originally identi�ed from Hi-C, which averages interaction frequencies

across millions of cells, TADs were long considered to be properties of a population [53].

Indeed, single cell Hi-C [54, 55] and super-resolution imaging studies [56, 57] have later

revealed that loops and TADs are highly variable between cells. Although individual

cells still contain compartments and domains, even strong loop anchors observed in bulk

Hi-C matrices are only present in a small subset of cells. These observations have raised

the idea that TADs are statistical properties of chromatin [58, 59]. Here, TADs from

population averages are explained by chromosomal con�gurations, where loops can

form anywhere between two TAD boundaries, whereas loops that cross boundaries are

rare [60]. Live cell imaging experiments have shown that pairs of CTCF binding sites

at nearby TAD boundaries are in contact for prolonged periods of time, approximately

between 10-30 min [40, 61]. Furthermore, biophysical modeling of looping kinetics has
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1 INTRODUCTION

suggested that most of the time TADs are in a partially extruded state and the fully

looped state is rare, supporting the idea that TADs are transient [40, 60, 61].

Nucleosome - nucleosome interactions

At the smallest scale of 3D genome organization nucleosomes form the basic unit of

DNA packaging. The nucleosome core consists of a 147 bp segment of DNA, wrapped

around two copies of each of the four core histones: H2A, H2B, H3 and H4. The

cores are connected by sections of linker DNA and linker histone H1 [62]. Based on

in vitro electron microscopy and x-ray crystallography studies, nucleosomes were long

believed to neatly organize into arrays of solenoid or zigzag shapes termed the 30 nm

�ber [63, 64]. We know today that the 30 nm �ber is an artifact of sample preparation

for electron microscopy and, as such, does not existin vivo [23, 34, 65{67]. Instead,

chromatin appears to be a lot more 
exible than initially thought [34, 66, 67]. A

pioneer electron microscopy study revealed that chromatin in human interphase and

mitotic nuclei organizes into disordered chains ranging from 5 to 24 nm in thickness [67].

These chains exhibit considerable variability in their arrangement, packing density, and

structural conformations, depending on nuclear region and chromatin activity state.

In line with these �ndings, a super-resolution microscopy study [66] demonstrated

that nucleosomes are arranged in clusters of heterogeneous sizes, so-called "nucleosome

clutches", which are interspersed by nucleosome depleted regions. Smaller, less compact

clutches tend to contain active chromatin and RNAPII, whereas larger, high-density

clutches are associated with a higher content of linker histone H1 and the more tightly

compacted heterochromatin.

1.2 Enhancers in regulating gene expression

The development of an organism requires the expression of each gene to be precisely

orchestrated in space and time [68, 69]. While gene expression can be regulated at

numerous points, the very �rst step of gene expression, the transcription of DNA into

mRNA, is one of the key regulatory events. To initiate transcription, RNAPII is

recruited to the promoter, together with the general transcription machinery and core

transcription factors (TFs) [70]. However, promoters by themselves can often only drive

a basal level of transcription. For many genes, othercis-regulatory elements, such as

enhancers, are required to achieve the target level of gene expression [68{71].
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1 INTRODUCTION

1.2.1 A brief history of transcriptional enhancers

Enhancers were originally de�ned ascis-regulatory sequences, capable of stimulating

transcription of their target gene in a distance- and orientation-independent manner

[72{74]. The �rst described enhancer was a 72 bp sequence of the SV40 virus, which

could enhance the transcription of a reporter� -globin gene in HeLa cells by several

100-fold, even when its sequence was 
ipped or inserted several kilobases form the

promoter [72]. Later studies in various cell types identi�ed several other endogenous

mammalian enhancers which could control transcription in speci�c tissues [73{76]. The

development of DNA footprinting and electrophoretic mobility shift assay revealed that

tissue-speci�c TFs bind at enhancers, thereby explaining why activation is restricted

to particular cell types [77{79]. Subsequent studies centered around enhancers in the

context of Drosophila development [80{82]. Despite emerging evidence on the role

of tissue-speci�c enhancers controlling gene expression in mammals, gene regulation

research was still primary focused on promoters [79, 83, 84].

However, this changed dramatically with the Human Genome Project. To the surprise

of the scienti�c community, the human genome was found to contain only� 25000

protein-coding genes, covering only� 1.5% of the genome - far less than previously

estimated [85]. This sparked a signi�cant interest in the role of the noncoding genome

in biology and disease. Early estimates already indicated that the number of enhancers

could be vastly higher than the number of active genes in a given cell type, suggest-

ing a role of enhancers in regulating genome-wide transcription programs [79]. More

than 4 decades later from the original discovery, the development of high-throughput

genomic methods, microscopy and computational biology has shifted the de�nition of

an enhancer. Today, enhancers are associated with binding by particular transcription

factors or co-activators (eg. p300 acetyltransferase and Mediator complex), presence

of certain histone modi�cations (H3K27ac, H3K4me1/2), depletion of nucleosomes or

transcription of enhancer RNAs (eRNAs) [86]. Additionally, the distinction between

promoter and enhancer is becoming increasingly unclear, as their chromatin archi-

tectures are surprisingly similar [87{92], several promoters have been shown to exhibit

enhancer activity [93{96], and active enhancers are able to drive local transcription ini-

tiation at their boundaries, thereby functioning as promoters [71, 97{99]. The variety

of these characteristics makes is di�cult to unambiguously de�ne an enhancer.

6



1 INTRODUCTION

1.2.2 An overview of eukaryotic transcription

Chromatin accessibility

In order to understand how enhancers may regulate transcription, it is �rst necessary

to consider the process of transcription itself. For transcription to take place, the pro-

moter, a regulatory sequence at the 5' end of the gene, �rst has to become accessible.

The accessibility of regulatory elements is highly regulated by the presence of nucle-

osomes and larger chromatin structures which hinder binding of TFs at the genomic

regions they occupy. A subset of TFs, known as pioneer TFs, can nonetheless bind to

the nucleosome-occupied DNA and recruit chromatin remodellers that make the regula-

tory element more accessible. Other TFs can then bind at these loci, further increasing

chromatin accessibility, making it permissive for transcription [100, 101].

Figure 2: Steps of transcription. (1) Pioneer transcription factors (TFs) recruit general

TFs and RNA polymerase II (RNAPII) to the promoter, forming the preinitiation complex.

The complex unwinds the DNA and the unphosphorylated carboxy-terminal domain (CTD)

of RNAPII recruits the Mediator complex. Phosphorylation of the CTD by cyclin-dependent

kinase 7 (CDK7) triggers promoter escape. (2) Binding by negative elongation factor (NELF)

and DRB sensitivity-inducing factor (DSIF) causes RNAPII to pause 20 - 100 bps downstream

of the promoter. Phosphorylation of NELF by positive transcription elongation factor b

(P-TEFb) causes its dissociation, permitting RNAPII to resume transcription. (3) During

productive elongation, several factors associate with RNAPII to maintain processivity and

proper post-transcriptional modi�cation of mRNA. (4) Upon encountering a termination

signal, RNAPII pauses and is released from the DNA, together with the nascent transcript.

Redrawn and adapted from [102] with permission.

Initiation

Subsequently, multiple regulatory elements cooperatively recruit a set of general tran-

scription factors (GTFs). Through the interaction with these GTFs, the RNAPII

complex is recruited to the promoter, forming the preinitiation complex (PIC) (Fig-

ure 2). With the help of additional factors, the PIC opens the DNA helix in a series
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1 INTRODUCTION

of enzymatic reactions [100]. In the preinitiation state, RNAPII carries an unmodi�ed

carboxy-terminal domain (CTD), which exhibits high a�nity for the Mediator complex.

The Mediator acts as a transcriptional co-activator by bridging transcriptional activa-

tors bound at enhancers with the core transcription machinery at promoters [102, 103].

Upon phosphorylation of the Ser5 and Ser7 of the CTD by cyclin-dependent kinase 7

(CDK7), this a�nity is lost and RNAPII can escape the promoter [102, 104].

Elongation

Prior to entering productive elongation, RNAPII is typically paused 20 - 100 bp down-

stream of the promoter (Figure 2) [105]. Promoter-proximal pausing can cause RNAPII

to backtrack, stall, or terminate, thereby regulating gene expression by restricting the

frequency of productive elongation. Pausing is induced when RNAPII is bound by

negative elongation factor (NELF) and DRB sensitivity-inducing factor (DSIF). To re-

lease RNAPII from its pause state, positive transcription elongation factor b (P-TEFb)

phosphorylates NELF, causing it to dissociate, and phosphorylates DSIF, causing it to

turn into a positive elongation factor [102, 106]. During productive elongation, several

other factors bind to the CTD of RNAPII, ensuring processive elongation and proper

post-transcriptional modi�cation of mRNA, such as capping and splicing [100].

Termination

The elongation complex extends the mRNA chain until it encounters a termination

signal, upon which it dissociates from both the DNA template and the newly synthe-

sized transcript. For most protein-coding eukaryotic genes termination is poly (A)-

dependent. RNAPII recognizes a highly conserved poly(A) signal (5'-AAUAAA-3'),

followed by a G/U-rich sequence near the 3' end of the gene. Transcribing the poly(A)

signal causes a marked reduction in RNAPII processivity, leading to pausing further

downstream. Concurrently, Ser2P levels at the CTD peak towards the end of elonga-

tion, promoting the recruitment of cleavage, polyadenylation and termination factors.

The binding of these factors at the transcribed poly (A) site induces RNAPII paus-

ing, followed by cleavage and release of the nascent transcript and RNAPII from the

DNA. Once released, RNAPII can be dephosphorylated and recycled for a new round

of transcription [107].

Where do the enhancers come in?

Current literature suggests that enhancers can in
uence transcriptional regulation dur-

ing both the initiation and promoter-proximal pausing stages of the transcription cycle.
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Studies employing ChIP-seq and nascent RNA methods, including GRO-seq and Start-

seq, have revealed that RNAPII accumulates across the promoter-proximal region and

the transcription start site (TSS). This led to the conclusion that promoter-proximal

pausing is the key regulatory step in the transcription cycle, potentially controlled by

enhancers [105, 108, 109]. Consistent with this view,� -globin enhancers were pre-

viously reported to facilitate the release of paused RNAPII [110{112]. Conversely,

a recent genome-wide analyses employing short capped RNA sequencing (scaRNA-

seq) and nascent gene expression measurements in di�erentiating primary cells indi-

cates that gene expression is mainly regulated through transcription initiation, possibly

driven by enhancer-mediated recruitment of RNAPII to promoters [113]. The exact

stage at which enhancers exert their regulatory in
uence remains subject of current

studies.

1.2.3 Models of enhancer - promoter interaction

For an enhancer to activate transcription of a cognate promoter, the two elements have

to exchange information and/or material. This is referred to as an interaction [114].

The precise proximity required for enhancers and promoters to interact [115{117], as

well as the frequency and duration of these interactions needed for a transcription event

to occur [118, 119] remain a topic of ongoing debate. Yang and Hansen (2024) [114] have

classi�ed models of E-P interactions based on two factors: (i) spatial proximity where

no contact, direct contact or action at a distance models are compared; and (ii) duration

of interaction, where stable interactions are compared to dynamic ones (Figure 3B).

Notably, the "contact" in contact models does not necessarily imply physical contact,

but rather an estimation of whether the regulatory elements are in spatial proximity

to each other. In these models, the distance between elements must be below a certain

threshold for the elements to functionally interact [120]. Importantly, di�erent models

of E-P interaction are not mutually exclusive [114].

Linear models: tracking and linking

Early models, often referred to as linear or 1D models, propose that interactions be-

tween enhancer and promoter, which are several kilobases apart on the linear genome,

can occur without the enhancer and promoter being brought into spatial proximity to

each other [121]. One such model, the "tracking" model (Figure 3A), proposes that

RNAPII together with other transcriptional machinery is loaded at the enhancer and

tracks along the DNA, until they reach their cognate promoter [75, 122]. A version

of this model suggests that chromatin remodellers can track along the DNA to spread
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histone PTMs from the enhancer toward the promoter [123]. Another model is the

"linking" model, where TFs bound to the enhancer oligomerize along the DNA to

form a bridge to the promoter [124]. However, these models cannot explain how en-

hancers can often skip nearby promoters to activate more distal ones [125, 126]. This

observation, together with recent studies showing increased 3D spatial proximity be-

tween enhancers and their cognate promoters compared to other genomic regions [117,

118, 127{131], have supported 3D models of E-P interaction [114].

Figure 3: Models of enhancer - promoter (E-P) interaction. (A) 1D models of E-P

interaction. The tracking model proposes that RNA polymerase II (RNAPII) and transcrip-

tion factors (TFs) are loaded at the enhancer and track toward the promoter. The linking

models suggests that TFs bound at the enhancer and oligomerize along the DNA to form

a bridge to the promoter. (B) 3D models of E-P interaction. The direct contact model

posits than enhancers and promoters come into close physical proximity (e.g., via chromatin

looping) to initiate transcription. The action-at-a-distance model proposes that enhancers

can regulate promoters hundreds of nanometers away (eg. mediated via transcriptional con-

denses). Both of these models can be either dynamic or static. Redrawn and adapted from

[114] with permission.
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Direct contact models: looping

The textbook 3D model is the stable contact model, where genomically distant en-

hancer and promoter are brought into close spatial proximity to each other via chro-

matin looping and the contact is then stabilized (Figure 3B) [114]. Early functional

evidence for looping stems from studies inEscherichia coli [132] and the SV40 enhancer

[133], where proteins had to be bound on the correct side of the DNA helix for highest

transcriptional output. First in vivo evidence for the looping model was presented in

studies of the� -globin locus [134]. In humans, the expression of� -globin genes is devel-

opmentally regulated. Fetal� -globin genes are active before birth and switch to adult

� -globin genes shortly after [135]. The expression of these� -globin genes is controlled

by a LCR located � 50 kb upstream of the genes [136, 137]. Forced chromatin looping

between developmentally silenced fetal� -globin genes and the LCR has been shown

to activate the expression of these genes in adult cells [130, 138, 139], demonstrating

that bringing enhancer and promoter in close spatial proximity via chromatin looping

can be causal for gene activation.

Several microscopy studies in �xed and live cells have also demonstrated a correlation

between increased E-P proximity and gene expression. Williamson et al. [140] have

shown using FISH that theShh promoter is signi�cantly closer to its ZRS enhancer

in expressing mouse limb buds than in tissues not expressingShh. Chen et al [125]

demonstrated using 3D FISH, that for 3 genes activated during development of the

mouse forebrain, midbrain and face and forelimb cells, E-P distances decrease signif-

icantly in tissues where genes are active. A FISH study in mouse embryonic stem

cells (mESCs) by Ohishi et al. [141] reported that several genes exhibited increased

enhancer{promoter (E{P) proximity frequency in their transcriptionally active state

compared to the inactive state. A live cell imaging study inDrosophila embryos by

Chen et al. [117] has shown that that sustained proximity of theeveenhancers to their

target is required for gene activation. Imaging distant enhancer clusters ofNanog, Sox2

and Pou5f1 in live cells, together with an MS2-based transcriptional readout, Li et al

[142] reported a correlation between E-P proximity and nascent transcription. All of

these studies support the notion of E-P proximity driven transcription. Interestingly,

however, other studies [115, 116, 128, 143] have observed transcription in the absence

of close E-P proximity, challenging the validity of the contact model.

Action-at-a-distance models: condensates and TAG

Action-at-a-distance models propose that direct physical contact between enhancers

and promoters is not required for a functional interaction. Some variants of action-
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at-a-distance models posit that the interaction is mediated by liquid-like condensates,

several hundred nm in size [116, 144{149], which act as reservoirs of Pol II, coactivators

and transcription factors (Figure 3B) [114, 144, 146, 150{152]. The formation of these

condensates is driven by dynamic multivalent interactions between DNA, protein and

RNA. While proteins provide the source of multivalent interactions, DNA regulatory

elements, together with associated chromatin and RNA, act as a multivalent sca�old

to regulate the formation of condensates at speci�c loci [100]. Regulatory elements

are enriched in TF binding sites, to which TFs can bind and recruit cofactors and

other TFs. Through a cascade of co-activator-mediated interactions, this ultimately

leads to an increased local concentration of di�erent components of the transcriptional

machinery [100]. Additionally, speci�c histone PTMs [153, 154] and transcription of

nascent RNAs at enhancers also favor the formation of condensates [155{157].

The reported E-P distances at active genomic loci range between 200 - 350 nm [115,

142{144, 158], which corresponds strikingly well to the observed sizes of condensates

in live cells [144, 157]. The condensate model is further supported by live-cell imag-

ing studies observing the formation of condensates around so-called super-enhancers.

Super-enhancers are genomic regions containing multiple enhancers which can drive

high levels of transcription at cognate promoters and were originally de�ned based

on Mediator enrichment [114]. Sabari et al. [147] have shown that transcriptional

co-activators BRD4 and Mediator form liquid-like condensates at such multi-enhancer

regions. The IDRs of BRD4 and Mediator are able to form phase-seperated droplets

which can compartmentalize and concentrate transcriptional machinery from nuclear

extracts. Similarly, Cho et al. [159] found that RNAPII and Mediator form small

(� 100 nm) transient and large (� 300 nm) stable clusters, which co-localize with each

other, associate with super-enhancers, and exhibit properties of phase-separated con-

densates. Du et al. [144] have observed that the transcription of theSox2 promoter

strongly correlates with the proximity of RNAPII condensates, but not with the prox-

imity of the SCR enhancers. These studies o�er an explanation for the weak correlation

between E{P distance and transcription [115, 116, 128, 143]. However, condensates are

not the only explanation for the lack of close E-P proximity.

Another variant of action-at-a-distance models is the transcription factor activity gra-

dient (TAG) model. The TAG model proposes that co-activators bound at enhancers

are able to modify nearby TFs, thereby creating a gradient of active TFs centered at

the enhancer [160]. This model is grounded in the observation that histone-modifying

enzymes are also capable of modifying TFs [161, 162]. Therefore, enhancers which

are enriched in a number of histone modi�cations could bring together enzymes with
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speci�c substrates, acting as platforms for TF modi�cation. In one such example, the

lysine acetyltransferase p300, which has been indicated necessary for enhancer func-

tion [163], is recruited to an enhancer by a sequence-speci�c DNA-binding TF. p300

is then activated by an allosteric regulator and acetylates nearby substrates, including

histones and enhancer-bound TFs. The now activated, acetylated TFs (with typical

residence times of a few seconds) disengage and di�use outward from the enhancer.

Histone deacetylases rapidly deacetylate the di�using TFs, creating a concentration

gradient of acetylated TFs and limiting the signal's spatial range. When acetylated

TFs reach a promoter, they increase its transcriptional output [160]. Both the TAG

and the condensate model would explain how enhancers and promoters can interact

without the need for direct contact.

Interactions between multiple regulatory elements

While E-P interactions are typically viewed in a pairwise manner, both contact and

action-at-a-distance models do not exclude interactions between multiple regulatory el-

ements. In fact, most eukaryotic genes are regulated by multiple enhancers, especially

during development, with the average human gene estimated to have at least 10 to 20

enhancers [120, 164{166]. Mounting evidence suggests that multiway E-P hubs play

important roles in regulating cell type-speci�c gene transcription. Using GAM, Beargie

et al. [167] observed an abundance of three-way contacts genome-wide, particularly

linking super-enhancer regions with highly transcribed loci. A Tri-C study by Oudelaar

and Davies et al. [168] revealed erythroid-speci�c interactions connecting multiple en-

hancers and promoters at the� - and � -globin loci. Similarly, single-cell Hi-C analysis

by Lando et al. [169] has shown that hundreds of cell type-speci�c multiway hubs form

during the transition from naive to primed pluripotency, potentially providing a struc-

tural framework for recon�guring long-range E-P interactions during di�erentiation in

mouse embryonic stemm cells (mESCs). Supporting a functional role for these hubs,

gene expression levels correlate positively with enhancer number [170{172], suggesting

an additive e�ect of enhancer action on transcription levels [173]. More recently, a

region capture Micro-C study by Goel et al. [127] revealed that enhancers and promot-

ers often reside within highly nested chromatin microcompartments, suggesting that

multiway regulatory interactions form through condensates rather than loop extrusion.

However, future imaging studies will be needed to understand the frequency and nature

of multiway interactions in single and live cells.
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The fourth dimension: time

In general, E-P interactions can either be stable, expected to last several hours, or

dynamic, with durations in the scale of minutes to seconds. Evidence for stable E-

P interaction models primarily comes from early studies in prokaryotes where stable

E{P loops were observed [114, 174, 175]. In contrast, live cell imaging studies in

animals have mainly found dynamic chromatin interactions [40, 61, 115, 117]. For

example, both Gabriele et al. 2022 [40] and Mach et al. 2024 [61] have estimated

CTCF-cohesin looping times in mESCs to be in the range of minutes. Comparing

the contact frequencies between cohesin loops and E-P interactions in Hi-C maps, one

can expect E-P contacts to be even more transient [114]. These interaction times

are in agreement with the "hit-and-run" model, where enhancer and promoter brie
y

come into contact, exchange regulatory information, and then di�use apart again [176].

Similarly to contact models, action-at-a-distance models can also be dynamic or stable.

This likely depends on the lifetime of the condensates or TAG [114, 144, 159, 160].

Moving forward, additional work will be necessary to fully understand the temporal

and spatial dynamics of E-P interactions and the mechanisms behind them.

1.3 Phases of pluripotency

Pluripotency describes the capacity of a cell to di�erentiate into all cell types of the

body. Rather than existing as a single, �xed state, pluripotency unfolds as a de-

velopmental continuum through which embryonic cells progressively transition. This

progression is typically divided into three consecutive phases: naive, formative, and

primed pluripotency. Each transition involves coordinated, genome-wide reorganiza-

tion of gene expression programs, DNA methylation landscapes and E-P interaction

patterns [177, 178]. This dynamic molecular landscape makes pluripotency an ideal

model for studying the fundamental principles of gene regulation.

1.3.1 From fertilization to pluripotency

Embryonic development begins when the maternal and paternal gametes fuse to pro-

duce a zygote. At fertilization, the zygote inherits not only the parental genomes but

also their epigenetic information, including DNA methylation patterns, histone mod-

i�cations, and non-coding RNAs. These epigenetic marks must be reprogrammed to

establish a permissive environment for zygotic genome activation (ZGA) [179, 180].

While reprogramming takes place, the zygote remains transcriptionally silent and de-

pends on maternally deposited RNAs and proteins. During the maternal-to-zygotic
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transition (MZT), these maternal components are degraded and regulatory control of

development is passed to the newly synthesized components of the embryonic genome

[179, 181, 182]. In mouse, the zygotic genome is activated in two distinct waves. The

minor ZGA wave coincides with the S phase of the �rst cell division and is character-

ized by the transcription of a limited set of unspliced transcripts and intergenic regions.

The major ZGA wave follows during the S phase of the 2-cell stage, when thousands of

stage-speci�c genes are transcribed. In other mammals, the distinction between those

two waves is less pronounced and major ZGA occurs much later [180].

In subsequent cell divisions, the embryo polarizes and compacts at the 8-cell stage,

leading to the formation of the morula at the 16-cell stage (Figure 4A). Cells then

undergo speci�cation depending on their position in the embryo: cells on the inside of

the embryo will give rise to the inner cell mass (ICM), while cells on the outside will

become the trophectoderm (TE). The ICM further segregates into the primitive endo-

derm, which will give rise to extraembryonic tissues; and the epiblast, which contains

the pluripotent stem cells (PSC) [183, 184]. Pluripotency is de�ned as the ability to

form germ cells and all three germ layers of the developing embryo - endoderm, ecto-

derm and mesoderm - which will eventually give rise to all cells of the body. PSCs can,

however, not contribute to the trophectoderm or extraembryonic cell types [185, 186].

The timing and duration of pluripotency di�ers between mammals. In mice, for exam-

ple, pluripotency usually arises at embryonic day (E) 3.5 and persists until about E7.5,

while in humans, pluripotency begins at E6 and lasts approximately until E12. During

this period, the blastocyst implants into the uterus as the epiblast undergoes further

cell divisions and expansion [186]. This process is accompanied by global changes in

transcriptional activity, epigenetic modi�cations, genome organization, metabolism,

and signaling pathways [177, 178, 184, 186, 187]. Pluripotency ends with gastrulation,

when the epiblast di�erentiates into the three embryonic germ layers, marking the �rst

step of organogenesis [177, 186].

1.3.2 Pluripotency in vitro : the naive-to-primed transition

Embryonic pluripotency has been successfully capturedin vitro [186, 188{190]. Mouse

embryonic stem cells (mESCs) were the �rst PSCs to be isolated from mammals [186,

188, 189]. However, PSCs are not one uniform cell type. Depending on the culture

conditions, di�erent states of a continuous developmental process can be maintained.

In vitro , PSCs are most commonly classi�ed into three states: naive (ESC), forma-

tive (EpiLC - epiblast-like cells), and primed (EpiSC - epiblast stem cells), which

correspond to the pre-implantation epiblast, early post-implantation epiblast and late
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Figure 4: Phases of pluripotency. (A) In vivo early embryonic development in mouse,

from totipotent zygote to pluripotent pre- and post- implantation embryo. (B) In vitro

model of pluripotency. Cells can be maintained in a naive state with medium containing

2i/LIF. Upon 2i/LIF withdrawal and addition of Activin A + FGF2, cells transition to a

formative state after 48 h, and to a primed state after 72 h. Naive, formative, and primed

states correspond to the pre-, early post-, and late post-implantation epiblast, respectively.

Redrawn and adapted from [178].
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post-implantation epiblast in vivo, respectively [177].

Initially, mESCs were cultured in medium containing fetal calf serum (FCS) on feeder

layers of mouse embryonic �broblasts (MEFs), which serve to maintain pluripotency

and facilitate growth of the stem cells [188, 189]. The later discovery of leukemia

inhibitory factor (LIF) enabled a feeder-free culture [191, 192]. Yet, ESCs cultured

with FCS and LIF alone were found to produce a heterogeneous population with char-

acteristics of both naive and primed states which are able to convert between each

other [193{195]. The addition of 2i, small molecule inhibitors targeting MAPK/ERK

(MEK; PD0325901) and glycogen synthase kinase 3� (GSK3� ; CHIR99021), produces

a better-de�ned culture condition by suppressing di�erentiation and stimulating ESC

proliferation [196]. ESCs cultured in a medium containing 2i and LIF homogeneously

express naive factors and are thought to be almost equivalent to the pre-implantation

epiblast [178, 195, 196].

In the presence of Activin A and �broblast growth factor 2 (FGF2), ESCs convert into

EpiSCs over the course of at least three days (Figure 4B). This transition is largely

irreversible, re
ecting diminishing developmental potential and progressive speci�ca-

tion of pluripotent states during development [197{199]. EpiSCs are, for example,

unable to form primordial germ cells (PGCs) upon the addition of inductive cytokines

such as bone morphogenetic protein 4 (BMP4) [200]. Culturing ESCs with Activin A

and FGF2 for just two days results in a transient, intermediate population of EpiLCs,

termed the formative state. EpiLCs mimic the early post-implantation epiblast and,

unlike EpiSCs, retain the ability to form PGCs [178, 201, 202].

Beyond isolation from embryos and di�erentiation from ESCs, PSCs can be gen-

erated from already di�erentiated somatic cells through reprogramming [186]. The

most commonly used approach relies on forced expression of four TFs, the so called

"Yamanaka factors" (Kr•uppel-like factor 4 (KLF4), SRY-box transcription factor 2

(SOX2), octamer-binding transcription factor 4 (OCT4) and c-MYC), in somatic cells

[203{207]. Under appropriate culture conditions, �broblasts can be reprogrammed

not only into ESCs but also directly into EpiSCs [208]. Methods employing di�erent

combinations of transcription factors or microRNAs have also proven successful [209].

However, reprogramming e�ciency is generally low, and the precise mechanisms un-

derlying this process remain poorly understood [186]. Alternatively, a somatic cell can

be fused with a pluripotent cell, resulting in the formation of a pluripotent cell hybrid

[210, 211]. Another approach involves transplanting a somatic cell nucleus into an

enucleated oocyte. The somatic nucleus is then reprogrammed by the maternal factors
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present in the oocyte, leading to the generation of a blastocyst from which ES cell lines

can be derived [212]. Most recently, chemical reprogramming has also been achieved

using small molecules alone, eliminating the need for transgenes [186, 213].

1.3.3 Transcriptional changes during phases of pluripotency

Pluripotency is maintained by a core network of master transcription factors, com-

prising of OCT4, SOX2 and NANOG. These factors are co-recruited to regulatory

elements of their target genes, where they activate the expression of pluripotency-

associated genes and actively suppress the expression of genes associated with lineage

commitment [182, 184]. OCT4 is a POU family transcription factor which is uniformly

expressed across all PSCs and acts as a gatekeeper preventing di�erentiation [214{216].

Expression of OCT4 must be precisely regulated, as overexpression promotes mesoderm

di�erentiation, while downregulation leads to di�erentiation along the trophectodermal

lineage [216, 217]. Similarly, knockdown of SOX2 in mESCs induces di�erentiation into

multiple lineages, including trophectoderm [218]. NANOG is a homeobox transcrip-

tion factor which is expressed throughout PSCs of the ICM. It maintains pluripotency

by blocking the di�erentiation towards primitive endoderm, neuronal and mesodermal

lineages [184, 219, 220]. When overexpressed in cultured ESCs, NANOG can maintain

pluripotency even in the absence of LIF [221, 222].

Both OCT4 and SOX2 act as pioneer TFs, remodeling tightly packaged chromatin

to make it accessible to other TFs [223, 224]. OCT4 is capable of changing the nu-

cleosome structure by stabilizing the otherwise 
exible linker DNA and repositioning

the nucleosomal DNA by recruiting chromatin remodellers like Brahma-related gene

1 (BRG1) [223]. Furthermore, OCT4 also enhances the pioneering activity of SOX2.

It has been shown that SOX2 can bind more e�ectively to nucleosomes bound by

OCT4, than to nucleosomes alone. Working synergistically, while SOX2 induces DNA

bending and unwraps the nucleosomal DNA, OCT4 stabilizes the created structure, de-

forming the chromatin to facilitate its opening [223, 224]. OCT4, SOX2 and NANOG

co-occupy regulatory sequences of their target genes, particularly at large clusters of

enhancers known as "super-enhancers". The three master regulators are thought to

recruit the Mediator complex to these sites, which facilitates the subsequent recruit-

ment of GTFs to the promoter, thereby helping initiate transcription of select genes

[182, 225]. Through mutual regulation of their own and each other's expression, OCT4,

SOX2 and NANOG form an autoregulatory network that maintains pluripotency [182,

184, 226, 227]. To maintain the naive state, the activity of the master regulators is

supported by additional key TFs, including ESRRB, KLF2, KLF4, KLF5, PRDM14,

18



1 INTRODUCTION

REX1, TBX3 and TFCP2L1 [195, 228, 229].

The exit from naive pluripotency towards the formative state re
ects the shift from the

pre- (E4.0{5.0) to the post-implantation epiblast (E5.5-E6.5) [178, 228, 229]. This tran-

sition is triggered by the MEK/ERK and GSK3� signaling pathways [230{232]. While

FGF helps stimulate the ERK signaling, Nodal (replaced by Activinin vitro ) serves to

suppress the di�erentiation towards neural lineages [233, 234]. The naive-to-formative

transition is accompanied by substantial reorganization of enhancer landscapes and

OCT4 binding patterns. OCT4 is lost from enhancers of naive pluripotency genes,

leading to their downregulation. Notably, master TF NANOG is also downregulated,

but not completely extinguished. Simultaneously, OCT4 engages with enhancers as-

sociated with post-implantation epiblast development, such as those of FGF5, OCT6

and WNT8A, driving their upregulation. This reorganization is mediated, at least in

part, by the cooperation between OCT4 and OTX2 [235, 236]. Additional upregulated

factors include SOX3, SALL2 [228, 229], and thede novomethyltransferases DNMT3A

and DNMT3B. The increased expression of DNMT3A and DNMT3B drives a substan-

tial, genome-wide increase in CpG methylation [237{239]. Compared to naive cells, the

formative phase also exhibits an increased number of bivalent promoters, marked by

both activating (H3K4me1) and repressive (H3K27me3) histone marks, which is crucial

for enabling di�erentiation into multiple lineages in subsequent stages [177, 240].

The formative-to-primed transition mirrors the in vivo transition from the early (E5.5-

E6.5) to the late (E6.5-E7) post-implantation epiblast [178, 228, 229]. In contrast to

the abrupt transcriptional changes observed during the transition from naive into for-

mative pluripotency, the shift from formative to primed pluripotency proceeds more

gradually [177]. While OCT4 and SOX2 remain central to the pluripotency network,

formative-speci�c factors such as OTX2, OCT6 or SOX3 become spatially restricted to

regions corresponding to prospective tissue fates. Concurrently, lineage speci�c mark-

ers including T, FOXA2, and SOX1 are upregulated, and previously poised bivalent

promoters resolve according to their future lineage commitment [177, 228, 237, 241{

243].

1.4 Methods for studying enhancer - promoter in-

teractions

The �rst challenge in studying E-P interactions lies in accurately identifying the en-

hancers themselves. Although large epigenomic consortia like FANTOM and ENCODE
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have identi�ed millions of regulatory elements, enhancers exhibit a high cell type speci-

�city, which makes it challenging to create a comprehensive reference list of enhancers.

While high-throughput gene reporter assays in cultured cells are commonly used to

identify whether a selected sequence can function as an enhancer,in vivo reporter

assays orin vivo genome editing of the sequence are considered de�nitive proof [244,

245]. However, these methods are not suitable forde novogenome-wide identi�cation

of enhancers. To identify putative enhancers genome-wide, combinations of co-factor

binding, histone modi�cations and chromatin accessibility can be used [244].

Once identi�ed, the next challenge is pairing enhancers with their target genes. Match-

ing E-P pairs is not straightforward, as enhancers can be located millions of basepairs

upstream or downstream from the genes they regulate [58, 246, 247]. Moreover, reg-

ulatory relationships are often complex: one gene can be regulated by multiple en-

hancers, while individual enhancers can regulate multiple genes [168, 170{172]. Based

on models where enhancer and promoter come into close spatial proximity to exchange

information, chromosome conformation capture (3C) methods such as 4C [248, 249],

Hi-C [9] or capture Hi-C [171] can be used to match putative enhancers to their target

promoters.

Chromatin interaction data has enabled the genome-wide identi�cation of E-P loops

[11, 250{252], mapping of regulatory networks [249, 253, 254], and tracking of E-

P rewiring during di�erentiation [235, 252, 255]. Microscopy-based approaches pro-

vide complementary insights that address key limitations of sequencing-based methods.

While 3C-based methods are only able to detect interactions within their capture ra-

dius, methods like 
uorescence in situ hybridization (FISH) enable measurement of 3D

distances between regulatory elements at single-cell resolution, regardless of proximity.

FISH also o�ers information about the nuclear localization of selected loci. Further-

more, live-cell imaging captures the highly dynamic nature of E-P interactions in real

time, providing temporal information that is lost in population-averaged snapshots

from chromatin interaction data.

1.4.1 Sequencing-based approaches

Epigenomic data for identifying enhancers

Chromatin immunoprecipitation followed by high-throughput sequencing (ChIP-seq)

[256, 257] has been widely used to identify TFs, co-activators, and histone modi�-

cations associated with active enhancers. For ChIP-seq, chromatin is �rst crosslinked

with formaldehyde, which creates covalent bonds between DNA and associated proteins
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(Figure 5A). The chromatin is then fragmented, either by sonication or enzymatic di-

gestion, and immunoprecipitated using an antibody against the protein of interest (such

as a TF or a histone with a speci�c modi�cation). Subsequently, the crosslinking is

reversed, the DNA is puri�ed, the library is prepared (indexing and adapter ligation)

and sequenced. Regions enriched for the protein of interest are identi�ed computa-

tionally. ChIP-seq studies have revealed that active enhancers are frequently bound by

the transcriptional co-activator p300 [163], which has previously been used to annotate

enhancers [244, 258, 259]. However, not all enhancers are p300-dependent, prompting

the use of histone modi�cations as a more universal marker. Active enhancers typi-

cally display both H3K27ac and H3K4me1, whereas active promoters are marked by

H3K27ac and H3K4me3 [260{263]. Poised enhancers, characteristic of developmental

transitions, exhibit H3K4me1 together with the repressive mark H3K27me3 [262, 264{

266]. Consequently, H3K27ac commonly serves as the primary marker for identifying

active enhancers, sometimes combined with H3K4me1 for increased speci�city [261,

262, 267{269].

Another characteristic of active enhancers is the depletion of nucleosomes, which results

in higher chromatin accessibility. Methods for probing chromatin accessibility, like

DNase I hypersensitive sites sequencing (DNase-seq) [270] and assay for transposase-

accessible chromatin using sequencing (ATAC-seq) [271], are therefore also widely used

to identify putative enhancers. DNase-seq relies on nucleases like DNase I to cleave

accessible chromatin at DNase hypersensitive sites, while regions bound by proteins

such as histones or TFs are protected from digestion (Figure 5B). After digestion,

linkers are added to the cut DNA fragments to enable sequencing [270, 272]. ATAC-seq

modi�ed the DNase-seq protocol by employing a Tn5 transposase carrying sequencing

adapters. Tn5 simultaneously fragments and tags accessible DNA, eliminating the need

for separate digestion and adapter ligation steps, which greatly shortens the protocol

[271, 272]. While both methods can achieve basepair resolution, DNase-seq generally

performs better, as footprinting e�ciency of the Tn5 transposase is signi�cantly lower

than that of DNase I for most TFs. However, ATAC-seq is still usually preferred, as

the protocol is faster and requires less input material [273]. Chromatin accessibility

is a less biased predictor ofcis-regulatory sequences than ChIP-seq-based methods,

as it does not rely on speci�c TFs, co-factors, or histone modi�cations. It is less

speci�c though, as it cannot distinguish between di�erent types of regulatory elements,

and open chromatin is not necessarily active. Therefore, chromatin accessibility is

particularly powerful in predicting active enhancers when integrated with ChIP-seq

data [260, 272].
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Figure 5: ChIP-seq and DNase-seq work
ow. (A) In ChIP-seq, chromatin is �xed

with formaldehyde, crosslinking DNA with associated proteins. Chromatin is then frag-

mented, immunoprecipitated for the protein of interest, de-crosslinked, and the puri�ed DNA

is sequenced. (B) DNase-seq relies on DNase I to cleave accessible chromatin at DNase hy-

persensitive sites, while regions bound by proteins are protected. After puri�cation of cut

DNA fragments, a library is prepared and sequenced.

It is important to note, however, that enhancer predictions using these methods are

based on correlative data. The presence of particular histone modi�cations or chro-

matin features is not necessarily indicative of functional enhancers. Moreover, no

currently known histone modi�cation, or even combination of modi�cations, corre-

lates perfectly with active enhancers [260, 261, 272] and some active enhancers even

lack characteristic modi�cations like H3K27ac and H3K4me1 [261, 272]. Therefore,

despite being much lower throughput, functional validation usingin vitro reporter as-

says or transgenic animal models is still needed to identify functional enhancers [272].

Nonetheless, ChIP-seq and chromatin accessibility-based predictions provide valuable

tools to identify putative enhancers genome-wide. To determine which genes the puta-

tive enhancers regulate, such predictions can be integrated with chromatin interaction

data.

Contact data for identifying E-P interactions

Contact models of E-P interactions posit that enhancers and promoters are brought

into close spatial proximity to interact. Therefore, methods used to study chromosome

interactions have been widely used to both identify and investigate E-P interactions

[272]. A variety of these methods will be discussed below.

The �rst method capable of mapping the spatial proximity of all genome sequences rel-

ative to each other was spearheaded by the establishment of chromosome conformation

capture (3C) by Dekker et al. in 2002 [250]. In 3C, a population of cells is chemically
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�xed with formaldehyde to capture protein-mediated DNA-DNA contacts (Figure 6).

Subsequently, the chromatin is fragmented with a restriction enzyme, and restriction

fragments that were spatially close are ligated, creating a 3C library. The contact

frequency between two loci of interest is then quanti�ed by polymerase chain reaction

(PCR) using a pair of corresponding primers [274]. In one of its �rst applications, 3C

was used to explain that distal enhancers regulate the� -globin cluster during erythroid

di�erentiation through chromatin looping [275, 276]. However, since 3C focuses on in-

teraction between only two loci ("one-to-one"), throughput is relatively low and prior

knowledge of the regions of interest is required. To assay frequencies between multiple

genomic loci, a series of derivative methods was developed [274].

Chromosome conformation capture-on-chip [248] and circular chromosome conforma-

tion capture [249] (4C) were the �rst methods to improve the throughput and resolution

of 3C. 4C enables mapping of interactions between a locus of interest (the "viewpoint"),

such as a promoter, and all loci in the genome ("one-vs-all"). Generally, 4C methods

use viewpoint-speci�c primers to amplify ligation products between the viewpoint and

the rest of the genome, which are then quanti�ed using either sequencing or microarrays

[1, 274]. Some initial applications of 4C included identifying HoxB1-associated loci in

mESCs [277], investigating control of imprinting via a distal IGF2 enhancer [249], and

formation of active and inactive domains at the globin loci [248]. Since then, 4C has

been widely used to investigate regulatory interactions [278{285]. However, 4C is still

restricted to prede�ned viewpoints.

This limitation has been overcome with the development of Hi-C [9], a high-throughput

sequencing method which can capture interactions across the entire genome ("all-vs-

all"). Following chemical �xation with formaldehyde and digestion with a restriction

enzyme, the fragment ends are biotinylated before ligation. The exonuclease activity of

T4 DNA polymerase then removes biotin from unligated ends, ensuring that only suc-

cessful ligation products retain the biotin label. After DNA puri�cation and sonication,

biotinylated junctions are enriched via streptavidin pulldown, eliminating uninforma-

tive, unligated fragments from the library. Finally, ligation junctions corresponding to

chromatin interactions are identi�ed using paired-end sequencing.

Hi-C is the most commonly used approach to capture chromatin interactions genome-

wide [274]. Early versions with a resolution between 40 kb to 1 Mb [1] enabled the

discovery of chromatin compartments [9] and TADs [15]. Subsequent technical re�ne-

ments dramatically improved the resolution of Hi-C, enabling the mapping of chromatin

loops and regulatory interactions. For example, the original Hi-C protocol uses sodium
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Figure 6: Common chromosome conformation capture work
ows and resulting

contact information. 3C captures pairwise contacts between individual loci (one-vs-one),

while 4C detects contacts between one region of interest (viewpoint) and the rest of the

genome (one-vs-all). Tri-C captures contacts between the viewpoint and exactly two other

regions of interest (sometimes more) simultaneously. Hi-C captures pairwise contacts between

all regions of interest (all-vs-all), while capture Hi-C enriches for speci�c viewpoints, like all

promoters in the genome (selected-vs-all).

dodecyl sulfate (SDS) to permeabilize the nuclear membrane, which causes ligation to

occur partially in solution rather than in situ. By omitting SDS treatment to reduce

background signal and using a restriction enzyme that cuts more frequently, Rao et

al. 2014 [11] achieved kilobase resolution. The generated interaction maps enabled

systematic identi�cation of approximately 10000 chromatin loops across the genome,

revealing that 86% of loop anchors are bound by CTCF. Using the samein situ Hi-C

approach with ultra-deep sequencing, Bonev et al. 2017 [252] observed global reorgani-

zation of A/B compartments and TADs, as well as rewiring of E-P interactions during

mouse neural di�erentiation. Micro-C [23, 253, 286] further improves resolution by

replacing restriction enzyme digestion with Micrococcal Nuclease (MNase) fragmen-

tation. This achieves nucleosome-level resolution, which is ideal for capturing local

chromatin folding and E-P interactions in even more detail.

Despite these improvements, high-resolution chromatin interaction maps still require
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deep sequencing, which is prohibitively expensive at a genome-wide scale [274]. To

address this, targeted enrichment methods such as Capture-C [287] and Capture Hi-C

[171] have been developed in parallel. These approaches use biotinylated oligonu-

cleotides (oligos) to capture ligation products involving speci�c regions of interest,

which are then sequenced more deeply. For example, Promoter Capture Hi-C has been

used to map genome-wide, long-range promoter interactions across di�erent human

and mouse cell types [255, 288]. Combining high resolution with targeted enrichment,

a recent study using Region Capture Micro-C generated the deepest 3D genome maps

to date [127]. These maps revealed previously unresolvable patterns of highly nested

and focal 3D interactions, predominantly between active regulatory elements, suggest-

ing that enhancers and promoters form highly connected, multiway interaction hubs.

Notably, many of these interactions are CTCF- and cohesin-independent.

While Region Capture Micro-C o�ers excellent resolution for detecting multiple E-P

interactions, it can, like other conformation capture methods, primarily only capture

pairwise contacts. Therefore, whether these multiway interactions occur simultane-

ously in single cells can only be inferred. Tri-C was developed to directly identify

such simultaneous interactions between exactly three regions. Following crosslinking,

chromatin is digested with a restriction enzyme, typicallyNlaIII , to generate small frag-

ments (� 150-250 bp) centered on the viewpoint of interest. The fragments are then

proximity-ligated. Compared to other capture methods, gentler sonication is used to

generate longer fragments which have a higher probability to contain multiple liga-

tion junctions. Subsequently, biotinylated oligonucleotides are used to enrich for the

viewpoint of interest and the ligation junctions are identi�ed with long-read sequenc-

ing [168, 289]. Using Tri-C, Oudelaar et al.[168] directly demonstrated the existence

of higher-order regulatory hubs in which multiple enhancers and promoters interact

simultaneously. Multiway hubs at the -globin loci were highly enriched in erythroid

cells compared to ESCs, revealing their role in cell type speci�c gene regulation.

Chromatin contacts can be mediated by di�erent proteins, including architectural pro-

teins, chromatin remodellers and TFs. To map chromatin interactions associated with

speci�c proteins, di�erent methods have combined ChIP-seq with Hi-C. Chromatin

interaction analysis by paired-end tag sequencing (ChIA-PET) [251] starts with �x-

ing a population of cells, followed by sonication, ChIP-seq against the protein of in-

terest and subsequent proximity-ligation. While sonication before proximity ligation

ensures e�cient protein pull-down, it is unclear whether the chromatin structure re-

mains preserved [1, 274]. Alternative approaches like Hi-ChIP [290] and proximity

ligation-assisted chromatin immunoprecipitation sequencing (PLAC-seq) [291] perform
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proximity-ligation �rst, followed by sonication and subsequent ChIP-seq. These meth-

ods have been used to map networks associated with RNAPII, CTCF and TFs [1, 290,

292, 293].

Standard conformation capture methods provide population-averaged contact data.

While these measurements are highly reproducible across cell types, they do not always

accurately represent the complex, heterogeneous chromatin organization in individual

cells [56, 294{296]. Large-scale structures, such as chromatin compartments, appear

consistent across cells [297]. In contrast, single-cell Hi-C [54, 55] and super-resolution

imaging studies [56, 57] have revealed that smaller structures, such as TADs and loops,

are highly variable. This is especially true for E-P interactions, which are transient

and occur only in a small fraction of cells at a time [40, 114, 117, 118, 298]. Single-cell

Hi-C methods [54, 299] therefore provide a powerful approach for studying chromatin

organization in contexts where cell-to-cell variation is important. Applications include

characterizing rare cell types [55], tracking dynamic changes in chromosome contacts

throughout the cell cycle [274, 300], and resolving cell-type-speci�c regulatory inter-

actions during di�erentiation [169]. It is worth noting that chromatin organization in

single cells can also be studied using imaging-based methods, which will be discussed

in Section 1.4.2.

Ligation-based methods are inherently limited to detecting pairwise interactions, or at

most three-way interactions (Tri-C), because each DNA fragment can only ligate with

one or two partners. Ligation-free methods overcome this limitation by capturing the

entire crosslinked complex [274]. Like conformation capture, split-pool recognition of

interactions by tag extension (SPRITE) still relies on �xation and fragmentation of

chromatin. Instead of proximity ligation, the crosslinked chromatin is split into a 96

well plate, each marked with a unique barcode. The indexed chromatin is then pooled

and the process of splitting, barcoding and pooling is repeated several times. Only

the fragments within the same crosslinked complex will acquire the same combination

of barcodes [301]. Genome architecture mapping (GAM) takes a di�erent approach

[167]. In GAM, �xed nuclei are embedded in sucrose and frozen, before slicing them in

� 220 nm slices using ultra-thin cryosectioning. Individual slices are then isolated using

laser microdissection. DNA from each slice is ampli�ed and indexed before sequencing.

Chromatin contacts between pairs of DNA loci can be inferred by counting how often

two loci occur in the same section [274]. Although SPRITE and GAM are orthogonal

methods, their �ndings are remarkably consistent. Both methods not only recapitulate

the TADs and loops observed in Hi-C data, but also uncover multi-enhancer hubs

associated with highly transcribed regions and reveal previously undetected long-range
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E-P interactions [167, 274, 301].

Computational prediction of enhancer - promoter pairs

A variety of computational approaches have been developed to predict E-P pairs from

multi-omics datasets, including methods based on correlation, supervised learning, re-

gression, and various other scoring metrics. These approaches rely on integrating dif-

ferent features, such as E-P distance, gene expression, chromatin marks, chromatin ac-

cessibility, TF binding, co-activator binding, methylation, sequence, and eRNAs [244].

While reviewing all these methods would be beyond the scope of this chapter (for com-

prehensive reviews see Gong et al. [302] and Hariprakash et al. [244]), an overview of

some of the most common approaches is provided below.

Correlation-based approaches rely on the assumption that the activity of an enhancer

and its target gene are correlated across di�erent cell types [244]. Enhancer activity

can be estimated from ChIP-seq of active chromatin marks such as H3K4me1 or from

chromatin accessibility measured by DNase-seq. Promoter activity can be inferred from

RNA-seq or RNAPII ChIP-seq data [268, 303{306]. Correlation-based approaches are

able to detect multiple targets of an enhancer and quantify the strength of association

for each one. However, they require genomic data of comparable quality and resolution

across many di�erent cell types to do so. Furthermore, correlation-based methods face

challenges with rare cell types, such as those present only during short developmental

transitions. While E-P pairs may show high correlation due to the enhancer's high cell

type speci�city, the limited number of data points can also lead to spurious correlations

and false positives [244].

Supervised learning-based approaches require a known set of true positive and true

negative E-P pairs. These sets are used to train a classi�er, such as a random forest

or a decision tree, based on a variety of features. The features often include measures

of gene expression, histone marks, and chromatin accessibility, acquired by the meth-

ods described above, as well as a measure of E-P proximity derived from chromatin

interaction data [244, 307{311]. Once trained, the classi�er can be used to predict

E-P pairs in the cell type of interest. The key limitation of supervised learning-based

approaches is how to de�ne the true positive and true negative sets. Relying solely on

chromatin interaction data can prove problematic, as contact alone does not provide

information about enhancer function [312{314]. Conversely, the absence of contact in

a Hi-C map does not necessarily de�ne a true negative. This is nicely demonstrated

by advancements in chromatin interaction methods: Goel et al. [127] and Quinodoz et

al. [301] have both observed E-P interactions that were previously not detectable with
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Hi-C.

The approaches described above are only able to examine pairwise E-P interactions.

However, a gene is often regulated by multiple enhancers. Regression-based methods

can quantify the relative contribution of each enhancer to the overall activity of a

gene, based on a selection of features. In an example of a simple regression model, the

gene activity (measured by methods like RNA-seq or CAGE-seq) represents the depen-

dent variable, while the activity of each enhancer (consisting of features such as his-

tone marks or chromatin accessibility), serves as the independent / predictor variable.

Regression-based methods are often combined with other methods for enhancer pre-

diction [244]. For example, in 2014, the FANTOM consortium combined a regression-

based approach with Pearson's correlation to create an atlas of active enhancers across

di�erent human cell types and tissues [97]. Notably, the best-performing E-P predic-

tion model to date, featured in the newest ENCODE preprint, combines regression

with supervised learning [315]. The created logistic regression classi�er compiles 13

molecular features, including DNase-seq signal, Hi-C contact frequency, Activity-by-

Contact (ABC) model score, genomic position, promoter class and information about

nearby enhancers.

Other recent approaches have implemented their own custom scoring metrics to assign

enhancers to their target genes. One of the most widely integrated databases for

human enhancers, GeneHancer [316], combines enhancers from di�erent sources such

as ENCODE, Ensembl, RefSeq, FANTOM5 and VISTA. It de�nes a score for enhancer

con�dence based on agreement between sources, sequence conservation, TF binding,

functional validation and eRNAs. It is also worth mentioning the ABC model [165],

which was the second best performing model in the ENCODE study [315]. The ABC

model �rst uses chromatin accessibility data to de�ne candidate enhancer regions, then

identi�es active enhancers based on H3K27ac ChIP-seq peaks within those regions,

and �nally links enhancers to promoters using Hi-C contact data. Only genes that

are actively transcribed in the investigated cell type, as determined by RNA-seq, are

considered. An enhancers quantitative e�ect on the expression of a gene (ABC score) is

calculated by weighing enhancer activityAE with E-P contact frequencyCE;G , relative

to the e�ect of all other enhancers within 5 Mb, using the following formula:

ABC scoreE;G =
AE � CE;GP

all elements e within 5 Mb of G
Ae � Ce;G

where the activity A of an enhancerE is estimated as the geometric mean of all read
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counts of DNase-seq and H3k27ac ChIP-seq, the contactC as the KR-normalized Hi-C

contact frequency betweenE and the promoter of geneG at 5-kb resolution [165].

1.4.2 Microscopy-based approaches

Principles of 
uorescence microscopy

Fluorescence is the emission of light by an atom or a molecule, nanoseconds after

absorbing light of a shorter wavelength [317]. Fluorescence microscopy exploits this

property to visualize cellular components that would otherwise be indistinguishable un-

der conventional light microscopy, by labeling them with 
uorescent molecules, known

as 
uorophores. Fluorophores include 
uorescent proteins, small organic 
uorescent

dyes, and quantum dots, each with di�ering properties [318]. The process of 
uores-

cence can be depicted in the form of a Jablonski diagram (Figure 7A) [319]. When a


uorophore is not excited by light, it resides in the "ground state" (S0). Upon absorb-

ing light energy (photons), an electron of the 
uorophore's outer shell is sometimes

moved to a higher orbital, known as the "excited state" (S1 / S2). This happens within

the order of femtoseconds. Shortly after, the 
uorophore returns to the low-energy

ground state by dissipating the absorbed energy, most commonly in the form of vi-

brational relaxation and 
uorescence emission. Since some of the absorbed energy is

lost through non-radiative processes such as internal conversion, collisional quenching

or vibrational relaxation, the emission wavelength is longer than the excitation wave-

length [318]. This di�erence in wavelengths is known as the Stokes shift (Figure 7B)

and is the key property that makes 
uorescence microscopy such a powerful tool. It

allows selective detection of emitted photons while �ltering out the excitation light,

visualizing only 
uorescent objects [317].

The minimal energy required for 
uorescence corresponds to the energy needed to ele-

vate an electron from its ground state S0 to its lowest excited state S1. If a 
uorophore

absorbs more energy than is necessary to reach S1, the 
uorophore will undergo changes

in vibration, rotation, and/or move to an even higher electronic orbit (S2). Therefore,

a 
uorophore can be excited by a range of wavelengths. However, not every 
uorophore

absorbs energy equally well. The ability of a 
uorophore to absorb energy is measured

by the molar extinction coe�cient " . Under otherwise same conditions and molecule

properties, molecules with higher" values appear brighter than those with lower"

when excited by the same light intensity. Higher extinction coe�cients are particularly

useful when minimizing light exposure is important, for example when imaging live

cells [317].
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Figure 7: Basic principles of 
uorescence microscopy. (A) As simpli�ed Jablonsky

diagram showing energy states of a 
uorophore. When a ground state (S0) 
uorophore

absorbs light, an electron of a 
uorophore's outer shell moves to one of the excited states

(S1 / S2). The 
ourophore returns to the ground state by dissipating energy between S2

and S1 though non-radiative processes, and between S1 and S0 by emitting 
uorescence. (B)

Absorption and emission spectra of ATTO488. The di�erence between the absorption and

emission peak is called the Stokes shift.

Once excited, a 
uorophore can dissipate the absorbed energy through di�erent mech-

anisms. The energy di�erence between S2 and S1 is lost via non-radiative processes.

A good 
uorophore emits the remaining energy between S0 and S1 in the form of a

photon. The emission spectrum of a 
uorophore corresponds to the di�erent possible

wavelengths of this emitted photon. Since the emission starts from the lowest S1 level,

the energy of the emitted photon is usually less than the one of the absorbed photon.

The energy di�erence is lost through non-radiative processes and is responsible for the

Stokes shift. Larger Stokes shifts are generally desirable, as they allow the excitation

and emission light to be separated more easily [317]. How e�ciently a 
uorophore can

convert the absorbed light into 
uorescence is quanti�ed by the quantum yield: a ratio

between the number of emitted photons and number of absorbed photons. Quantum

yields closer to 1 indicate a more e�cient conversion and are generally better. To-

gether with the molar extinction coe�cient, quantum yield serves as a useful metric

for predicting 
uorophore brightness and comparing di�erent 
uorophores [318].

When imaging multiple 
uorophores within the same sample, it is essential that signals

from di�erent 
uorophores can be separated reliably. This can prove challenging, as

the excitation and emission spectra are very broad (50-150 nm), typically limiting the
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number of 
uorophores that can be used simultaneously to 4-6. Di�erent strategies

address this limitation. Synthetic organic chemistry has produced a wide variety of


uorophores, allowing researchers to select and combine those with minimal spectral

overlap [318]. Spectral imaging greatly increases multiplexing capacity (up to� 10


uorophores) by recording the complete emission spectrum at each pixel and compu-

tationally resolving overlapping signals through linear unmixing [320]. Alternatively,

imaging can be performed sequentially through cycles of staining, imaging, 
uorophore

removal, and re-staining with new labels against di�erent targets, typically for 10, in

special cases for up to 130 cycles [56, 321].

Another important attribute of 
uorophores is photostability. Although 
uorophores

can, in principle, be excited and reverted to their ground state inde�nitely, environ-

mental factors typically limit their lifespan to 10000-40000 cycles before irreversible

loss of 
uorescence occurs [317]. This phenomenon, known as photobleaching, results

from photochemical destruction due to light exposure and is generally undesirable as

it degrades image quality over time. Strategies to mitigate photobleaching primarily

focus on chemical redesign of the 
uorophore, manipulation of the surrounding environ-

ment, and optimization of imaging technique. Structural redesign of the 
uorophore

can enhance brightness, reduce the generation of reactive oxygen species, or introduce

greater rigidity to resist photochemical degradation [318, 322]. The sample medium

can also be supplemented with anti-fading agents (such as DABCO) that promote

non-destructive decay from the excited state, or with oxygen scavenging systems (such

as glucose oxidase and catalase) that deplete oxygen, which catalyzes photodegrada-

tion [322, 323]. Finally, the imaging parameters can also be optimized to minimize

illumination intensity and exposure time. While most approaches aim to prevent pho-

tobleaching, some microscopy techniques, such as 
uorescence recovery after photo-

bleaching (FRAP) [324, 325], deliberately exploit this phenomenon to study molecular

dynamics. In FRAP, a de�ned region of the sample is photobleached using the laser

of a confocal microscope, and the subsequent recovery of 
uorescence is measured as

unbleached 
uorophores di�use into the bleached area from the surroundings.

Unlike photobleaching, quenching leads to reversible loss of 
uorescence through nonco-

valent interactions between a 
uorophore and its molecular milieu [317]. Quenching can

be either static or dynamic. Static quenching occurs when a 
uorophore forms a non-


uorescent complex with a quencher molecule. Although static quenching reduces over-

all 
uorescence intensity of the sample, the 
uorescence lifetime of the non-complexed

molecules remains unchanged. Dynamic quenching involves a collision between the

quencher and an excited 
uorophore. This collision provides a non-radiative pathway
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for energy dissipation that returns the 
uorophore to its ground state. In contrast to

static quenching, dynamic quenching shortens the 
uorophore lifetime and decreases

the overall intensity of the sample, as 
uorophores are returned to the ground state

without emitting a photon. F•orster resonance energy transfer (FRET) is a type of dy-

namic quenching where energy is transferred from an excited state donor to a ground

state acceptor molecule. As donor and acceptor molecules have to be within 10 nm

of each other, FRET is highly sensitive for measuring distances, which has been lever-

aged by microscopy [326]. Biological applications include protein-protein interactions,

chromatin interactions and Ca2+ signaling [327{330].

Super-resolution microscopy

Fluorescence microscopy has played a pivotal role in advancing our understanding of

the molecular organization and interactions of biological systems. This is enabled

by two key properties: the ability to directly visualize speci�c cellular structures by

labeling them with 
uorophores, and the technique's low invasiveness, which allows

studying these structures in living cells without signi�cantly disrupting their function.

However, the resolution of conventional 
uorescence microscopy is limited to� 200 -

250 nm due to the di�raction of light. Since many cellular structures are separated by

distances smaller than this limit, they cannot be resolved using conventional methods

[331, 332]. Super-resolution microscopy has overcome this barrier, enabling numerous

biological discoveries, including insights into chromatin organization and compaction

[66, 295, 333{336], cellular structures [337{342], and biomolecular dynamics [343{348].

Di�erent super-resolution approaches can be broadly divided into two main categories

[332].

The �rst category uses patterned illumination to selectively excite molecules within a

sample, thereby separating the detection of these molecules in time [332]. The most

common example in this category is stimulated emission depletion (STED) microscopy

[349]. In STED, 
uorophores are �rst excited using a focused excitation beam. Ex-

cited 
uorophores can then return to the ground state through either spontaneous


uorescence emission or stimulated emission induced by a high-power STED laser.

The STED laser is shaped like a doughnut with 'zero'-intensity at the center, which se-

lectively depletes 
uorescence everywhere except at the center (Figure 8). This allows

only molecules at the undepleated core of the beam to emit light, thereby con�ning


uorescence emission to a region much smaller than the di�raction-limited focal spot

of conventional light microscopy. In theory, STED microscopy can achieve resolu-

tions down to the size of a single molecule. In practice, however, the signal-to-noise
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ratio limits the resolution in biological samples to 50 - 60 nm. As stimulated emis-

sion requires a high light intensity, this high resolution comes at the cost of problems

like photobleaching and phototoxicity [332, 350, 351]. Alongside other solutions like

creating more stable 
uorophores, approaches like reduction of state transition cycles

(RESCue) [352] and MINFIELD [353] aim to reduce these problems by minimizing

illumination. RESCue restricts STED illumination to regions containing 
uorophores

through a conditional sampling approach. Each pixel is �rst probed with a brief illumi-

nation pulse, and the STED beam is applied for the remainder of the pixel dwell time

only if su�cient 
uorescence signal is detected. Similarly, MINFIELD restricts the use

of the STED illumination by �rst acquiring a low-resolution confocal image and then

only applying the STED laser to the identi�ed regions of interest. DyMIN combines

the RESCue and MINFIELD approaches to reduce illumination in biological samples

for up to 20-fold [354].

Figure 8: Most common super-resolution microscopy methods. Di�raction-limited


uorescence microscopy provides a spatial resolution of� 250 nm. Stimulated emission de-

pletion (STED) microscopy overcomes this limitation by using patterned illumination in the

form of a doughnut-shaped depletion beam (blue), which selectively depletes 
uorophores at

the periphery while allowing those at the center to 
uoresce. This e�ectively reduces the

point spread function (PSF) and achieves a resolution of about 50{60 nm. Photoactivated

localization microscopy (PALM) and stochastic optical reconstruction microscopy (STORM)

enhance resolution by stochastically activating sparse subsets of photoswitchable 
uorophores

over thousands of frames. The localizations obtained from individual frames are then com-

bined to reconstruct a super-resolved image with a resolution of up to 10{20 nm.

The second category of super-resolution approaches, termed single-molecule localiza-

33



1 INTRODUCTION

tion microscopy (SMLM), achieves temporal separation of molecules by stochastically

activating random subsets of photoswitchable molecules at di�erent time points (Fig-

ure 8) [332]. Prominent examples of SMLM include (
uorescence) photoactivated

localization microscopy ((f)PALM) [355, 356] and stochastic optical reconstruction

microscopy (STORM) [357]. Both methods acquire thousands of images from the

same �eld of view, each capturing a di�erent sparse subset of active 
uorophores. A

high-resolution image is then reconstructed by combining the molecular localizations

across all frames. PALM and STORM di�er mainly in their 
uorophore switching

mechanisms. While PALM uses photoactivation, where 
uorophores are switched on

and subsequently bleached, STORM uses photoswitching, where 
uorophores can be

switched between the on and o� state. Similarly, point accumulation for imaging in

nanoscale topography (PAINT) [358, 359] uses transient binding of 
uorescent probes

to generate sparse labeling over time. SMLM approaches can usually achieve a reso-

lution of 10 - 20 nm [332, 351]. Minimal (
uorescence) photon 
ux (MINFLUX) [360]

combines the sparse labeling from SMLM with structured illumination to reach single-

nanometer localization precision, o�ering higher temporal resolution while requiring

far fewer photons than conventional methods. This is achieved by using a doughnut-

shaped excitation beam with a zero-intensity center. When the zero-intensity center is

aligned with a 
uorophore, the 
uorophore does not emit, allowing its exact position

to be inferred. Special techniques like resolution enhancement by sequential imaging

(RESI) [361] can achieve an even better resolution of a few�Angstr•om.

1.4.3 Fluorescence in situ hybridization

The most widely used method for visualizing chromatin contacts in �xed cells is DNA


uorescence in situ hybridization (DNA FISH). FISH involves hybridizing a collection

of 
uorescently labeled oligonucleotides (oligos) to a genomic region of interest, fol-

lowed by 
uorescence microscopy. Together with high-throughput super-resolution mi-

croscopy and 3C-based methods, FISH has expanded our understanding of 3D genome

organization and E-P interactions [58, 274]. For example, chromatin tracing has re-

vealed that loops and TADs clearly visible in Hi-C maps, are highly variable at the

single-cell level and present only in a small subset of cells [56, 57]. The spatial dynam-

ics of several E-P pairs during di�erentiation have also been dissected, showing that

cell-type speci�c enhancers can exhibit either increased or decreased spatial proximity

to their cognate promoters, depending on the locus [116, 125, 140, 362]. Furthermore,

advances in multiplexed imaging have enabled the simultaneous visualization of E-P

contacts, nascent transcripts and / or proteins [8, 128, 141, 321, 363, 364], reveal-

ing that E-P proximity only weakly correlates with nascent transcription [128, 141,
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363]. The following section outlines the basic principles of FISH and highlights recent

technical developments together with current limitations.

Probe design

The �rst important step in FISH is the choice of probe. Depending on their appli-

cation, DNA FISH probes can target whole chromosomes, repetitive sequences, or

speci�c genomic loci. Chromosome painting employs a pool of chromosome-speci�c

probes that hybridize to cytological preparations, enabling the visualization of chro-

mosomal aberrations and the spatial organization of chromosome territories [365, 366].

Other probes are designed to bind highly repetitive sequences such as those found in

telomeres, centromeres, and satellite DNA, making them particularly useful for de-

tecting aneuploidies [367]. Locus-speci�c probes, in contrast, allow the detection of

structural variations such as translocations, deletions, and inversions [368], and have

more recently been applied to studying chromatin contacts. Additionally, RNA FISH

probes can be designed to target either nascent RNA or mRNA. Here, I will focus on

designing locus-speci�c DNA FISH probes for studying E-P interactions.

Modern FISH techniques use synthetic pools of oligos as source material for probes

[369]. A variety of computational tools, including OligoMiner [370], iFISH4U [371],

ProbeDealer [372], Chorus2 [373], and PaintSHOP [369], enable e�cient design of

customized probes with precisely de�ned properties. When designing FISH probes,

several parameters should be considered. First, probe sequences must exhibit high

speci�city, binding exclusively to the target region without hybridizing elsewhere in

the genome or to other probes in the pool. O�-target binding could lead to false-

positives, ambiguous signals and elevated background 
uorescence. Probe speci�city

is usually determined by aligning the probe sequences against the whole genome using

Bowtie/Bowtie2 or BLAST. Additional speci�city is achieved by screening for abundant

short sequences that are part of the probe but may be missed by alignment programs,

and by masking repetitive sequences using RepeatMasker [369{372].

Second, probes must e�ciently hybridize to their targets under experimental condi-

tions. This requires an appropriate melting temperature (Tm), which is directly in-


uenced by GC content (proportion of guanine and cytosine nucleotides). Higher Tm

values are usually better, as they enhance binding speci�city. The GC content rec-

ommended by most tools lies somewhere between 20% and 80%. Probes must also be

screened for secondary structures that can inhibit hybridization [369{372].

Third, probes must provide su�cient sensitivity for target detection. Signal intensity
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and detection e�ciency increase with probe number and density, as more 
uorophores

can bind within the same region. Achieving adequate probe coverage can prove chal-

lenging when target regions contain abundant or repetitive sequences. In such cases, a

tradeo� can be made to increase the number of probes. One approach is to increase the

probe length (typically 30{50 bp), which can achieve higher density but may reduce

speci�city. Alternatively, the targeted genomic region can be extended at the expense

of spatial resolution. Probes should be distributed as homogeneously as possible to pre-

vent signal splitting. When probes contain multiple readout sequences for 
uorophore

binding, these should be su�ciently spaced to avoid 
uorescence quenching between

adjacent 
uorophores [369{372].

Probe synthesis

Locus-speci�c FISH probes were originally produced by cloning chromosomal fragments

of interest into bacterial or yeast arti�cial chromosomes (BACs or YACs), followed

by enzymatic labeling through nick translation or random priming [374]. During nick

translation, DNase I introduces random single-strand nicks into double-stranded DNA.

DNA polymerase I then binds at these sites, using its 5'! 3' exonuclease activity to

remove nucleotides ahead of the nick while simultaneously incorporating 
uorescently

labeled nucleotides at the 3' end [375]. In random priming, double-stranded DNA is

�rst denatured, and a mixture of random hexamer primers is added. These primers

anneal to the template and are extended by DNA polymerase, incorporating labeled

nucleotides to generate newly synthesized, labeled DNA strands [376]. However, these

approaches were time consuming and had limited resolution due to the relatively large

size of BACs [371].

A major breakthrough in FISH came with the advent of chemically synthesized oligos.

Oligo-based probes can be engineered to have speci�c thermodynamic properties, avoid

repetitive sequences and target any region in the genome. They enable the detection

of regions several kb in size, signi�cantly improving upon the resolution of BAC-based

probes. Moreover, large-scale oligo pools can be generated by massively parallel ar-

ray synthesis, enabling simultaneous visualization of multiple genomic regions through

methods like Oligopaint [377]. Generation of oligo-based probes from a pool involves

selective probe ampli�cation through PCR, production of single-stranded DNA through

methods likein vitro transcription, and subsequent barcoding by reverse transcription

(Figure 9A) [378{380]. The complementary barcodes are designed to be orthogonal

to both the genome and the probe pool and can be chemically labeled by conjugation

with a 
uorophore [381{383].
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Figure 9: Example of an Oligopaint 
uorescence in situ hybridization (FISH)

work
ow. (A) Oligopaint probe synthesis. Speci�c probes are ampli�ed from a com-

plex oligonucleotide pool containing thousands of sequences using PCR with probe-speci�c

primers. The resulting double-stranded DNA (dsDNA) is puri�ed and transcribed in vitro

(IVT). After RNA puri�cation, reverse transcription (RT) with a barcoded primer produces

single-stranded DNA (ssDNA) probes while incorporating a unique readout barcode. Fol-

lowing RNA degradation and ssDNA puri�cation, the barcoded probes are ready for FISH

hybridization. (B) Oligopaint sample preparation. Cells are chemically crosslinked, permiabi-

lized and treated with HCl. The DNA is then denatured using formamide and heat, allowing

probes to hybridize to genomic DNA overnight. After a series of washes, the probe barcodes

are detected by hybridization with complementary 
uorescently labeled oligos. Following

�nal washing and mounting, the samples are ready for imaging. (C) Data analysis pipeline.

Images are preprocessed, for example by correcting chromatic aberrations and aligning �elds

from multiple rounds of imaging. Nuclei are segmented, and 
uorescent spots are detected.

Detected spots are �ltered to remove false positives and analyzed quantitatively. For instance,

spots from two channels (e.g., enhancer and promoter probes) can be paired and their spatial

distances measured. The resulting data are then visualized.
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Sample preparation

Despite numerous methodological variations for sample preparation, most DNA FISH

protocols share several fundamental steps: chemical �xation to preserve cellular and

nuclear structures, permeabilization to allow probes to enter the cell, DNA prepara-

tion (eg. heat denaturation) to increase accessibility, followed by a one- or two-step

hybridization of 
uorescently labeled probes to complementary DNA, and �nally, visu-

alization using 
uorescence microscopy (Figure 9B). With appropriate modi�cations,

these protocols can also be applied to RNA. Earlier FISH methods employed hypotonic

treatment, followed by methanol-acetic acid treatment to �x the cells. As this was

shown to 
atten the cells and signi�cantly disrupt nuclear architecture, modern FISH

protocols typically use formaldehyde-based �xation [384{388], followed by permeabi-

lization. Although permeabilization can be achieved with saponins (such as, saponin

and digitonin) or nonionic detergents (such as Triton X-100 or Tween 20), Triton X-100

is preferred for FISH as it e�ectively permeabilizes the nucleus [389].

Before probes can hybridize to their targets, the double-stranded genomic DNA must

be denatured into single strands. This denaturation is facilitated by HCl treatment

following permeabilization. Typically, denaturation is achieved through a combination

of heat and formamide treatment, where formamide serves to lower the DNA melting

temperature. Samples are commonly denatured in 50% formamide at 70 - 80°C for a few

minutes [333, 371, 390{393]. These harsh conditions have raised concerns about poten-

tial swelling or dispersal of chromatin [391, 393, 394]. Using a FISH protocol optimized

for preserving nuclear structure in combination with 3D SIM, Markaki et al [391] showed

that larger, characteristic nuclear structures up to the resolution limit of their micro-

scope (� 100 nm) are well preserved. Shim et al. [393], however, found that sub-200 nm

chromatin structure is signi�cantly altered during denaturation, predominantly by for-

mamide treatment rather than heat. To enable better preservation of nuclear structure,

gentler methods that avoid high heat or formamide, such as combinatorial oligonu-

cleotide (COMBO)-FISH [395], genome oligopaint via local denaturation (GOLD)-

FISH [396] and resolution after single-strand exonuclease resection (RASER)-FISH

[397] have been developed. One of the �rst non-denaturing methods, COMBO-FISH,

employs bioinformatically designed homopurine/homopyrimidine oligos that bind di-

rectly to intact double-stranded DNA via triple helix formation. GOLD-FISH, utilizes

a Cas9 nickase to introduce nicks at de�ned sites on the non-target DNA strand. The

superhelicase Rap-X recognizes these nicks and locally unwinds the DNA, exposing

single-stranded regions that enable probe hybridization. RASER-FISH, on the other

hand, generates single-stranded DNA through global exonuclease III digestion. Be-
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fore �xation, cells are treated with BrdU, which is incorporated into replicating DNA.

Subsequent UV irradiation induces nicks at BrdU sites, providing entry points for

exonuclease III.

After the �rst round of hybridization, unlabeled oligos require a second hybridization

round to generate a 
uorescent signal. The primary oligos, complementary to the

target genomic region, contain a short barcode that is recognized and bound by a sec-

ondary 
uorophore-conjugated oligo [58]. Following hybridization, washing to remove

unbound probes, and mounting, samples can be imaged using 
uorescence microscopy.

However, small genomic targets with a low probe abundance, such as enhancers and

promoters spanning only a few kb, often su�er from weak 
uorescence signals. These

signals can be di�cult to distinguish from background noise or may fall below the

detection threshold of imaging systems. Multiple Oliopaint-based methods have been

developed to improve FISH signal and enable imaging at high-resolution. Prominent

examples include signal ampli�cation by exchange reaction (SABER)-FISH [364] and

hybridization chain reaction (HCR)-FISH [398, 399]. SABER-FISH [364] ampli�es

signal by extending the primary probe with a long concatemer of barcodes, allowing

more 
uorescent secondary probes to bind, thereby increasing signal by up to 450-

fold. Instead of standard secondary probes, HCR-FISH [398, 399] uses 
uorescently

labeled hairpins, which self-assemble into long 
uorescent polymers at the target site,

improving signal by up to 200-fold.

Another major challenge of conventional FISH approaches is the low throughput, which

allows only a limited number of targets to be imaged simultaneously [274]. Recent

methodological advances have addressed this constraint through the use of sequen-

tial hybridization and combinatorial barcoding strategies. Sequential hybridization

approaches utilize barcoded primary oligos, each with a unique barcode for a speci�c

target. After labeling all targets with primary oligos in an initial hybridization step, a

subset of targets can be detected using barcode-complementary, 
uorescently labeled

secondary oligos. The sample is then imaged and the secondary oligos are removed,

allowing a new subset of targets to be labeled, imaged, and stripped in successive cy-

cles. This process can be repeated multiple times to visualize di�erent targets in the

same sample [58]. Methods like ORCA [56] and Hi-M [363] use this approach to trace

chromatin in high resolution. Sequential hybridization also enables combinatorial bar-

coding, where each target is labeled by a unique combination of barcodes. The identity

of each locus is decoded from the binary pattern of 
uorescence across a series of se-

quential imaging rounds, allowing the number of hybridization cycles to be reduced

by roughly tenfold. Approaches like DNA-MERFISH [8] and DNA-SeqFISH+ [321]
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leverage combinatorial barcoding to simultaneously capture information about DNA,

RNA, and proteins across thousands of genomic loci.

Data analysis

After the images have been acquired, a quantitative evaluation of the data is necessary.

While manually counting individual FISH spots was once common practice, the sheer

volume of data generated by modern high-throughput microscopy approaches, particu-

larly those involving multiplexed and sequential hybridization, necessitates automation

of the analysis process [400, 401]. A basic FISH analysis work
ow might include image

preprocessing (such as correcting aberrations or aligning images acquired over multiple

rounds of imaging), cell or nucleus segmentation, spot detection, data �ltering, quan-

titative data processing (such as calculating E-P distances), and data visualization

(Figure 9C) [8]. Segmentation is commonly performed using tools such as Cellpose

[402], CellSeg [403] or CellPro�ler [404]. Detection of DNA and RNA FISH spots can

be preformed using threshold- and deep-learning-based tools, including RS-FISH [405],

FISH-quant v2 [406], deepBlink [407], and U-FISH [408]. Although various Fiji- and

Python-based tools are available for di�erent steps of the analysis process, and some

FISH analysis pipelines have been developed [401, 409], no universal pipeline exists, as

FISH protocols and experimental setups can vary widely [58].

Fixed- vs live-cell approaches

While methodological advances have greatly expanded the capabilities of FISH, funda-

mental questions about dynamic genomic processes cannot be addressed using �xed-cell

approaches alone [410]. Live-cell imaging complements FISH by enabling direct obser-

vation of chromatin looping, E-P interactions, and transcriptional activity over time

[40, 115, 117, 118, 144]. Critically, live-cell imaging allows quanti�cation of the sta-

bility, duration, and kinetics of these transient regulatory interactions [40, 61, 115,

117]. Loci of interest in live cells can be tagged with tandem arrays of DNA-binding

sites, enabling visualization through the recruitment of 
uorescently labeled cognate

DNA-binding proteins [274]. Examples include Lac operator-repressor [411, 412], Tet

operator-repressor [413] and ANCHOR systems [414]. More recent approaches use cat-

alytically inactive Cas9 fused to a 
uorescent protein, which is recruited to the locus

of interest via guide RNAs [415].

40



1 INTRODUCTION

1.5 Aim of the thesis

While it is known that enhancers can modulate transcription at their cognate promot-

ers by recruiting RNAPII and TFs, whether physical proximity between enhancers and

promoters is required for transcriptional activation remains debated. Furthermore, E-

P interactions have traditionally been viewed in a pairwise manner. Although recent

sequencing-based studies have highlighted the role of multiple enhancers in regulating

gene expression in cell populations, the frequency of multiway interactions between

regulatory elements in single cells remains largely unexplored. In this thesis, we com-

bine FISH, STED super-resolution microscopy and Tri-C to investigate changes in E-P

distances at two timescales: (i) during the transition from naive to primed pluripotency

in mouse and (ii) immediately after transcription. To this end, we develop NOVA FISH

- a method capable of visualizing small regulatory elements in close genomic proximity.

We then address answer the following questions:

1. How do pairwise E-P distances atNanog, Dppa3, Sox2, Dnmt3a,and Prdm14

loci change during the naive-to-primed transition?

2. What are the frequencies of multiway E-P contacts at theNanog / Dppa3 locus

and how do they change during the naive-to-primed transition?

3. Do the E-P distances at theNanog / Dppa3 locus correlate with nascent tran-

scription?
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2.1 Generation of Densely Labeled Oligonucleotides

for the Detection of Small Genomic Elements
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