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Summary 

The human body has evolved numerous mechanisms to counteract the threat of viruses and other 

pathogens. The innate immune response to viral infections includes the upregulation of interferons 

that induce the expression of interferon-stimulated genes (ISGs). Many ISGs serve as restriction 

factors that collectively establish an antiviral environment and target virtually all steps of viral 

replication cycles. Several members of the human Schlafen (Slfn) protein family are upregulated in 

response to interferon signaling and contribute to the inhibition of viral infections. The human 

subgroup III Slfn proteins SLFN5 and SLFN11 target viral transcription and translation, respectively. 

Additionally, SLFN5 is associated with cancer cell proliferation and migration and SLFN11 sensitizes 

cancer cells to DNA-damaging agents. Although the biological functions of SLFN5 and SLFN11 have 

been extensively studied in a cellular context, little was known about the underlying molecular 

mechanisms. Structures of both of these Slfn proteins were not available and a comprehensive 

biochemical characterization of the putative nuclease and helicase domains was largely missing, 

raising several questions.  

What is the overall structural organization of SLFN5 and SLFN11? What is the mode of interaction with 

nucleic acid substrates and how do the individual domains contribute to it? Do SLFN5 and SLFN11 

exhibit tRNase activity and if yes, how is tRNA recognized and cleaved? The aim of the first part of this 

thesis was the structural and biochemical characterization of SLFN5 and SLFN11 to answer these 

questions.  

Cryo-electron microscopy (cryo-EM) analysis of full-length human SLFN5 and SLFN11 apoenzymes 

revealed a monomeric SLFN5 state and a dimeric SLFN11 conformation. Biochemical experiments 

showed that SLFN5 binds ATP, while the SLFN11 ATPase domain adopts an autoinhibited conformation 

in which the ATP binding site is sterically blocked. However, a phosphomimetic mutation within the 

SLFN11 helicase domain induces a conformational change, resembling the SLFN5 state, and enabling 

the SLFN11 mutant to bind ATP. SLFN5 binds various nucleic acid substrates, including double-

stranded DNA and tRNA. SLFN11 also binds tRNA and has a high affinity to single-stranded DNA. A 

structure of SLFN11 bound to single-stranded DNA revealed the DNA binding mode of the helicase 

domain and suggests a mechanism for SLFN11 recruitment to stalled replication forks. The 

phosphomimetic mutation within the SLFN11 helicase domain was identified as a conformational 

switch, regulating dimerization and DNA binding. SLFN11 cleaves tRNA close to the 3’ end within the 

acceptor stem, while SLFN5 shows no tRNase activity. A cryo-EM reconstruction revealed that one 

tRNA molecule is bound between the Slfn core domains of a SLFN11 dimer and, together with 

structure-guided mutagenesis studies, suggests a mechanism for the endoribonuclease reaction. 

Taken together, the data presented here give structural insights into human subgroup III Slfn proteins 

and, in combination with the biochemical data, offer an important basis for future in cellulo studies.     

The second part of this thesis focuses on the characterization of the INO80 chromatin remodeling 

complex. ATP-dependent chromatin remodelers shape the chromatin landscape by assembling, 

sliding, editing, or disassembling of nucleosomes and, thereby, control DNA accessibility. This has 

important implications for the regulation of DNA-dependent processes such as transcription, DNA 

replication, or DNA repair. The activity of chromatin remodelers relies on a Snf2-type ATPase that uses 

the energy of ATP hydrolysis to translocate DNA. INO80 is a large multi-subunit remodeler with a 
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modular architecture. While its interaction with the nucleosome core particle has been structurally 

characterized, a comprehensive structural understanding of the DNA-interaction by the regulatory 

A-module was missing. This is of particular interest, as the A-module serves as an important allosteric 

regulator of the nucleosome sliding reaction that acts as molecular ruler and, at least in yeast, reads 

out shape features of extranucleosomal DNA.  

The aim of the second part of the thesis was the structural and biochemical characterization of the 

INO80 A-module with a focus on its interaction with extranucleosomal DNA.            

Cryo-EM analysis of the INO80-nucleosome complex revealed that the A-module binds to 

approximately 40 bp of extranucleosomal DNA. The helicase/SANT-associated (HSA)/post-HSA 

domains form a continuous helix that chemomechanically couples the DNA-bound A-module to the 

motor domain. Structural and biochemical data confirmed that the Ino80 HSA domain and the 

N-terminus of actin-related protein 8 are critical for DNA binding. The effects of DNA-binding mutants 

of the A-module on nucleosome sliding support the hypothesis that A-module-DNA interactions are 

essential for coupling of ATP hydrolysis to productive DNA translocation. Sites of DNA bending and 

minor groove widening suggest a mechanism of DNA shape readout by the A-module and the motor 

domain. Finally, cryo-EM analysis of the INO80 A-modules from three different species revealed an 

evolutionarily conserved A-module anchor that is prevalent in species-specific subunits of INO80 and 

SWI/SNF family remodelers. Together, this work gives new mechanistic insight into the regulation of 

INO80-mediated nucleosome remodeling by extranucleosomal DNA.        
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1. Introduction 

1.1. Discovery of the Schlafen gene family 

The Schlafen (Slfn) gene family was first described in a study investigating murine thymocyte 

development [1]. The identified Slfn genes showed differential regulation during thymocyte 

maturation and ectopic expression of Slfn1 was shown to induce cell cycle arrest in thymocytes. This 

gave rise to the gene family name ‘Schlafen’, which means ‘sleep’ in German [1]. Later, a new Slfn 

subgroup was identified, which harbors a C-terminal domain with similarity to superfamily I DNA/RNA 

helicases [2]. A subsequent study identified Slfn genes in a wide range of mammals, including humans, 

but also in one species of amphibian (Xenopus laevis), fish (Callorhinchus milii) and in orthopox viruses 

[3]. In the human genome, the six identified SLFN paralogs (SLFN5, SLFN11, SLFN12, SLFN12L, SLFN13, 

and SLFN14) cluster on chromosome 17 [3]. The high degree of conservation within the Slfn gene 

family suggests that they evolved from a common ancestor by duplication or recombination events 

[3, 4]. Proteins encoded by clustered genes are generally related with respect to function but may be 

differentially expressed and play divergent roles depending on the biological context [5]. In line with 

that, Slfn proteins have been linked to a variety of biological processes, such as inhibition of viral 

replication [6-10], cancer cell proliferation and migration [11-15], and sensitizing of cancer cells to 

DNA damaging agents [16-21].   

1.2. The three Slfn subgroups 

The Slfn family members can be divided into three subgroups according to their size and domain 

composition (Figure 1) [2]. Subgroup I Slfn members consist of a Slfn core domain which is conserved 

among all Slfn members and has been linked to nucleic acid binding and processing [22-24]. Subgroup 

II Slfn members contain an additional linker domain, which may serve as interaction site for binding 

partners [25, 26] and subgroup III Slfn members contain an additional superfamily I DNA/RNA helicase 

domain [2]. The mouse genome comprises nine Slfn genes, two of which are subgroup I Slfn members 

(Slfn1, Slfn2), two are subgroup II Slfn members (Slfn3, Slfn4), and five are subgroup III Slfn members 

(Slfn5, Slfn8, Slfn9, Slfn10, and Slfn14) [2, 3]. The human genome lacks subgroup I Slfn members and 

comprises two subgroup II Slfn members (SLFN12 and SLFN12L) and four subgroup III Slfn members 

(SLFN5, SLFN11, SLFN13, and SLFN14) [3]. Thus, SLFN5 and SLFN14 are the only human Slfn members 

with direct orthologs in mice.            

1.2.1. Slfn subgroup I and the Slfn core domain 

Slfn subgroup I comprises the shortest Slfn proteins, consisting only of a Slfn core domain [1, 2]. The 

Slfn core domain is highly conserved and can be found in all three subgroups, making it the defining 

feature of the Slfn family [1, 2, 4]. A particularly conserved region within the Slfn core domain 

possesses sequence similarity to a domain that is associated with transcriptional regulation in 

prokaryotes and eukaryotes [2, 27]. This region has been termed Slfn box. Furthermore, the Slfn core 

domain has been predicted to possess a divergent AAA domain [28, 29]. Typically, AAA domain 

containing proteins bind and hydrolyze ATP and can be involved in various processes such as 

membrane trafficking [30] and protein quality control [31].  
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Figure 1: Overview of human, mouse and viral Slfn family members. The Slfn family members can be divided into three 
subgroups based on protein size and domain composition. Subgroup I Slfn members consist of a Slfn core domain (blue), 
Subgroup II Slfn members consist of a Slfn core and linker domain (yellow) and Subgroup III Slfn members consist of a Slfn 
core, linker and DNA/RNA helicase domain (orange). The Slfn box with the putative nuclease active site and the Walker A/B 
motifs are indicated in dark blue and red, respectively. Viral v-Slfn consists of a poxin domain (purple) and a Slfn core domain. 
Figure based on [10].     

Slfn1 and Slfn2 are preferentially expressed in murine lymphoid tissues and are differentially regulated 

during thymocyte maturation [1]. Both are expressed in resting T cells and are downregulated upon 

T cell activation and infection with Listeria monocytogenes [1, 2]. Overexpression of Slfn1 in T cells or 

fibroblasts causes cell cycle arrest [1, 28]. Mechanistically, Slfn1 causes the arrest during G1 phase by 

inhibiting the induction of cycline D1 [28]. Slfn2 blocks T cell maturation and contributes to 

maintaining T cells and hematopoietic stem cells in a quiescent state [32-35]. Furthermore, Slfn2 acts 

as a negative regulator of metastasis and growth of malignant cells [36, 37]. The quiescent state is a 

resting state, which is characterized by a small cell size, low metabolic activity and resistance to 

apoptosis [32, 38]. Thus, preventing uncontrolled immune activation. However, upon stimulation with 

foreign antigens, T cells can leave the quiescent state and start proliferating again [39]. A chemically 

induced mutation in the Slfn2 core domain was shown to cause inherited immunodeficiency with 

susceptibility to bacterial and viral infections and decreased numbers of T cells [32, 33]. This so-called 

elektra phenotype is suggested to be a result of a loss of immune cell quiescence [32, 33]. T cell 

activation is accompanied by changes in the metabolism and an increase in reactive oxygen species 

(ROS) [40]. The oxidative stress induces certain ribonucleases, such as angiogenin that inhibits 

translation by tRNA cleavage [41-43]. Slfn2 directly binds tRNAs and protects them from angiogenin-

mediated cleavage, thus facilitating protein synthesis in activated T cells [24]. Taken together, Slfn1 

and Slfn2 contribute to maintaining the quiescent state of T cells in mice [32, 44].     
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Figure 2: Structure of the rat Slfn13 core domain. (A) Domain overview of full-length rat Slfn13 (top). The Slfn core domain 
(blue), linker domain (yellow) and helicase domain (orange) are color-coded. The Slfn box, SWAVDL motif and Walker A/B 
motifs are highlighted. Detailed domain overview of the rat Slfn13 core domain (bottom). The N-terminal extension (NE), 
Slfn core N- and C-lobes and bridging domains (BD) are color-coded. (B) Structure of rat Slfn1314-353 (PDB: 5YD0) [22]. Domains 
are indicated and colored as in (A). Residues of the Zn-finger motif and the putative nuclease active site are shown. Detailed 
views of the Zn-finger motif and the putative nuclease active site are shown as inserts.    

Structural information on subgroup I Slfn proteins is lacking, though, structures of the Slfn core 

domains of subgroup II and III proteins are available. Yang et al. [22] reported the crystal structure of 

the Slfn core domain of rat Slfn13 (rSlfn1314-353) (Figure 2). Furthermore, structures of the SLFN12-

PDE3A complex provide insights into the SLFN12 Slfn core domain [25, 26]. These studies illustrate 

that the Slfn core domain is structurally conserved and adopts a horseshoe-like shape (Figure 2B). The 

domain consists of an N- and C-lobe that are connected by two bridging domains. In the case of 

rSlfn1314-353, the arrangement can be described as pseudo symmetric [22]. The C-lobe harbors a highly 

conserved zinc finger motif that consists of three Cys and one His residue coordinating a zinc ion 

(Figure 2B). The N- and C-lobes of the Slfn core domain form a channel, with positively charged patches 

on each lobe (Figure 3). The inner channel of rSlfn1314-353 measures approximately 23 Å, which could 

fit base-paired DNA or RNA and has been suggested to be a binding platform for nucleic acids [22]. In 

line with this, rSlfn1314-353 cleaves tRNA and rRNA in an Mg2+/Mn2+ dependent manner [22]. A 

conserved three-carboxylate triad (E205, E210 and D248) is essential for the endonuclease activity of 

rSlfn13 (Figure 2B) [22]. Furthermore, RNase activity has been shown for mouse Slfn8, SLFN11, 

SLFN12, and SLFN14 [22, 23, 26, 45, 46]. While Slfn2 counteracts translational inhibition by the 

protection of tRNAs from nucleolytic cleavage [24], SLFN11 and SLFN12 cleave certain tRNAs and 

inhibit translation in a codon-usage-dependent manner [6, 45, 46]. 
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Taken together, several Slfn members play a role in translational regulation via their Slfn core domain 

that is involved in RNA binding and processing. 

 

Figure 3: Electrostatic surface potential of rat Slfn13 core domain. Front and back view of the surface representation of the 
rat Slfn13 core domain (PDB: 5YD0) [22]. The surface is colored according to its electrostatic potential. The values of the 
color-bar are in units of kcal mol-1 e-1 at 298 K. The positively charged patches as well as the negatively charged putative 
active site are indicated.  

1.2.2. Slfn subgroup II and the linker domain 

Two subgroup II Slfn members are encoded in the mouse (Slfn3, Slfn4) and human genome (SLFN12, 

SLFN12L), respectively (Figure 1) [1, 2]. In addition to the Slfn core domain, subgroup II Slfn members 

harbor a so-called linker domain (Figure 4A). This domain has also been referred to as SWADL or 

SWAVDL domain due to a conserved S-W-(A/S)-(V/G/L)-D-(L/I/V) motif [27, 47].  

Similar to mouse subgroup II Slfn members, SLFN12 is predominantly localized in the cytoplasm [27, 

48]. While the native biological functions of subgroup II Slfn members are largely uncharacterized, 

SLFN12 came into focus as a factor that sensitizes cancer cells to a subset of phosphodiesterase 3A 

(PDE3A) modulators [49]. In a phenotypic screen for new cancer drugs, the cytotoxicity of several 

PDE3A inhibitors correlated with the expression of PDE3A, a phosphodiesterase that hydrolyses the 

second messenger 3',5'-cyclic adenosine monophosphate (cAMP) [49, 50]. The identified inhibitors, 

such as the small molecule DNMDP, promote a physical interaction between PDE3A and SLFN12 [49]. 

The cytotoxic effects of DNMDP do not solely rely on PDE3A expression but correlate with both PDE3A 

and SLFN12 expression, while knockdown of PDE3A or SLFN12 reduces sensitivity to DNMDP [49]. In 

addition to synthetic PDE3A inhibitors, the endogenous human steroid hormone 17-β-estradiol can 

induce apoptosis by binding to PDE3A and recruitment of SLFN12 [51]. The cytotoxic effect of the 

identified small molecules does not rely on the inhibition of PDE3A phosphodiesterase activity but 

rather induces a novel activity in complex with SLFN12, as SLFN12 knockdown is sufficient to abrogate 

cytotoxicity of certain PDE3A inhibitors [52, 53]. Furthermore, the natural product nauclefine induces 

apoptosis via the PDE3A-SLFN12 pathway without inhibiting PDE3A phosphodiesterase activity [54].  
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Figure 4: Structure of the PDE3A-SLFN12 complex. (A) Domain overview of full-length SLFN12. The Slfn core domain (blue), 
linker domain (yellow) and PDE3A interacting region (PIR; orange) are color-coded. The Slfn box and SWAVDL motif are 
highlighted. (B) Structure of the PDE3ACAT-SLFN12-DNMDP heterotetramer (PDB: 7LRD) [26]. One SLFN12 protomer is colored 
as in (A) and the second protomer is depicted in grey. The PDE3A protomers are depicted in red and pink (left) or transparent 
(right). The PIR helix is indicated and DNMDP is shown in black. (C) Overview of the PDE3A-SLFN12 pathway in response to 
DNMDP treatment. Molecular glues, such as DNMDP, induce complex formation between PDE3A and SLFN12. Complex 
formation stimulates the SLFN12 nuclease activity that cleaves tRNA-Leu-TAA. This causes ribosome stalling at TTA codons 
and eventually leads to cell death. Figure based on [46].    

Insights into the mechanism of action of DNMDP as well as other PDE3A modulators could be gained 

by structural analysis of the DNMDP bound PDE3A-SLFN12 complex [25, 26]. The catalytic domain of 

PDE3A and SLFN12 form a C2-symmetric heterotetrameric complex consisting of two subunits each 

(Figure 4B). DNMDP binds a pocket near the PDE3A active site and stabilizes an interaction between 

PDE3A and the C-terminal α-helix of SLFN12. Thus, DNMDP acts as a molecular glue, which are small 

molecules that mediate the interaction of otherwise non-interacting proteins [25]. The C-terminal 

α-helix of SLFN12 that interacts with PDE3A has been termed PDE3A interacting region (PIR) and is 

essential for complex formation and the cytotoxic activity of DNMDP [26]. The two PDE3A protomers 

interact via a large interface while the interaction between PDE3A and SLFN12 is largely restricted to 

the PIR helix (Figure 4B) [25, 26]. The two SLFN12 protomers interact via a large interface between the 

Slfn core domains in a head-to-tail orientation. The linker domain is a globular domain that interacts 

with the N-lobe of the Slfn core domain as well as with the PDE3A catalytic domain. The structure of 

the SLFN12 core domain is largely similar to the rat Slfn13 core domain and harbors the conserved 

three-carboxylate triad and the zinc finger [22, 25, 26]. The two Slfn core domains form a positively 

charged channel with a diameter of approximately 20 Å [25, 26]. SLFN12 has RNase activity, which is 

stimulated by DNMDP-induced SLFN12-PDE3A complex formation [26]. Mutation of the conserved 

three-carboxylate triad strongly reduces RNase activity and renders cells chemoresistant to DNMDP 

treatment, showing that RNase activity is required for DNMDP-mediated cancer cell killing [26]. 

SLFN12 RNase activity is regulated by multiple phosphorylation sites within the linker domain [55]. 

Upon complex formation with PDE3A, SLFN12 is dephosphorylated, which promotes its RNase activity 

and cytotoxic function [55]. A recent report could identify tRNA-Leu-TAA as the physiological substrate 

of SLFN12 [46]. Molecular glue induced cleavage of tRNA-Leu-TAA by SLFN12 causes ribosome pausing 

at Leu-TTA codons, resulting in translational inhibition of proteins encoded by UUA-rich mRNAs. As 
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many factors that are involved in mRNA translation and protein homeostasis fall into this category, it 

has been speculated that SLFN12-mediated cancer cell killing is a result of global translational 

inhibition (Figure 4C) [46].    

1.2.3. Slfn subgroup III and the helicase domain 

Slfn subgroup III represents the largest Slfn subgroup in mouse (Slfn5, Slfn8, Slfn9, Slfn10, and Slfn14) 

and human (SLFN5, SLFN11, SLFN13, and SLFN14) (Figure 1) [2, 3]. Subgroup III Slfn proteins were first 

discovered in mice and shown to be differentially regulated in hematopoietic cells, e.g. during T cell 

activation, suggesting a cell type specific role in cell development and growth [2]. In addition to the 

Slfn core domain and the linker domain, subgroup III members harbor a C-terminal domain with 

similarity to superfamily I DNA/RNA helicases [2]. Based on sequence alignment, the Slfn helicase 

domain shows the signature motifs of P-loop ATPases that consist of two RecA-like domains and 

harbors the conserved Walker A and B motifs that are required for ATP binding and hydrolysis [2]. Due 

to their functional importance, Walker A and B motifs are highly conserved and consist of the 

consensus sequences GxxxxGK(T/S) (x: any amino acid) and hhhhD(D/E) (h: hydrophobic amino acid), 

respectively [56]. In contrast to subgroup I and II Slfn proteins, most subgroup III members have a 

nuclear localization signal (NLS) within the helicase domain [27].  

SLFN5 and SLFN11 are the best characterized subgroup III members and will be discussed in the later 

sections in more detail (Sections 1.4 to 1.6). In brief, SLFN5 functions as a restriction factor for certain 

viruses by targeting viral transcription (Section 1.4.2) [9, 57]. Furthermore, it plays a role in 

transcriptional regulation in different cancers and can have an inhibitory [11, 58-63] or stimulatory 

[14, 64-68] effect on tumorigeneses (Section 1.5). SLFN11 also possesses antiviral activity but targets 

translation of viral proteins in a codon-usage-dependent manner (Section 1.4.1) [6, 69]. This function 

depends on the SLFN11 core domain, but at least in the case of some viruses, also on the helicase 

domain [70]. SLFN11 was further shown to irreversibly block DNA replication in response to treatment 

with certain DNA damaging agents (Section 1.6) [71, 72]. Mutagenesis studies of the Walker motifs 

could show that the ATPase activity of the helicase domain is essential for the replication block [71, 

72]. 

In contrast to SLFN5 and SLFN11, SLFN13 lacks an NLS and is located in the cytoplasm [22]. It can cleave 

tRNA and rRNA in vitro which requires a conserved three-carboxylate triad within the core domain 

[22]. The expression of SLFN13 is stimulated by human immunodeficiency virus 1 (HIV-1) infection and 

SLFN13 restricts HIV-1 in a nuclease-dependent manner [22]. SLFN13 inhibits the expression of viral 

proteins but also disrupts translation on a global scale [22]. While the SLFN13 core domain alone 

shows antiviral activity, the effect is stronger in the case of the full-length protein, indicating that the 

linker and/or helicase domain might contribute to its antiviral activity [22]. 

Similar to other subgroup III Slfn members, SLFN14 is mostly localized in the nucleus and shows 

antiviral activity against certain RNA and DNA viruses [8]. In a study on rabbit reticulocytes, a type of 

immature red blood cells that do not have a nucleus, a C-terminally truncated version of SLFN14 was 

found to be strongly overexpressed and bound to ribosomes [23]. SLFN14 interacts with ribosomes 

via its linker domain and cleaves rRNA and ribosome-associated mRNA, resulting in degradation of 

ribosomal subunits [23]. The endoribonuclease reaction is Mg2+- and Mn2+-dependent and 

independent of ATP [23]. However, in nucleated cell types, only full-length SLFN14 was detected and 

located in the nucleus [23]. Several point mutations in the C-lobe of the SLFN14 core domain (K218E, 
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K219N, and V220D) have been associated with inherited thrombocytopenia, a disease characterized 

by low platelet counts and an increased risk of bleeding [73]. In vitro studies suggest that these SLFN14 

mutants still bind to ribosomes and degrade rRNA, but show significantly reduced protein levels due 

to post-translational degradation of the partially misfolded SLFN14 versions [74]. In vivo experiments 

further support the finding that SLFN14 acts as a regulator in mammalian hematopoiesis and is 

involved in platelet and erythroid lineage commitment in a species-specific manner [75]. 

Taken together, subgroup III Slfn members share a conserved three-partite domain composition and 

many act as antiviral restriction factors. However, the current understanding of their biological 

functions is only fragmentary and seems to be rather diverse.  

1.3. Slfn family belongs to interferon-stimulated genes 

Cytokines are a versatile class of small proteins that are involved in cell signaling and act through cell 

surface receptors [76]. Interferons (IFNs) are a subset of cytokines that are released by host cells in 

response to infections [77]. Accordingly, the name interferon is based on their ability to “interfere” 

with viral infections [78]. As part of the innate immune response, IFNs play a role in the first line of 

defense against viral but also bacterial or fungal infections [77]. In humans, IFNs can be classified into 

three distinct families [79]. Type I IFNs represent the largest family with IFNα and IFNβ being the most 

broadly expressed members [79]. All type I IFN family members bind the type I IFN receptor (IFNAR) 

[79]. IFNγ is the only type II IFN family member and is recognized by type II IFN receptor (IFNGR) [80]. 

The type III IFN family consist of IFNλ1-4 and binds to a cell surface receptor which is mostly expressed 

on epithelial cells [81].  

IFNα/β can be produced by most cell types of the body in response to the stimulation of pattern 

recognition receptors (PRRs) (Figure 5) [82, 83]. Examples for PRRs are retinoic acid-inducible gene I 

(RIG-I) that senses viral RNA [84] or cyclic GMP-AMP synthase (cGAS) that senses cytosolic dsDNA [85]. 

Upon stimulation of PRRs, diverse signaling pathways lead to the activation of transcription factors 

such as the IFN-regulatory factors (IRFs) that activate the transcription of type I IFNs (Figure 5) [77, 

86]. The type I INFs are released from the infected host cells and stimulate the Janus kinase/signal 

transducer and activator of transcription (JAK-STAT) pathway by binding to the cell surface receptor 

IFNAR [77, 86]. IFNAR is a heterodimeric transmembrane receptor consisting of the subunits IFNAR1 

and IFNAR2 [87]. IFN binding induces dimerization of the receptor subunits which activates the 

receptor-associated tyrosine kinases Janus kinase 1 (JAK1) and tyrosine kinase 2 (TYK2) [88]. Activation 

of the kinases results in autophosphorylation of the kinases as well as phosphorylation of IFNAR1/2 

[88]. This permits the recruitment of signal transducer and activator of transcription 1 (STAT1) and 

STAT2 that are phosphorylated, leading to dimerization [89, 90]. The phosphorylated STAT1/2 dimer 

binds the IFN-regulatory factor 9 (IRF9), forming the IFN-stimulated-gene factor 3 (ISGF3) complex 

[86]. ISGF3 translocates into the nucleus and binds to IFN-stimulated response elements (ISREs) in 

promoters of IFN-stimulated genes (ISG), which leads to the transcription of ISGs (Figure 5) [86]. This 

way, IFNα/β signaling induces the transcription of a variety of ISGs, which collectively create an 

antiviral state within the cell [91]. 
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Figure 5: Schematic overview of type I interferon induction and signaling. Pattern recognition receptors such as cGAS or 
RIG-I detect cytosolic nucleic acids. This triggers signaling pathways via the stimulator of interferon genes protein (STING) or 
mitochondrial antiviral-signaling protein (MAVS) and the TANK-binding kinase 1 (TBK1), which phosphorylates IFN regulatory 
factor (IRF)3 and/or IRF7. Phosphorylation of the IRF transcription factors leads to homodimerization, nuclear translocation 
and induction of type I IFN expression (IFNα/β). The type I IFNs are released from the cell and act on adjacent cells via binding 
to the heterodimeric type I IFN receptor (IFNAR)1/2. This activates the receptor-associated JAK1 and TYK2 kinases, resulting 
in autophosphorylation of the kinases and phosphorylation of INFAR1/2. This permits the recruitment of STAT1 and STAT2, 
that heterodimerize upon phosphorylation and bind IRF9 to form the ISGF3 complex. The transcription factor complex enters 
the nucleus and induces the transcription of ISGs by binding to ISRE. Figure based on [92].  

The class of ISGs comprises PRRs, IRFs, and STAT1/2 that are involved in pathogen detection and IFN 

signaling but also factors that negatively regulate IFN signaling, for example by inhibiting the JAK-STAT 

pathway [93]. Negative regulators are essential for IFN-desensitization following IFN signaling, as 

dysregulated IFN production or signaling may cause autoimmune disorders [93]. However, a large 

number of ISGs are restriction factors with direct antiviral activity, which evolved to target almost any 

step of the viral life cycle [93].  

Several mouse and human Slfn family members are inducible by type I IFNα, indicating that the Slfn 

family belongs to the class of ISGs [94]. In mice, treatment with IFNα induces transcription of subgroup 

I (Slfn1 and Slfn2), subgroup II (Slfn3) and subgroup III (Slfn5 and Slfn8) Slfn members in melanoma 

and renal cell carcinoma cells [37]. In human melanocytes, IFNα treatment induces the gene 

expression of SLFN5, SLFN11, SLFN12 and SLFN13 [58]. Furthermore, stimulation of monocyte-derived 

dendritic cells with human rhinovirus, lipopolysaccharide or IFNα induces the gene expression of 

SLFN5, SLFN11, SLFN12, SLFN12L and SLFN13, showing that the upregulation is type I interferon 

dependent [95]. The degree of upregulation of Slfn family members showed similar kinetics but was 

less pronounced compared to the upregulation of a classical ISG (MxA), possibly due to different 

numbers of ISRE sites [10, 95]. However, basal SLFN expression levels differ between different cell 

types and the strength of induction is also cell type dependent [58, 95].  

SLFN5 gained special attention as it not only functions as an ISG but also acts as a negative regulator 

of IFN signaling [64]. While stimulation with IFNα induces the expression of SLFN5, it also promotes 

the interaction of SLFN5 with STAT1. The resulting complex was suggested to bind to ISREs, leading to 

the repression of ISG transcription. In line with that, SLFN5 knockout cells showed increased ISG 

expression compared to wild type cells [64]. Together, this points towards a role of SLFN5 in a 

negative-feedback loop [64].  

https://www.sciencedirect.com/topics/medicine-and-dentistry/lipopolysaccharide
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1.4. Antiviral activity of Slfn proteins 

Many ISGs function as antiviral restriction factors that have evolved to target almost any step of the 

viral life cycle [93]. HIV-1 for example, is a single-stranded enveloped RNA retrovirus that primarily 

infects CD4+ T cells and macrophages [96]. When a HIV virion encounters a CD4 expressing cell, it binds 

the CD4 receptor via its spike protein (Figure 6). Engagement of the co-receptor CC-chemokine 

receptor 5 (CCR5) leads to fusion of the viral and host cell membranes. The viral capsid that contains 

the single-stranded RNA genome as well as viral enzymes such as reverse transcriptase, proteases and 

integrase is released into the cell. The RNA is reverse transcribed into double-stranded DNA that is 

imported into the nucleus. Integration of the DNA into the host genome by integrases forms the so-

called provirus. Transcription of the provirus yields viral mRNA that is exported into the cytosol. 

Translation of the mRNA yields viral proteins that, together with viral RNA, assemble into viral 

particles. After budding and release of the viral particles, protease-mediated maturation leads to the 

formation of infectious viral particles [96].  

 

Figure 6: Schematic overview of the HIV-1 replication cycle. The virus binds the CD4 receptor and co-receptors of target 
cells via its spike protein, leading to the fusion of the viral and host cell membranes. Viral RNA and enzymes (e.g. reverse 
transcriptase, integrase) are released into the target cell and the viral RNA is reverse transcribed into viral dsDNA. After 
nuclear import, the viral DNA is integrated into the host genome. Transcription of viral DNA yields viral mRNA which is 
exported into the cytoplasm. Translation of viral mRNA yields viral proteins that, together with viral RNA, assemble into viral 
particles. After budding and release of the viral particles, protease-mediated maturation leads to the formation of infectious 
viral particles. Figure based on [96]. SLFN5 (purple) inhibits HIV-1 replication by suppressing the transcription while SLFN11 
(orange) inhibits the translation of viral proteins in a codon-usage-dependent manner [6, 57].   

HIV-1 restriction factors target for example the fusion of the virus with the host cell, reverse 

transcription, nuclear import, viral assembly or budding of the viral particles [97]. The ISG and 

restriction factor sterile alpha motif and histidine/aspartic acid (HD) domain containing protein 1 

(SAMHD1) for example, is a triphosphohydrolase that converts deoxynucleoside triphosphates 

(dNTPs) to deoxynucleosides [98]. This leads to a depletion of the intracellular dNTP pool, which 

ultimately inhibits reverse transcription of viral RNA. Another restriction factor is tetherin, that 

restricts HIV-1 replication at a much later stage of the viral life cycle by tethering the budding virion 

to the cell surface and inhibiting the release of the viral particle [99].  

Due to stimulated expression of Slfn proteins in response to IFNs, viral infections or pathogen-

associated molecular patterns (PAMPs), Slfns have been proposed to play a role in antiviral defense 

https://en.wikipedia.org/wiki/Deoxynucleoside_triphosphate
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[95, 100, 101]. Indeed, several Slfn members, especially those belonging to subgroup III, were found 

to restrict viral infections by multiple different mechanisms [10]. 

1.4.1. SLFN11 is a restriction factor that targets translation 

SLFN11 was the first human SLFN family member, discovered to have antiviral activity [6]. In 2012, Li 

et al. [6] reported that SLFN11 inhibits the replication of HIV-1 in a codon-usage-dependent manner. 

This is in line with the observation that enhanced SLFN11 expression in CD4+ T cells correlates with 

reduced HIV-1 RNA levels during antiretroviral therapy [102]. Individuals that naturally suppress HIV-1 

to low levels, so called HIV-1 “elite controllers”, show elevated SLFN11 expression levels in CD4+ T cells 

[7].  

A systematic analysis of the influence of SLFN11 on the HIV-1 replication cycle revealed that SLFN11 

does not inhibit the early steps such as reverse transcription of viral RNA, integration of viral DNA or 

transcription of the provirus [6]. It also has no inhibitory effect on the budding of viral particles. 

Instead, SLFN11 interferes with retroviral replication at a much later stage, by inhibiting the expression 

of viral proteins (Figure 6 and 7) [6]. The genomes of many viruses, such as HIV-1, have a different 

codon usage compared to the human genome [103, 104]. This viral codon bias is characterized by a 

lower G/C content compared to the host cell codon usage [6, 105, 106]. The HIV-1 genome shows a 

particularly high frequency of A/U in the third position of the codon which relates to rare codons [6, 

105, 106]. Usage of rare codons can cause ribosomal pausing and is associated with inefficient 

translation [107]. While SLFN11 inhibits the translation of the codon biased viral group-specific antigen 

(gag), it has no inhibitory effect on the expression of an artificially codon-optimized gag protein [6]. 

The antiviral activity of SLFN11 is dependent on the proteins N-terminal domain, which binds tRNAs 

[6]. The SLFN11 activity manifests in the counteraction of virus-induced changes of the tRNA pool in 

HIV-1 infected cells [6, 108].   

However, codon-usage-dependent inhibition of protein expression is not limited to viral proteins, as 

expression of human proteins with a disproportionately high frequency of certain non-optimal codons 

is also inhibited [45]. The SLFN11-dependent translational inhibition of these host proteins is the result 

of cleavage of distinct type II tRNAs upon treatment of tumor cells with DNA damaging agents (DDAs) 

[45]. Type II tRNAs include Ser and Leu tRNAs and differ from type I tRNAs by the presence of an 

extended variable loop [109]. While multiple type II tRNAs are cleaved by SLFN11, cleavage of tRNA-

Leu-TAA seems to be responsible for the translational inhibition [45]. The depletion of this already 

rare tRNA by SLFN11 is speculated to become a rate-limiting factor during translation, causing 

translational inhibition of TTA codon rich mRNAs [45]. In fact, SLFN11 is active in the absence of viral 

infections and might thereby establish a general antiviral state within the cell [6, 45, 110].  

A study on human and non-human primate SLFN11 could show that it evolved under recurrent positive 

selection in primates [110]. Its antiviral activity towards retroviruses and the ability to inhibit 

translation of non-codon optimized transcripts differs between species and is more potent in non-

human primates compared to humans [110]. Besides HIV-1, prototype foamy virus (PFV) and equine 

infectious anemia virus (EIAV), which both belong to the family of retroviruses, are inhibited by SLFN11 

in a codon-usage-dependent manner [69, 70]. In the case of PFV, residues of the proposed nuclease 

active site within the SLFN11 core domain as well as a functional Walker B motif within the helicase 

domain are essential for the antiviral activity [70]. Furthermore, dephosphorylation of three residues 
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(S219, T230, S753), that were shown to regulate SLFN11 activity in the DNA damage response, is 

essential for its antiviral activity [111].  

It was speculated, that positive-sense ssRNA viruses are more susceptible to translational inhibition 

by SLFN11 compared to negative-sense ssRNA viruses, as they rely on immediate translation of their 

RNA genome in order to replicate [108]. Indeed, positive-sense flaviviruses such as West Nile virus 

(WNV), dengue virus (DENV) and Zika virus (ZIKV) are sensitive to SLFN11, while replication of several 

negative-sense ssRNA viruses is unaffected [108]. The extend by which the replication of flaviviruses 

is affected by SLFN11 differs between viruses, suggesting that some viruses evolved a mechanism to 

counteract SLFN11 [10, 108].     

A viral antagonistic mechanism was recently described in a human cytomegalovirus (HCMV) infection 

setting [112]. SLFN11 potently restricts HCMV infections, showing that it not only targets RNA viruses 

but also DNA viruses. However, HCMV evolved a mechanism to counteract the restriction factor 

SLFN11. The viral protein RL1 targets SLFN11 for proteasomal degradation via recruitment of the 

Cullin4-RING E3 Ubiquitin Ligase (CRL4) complex (Figure 7) [112]. Thus, targeting of SLFN11 

antagonizing mechanisms might offer therapeutic potential. 

1.4.2. SLFN5 is a restriction factor that targets transcription 

SLFN5 expression is upregulated by IFNα signaling and rhinovirus infections [36, 95]. Similar to SLFN11, 

SLFN5 has been described as a restriction factor, targeting certain RNA and DNA viruses [9, 57]. 

However, SLFN5 and SLFN11 seem to employ different modes of action. 

Overexpression of SLFN5 suppresses HIV-1 replication, while depletion of endogenous SLFN5 leads to 

an increase in viral replication [57]. The antiviral activity of SLFN5 depends on its nuclear localization, 

as disruption of its nuclear localization signal leads to a loss of function [57]. The antiviral activity 

resides in the N-terminal domain, as a SLFN5 construct that is lacking the helicase domain is still able 

to restrict HIV-1 replication [57]. SLFN5 binds to specific sites within the promoter region of the 

proviral DNA, which represses recruitment of RNA polymerase II to transcription initiation sites [57]. 

SLFN5 recruits the histone methyltransferase polycomb repressive complex 2 (PRC2) to the viral 

promoter [57]. This promotes deposition of the repressive epigenetic marks H3K27me2 and 

H3K27me3, leading to chromatin compaction and inhibition of proviral transcription (Figure 6 and 7). 

However, the inhibitory effect of SLFN5 on HIV replication differs between different HIV strains and is 

not observed in HIV-2 [57].  

SLFN5 also functions as a restriction factor for the DNA virus herpes simplex virus (HSV-1) [9]. By 

binding to viral DNA, SLFN5 has been proposed to limit accessibility of RNA polymerase II to viral 

promoters [9]. This leads to a direct inhibition of transcription of the viral genome. In line with its 

function in the HIV-1 setting, the antiviral activity of SLFN5 does not require a functional ATPase [9].  

HSV-1 has evolved a potent antagonistic mechanism to overcome SLFN5-mediated restriction [9]. The 

viral E3 ubiquitin-protein ligase ICP0 mediates the ubiquitination of SLFN5, targeting it for proteasomal 

degradation (Figure 7). Thus, the antiviral effect of SLFN5 is only prominent in an ICP0 knockout HSV-1 

strain, as the antagonistic mechanism compensates the restriction factor activity in wild type HSV-1 

[9].    
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Figure 7: Schematic overview of the restriction factor functions of Slfn proteins. Slfn members employ different 
mechanisms to exert their antiviral activity. The nuclear Slfn member SLFN5 inhibits the transcription of viral genes e.g. in 
HSV-1. SLFN11, SLFN12, SLFN13 and SLFN14 interfere with translation by cleaving of tRNA, rRNA or mRNA. Slfn2 protects 
tRNA from oxidative stress-induced cleavage. Viral antagonistic mechanisms include ubiquitin-mediated degradation of 
SLFN5 in HSV-1 or SLFN11 in HCMV. Furthermore, v-Slfns that consist of a Slfn core domain and a poxin domain interfere 
with the cGAS-STING-mediated antiviral response by degrading cGAMP. Figure taken from [10].          

1.4.3. Antiviral activity of other SLFN members 

SLFN13 exhibits antiviral activity against HIV-1, shows a moderate restriction of ZIKV, but does not 

restrict the DNA virus HSV-1 [22]. Inhibition of HIV-1 replication by SLFN13 is caused by inhibition of 

protein synthesis of viral proteins [22]. This is dependent on the nucleolytic activity of SLFN13, which 

cleaves tRNA and rRNA in vitro (Figure 7). The secondary structure of tRNAs is recognized by the 

SLFN13 core domain and three acidic residues are involved in the Mg2+ and Mn2+ dependent 

endoribonuclease reaction [22].   

SLFN13 and SLFN14 gene expression levels are upregulated in response to influenza virus infections 

[8]. Depletion of SLFN13 leads to increased replication of influenza B virus, while SLFN14 

overexpression inhibits replication of influenza A. This establishes SLFN13 and SLFN14 as restriction 

factors for negative-sense ssRNA viruses [8].      

Similar to SLFN13, SLFN14 exhibits Mg2+ and Mn2+ dependent endoribonuclease activity on different 

RNA targets in vitro [23]. A C-terminally truncated rabbit SLFN14 isoform cleaves tRNA and binds to 

ribosomes, where it cleaves rRNA and ribosome-associated mRNA (Figure 7). However, full-length 

SLFN14 was found to neither cleave RNA nor does it associate with ribosomes [23]. Whether the 

endoribonuclease activity of SLFN14 is responsible for its previously observed antiviral activity is yet 

to be determined.    

While the restriction factors described above belong to SLFN subgroup III, little is known about the 

role of subgroup I and II SLFN members in antiviral immunity [10]. A point mutation in the subgroup I 

protein mouse Slfn2 has been described to lead to a reduced number of T cells and enhanced 

susceptibility to viral infections [32]. In screens for ISGs with antiviral activity, subgroup II member 
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SLFN12 was identified as a restriction factor targeting different viruses, e.g. the retrovirus HIV-1 

(Figure 7) [113, 114].     

Genes with sequence similarity to subgroup I Slfns have been identified in the genomes of different 

orthopoxviruses (OPV) [1]. Due to this similarity, it has been proposed, that these so-called viral Slfn 

genes (v-Slfn), were horizontally transferred from rodents to OPVs [3]. In addition to the SLFN core 

domain, v-Slfns comprise an N-terminal poxvirus immune nuclease (poxin) domain [115, 116]. The 

poxin domain degrades the second messenger cyclic GMP-AMP (cGAMP), which is produced by cGAS 

in response to cytosolic DNA, thereby inhibiting the cGAS-STING pathway [116, 117]. In mousepox 

disease, v-Slfn significantly contributes to virulence in an in vivo setting [117]. However, the effect of 

v-Slfn is dependent on the poxin domain, as deletion of the poxin domain shows a similar phenotype 

as a v-Slfn knockout (Figure 7) [117]. In fact, several OPVs encode poxins that are not fused to a Slfn 

core domain [117]. Thus, the exact function of the Slfn core domain of v-Slfns is yet to be determined.            

1.5. SLFN5 in cancer 

SLFN5 is a subgroup III SLFN member that is localized in the nucleus [2, 27]. It is expressed in many 

tissues but shows differential up- or downregulation in various tumors [68, 118]. Its role has been 

investigated in different tumor types, showing that SLFN5 can either inhibit [11, 58-63] or stimulate 

[14, 64-68] tumorigenesis. These results imply that SLFN5 acts through different mechanisms in a 

cancer cell type specific fashion. However, the current understanding of the underlying mechanisms 

is only fragmentary. 

The first report that directly connected a SLFN member to the regulation of cell invasion was a study 

on IFNα-sensitive malignant melanoma [58]. This type of cancer is inhibited by treatment with IFNα; 

however, the exact mechanism is not fully understood. While the investigated SLFN members (SLFN5, 

SLFN11, SLFN12, SLFN13, and SLFN14) show basal expression levels in malignant melanoma cells, only 

SLFN5 is significantly upregulated upon treatment with IFNα. Furthermore, SLFN5 expression is 

suppressed in malignant melanoma cells and knockdown of SLFN5 results in increased anchorage-

independent growth and invasiveness in vitro [58]. Together, this suggest that SLFN5 contributes to 

the antitumor effects of IFNα in malignant melanoma. 

In renal cell carcinoma (RCC) patients, high SLFN5 expression correlates with better overall survival 

[11]. Similar to malignant melanoma cells, SLFN5 is the only SLFN member that is significantly 

upregulated in RCC cells upon treatment with IFNα [11, 58]. In RCC cells, SLFN5 negatively controls 

motility and invasiveness by downregulating the expression of genes involved in cell motility such as 

matrix metalloproteinases 1 and 13 (MMP-1 and MMP-13) [11]. Overexpression of SLFN5 reduces 

motility and invasiveness, while knockdown of SLFN5 leads to increased motility. Due to the changes 

in the transcriptome induced by the knockdown of SLFN5, it is speculated that SLFN5 may serve as a 

transcriptional repressor.   

Another study showed that SLFN5 expression is significantly higher in non/low invasive cancer cell 

lines compared to highly invasive cancer cell lines [59]. Knockdown of SLFN5 in non/low invasive 

cancer cell lines stimulates MMP-14 expression, leading to increased cancer cell migration and 

invasion. This effect is due to activation of the β-catenin signaling pathway that regulates MMP-14 

expression. On the other hand, SLFN5 overexpression in highly invasive cancer cell lines inhibits 

MMP-14 expression, leading to decreased migration and invasion in vitro and in vivo. Knockdown of 

MMP-14 reverses the upregulation of migration and invasion that is observed in SLFN5 knockdown 
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cells, indicating that MMP-14 contributes to SLFN5-dependent regulation of migration and invasion in 

cancer cells. 

A positive correlation between SLFN5 expression levels and overall survival has also been reported in 

patients suffering from non-small cell lung cancer [60]. Knockdown of SLFN5 stimulates the expression 

of MMP-9 in vitro, resulting in increased cell migration.  

Together, this shows that SLFN5 contributes to the regulation of motility and invasiveness in different 

cancer cell types by regulating the expression of migration-associated matrix metalloproteinases.  

In breast cancer (BRCA) cell lines, SLFN5 inhibits metastasis while its knockdown induces epithelial-

mesenchymal transition (EMT) and stimulates invasiveness of BRCA cells [61]. Mechanistically, SLFN5 

inhibits the expression of the transcriptional repressor zinc finger E-box-binding homeobox 1 (ZEB1), 

a transcription factor that contributes to EMT [61, 119]. The inhibitory effect is due to SLFN5 binding 

to a sequence motif within the ZEB1 promoter and requires the C-terminal RNA/DNA helicase domain 

of SLFN5 [61]. Downregulation of ZEB1 leads to upregulation of ZEB1-regulated phosphatase and 

tensin homologue on chromosome 10 (PTEN), which is a known cancer suppressor [62]. A role of PTEN 

signaling was further reported in lung adenocarcinoma where SLFN5 was shown to inhibit 

proliferation and promote apoptosis [63].  

In contrast to these reports that show inhibitory effects on tumorigenesis, SLFN5 has also been shown 

to stimulate tumorigenesis in certain types of cancer [14, 64-68].  

Intestinal metaplasia is an abnormal transformation of epithelium cells of the stomach that is typically 

caused by infections with Helicobacter pylori and delineates a precursor for gastric cancer [120]. 

Analysis of SLFN5 expression revealed that high expression levels correlate with progression from 

intestinal metaplasia to gastric cancer [14]. Furthermore, high SLFN5 expression is associated with a 

shorter overall survival in gastric cancer patients [68].  

SLFN5 promotes the malignant phenotype in glioblastoma multiform (GBM), a type of tumor of the 

central nervous system, and its expression correlates with a shorter overall survival in GBM patients 

[64]. In vitro, SLFN5 promotes motility and invasiveness of GBM cells. Injection of SLFN5 wild type or 

knockout GBM cells into mice showed delayed tumor formation and decreased growth of SLFN5 

knockout cells in vivo. Mechanistically, SLFN5 interferes with IFN-signaling by acting as a 

transcriptional co-repressor of STAT1 [64]. Type I IFN-treatment stimulates complex formation of 

SLFN5 with STAT1 that represses STAT1-mediated transcription. The dual role of SLFN5 as an ISG and 

as a repressor of IFN-signaling suggests the existence of a negative-feedback loop that may play a role 

in suppression of antitumor immunity in GBM.  

In patients suffering from prostate cancer, high SLFN5 expression correlates with shorter relapse-free 

survival and increased risk of metastasis [67]. On the other hand, depletion of SLFN5 leads to impaired 

tumor growth in vivo. Mechanistically, SLFN5 interacts with the activating transcription factor 4 (ATF4) 

and controls the expression of ATF4 target genes. One of those targets is the large neutral amino acids 

transporter 1 (LAT1) which, if upregulated, alters amino acid homeostasis within the cells and is 

associated with an increased risk of metastasis [121].  

SLFN5 is overexpressed in pancreatic ductal adenocarcinoma (PDAC) and high expression levels 

correlate with shorter overall survival [66]. Knockout of SLFN5 results in decreased proliferation of 

PDAC cells and reduced tumorigenesis in vivo. The effect of SLFN5 on tumorigenesis depends on 

binding to the transcriptional repressor E2F7 [66]. Binding of SLFN5 to E2F7 blocks its function and 
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leads to the transcription of E2F7-controlled target genes, many of which are regulators of cell cycle 

progression and stimulate S phase progression.  

Taken together, the precise role of SLFN5 in tumorigenesis seems to be highly tumor specific and can 

be either inhibitory or stimulatory [118]. However, in cases where SLFN5 promotes the malignant 

phenotype, targeting of SLFN5 may offer therapeutic potential [64, 66, 67].  

1.6. SLFN11 

The tremendous advances in next generation sequencing technologies enabled the analysis of the 

genomic and transcriptomic landscape of a large number of cancer cell lines, facilitating the 

identification of new biomarkers [122]. In the search for predictive markers for cancer therapy, 

libraries of gene expression data from many different cancer cell lines were analyzed regarding their 

correlation with the cytotoxicity profiles of different anticancer drugs [17, 123]. SLFN11 expression 

was found to be a predictive biomarker for the sensitivity of many cancer cell lines to various DNA 

damaging agents (DDAs), such as topoisomerase I (TOP1) inhibitors and cisplatin [17, 123]. Subsequent 

work established SLFN11 as a regulator in DNA damage response with replication checkpoint activity, 

as it can irreversibly block stalled replication forks [45, 71, 124, 125].    

1.6.1. DNA replication and replication stress 

DNA replication is a highly regulated process that ensures that the DNA is replicated exactly once per 

cell cycle [126, 127]. The semiconservative replication of the double-stranded DNA occurs mainly 

during S phase of the cell cycle and involves various multi-subunit protein complexes.  

Replication is initiated during G1 phase by the licensing of the origin recognition complex (ORC) and 

cell division cycle 6 (CDC6) to replication origins [126, 128, 129]. The recruitment of two 

heterohexameric DNA helicase minichromosome maintenance complexes 2-7 (MCM2-7) and 

chromatin licensing and DNA replication factor 1 (CDT1) leads to the formation of the pre-replicative 

complex (pre-RC) (Figure 8) [130]. Subsequently, the licensing factors CDC6 and CDT1 are released 

from the pre-RC and cycline-dependent kinases (CDKs) and Dbf4-dependent kinase (DDK) 

phosphorylate several replication factors, facilitating their loading onto the origin and assembly of the 

pre-initiation complex (pre-IC) (Figure 8) [128, 131, 132]. Two of those factors are cell division cycle 

45 (CDC45) and the GINS complex that, together with MCM2-7, form the replicative CDC45-MCM2-7-

GINS (CMG) helicase [133]. Phosphorylation of MCM2-7 by CDKs and DDK triggers firing of the CMG 

helicase, which marks the beginning of the S phase [134]. The active CMG helicase unwinds the DNA 

duplex into single-stranded DNA (ssDNA), forming the characteristic replication fork [135]. This 

triggers the recruitment of a variety of additional factors to the replication fork to form the replisome 

(Figure 8) [126, 128]. These factors include replication protein A (RPA) that binds to ssDNA [136], DNA 

polymerase ε (Pol ε) for leading strand synthesis [137], the DNA polymerase α (Pol α)–DNA primase 

complex that synthesizes and extends RNA primers on the lagging strand [138], DNA polymerase δ 

(Pol δ) for lagging strand synthesis [139], and proliferating cell nuclear antigen (PCNA) that acts as a 

DNA clamp and processivity factor for Pol ε and Pol δ [140]. Topoisomerases act ahead of the CMG 

helicase to resolve the torsional stress that is associated with DNA duplex unwinding [141]. The 

replisome moves along and replicates the DNA until it converges with another replication fork, which 

marks the end of the DNA replication and S phase [142]. Of note, only a subset of origins fire during 
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DNA replication with most origins remaining silent, even though they may be licensed [143, 144]. Thus, 

the exact set of active origins appears flexible and differs between cells.  

DNA replication can be disturbed by different factors, resulting in replication stress [145-147]. This can 

have endogenous or exogenous sources and is linked to genome instability and disease. Endogenous 

sources include DNA secondary structures such as G-quadruplexes that can act as natural barriers for 

the replisome, DNA damage caused by e.g. oxidation or reactive metabolites, limited chromatin 

accessibility or collisions of replication forks with sites of active transcription [145-147]. Exogenous 

sources include DNA damage induced by ionizing radiation and DNA damaging chemotherapeutic 

agents [145-147]. DNA damaging agents (DDAs) act via different mechanisms, often by introducing 

cytotoxic DNA lesions such as DNA base mismatches, DNA breaks, DNA-protein crosslinks or 

interstrand crosslinks [145, 148].  

Many factors that cause replication stress can lead to stalling of the replication fork [146]. Interstrand 

crosslinks for example prevent the unwinding of the DNA duplex by the CMG helicase, causing it to 

stop [149]. Bulky DNA adducts on the other hand, can lead to an uncoupling of the DNA polymerase 

from the CMG helicase [150]. In that case, the helicase continues to unwind the DNA duplex, while 

the polymerase stalls at the DNA lesion, leading to the formation of extended stretches of single-

stranded DNA (Figure 9) [150]. RPA coated single-stranded DNA is a signal for replication stress and 

serves as a platform for the recruitment of replication stress response proteins, including the central 

replication stress regulator ATM- and Rad3-related (ATR) [146]. The signaling kinase ATR is recruited 

via the ATR-interacting protein (ATRIP) that binds RPA coated single-stranded DNA [151]. ATR 

phosphorylates several targets, including the downstream checkpoint kinase 1 (CHK1), which, upon 

activation, causes cell cycle arrest, inhibits firing of late origins and stabilizes the replication fork [152, 

153]. The transient nature of the ATR/CHK1-mediated cell cycle arrest allows for DNA repair and 

subsequent replication restart [154].  

 

Figure 8: Overview of the assembly of the human replisome. In G1 phase, the pre-RC is assembled at an origin of replication 
and consists of the ORC, CDC6, CDT1 and the helicase MCM2-7. Release of CDC6 and CDT1 and kinase dependent recruitment 
of several replication factors such as CDC45 and GINS to MCM2-7 leads to the formation of the pre-IC. Firing of the activated 
CMG helicase at the onset of S phase leads to unwinding of the DNA duplex and the formation of the replication fork. 
Additional factors, such as DNA polymerases and RPA are recruited to the replication fork, forming the replisome. Pol ε 
facilitates leading strand synthesis, while primase synthesizes RNA primers on the lagging strand, that are extended by Pol α 
and Pol δ. Stretches of single-stranded DNA are protected by RPA. Figure based on [126, 128].        

Different types of DNA damage are repaired via different DNA repair mechanisms [155]. DNA 

interstrand crosslinks that block progression of the CMG helicase are repaired via the Fanconi anemia 
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(FA) pathway [156]. Furthermore, FA proteins as well as DNA repair protein RAD51 homolog 1 (RAD51) 

are involved in the stabilization and protection of 4-way DNA junctions, so called “chicken foots” [157]. 

These DNA structures are generated upon reverse remodeling of stalled replication forks and require 

protection from nucleolytic degradation, to ensure genome stability and replication restart [157]. 

Certain DNA damages can bypass the CMG helicase and lead to uncoupling of the polymerase from 

the helicase activity and subsequent stalling of the polymerase [150]. In a process called translesion 

synthesis (TLS), specialized TLS polymerases with low proofreading activity temporarily replace the 

replicative polymerase and incorporate nucleotides at sites that harbor a damaged DNA template 

[158]. This mechanism allows postponing of DNA repair until after the DNA replication has finished. 

Further mechanisms that cope with replication stress include repriming of DNA synthesis downstream 

of DNA lesions [159, 160] or activation of dormant origins proximal to stalled replication forks [161]. 

While low levels of replication stress are associated with genome instability and carcinogenesis, high 

levels of replication stress can lead to cell death [145]. DNA damaging chemotherapeutic agents take 

advantage of this, as fast dividing cancer cells are especially sensitive to high levels of DDA-induced 

replication stress [162]. SLFN11 has emerged as an important factor in this process as it possesses 

replication checkpoint activity and contributes to the cytotoxicity of DDAs by the irreversible blocking 

of stalled replication forks [45, 71, 124, 125].   

1.6.2. Mechanisms underlying SLFN11 replication checkpoint activity 

DDAs such as cisplatin or topoisomerase inhibitors represent exogenous sources of DNA damage that 

cause replication stress and stalling of replication forks [162-164]. SLFN11 expression levels correlate 

with the cytotoxicity profiles of many DDAs, making SLFN11 a predictive biomarker for the sensitivity 

of cancer cells to these chemotherapeutic agents [17, 123]. This correlation is based on the ability of 

SLFN11 to irreversibly block stressed replication forks [71, 165, 166]. The underlying molecular 

mechanisms are only partially understood and it became apparent that SLFN11 acts in diverse ways 

(Figure 9). 

In response to DNA damage and replication stress, SLFN11 is recruited to RPA-coated single-stranded 

DNA [71, 124]. Single-stranded DNA can accumulate upon DNA damage due to uncoupling of helicase 

and polymerase activity at stressed replication forks or by nucleolytic processing of DNA double-strand 

breaks [150, 167]. RPA is a heterotrimeric complex composed of RPA1, RPA2 and RPA3 that specifically 

binds to single-stranded DNA to protect and stabilize it [136]. RPA-coated single-stranded DNA serves 

as a signal and platform for the recruitment of a variety of factors with diverse biochemical functions. 

In addition to SLFN11, this includes the aforementioned ATR-ATRIP kinase complex (Figure 9) [151]. 

SLFN11 directly interacts with RPA1 via the C-lobe of the SLFN11 helicase domain [124]. Upon DNA 

damage induced by the topoisomerase inhibitor camptothecin (CPT), SLFN11 co-localizes with RPA at 

sites of DNA end resection as well as at replication foci [71, 124]. However, knockdown of RPA disrupts 

the recruitment of SLFN11 to these sites [71, 124]. At stalled replication forks, SLFN11 interacts with 

MCM3, a subunit of the MCM helicase [71, 130], and DExH-box helicase 9 (DHX9), a RNA/DNA helicase 

involved in DNA damage repair [18, 71, 168]. SLFN11 irreversibly blocks stalled replication forks, which 

eventually leads to cell death (Figure 9) [71]. ATR on the other hand, which is also recruited to stalled 

replication forks, blocks replication only transiently, allowing DNA repair and cell survival [153, 154]. 

The replication block by SLFN11 is independently of ATR, as ATR inhibition has little influence on CPT 

mediated cell killing in SLFN11 positive cells [71]. However, SLFN11 negative cells show 

chemoresistance to CPT, which can be overcome by ATR inhibition [71, 165]. The mechanism of action 
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seems to be different from the ATR-CHK1 pathway, as SLFN11 inhibits neither CDC45 nor PCNA loading 

[71]. The ATPase activity of SLFN11 is required for replication inhibition but not for the recruitment of 

SLFN11 to chromatin [71].  

 

Figure 9: Overview of stalled DNA replication forks in SLFN11 positive and negative cells. (A) DNA replication fork in stress-
free state. The dsDNA is opened by the CDC45-MCM-GINS (CMG) helicase and DNA is replicated by the polymerase (only 
leading strand polymerase visualized). Only short RPA-coated ssDNA stretches are present. (B) Upon treatment of SLFN11 
positive cells with DDAs, ATR-ATRIP and SLFN11 are recruited to stalled replication forks by long RPA-coated ssDNA stretches, 
which can result from helicase-polymerase uncoupling. SLFN11 directly interacts with MCM3, causes chromatin opening in 
front of the replication fork and inhibits replication origin firing by the degradation of the replication licensing factor CDT1. 
This leads to an irreversible replication block upon DDA treatment that eventually leads to cell death. (C) Upon treatment of 
SLFN11 negative cells with DDAs, ATR-ATRIP is recruited to stalled replication forks by long RPA-coated ssDNA stretches. ATR 
signals via the ATR-CHK1 kinase pathway that inhibits the recruitment of CDC45, slows down and stabilized replication forks, 
leading to a transient replication block. The transient nature of the block can cause chemoresistance to DDAs, as it allows 
the cell to repair the damage. However, this can be overcome by inhibition of ATR or CHK1. Figure based on [169].         

Upon CPT-induced replication stress, SLFN11 increases chromatin accessibility in the vicinity of 

replication initiation sites in an ATPase dependent manner [71]. Chromatin opening ahead of the 

replication fork has been speculated to block replication fork progression (Figure 9B) [71]. In addition, 

SLFN11 increases genome-wide chromatin accessibility at pre-existing chromatin accessible regions 

such as active promotors and induces the transcription of immediate early genes (IEGs), some of which 

are known to contribute to cell cycle arrest [72].  
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Furthermore, SLFN11 promotes the proteasomal degradation of the replication licensing factor CTD1 

in response to CPT treatment (Figure 9B) [165]. This is believed to prevent firing of late origins and 

irreversibly block cell cycle progression. Mechanistically, this is due to a direct interaction of SLFN11 

with DNA damage-binding protein 1 (DDB1), a subunit of the DDB1-CUL4CDT2 E3 ubiquitin ligase 

complex which is part of the replisome [165, 170]. SLFN11 interacts with DDB1 via its helicase domain 

and is suggested to act as a cofactor that activates CUL4 E3 ligase activity [165]. The ATPase activity of 

SLFN11 is critical for SLFN11-induced CDT1 degradation, as it is for replication arrest in response to 

CPT.  

It has been found that SLFN11 boosts the Fanconi anemia (FA) phenotype by promoting the 

degradation of stalled replication forks [166]. As mentioned before, FA is a disease that is 

characterized by hypersensitivity to interstrand crosslinks (ICLs) [157]. SLFN11 knockdown in FA cells 

or wild type cells improves cell survival upon treatment with ICL-inducing agents [166]. 

Mechanistically, SLFN11 negatively affects the recruitment of RAD51 to reversed replication forks, in 

an SLFN11 ATPase dependent manner. Without the protection by RAD51, the reversed fork is subject 

to nucleolytic degradation by double-strand break repair protein MRE11 and DNA replication ATP-

dependent helicase/nuclease DNA2, resulting in genome instability. Thus, SLFN11 is discussed as a 

therapeutic target for the treatment of FA.   

RPA-coated single-stranded DNA recruits SLFN11 not only to stalled replication forks but also to end 

resected DNA double strand breaks [124]. SLFN11 directly interacts with RPA and reduces RPA foci in 

CPT treated cells, indicating that SLFN11 might destabilize the RPA-ssDNA complex. Cells expressing 

high levels of SLFN11 show defects in homologous recombination (HR) repair and an inhibition of CHK1 

DNA damage checkpoint maintenance [124]. 

SLFN11 has also been shown to inhibit the translation of the Ser/Thr kinases ATR and ataxia 

telangiectasia mutated (ATM) in response to DDA treatment [45]. The codon-usage-dependent 

inhibition is due to cleavage of type II tRNAs, which includes serine and leucine tRNAs [45, 109]. The 

N-terminal Slfn core domain is essential for tRNA cleavage and a mutant lacking the C-terminal 

helicase domain is still able to inhibit translation [45]. mRNAs with high usage of the rarely used TTA 

(Leu) codon show high susceptibility to translational suppression by SLFN11. These mRNAs include the 

ones coding for ATR, ATM but also for many viral proteins as mentioned before (Section 1.4) [6, 45].  

The endonuclease activity of SLFN11 is regulated by phosphorylation [111]. Three phosphorylation 

sites were identified, two of which are located in the Slfn core domain and one in the helicase domain. 

SLFN11 phosphomimetics show decreased tRNA endonuclease activity and cells expressing these 

mutants are less susceptible to CPT treatment than SLFN11WT cells. Phosphatase 1 catalytic subunit γ 

(PPP1CC) acts as the upstream enzyme that dephosphorylates SLFN11 so that it becomes fully active. 

Upon CPT treatment, SLFN11 phosphorylation is reduced over time which is in line with the induction 

of SLFN11 activity upon DDA treatment.        

Overall, SLFN11 acts via diverse mechanisms to sensitize cells to DNA damage, making it a potential 

predictive biomarker for the cancer treatment with DDAs.  

1.6.3. SLFN11 as a predictive biomarker in cancer 

As SLFN11 can sensitize cancer cells to various replication stress-inducing chemotherapeutic agents, 

its expression level may serve as a predictive biomarker of response to cancer therapeutics (Figure 10) 
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[17, 123]. The predictive value of SLFN11 expression has been established in preclinical studies for 

different DDAs including alkylating and crosslinking agents (cyclophosphamide, temozolomide, 

cisplatin, carboplatin and oxaliplatin) [17-20, 171-176], TOP1 inhibitors (camptothecin, topotecan, 

indotecan, and irinotecan) [16, 17, 20, 71, 123, 177-182], TOP2 inhibitors (etoposide, mitoxantrone, 

epirubicin, and doxorubicin) [17, 177], and DNA synthesis inhibitors (gemcitabine, cytarabine, and 

hydroxyurea) [17, 183]. Furthermore, SLFN11 expression correlates with the sensitivity of cancer cells 

to poly(ADP-ribose)-polymerase (PARP) inhibitors (olaparib, veliparib, talazoparib, and niraparib) [19, 

125, 173, 184, 185]. While the induction of replication stress is a hallmark of these chemotherapeutic 

agents, they do so via different mechanisms. Platinum drugs for example can cause ICLs that block the 

CMG helicase, leading to replication fork stalling [186]. TOP1 inhibitors covalently trap topoisomerase-

DNA cleavage complexes, which can lead to replication-associated DSBs [187]. DNA synthesis 

inhibitors may act by direct inhibition of the DNA polymerases or by depletion of the dNTP pool [188]. 

PARP inhibitors block the ADP-ribose-polymerase activity and can trap PARP-DNA complexes, which 

can lead to replication blocks or replication-associated DSBs [189]. However, SLFN11 expression does 

not correlate with sensitivity to chemotherapeutic agents that do not induce replication stress, such 

as kinase inhibitors or tubulin poisons [17]. 

A correlation between SLFN11 expression levels and sensitivity of cancer cells to DDAs has been shown 

for a variety of cancer cell lines or patient derived xenograft models, including small-cell lung cancer 

(SCLC) [19, 184, 190, 191], breast cancer [20, 21, 180], ovarian cancer [17, 172, 173], prostate cancer 

[175], gastric cancer [174, 192], colorectal cancer [16, 193], bladder cancer [171], sarcoma [181, 194-

196], and mesothelioma [185].  

However, SLFN11 is only expressed in about 50% of cancer cell lines and a lack of SLFN11 expression 

correlates with chemoresistance to DDAs [4, 17, 123, 127, 197]. The lack of SLFN11 expression is 

largely due to epigenetic regulation. Epigenetic silencing by CpG island hypermethylation of the 

SLFN11 gene promoter suppresses SLFN11 expression and correlates with chemoresistance to DDAs 

and poor prognosis [18, 192, 193, 198]. In addition, epigenetic silencing of SLFN11 may be acquired 

during treatment with DDAs and contribute to acquired chemoresistance [174, 199]. In SCLC, acquired 

chemoresistance is associated with the histone modification H3K27me3 within the SLFN11 gene, 

which is placed by the histone methyltransferase Enhancer of Zeste Homolog 2 (EZH2) and induces 

local chromatin condensation and gene silencing [199].  

Several strategies have been tested to re-express SLFN11 in order to sensitize chemoresistant SLFN11 

low/negative cells to DDAs (Figure 10) [197]. Treatment of SLFN11 hypermethylated breast or gastric 

cancer cell lines with a DNA methylation inhibitor resensitized the cancer cells to platinum drugs [18, 

174]. Another study restored SLFN11 expression by the inhibition of EZH2 in a SCLC model [199]. 

Finally, histone deactelylase (HDAC) inhibitors were shown to induce SLFN11 expression in cells 

without promoter hypermethylation, sensitizing them to DDA treatment [183, 191]. These results 

underscore the synergistic potential for the combination of epigenetic drugs with DDAs in cancer 

therapy.  

An alternative approach to sensitize chemoresistant SLFN11 low/negative cells to DDAs is the 

inhibition of the ATR/CHK1 pathway [71, 125, 165]. In SLFN11 positive cells, SLFN11 “overwrites” the 

ATR/CHK1-mediated transient replication block by irreversibly blocking the replication fork, eventually 

leading to cell death. However, in SLFN11 low/negative cells, DDA treatment activates the ATR/CHK1 

pathway, which leads to a transient replication block that allows for DNA damage repair and a 
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subsequent DNA replication restart. This is an important factor contributing to chemoresistance of 

SLFN11 low/negative cells towards certain DDAs. Thus, inhibition of ATR or CHK1 can resensitize 

chemoresistant SLFN11 low/negative cells to DDA treatment (Figure 10) [21, 190, 200]. 

As preclinical data indicate that SLFN11 expression levels are a promising predictive biomarker of 

response to certain cancer therapeutics, efforts have been made to translate this knowledge to the 

clinics. It has been shown that immunohistiochemical assays can be used to reliably monitor SLFN11 

expression status in different cancer types [21, 184, 201]. In fact, the predictive value of SLFN11 

expression is actively investigated in several clinical trials (NCT04334941, NCT03880019) [202-204]. 

First results show that SLFN11 expression correlates with improved progression-free survival (PFS) and 

overall survival (OS) in SCLC patients, treated with a combination of DDA and PAPR inhibitor [202].   

 

Figure 10: Therapeutic strategies for inducing SLFN11-mediated cell death. Treatment of SLFN11 positive cancer cells with 
DDAs cause a SLFN11-mediated irreversible block of replication forks, leading to cell death. If SLFN11 is epigenetically 
silenced in cancer cells, a treatment with epigenetic modifiers such as DNA methylation inhibitors may restore SLFN11 
expression and make them vulnerable for DDA treatment. Alternatively, SLFN11 negative cells may be co-treated with ATR 
or CHK1 inhibitors and DDAs to overcome chemoresistance. Created with BioRender.com. Figure based on [197].  

Besides its role as a predictive biomarker, the prognostic value of SLFN11 expression is also actively 

investigated. In hepatocellular carcinoma (HCC), overexpression of SLFN11 inhibits cancer cell 

proliferation, migration, and invasion in vitro, and impedes HCC growth and metastasis in vivo [205]. 

Mechanistically, this is due to an interaction of SLFN11 with the oncogenic ribosomal protein S4 

X-Linked (RPS4X), which facilitates the inactivation of the mammalian target of rapamycin (mTOR) 

signaling pathway. Interestingly, SLFN11 was mostly located in the cytoplasm of HCC cells as shown 

by immunohistiochemical staining, which is contrary to the nuclear localization of SLFN11 in other 

cancer cell lines [21, 205]. Furthermore, high SLFN11 expression was correlated with better OS 

compared to patients with low SLFN11 expression in CRC and BC patients [176, 180]. In contrast, high 

SLFN11 expression was an unfavorable prognostic marker in patients suffering from bladder cancer as 
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shown by reduced OS [171]. In a patient-derived glioblastoma xenograft model, SLFN11 knockout 

showed delayed tumor growth and improved survival [206].  

Taken together, SLFN11 expression may offer prognostic value; however, its role in tumorigenesis is 

not well understood and seems to be tumor specific as it can be inhibitory or stimulatory [205, 206].   
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1.7. The INO80 chromatin remodeling complex 

1.7.1. Chromatin architecture 

In eukaryotes, DNA is organized in the form of chromatin, a protein-DNA complex that compacts the 

DNA in the nucleus and plays a role in the spatial and temporal regulation of vital processes such as 

transcription, DNA replication and cell division [207, 208]. The basic unit of chromatin is the 

nucleosome core particle (NCP), which consist of approximately 147 bp DNA wrapped around histone 

proteins (Figure 11A) [209-212]. The histone octamer that constitutes the core of the NCP consists of 

a H3-H4 tetramer and two H2A-H2B dimers, resulting in two copies of each of the four histone proteins 

H2A, H2B, H3 and H4 (Figure 11B) [209, 213]. The NCP exhibits twofold symmetry and the center of 

the approximately 1.7 superhelical turns of nucleosomal DNA that wrap around the core is termed the 

dyad [209, 212]. At the dyad, the major groove faces the histone core and is defined as super helical 

location 0 (SHL 0) [209]. The SHL changes by +/- 1 at each successive turn of the DNA helix, resulting 

in a numbering from SHL -7 to SHL +7 (Figure 11C) [209]. Together with flanking extranucleosomal 

linker DNA, the NCP forms the nucleosome [214].      

 

Figure 11: Structure of the nucleosome core particle. (A) Structure of the nucleosome core particle (PDB: 7OHC) [215]. DNA 
is colored in grey and the histones in yellow (H2A), red (H2B), blue (H3), and green (H4). (B) Domain architecture of the four 
canonical histones H2A (yellow), H2B (red), H3 (blue), and H4 (green). Squares represent α-helical regions. The histone fold 
is indicated and conserved α-helices are labeled. (C) Top view of the nucleosome core particle (PDB: 7OHC) [215]. Only one 
DNA gyre is shown for clarity. The superhelical locations (SHLs) of one DNA gyre are labeled, starting at the dyad (SHL 0). 
Figure based on [214].    

The proteinaceous surface of the nucleosome harbors an acidic residue-rich cluster formed by H2A 

and H2B, referred to as the acidic patch [209, 216]. This conserved region serves as a binding site for 

various chromatin-associated factors that interact with the acidic patch via a so-called arginine anchor 

[217-219]. Furthermore, the H4 tail can interact with the acidic patch of neighboring nucleosomes, 

contributing to the formation of higher order chromatin structures [209, 220]. In addition to their 

structurally conserved histone folds, all histones exhibit unstructured N-terminal, and in case of H2A 

also C-terminal, extensions that are referred to as histone tails (Figure 11B) [209, 214, 221]. Histone 

tails are a hotspot for posttranslational modifications (PTMs) such as phosphorylation, acetylation or 

methylation [222, 223]. These histone marks are deposited, interpreted or removed by factors 

referred to as writers, readers and erasers and impact chromatin structure and chromatin-dependent 

processes such as transcription, DNA replication or DNA repair [224]. Canonical histones can be 

replaced by histone variants such as H2AZ that is enriched at promoter regions or H2AX that is 

phosphorylated in response to DNA double-strand breaks [225-227]. Furthermore, linker histone H1 



26 
 

can bind to the extranucleosomal linker DNA next to the NCP to form the chromatosome [228], 

resulting in a more compact and transcriptionally inactive chromatin conformation [229, 230].    

The average nucleosome repeat length is proposed to range around 190 bp, resulting in an estimated 

30 million nucleosomes per diploid human cell [231, 232]. In a relaxed state, nucleosomal arrays 

resemble “beads on a string”, where nucleosomes are the beads connected by linker DNA [211]. In 

the nucleus, chromatin is tightly packed and its architecture depends on the cell cycle [233]. Chromatin 

can organize into topologically associated domains (TADs), which are chromatin regions that show 

strong internal interactions while showing less interactions with neighboring TADs [234-236]. 

Expression patterns within a TAD are often regulated by the same enhancer elements and TADs are 

conserved between different cell types [235, 236]. Chromatin can be further classified into 

euchromatin and heterochromatin [237]. Euchromatin forms a rather loose and dynamic structure, is 

transcriptionally active and enriched for RNA polymerase [238]. Heterochromatin on the other hand 

is more condensed and transcriptionally inactive. 

 

Figure 12: Nucleosome organization at transcription start sites and origins of replication. (A) Schematic view of nucleosome 
occupancy and positioning (blue line) relative to a transcription start site (TSS) at a gene promoter. Peaks indicate positions 
of high nucleosome occupancy and arrows mark the predicted dyad positions. The +1 and -1 nucleosomes that form the 
border of the nucleosome free region (NFR) are indicated. Nucleosomes are represented as grey ellipses to indicate the 
increasing fuzziness of the nucleosome positioning when moving into the gene body. Figure based on [239]. (B) Schematic 
view of nucleosome occupancy and positioning (blue line) relative to an autonomous replicating sequence (ARS) at an origin 
of replication. Peaks indicate positions of high nucleosome occupancy and arrows mark the predicted dyad positions. 
Nucleosomes are represented as grey ellipses to indicate the formation of an NFR around the ARS. Figure based on [239].              

While nucleosomes enable the tight packing of DNA into the nucleus, they impair access to the 

genome, which is essential for DNA-dependent processes such as transcription or DNA replication 

[240]. Therefore, factors such as chromatin remodelers and histone modifying enzymes actively 

orchestrate nucleosome positioning and composition [241]. Transcriptionally active promoters exhibit 

a nucleosome-depleted or nucleosome free region (NDR/NFR), flanked by well positioned +1 and -1 

nucleosomes and phased nucleosomal arrays, so-called genic nucleosomal arrays (Figure 12A) [242, 

243]. Similarly, active origins of replication also harbor an NFR around the autonomously replicating 

sequence with flanking nucleosomal arrays (Figure 12B) [239, 244]. Genomic nucleosome positioning 

is best described for S. cerevisiae, where the +1 nucleosome is located at the transcription start site 

(TSS) [245]. The +1 nucleosome often incorporates the H2AZ histone variant and marks the beginning 



27 
 

of phased nucleosomal arrays with a nucleosome repeat length of approximately 165 bp [242, 246]. 

Genic nucleosome arrays extend into the gene bodies but diffuse with increasing distance from the 

+1 nucleosome (Figure 12A) [239].  

Nucleosome positioning is influenced by the DNA sequence, as the underlying DNA shape properties 

promote or inhibit nucleosome assembly as shown for +1 nucleosomes or NFRs [247-250]. However, 

ATP-dependent chromatin remodelers are essential for proper nucleosome positioning by generating 

NDRs, positioning of +1 and -1 nucleosomes and spacing/phasing of nucleosomal arrays [250, 251].      

1.7.2. ATP-dependent chromatin remodelers 

ATP-dependent chromatin remodelers harness the energy of ATP hydrolysis to shape the nucleosomal 

landscape by e.g. removal, deposition, sliding or spacing of nucleosomes or by incorporation or 

removal of histone variants [241, 252]. They are characterized by an ATPase domain that belongs to 

the superfamily 2 (SF2) RNA/DNA helicases and more specifically to the subfamily of sucrose non-

fermenting 2 (Snf2)-type ATPases [253]. The Snf2-type ATPase domain serves as the motor domain in 

chromatin remodelers and functions by stepwise translocation of double-stranded DNA [254]. The 

ATPase domain consist of two RecA-like folds that are also referred to as N- and C-lobes and harbors 

the conserved Walker A and B motifs that are essential for ATP binding and hydrolysis [253]. 

Chromatin remodelers can be classified into four subfamilies based on their domain architecture; 

imitation switch (ISWI), chromodomain helicase DNA-binding (CHD), switch/sucrose non-fermenting 

(SWI/SNF), and inositol auxotroph mutant 80 (INO80) [252].  

ISWI and CHD family members form small complexes or function as single-subunit remodelers while 

SWI/SNF and INO80 family members form large multi-subunit complexes [241]. All chromatin 

remodelers possess auxiliary domains besides the Snf2-type ATPase that fulfill different functions such 

as interaction with histone tails or extranucleosomal DNA [241]. The large remodeler complexes 

harbor additional subunits, many of which are involved in substrate recognition or regulation of the 

motor domain [241, 255]. ISWI remodelers have nucleosome sliding and spacing activity and are 

associated with the generation of nucleosomal arrays [250, 256, 257]. Furthermore, they harbor a 

HAND-SANT-SLIDE domain that interacts with the unmodified H3 tail and extranucleosomal DNA [258, 

259]. CHD family members are associated with nucleosome spacing and the incorporation of histone 

variant H3.3 [260-262]. They possess a tandem chromodomain that in case of human CHD1 recognizes 

tri-methylated H3K4 [263] and a DNA-binding domain (DBD) that interacts with entry DNA [264]. The 

megadalton chromatin remodeling complexes of the SWI/SNF and INO80 families share a 

helicase/SANT-associated (HSA) domain followed by a post-HSA domain [241, 255]. The HSA domain 

serves as binding platform for additional subunits, including nuclear actin or actin-related proteins 

(ARPs) [265]. Members of the SWI/SNF family, that comprises the SWI/SNF and RSC (remodeling the 

structure of chromatin) complexes in S. cerevisiae and the BAF (BRG1/BRM-associated factors) and 

PBAF (polybromo-associated BAF) complexes in H. sapiens, are involved in nucleosome sliding and 

eviction [250, 266-268]. They possess a C-terminal bromo domain that interacts with acetylated H3 

tails to facilitate binding to modified nucleosomes [269]. The subunit composition of human BAF 

complexes can vary between different cell types and mutations of BAF subunits are often observed in 

cancer [270, 271]. Chromatin remodelers of the INO80 family show nucleosome sliding or histone 

exchange activities [272-274]. Next to their HSA/post-HSA domains, they are characterized by a large 

insertion domain between the N- and C-lobes of the motor domain, that serves as an assembly 
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platform for a RuvB-like protein 1 and 2 (Rvb1/2) heterohexamer [275, 276]. In S. cerevisiae, the INO80 

family comprises the SWR1 (SWI2/SNF2-related 1) and INO80 complexes [277]. SWR1 edits 

nucleosome composition by exchanging the canonical H2A-H2B histone dimer with the variant dimer 

H2AZ-H2B [274]. While the reverse reaction has been suggested to be catalyzed by INO80 [278-280], 

this is still under debate [281]. In contrast to SWR1, INO80 shows nucleosome sliding and spacing 

activity and is involved in the positioning of +1 nucleosomes [248, 250, 273].  

Over the past years, structures of nucleosome-bound chromatin remodelers from all four subfamilies 

elucidated how they engage NCPs and suggested possible mechanisms for DNA translocation [264, 

275, 276, 282-290]. The motor domains of members of the ISWI and CHD subfamilies interact with 

SHL -2 [264, 285], while the motor domain of SWI/SNF member Swi2/Snf2 can bind to SHL -2 or SHL -6 

[284]. The motor domain of the INO80 complex binds to SHL -6, while Arp5 forms a counter grip at 

SHL -2 [275]. Interestingly, SWR1 that also belongs to the INO80 subfamily of remodelers engages the 

NCP with its motor domain at SHL -2 and an Arp6 counter grip at SHL -6 [276]. For DNA translocation, 

different models have been postulated [291, 292]. The twist diffusion model describes a mechanism 

in which the remodeler motor domain pumps DNA in 1-2 bp steps into the nucleosome, creating a 

local over- or underwinding defect of the nucleosomal DNA that subsequently propagates around the 

nucleosome [283, 291]. The stepwise diffusion of the twist defect may allow to overcome the high 

energy barrier, that is posed by the combined histone-DNA interactions, by breaking it down into small 

increments. The bulge propagation model assumes the formation of a DNA loop between the motor 

domain and the counter grip by successive DNA translocation steps [278, 291]. The bulging of the DNA 

would distort the DNA-histone contacts and once a critical size is reached, the bulge may propagate 

around the nucleosome in a wave like motion. In support of that, DNA translocation step sizes of 

10-15 bp were observed for the INO80 complex [278].                                     

1.7.3. Structure and function of the INO80 complex 

The INO80 complex plays a regulatory role in various DNA-dependent processes, such as transcription, 

DNA replication and DNA damage repair [293, 294]. INO80 expression correlates with the up- or 

downregulation of certain transcripts, suggesting a general role in transcriptional regulation [294-

297]. In S. cerevisiae, INO80 was enriched at the NFRs and +1 nucleosomes of more than 90% of all 

genes [298], which is in line with its ability to position +1 nucleosomes in vitro [248, 250]. In fact, 

INO80 is the only remodeler known to establish a proper nucleosome architecture at promoters on 

its own, including positioning of +1 and -1 nucleosomes and formation of NFRs and genic nucleosomal 

arrays [250]. Positioning of +1 nucleosomes at S. cerevisiae promoter sequences is facilitated by a DNA 

shape/mechanics readout of nucleosomal and linker DNA by the INO80 complex [248]. Furthermore, 

INO80 regulates transcription of non-coding transcripts, as disruption of INO80 causes increased 

transcription of long non-coding RNAs [299]. The ability of INO80 to exchange histone variant dimer 

H2AZ-H2B for the canonical H2A-H2B dimer might contribute to transcriptional regulation [278-280]; 

however, whether INO80 really possesses histone dimer exchange function is still under debate [281]. 

In addition, INO80 plays a role in the restart of stalled replication forks, and might facilitate 

progression of the replication fork through chromatin [300-302]. When the replisome collides with 

the transcription machinery, INO80 promotes the release of RNA polymerase II, which is subsequently 

targeted for proteasomal degradation [303, 304]. INO80 is also enriched at sites of DNA double-strand 
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breaks, where it co-localizes with phosphorylated H2AX [295, 305] and is associated with the exchange 

of histone variant dimer H2AZ-H2B for the canonical H2A-H2B dimer [306, 307]. 

The INO80 chromatin remodeling complex can be divided into three modules: the N-module, 

A-module, and C-module [308, 309]. The Ino80 protein that harbors the Snf2-type motor domain 

forms a scaffold for the assembly of the three modules. The A- and C-modules represent the conserved 

part of the complex and are essential for its nucleosome sliding activity, whereas the species-specific 

N-module is less conserved and is not required for nucleosome sliding [308-310]. 

In S. cerevisiae, INO80 forms a megadalton complex consisting of 15 different subunits, seven of which 

are able to bind ATP (Figure 13A) [294, 309]. The C-module comprises the Ino80 ATPase, Ino eighty 

subunit 2 (Ies2), Ies6, actin-related protein 5 (Arp5), and RuvB-like protein 1 and 2 (Rvb1/2) [308, 309]. 

Cryo-EM structures of the Chaetomium thermophilum and Homo sapiens nucleosome-bound INO80 

C-modules gave insight into the architecture of the conserved core complex (Figure 13B) [275, 282]. 

The Rvb1/2 heterohexamer that forms around the Ino80 insertion domain forms an assembly scaffold 

for the C-module and may act as “stator” in the context of DNA translocation [275]. The Ino80 ATPase 

engages the NCP at SHL -6, while Arp5 and Ies6 form a counter grip at SHL -2/-3 [275]. Nucleosomal 

DNA binding by the Ino80 motor domain leads to unwrapping of approximately 15 bp of DNA and 

causes minor groove widening [275]. Ies2 interacts with the Ino80 motor domain, binds the NCP with 

its “throttle helix” at SHL +2 and interacts with the distal acidic patch [275]. On the opposite side, Arp5 

engages the proximal acidic patch via its “grappler” element [275].  

 

Figure 13: Structure of the INO80 complex. (A) Schematic view of the modular architecture of the S. cerevisiae INO80 
complex. The N-, A-, and C-modules are indicated and the subunits of the conserved A- and C-modules are labeled and color-
coded (Ino80: red, Arp5: green; Ies6: light yellow, Ies2: orange, Rvb1/Rvb2: blue, Arp4: dark blue, Act: yellow, Arp8: bright 
blue, Ies4: lime green, Taf14: grey). Several domains of the Ino80 protein (red) are indicated including the N-terminus 
(N-term), the HSA and post-HSA (PTH) domains, the insertion domain and the ATPase RecA1 (N-lobe) and RecA2 (C-lobe). 
Figure based on [311]. (B) Structure of the C. thermophilum INO80 C-module-nucleosome complex (PDB: 6FML) [275]. The 
INO80 subunits are labeled and colored as in (A). The nucleosome is colored in grey (DNA: dark grey, histones: light grey). 
(C) Structure of the S. cerevisiae INO80 A-module (PDB: 5NBN) [311]. The INO80 subunits are labeled and colored as in (A).               
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The INO80 A-module comprises the Ino80 HSA domain, actin, the actin-related proteins Arp4 and 

Arp8, and species-specific subunits like Ies4 and TBP associated factor 14 (Taf14) in S. cerevisiae or yin 

yang 1 (YY1) in H. sapiens [308, 309]. A crystal structure of the conserved part of the S. cerevisiae 

A-module revealed that Arp8, actin and Arp4 assemble along the helical Ino80 HSA domain 

(Figure 13C) [311]. A low-resolution cryo-EM reconstruction as well as biochemical data indicate that 

the A-module binds to approximately 40 bp of extranucleosomal DNA near the Ino80 motor domain 

[275, 311, 312]. Mutations of the Ino80 HSA domain that reduce the affinity of the A-module to DNA 

result in strongly reduced nucleosome sliding without losing nucleosome binding and ATPase activity, 

indicating that the A-module is important for productive nucleosome remodeling [311]. It has been 

suggested that the A-module functions as a molecular ruler that governs nucleosome positioning with 

regard to barrier factors such as the general regulatory factor Reb1 and nucleosome density-

dependent spacing (Figure 14) [313]. Furthermore, the A-module is important for +1 nucleosome 

positioning, possibly by reading out DNA shape/mechanics features of extranucleosomal DNA [248, 

250]. Together, this suggests that the A-module functions as an allosteric regulator of the INO80 

nucleosome remodeling activity [311, 312]. Actin or actin-related proteins are not only part of the 

INO80 complex, but are integral components of INO80 and SWI/SNF family remodelers in general, 

highlighting their evolutionary conservation [265, 314]. S. cerevisiae SWR1 for example also harbors 

actin and Arp4 [274, 315], while S. cerevisiae SWI/SNF and RSC harbor an Arp7-Arp9 pair [286, 316, 

317]. All A-modules assemble on a HSA domain and connect to the respective Snf2-type motor domain 

via a post-HSA domain [265]. In the case of RSC, it has been shown that its nucleosome sliding and 

ejection activity is regulated by an interaction of the post-HSA domain with protrusion I, a conserved 

part of the motor domain [318, 319].   

 

Figure 14: Model of +1 nucleosome positioning by the S. cerevisiae INO80 complex. INO80 reads-out and utilizes genomic 
information such as DNA shape features (DNA propeller twist) and the position of barrier factors such as Reb1 to position 
+1 nucleosomes in S. cerevisiae. The N-module (Nhp10 module) and A-module (Arp8 module) bind to extranucleosomal DNA, 
while the Ino80 motor and Arp5 grip of the C-module bind to nucleosomal DNA. INO80 positioned nucleosomes show on 
average underwinding (blue) of nucleosomal DNA and overwinding (red) of extranucleosomal DNA, which may correlate with 
A-module binding. Figure taken and modified from [248].         
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The species-specific N-module of the S. cerevisiae INO80 complex comprises the N-terminal portion 

of Ino80, non-histone protein 10 (Nhp10), Ies1, Ies3 and Ies5 [294, 309]. While the N-module is 

dispensable for nucleosome sliding [272, 309, 310], it may have a regulatory role by sensing the length 

of extranucleosomal DNA, as the N-module inhibits nucleosome sliding in a DNA length-dependent 

and switch-like manner [320]. The N-module has a high affinity for dsDNA, and may be involved in the 

recruitment of INO80 to promoter sites and sites of DNA damage [272, 298, 305, 321]. For the 

recruitment of the N-module to DNA, the Nhp10 subunit might be essential as it harbors a high 

mobility group (HMG) box domain, which is a known DNA binding domain [321].  
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1.8. Objectives 

Members of the Slfn protein family are induced by interferons and play roles in inhibition of viral 

replication [6], cell cycle control [28, 94], T cell quiescence [32], and DNA damage response [71]. 

Studies on human and mouse Slfn members paint a picture of a diverse protein family with little 

conservation between species. This complicates the study of Slfn proteins as suitable model organisms 

are missing. The human subgroup III Slfn members SLFN5 and SLFN11 comprise a three-domain 

architecture including a helicase and a putative nuclease domain [3]. SLFN5 is involved in 

tumorigenesis and acts as a transcriptional regulator [11, 62]. Additionally, it shows antiviral activity 

by targeting transcription of viral genes [9]. SLFN11 targets translation of viral proteins in a codon-

usage-dependent manner [6] and sensitizes cancer cells to DNA damaging agents by irreversibly 

blocking stalled replication forks [71]. While the importance of SLFN5 and SLFN11 in the mentioned 

processes is well established, little is known about the underlying molecular mechanisms.  

Characterization of the nucleic acid binding specificity of SLFN5 and SLFN11 can shed light on their 

role in transcriptional regulation and DNA replication quality control, respectively. As structural data 

is not available on SLFN5 or SLFN11, their structural characterization can offer insights into their 

molecular mechanisms and facilitate the design of structure-guided mutations. It has been shown that 

the SLFN11 tRNase activity contributes to sensitizing cells to DDA treatment and presumably underlies 

its antiviral activity; however, the mechanism is unclear [6, 45]. Mechanistic insights into the SLFN11 

nuclease activity can deepen the understanding of this critical enzymatic activity with implications for 

other RNase proficient Slfn proteins. This work addresses these questions by investigating SLFN5 and 

SLFN11 by a combination of structural, biochemical and biophysical methods.    

The second part of this work addresses the characterization of the INO80 chromatin remodeling 

complex with a focus on its interaction with extranucleosomal DNA. INO80 has nucleosome sliding 

activity and is involved in the establishment of a proper nucleosome architecture at active promoters, 

including positioning of +1 and -1 nucleosomes and formation of NFRs [250]. Within the group of ATP-

dependent chromatin remodelers, INO80 has the specific characteristic of engaging the NCP at SHL -6 

with its Snf2-type motor domain and to interact with extranucleosomal DNA via the A-module [275, 

311, 312]. The A-module that comprises actin and the actin-related proteins Arp4 and Arp8 serves as 

an allosteric regulator of the Ino80 motor domain and processes genomic information such as DNA 

shape features [248, 311]. Furthermore, the A-module acts as a molecular ruler that helps to position 

nucleosomes with respect to barrier factors or DNA ends [313]. While structural and biochemical 

studies have characterized the interaction of INO80 with the nucleosome core particle [275, 282], a 

comprehensive structural model for the regulation of INO80 by extranucleosomal DNA is missing.       

Structural analysis of the A-module with and without DNA can help to identify conserved structural 

features and elucidate its DNA binding mode. The effect of structure-guided A-module mutants on 

DNA binding and the enzymatic activities of INO80 can shed light on the regulatory function of the 

A-module. Extending the scope to study the INO80 A/C-complex bound to a nucleosome can give 

insights into the mode of extranucleosomal DNA interaction by the A-module and additional 

regulatory features. Answering these questions will help to understand the complex regulation of the 

INO80 chromatin remodeler.     
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2. Publications 

2.1. Structural and biochemical characterization of human Schlafen 5 

 

Felix J. Metzner*, Elisabeth Huber*, Karl-Peter Hopfner, Katja Lammens (2022) Structural and 

biochemical characterization of human Schlafen 5. Nucleic Acids Research, Volume 50, Issue 2, 

pp. 1147-1161. 

* These authors contributed equally. 

DOI: 10.1093/nar/gkab1278 

URL: https://academic.oup.com/nar/article/50/2/1147/6509097 

Summary 

This publication describes the first structure of a full-length subgroup III Slfn protein. The cryo-EM 

reconstruction of human SLFN5 reveals the structural arrangement of the Slfn core, linker and helicase 

domains. The horseshoe-shaped Slfn core domain exhibits a stable hydrophobic interface with the 

linker domain, which interacts with the helicase N-lobe. A high-resolution crystal structure of the 

SLFN5 core domain reveals the presence of a conserved zinc finger motif and together with 

biochemical data, shows that the Slfn core domain does not resemble an ATPase-like fold, contrary to 

previous sequence-based predictions. The helicase domain, of which the N-lobe is resolved in the 

cryo-EM reconstruction, harbors Walker A and B motifs and binds ATP. However, DNA or RNA do not 

stimulate ATP hydrolysis by SLFN5. Investigation of nucleic acid binding shows that the SLFN5 core 

domain, as well as the full-length protein, bind to dsDNA and tRNA. Single point mutants of positively 

charged residues within the Slfn core domain decrease its affinity to dsDNA and tRNA. In line with a 

previous study that demonstrated endoribonuclease activity towards tRNA for the rSlfn13 core 

domain, we observe endoribonuclease activity for the mSlfn8 core domain and full-length SLFN11 

towards type II tRNASer. In contrast, SLFN5 shows no endonucleolytic activity towards tRNA or DNA. 

Overall, we present a comprehensive structural and biochemical analysis of SLFN5 and discuss the 

divergent enzymatic functions within the subgroup III Slfn family.  

Author contribution 

I established the expression of full-length SLFN5 and SLFN11 in HEK293 cells and developed 

purification strategies for full-length SLFN5, SLFN11 and mSlfn8N. I expressed and purified SLFN5, 

SLFN11, mSlfn2 and mSlfn8N. I performed the biochemical characterization of full-length SLFN5, 

including DNA and tRNA binding studies, ATP binding and hydrolysis assays and nuclease assays. 

Together with Katja Lammens, I prepared grids for cryo-EM. Furthermore, Katja Lammens and I 

performed cryo-EM data collection, processing and model building of SLFN5. I prepared the 

manuscript together with Elisabeth Huber and Katja Lammens. 

 

 

 



34 
 



35 
 



36 
 



37 
 



38 
 



39 
 



40 
 



41 
 



42 
 



43 
 



44 
 



45 
 



46 
 



47 
 



48 
 

 



49 
 



50 
 



51 
 



52 
 



53 
 



54 
 



55 
 



56 
 



57 
 



58 
 



59 
 



60 
 



61 
 



62 
 



63 
 



64 
 



65 
 



66 
 

 



67 
 

2.2. Mechanistic understanding of human SLFN11 

 

Felix J. Metzner*, Simon J. Wenzl*, Michael Kugler*, Stefan Krebs, Karl-Peter Hopfner, Katja Lammens 

(2022) Mechanistic understanding of human SLFN11. Nature Communications, Volume 13, Article 

5464.  

* These authors contributed equally. 

DOI: 10.1038/s41467-022-33123-0  

URL: https://www.nature.com/articles/s41467-022-33123-0 

Summary 

In this publication, we present cryo-EM structures of the human SLFN11 apoenzyme, SLFN11 bound 

to tRNA and in complex with ssDNA. SLFN11 forms a ring-shaped homodimer with interfaces between 

the Slfn core domains and the helicase domains. Compared to the structure of SLFN5, the SLFN11 

helicase domain is rotated by almost 180°. The SLFN11 dimer binds tRNA at the positively charged 

central channel formed by the Slfn core domains. The endonuclease active sites are located in this 

central groove in close proximity to the tRNA molecule and SLFN11 cleaves type II tRNASer more 

efficiently than type I tRNAMet. The endonuclease reaction is Mn2+-dependent and the cleavage site is 

located 10 nt from the tRNA 3’ end. Residues that are essential for endonuclease activity are identified 

by structure-guided mutagenesis. Dimer interface mutants as well as a trans-complementation assay 

demonstrate that the SLFN11 dimer is the nuclease active species. SLFN11 binds and is stabilized by 

ssDNA but not by dsDNA. The structure reveals that each helicase domain of the SLFN11 dimer binds 

a stretch of five nucleotides of ssDNA that are pointing in opposing 5’ to 3’ directions. A 

phosphomimetic mutant of a previously described phosphorylation site within the helicase domain 

abolishes the affinity to ssDNA. This suggests a functional connection between ssDNA binding to the 

helicase domain and the nuclease activity of the Slfn core domain. In contrast to SLFN5, SLFN11 shows 

no ATP binding in vitro. The dimeric structure of SLFN11 reveals an arrangement of the inter-domain 

region that sterically blocks the ATP binding site. This suggests an autoinhibited conformation of the 

helicase domain. Taken together, our data reveal the structure of full-length human SLFN11, give 

detailed insights into tRNA recognition and processing, ssDNA binding, as well as its regulation by 

dimerization and phosphorylation.  

Author contributions 

I developed purification strategies for full-length human SLFN5 and SLFN11. Simon Wenzl, Michael 

Kugler and I conducted protein expression and purification. I performed biochemical and biophysical 

assays, including nuclease assays, tRNA and DNA binding studies, mass photometry measurements as 

well as ATP binding and hydrolysis assays together with Simon Wenzl and Michael Kugler. Together 

with Simon Wenzl and Michael Kugler, I prepared grids for cryo-EM analysis. Cryo-EM data collection 

and processing was done by me, Katja Lammens, Michael Kugler and Simon Wenzl. Katja Lammens, 

Michael Kugler and I build the SLFN11 structures. I prepared the manuscript together with Katja 

Lammens and Michael Kugler and input from all other authors. 
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2.3. Structural mechanism of extranucleosomal DNA readout by the INO80 

complex 

 

Franziska Kunert*, Felix J. Metzner*, James Jung*, Markus Höpfler, Stephan Woike, Kevin Schall, Dirk 

Kostrewa, Manuela Moldt, Jia-Xuan Chen, Susanne Bantele, Boris Pfander, Sebastian Eustermann*, 

Karl-Peter Hopfner (2022) Structural mechanism of extranucleosomal DNA readout by the INO80 

complex. Science Advances, Volume 8, Issue 49. 

* These authors contributed equally.    

DOI: 10.1126/sciadv.add3189 

URL: https://www.science.org/doi/10.1126/sciadv.add3189 

Summary 

In this publication, we employ a combination of structural and biochemical methods to analyze how 

the INO80 chromatin remodeling complex interacts with nucleosomal and extranucleosomal DNA. 

Cryo-EM structures of regulatory INO80 A-modules from three different species (C. thermophilum, 

S. cerevisiae, and H. sapiens) reveal a conserved architecture, including a “2W-hairpin” motif that 

allows the binding of species-specific subunits. Structural alignments suggest the 2W-hairpin to be an 

evolutionarily conserved Actin-Arp4 anchor that is found throughout A-modules of INO80 and 

SWI/SNF family remodelers. Structures of the INO80 A-module bound to DNA as well as biochemical 

and yeast in vivo studies clarify the mode of DNA binding by the A-module. Different interactions 

between the A-module and extranucleosomal DNA, which are largely mediated by the Ino80 HSA 

domain and the Arp8 N-terminus, can have either inhibitory or stimulatory effects on nucleosome 

sliding. A reconstruction of the INO80 A- and C-module bound to a nucleosome shows how the 

A-module senses extranucleosomal DNA and is coupled to the motor domain by a continuous Ino80 

HSA/post-HSA helix. This mechanical connection may underlie the allosteric regulatory function of the 

A-module. The ATPase rate of the motor domain is further regulated by an Arp5 insertion domain that 

contacts entry DNA and appears essential for nucleosome sliding. DNA bending at the A-module and 

at the INO80 motor domain suggest a mechanism for DNA shape readout and may explain the unusual 

position of the motor domain at SHL -6. Together, our data provide insight into the regulation of the 

INO80 complex by nucleosomal and extranucleosomal DNA.         

Author contributions 

I cloned and purified the S. cerevisiae A-module. Together with James Jung, I prepared grids of the 

S. cerevisiae A-module in different nucleotide states for cryo-EM analysis. Cryo-EM data collection and 

processing of the S. cerevisiae A-module datasets was done by James Jung and me. Furthermore, I 

performed fluorescence anisotropy assays to investigate the impact of mutations within the 

C. thermophilum A-module on DNA binding. Lastly, I contributed to manuscript preparation.   
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3. Discussion 

The human subgroup III Slfn members SLFN5 and SLFN11 are two of the functionally best described 

Slfn proteins. SLFN5 is involved in tumorigenesis and was suggested to act as a transcriptional 

regulator [11, 62]. It shows antiviral activity by targeting transcription of viral genes [9], while SLFN11 

targets translation of viral proteins in a codon-usage-dependent manner [6]. Furthermore, SLFN11 

sensitizes cancer cells to DNA damaging agents by irreversibly blocking stalled replication forks [71]. 

However, little is known about the underlying molecular mechanisms of SLFN5 and SLFN11 and 

structural as well as biochemical in vitro characterization of these proteins is largely missing.   

Thus, open questions regarding these Slfn proteins include:  

o What is the overall structural organization of SLFN5 and SLFN11?  

o What are the functions of the individual domains?  

o Does SLFN5/SLFN11 recognize and process tRNA?  

o What is the substrate specificity of the SLFN11 helicase domain?  

o How is SLFN11 regulated by post-translational modifications?  

These questions will be discussed in the following sections with the goal to gain mechanistic insights 

into SLFN5 and SLFN11 and subgroup III Slfn proteins in general. 

3.1. Structural insights into human subgroup III Slfn members SLFN5 and SLFN11 

Subgroup III Slfn members share a conserved domain composition, consisting of an N-terminal Slfn 

core domain, a central linker domain and a C-terminal helicase domain (Figure 15A) [2]. So far, a crystal 

structure of the Slfn core domain of rat Slfn13 was the only available structure of any subgroup III Slfn 

protein [22]. Therefore, structural insights into a full-length Slfn protein could significantly advance 

the understanding of this protein family.    

The cryo-EM structure of the human SLFN5 apoenzyme is the first structure of a full-length 

subgroup III Slfn protein, giving novel insights into the overall domain arrangement (Figure 15B) [322]. 

The Slfn core domain, that is generally associated with nucleic acid binding and RNA cleavage, adopts 

a horseshoe-like shape as previously seen in the crystal structure of the rat Slfn13 core domain and 

the recently reported structure of the SLFN12-PDE3A complex [22, 25, 26, 322]. This includes a highly 

conserved Cys3His zinc finger as part of the Slfn core C-lobe. The channel formed by the SLFN5 core 

domain measures approximately 18 Å and is lined by several positively charged residues [322]. Thus, 

it is wide enough to serve as a potential binding platform for base paired nucleic acids. Even though 

the basic residues are only partially conserved, positively charged patches along the channel are 

present in the other Slfn structures as well [22]. Indeed, alanine mutations of the positively charged 

residues in rat Slfn13 resulted in reduced endoribonuclease activity [22]. The linker domain (also called 

SWA(V)DL-domain) has a globular fold and sterically separates the Slfn core domain from the 

C-terminal helicase domain (Figure 15B) [322]. The highly conserved SWAVDL-motif is part of the 

hydrophobic core, but also interacts directly with the helicase N-lobe. The C-lobe of the helicase is not 

resolved in the cryo-EM map, presumably due to conformational flexibility in the nucleotide-free state 

(Figure 15C). However, superimposing of an AlphaFold model [323] of the entire helicase domain with 

the SLFN5 structure indicates that the helicase lobes could adopt a closed (ATP-bound) state without 

causing steric clashes [322].  
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We further solved the structure of the full-length SLFN11 apoenzyme, revealing striking 

conformational differences between SLFN5 and SLFN11 despite a high degree of sequence 

conservation [324]. SLFN11 forms a ring-shaped symmetric dimer with interfaces between the Slfn 

core domains and the helicase domains (Figure 15B). The two Slfn core domains align to form a 

continuous positively charged channel with a width of approximately 20 Å. A similar dimerization 

mode has previously been reported for the subgroup II Slfn protein SLFN12, which forms a molecular 

glue-mediated complex with the phosphodiesterase PDE3A [25, 26]. This complex shows a similar 

interface between the Slfn core domains; however, the second interface is formed by the PDE3A 

protomers (Figure 4B). The similarity between the dimer structures suggests that the SLFN11 helicase 

domain and PDE3A in case of the SLFN12-PDE3A complex serve a structural function in the context of 

dimerization. As dimerization can be observed for subgroup II and III Slfn members, it seems plausible 

that other Slfn family members form dimers as well. In line with this, oligomerization was observed 

for a truncated SLFN14 construct in vitro [74]. In contrast to the SLFN5 structure, both lobes of the 

helicase domain are resolved in the SLFN11 dimer structure (Figure 15B) [322, 324]. Interestingly, the 

helicase domain is rotated by approximately 180° compared to its orientation in the SLFN5 structure 

and it interacts with the linker domain via the helicase C-lobe, while the N-lobes form the dimer 

interface [324]. This dramatic change is possible due to a rearrangement of the inter-domain 

(ID)-region that connects the linker with the helicase domain (Figure 15B). In SLFN5, the ID-region 

forms a hairpin-like structure with mixed α/β topology, which allows the helicase N-lobe to interact 

with the linker domain [322]. In SLFN11, the ID-region forms a continuous helix, the ID-helix, that 

extends outwards from the linker domain and interacts with both helicase lobes (Figure 15B) [324]. 

This places the SLFN11 helicase N-lobe away from the linker domain and allows the helicase C-lobe to 

interact with the linker domain. The ID-helix appears to lock the helicase lobes in a closed 

conformation and could therefore act as a brace. Interestingly, monomeric SLFN11 apoenzyme adopts 

the same helicase conformation as the protomers within the dimer, suggesting that this conformation 

is not a result of dimerization but rather a prerequisite for dimerization [324]. However, the cryo-EM 

map of monomeric SLFN11 lacks density for the Slfn core C-lobe and the bridging domains, suggesting 

conformational flexibility (Figure 15C) [324]. Thus, dimerization might be necessary to lock the lobes 

of the Slfn core domains in a stable conformation. In contrast to SLFN11, the C-lobe of the SLFN5 core 

domain adopts a stable conformation [322]. This might be connected to the conformation of the 

region connecting the Slfn core domain with the linker domain, as it is visible in the SLFN5 structure 

but flexible in the SLFN11 structure (Figure 15B) [322, 324]. In the SLFN5 structure, this region interacts 

with the Slfn core domain, linker domain and the ID-region, possibly stabilizing the overall fold. 
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Figure 15: Structures of human SLFN5 and SLFN11 apoenzymes. (A) Schematic domain overview of subgroup III Slfn proteins. 
The Slfn core domain (blue), linker domain (yellow), ID-region (green) and helicase domain (orange) are color-coded. The 
putative nuclease active site, SWAVDL motif and Walker A/B motifs are highlighted. (B) Ribbon representation of full-length 
human SLFN5 (PDB: 7PPJ) [322] and dimeric full-length human SLFN11 (PDB: 7ZEL) [324]. Domains are labeled and colored 
as in (A). The second SLFN11 protomer is depicted in grey. (C) Structural comparison of monomeric SLFN5 (PDB: 7PPJ) [322] 
and monomeric SLFN11. Domains are colored according to (A). The SLFN5 helicase C-lobe that is not resolved in the SLFN5 
reconstruction is indicated as a transparent cartoon model based on an AlphaFold prediction [323, 325]. The SLFN11 Slfn 
core C-lobe that is not resolved in the monomeric SLFN11 apoenzyme reconstruction (EMDB: 14693) is indicated as a 
transparent cartoon model based on the structure of the SLFN11 dimer (PDB: 7ZEL) [324]. The ID-regions are depicted in 
green to visualize the conformational differences between the presented SLFN5 and SLFN11 structures.       

3.2. Nuclease activity of SLFN5 and SLFN11 

Several human Slfn proteins have been shown to exhibit ribonuclease activity. This includes tRNA 

cleavage by SLFN11, SLFN12, and SLFN13 [22, 45, 46], rRNA cleavage by SLFN12, SLFN13, and SLFN14 

[22, 23, 26], and mRNA cleavage by SLFN14 [23]. As RNase activity seems to be a common feature of 

Slfn proteins, we investigated the tRNA cleavage activity of SLFN5 and SLFN11 [322, 324].  

While SLFN11 cleaves tRNASer in an endonucleolytic fashion, SLFN5 shows no tRNase activity [322, 

324]. However, this does not exclude the possibility that SLFN5 has a different substrate specificity. 

Mutational analysis of potential nuclease active site residues in SLFN11 revealed three essential 

residues, namely E209, E214 and K216 that are located in the C-lobe of the Slfn core domain [324]. 

This is in partial agreement with a study on rat Slfn13 that identified a three-carboxylate-triad that is 
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essential for Slfn13 endonuclease activity [22]. While two of the residues correspond to E209 and 

E214, the third corresponding residue of the three-carboxylate-triad is not essential for SLFN11 

endonuclease activity. The three essential residues identified in SLFN11 are conserved in all human 

Slfn proteins except for SLFN5, which lacks the conserved lysine residue [324]. This suggests that SLFN5 

has no RNase activity while the other human Slfn proteins are RNase active. In support of that, mouse 

Slfn2, which lacks two of the three active site residues, also lacks RNase activity [24, 322]. In the 

cryo-EM map of SLFN11, we identified unassigned density near the nuclease active site, which we 

interpreted as Mg2+-ion, as MgCl2 was present in the buffer [324]. However, the resolution is not high 

enough to unambiguously tell whether one or two ions are bound. It appears that E209 and E214 

coordinate the Mg2+-ion and the E209A mutation disrupts the coordination of the ion as shown by a 

loss of the additional density in the SLFN11E209A cryo-EM map [324]. This nicely explains why E209 and 

E214 in SLFN11 or the corresponding residues in SLFN12 or SLFN13 are essential for the nuclease 

activity [22, 46]. Screening of different bivalent cations in tRNA cleavage reactions showed that 

SLFN11-mediated cleavage is Mn2+-dependent and Mg2+-independent [324]. In contrast, RNase 

activity of SLFN13 and SLFN14 seem to be less ion-specific as both show nuclease activity in the 

presence of Mn2+ or Mg2+, with a higher activity in case of Mn2+ [22, 23]. This seems plausible, as Mn2+ 

and Mg2+ have the same charge and very similar ionic radii [326].  

A recent study showed that DDA-induced cell death relies on SLFN11-mediated cleavage of type II 

tRNAs, which differ from type I tRNAs in the presence of an extended variable loop and include all 

leucine and serine tRNAs [45]. Particularly cleavage of tRNA-Leu-TAA renders genes with high TTA 

codon usage susceptible to translational suppression by SLFN11 [45]. In line with that, SLFN11 rapidly 

cleaves type II tRNASer in vitro, while cleavage of type I tRNAMet is much less pronounced [324]. This 

indicates that the endonuclease activity is highly substrate specific, which might result from 

recognition of specific tertiary structures. To gain insights into the mode of substrate recognition by 

SLFN11, we analyzed the SLFN11-tRNA complex by cryo-EM. The cryo-EM reconstruction explains how 

a single tRNA molecule is recognized by a SLFN11 dimer (Figure 16) [324]. The positively charged 

channel formed by the Slfn core domains of the two protomers forms a substrate specific binding site 

for tRNA. The overall conformation of SLFN11 is similar to the apoenzyme structure, indicating that 

the SLFN11 dimer is poised for tRNA binding. SLFN11 mostly interacts with the acceptor stem and the 

T-loop of the tRNA, suggesting that these regions contribute to tRNA recognition and substrate 

specificity. As the tertiary structure of this region is highly conserved between different tRNAs, it is 

not surprising that binding of both type I and type II tRNAs can be observed in vitro [324]. The variable 

loop seems to be important for the regulation of the RNase activity [45]. The resolution of the cryo-EM 

reconstruction did not allow for detailed model building; however, it is clear that the variable loop is 

in close proximity to the Slfn core domain and might therefore contribute to tRNA binding and 

substrate recognition (Figure 16C) [324]. Interestingly, a recent study revealed that type II tRNA-Leu-

TAA is the physiological substrate of the SLFN12 RNase, which indicates striking similarities in 

substrate specificity between SLFN11 and SLFN12 [46]. The study showed that changes of the 

sequence of the acceptor stem or variable loop have a significant impact on SLFN12 RNase activity, 

indicating that SLFN12 recognizes distinct RNA sequences. Considering the high degree of 

conservation between Slfn proteins, it is likely that the tRNA binding mode observed for SLFN11 is 

conserved for multiple Slfn proteins including SLFN12 [324]. Thus, the protein-tRNA interactions 

observed in the model are in good agreement with the hypothesis of tRNA sequence recognition by 

SLFN12, indicating that this model might be applicable to other Slfn proteins as well [46]. Despite the 
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similarities, some differences appear in the substrate specificity as SLFN11 downregulates several 

type II tRNAs (Leu and Ser) while SLFN12 appears to be more specific for tRNA-Leu-TAA [45, 46]. 

Interestingly, SLFN12 cleaves different tRNAs in vitro, something that has also been shown for SLFN11 

and SLFN13 [22, 45, 46]. However, in a cellular context, only tRNA-Leu-TAA was significantly 

downregulated by SLFN12 [46]. Thus, it is possible that relatively small differences in in vitro cleavage 

assays translate to major differences in more complex in vivo systems. Therefore, studies that 

systematically identify the physiological substrates of different Slfn proteins are needed.  

 

Figure 16: Structural basis for tRNA recognition and cleavage by SLFN11. (A) Cryo-EM reconstruction of tRNA bound SLFN11 
dimer (front view; EMDB: 14695) [324]. The Slfn core domain (blue), linker domain (yellow), helicase domain (orange) and 
tRNA (green) are color-coded. The second SLFN11 protomer is colored in grey. (B) Schematic representation of type II tRNASer. 
The structural features of the tRNA are labeled and color-coded. The SLFN11 cleavage site is indicated. (C) Cryo-EM 
reconstruction of tRNA bound SLFN11 dimer (back view; colored as in (A); EMDB: 14695) [324]. The variable loop is 
highlighted in pink. (D) Structural docking model of tRNA (PDB: 5AXM) [327] bound by SLFN11 dimer (bottom view; 
PDB: 7ZEL) [324]. SLFN11 is colored as in (A) and the tRNA is colored according to (B). The tRNA acceptor stem and T-loop 
are depicted. The nuclease active sites of both SLFN11 protomers are highlighted. 

The cryo-EM map of tRNA bound SLFN11 reveals that the tRNA is clamped between the lobes of the 

Slfn core domains and is in close proximity to the nuclease active sites of both SLFN11 protomers, 

approximately 10 and 20 nucleotides from the 3’ end of the tRNA, respectively (Figure 16) [324]. 

However, RNA sequencing analysis shows that SLFN11 cleaves tRNASer mainly 10 nucleotides from the 

3’ end within the acceptor stem while the potential second cleavage site, which would be located 

within the T-loop, is not cleaved by SLFN11 [324]. The position of the endonucleolytic cleavage site 

identified for SLFN11 is in good agreement with the major cleavage sites identified for SLFN12 and 

SLFN13, which are 10 and approximately 11 nucleotides from the 3’ end, respectively (Figure 16B) [22, 

46]. Thus, these Slfn proteins may share a common tRNA binding and cleavage mode. Interestingly, 

cleavage of tRNASer by an N-terminal rat Slfn13 construct yields a secondary cleavage product that 

corresponds to a cleavage event within the tRNA T-loop [22]. This could indicate that some Slfn 

proteins have the ability to cleave tRNA at both sites or that the full-length protein is required for 

regulation of the cleavage reaction.  
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The trans-complementation assay indicates that dimerization of SLFN11 stimulates its endonuclease 

activity [324]. Together with the point mutants that disrupt the dimer interface, this suggests that 

dimeric SLFN11 is the nuclease active species and that a single active site is sufficient for tRNA 

cleavage. In line with that, molecular glue and PDE3A-mediated dimerization of SLFN12 has been 

shown to stimulate its RNase activity [26]. Of note, mutation of dimer interface I between the SLFN11 

helicase domains does not abolish nuclease activity and SLFN12 still shows weak nuclease activity 

without molecular glue and PDE3A present [26, 324]. While this allows the interpretation that these 

Slfn proteins could be nuclease active in the monomeric state, it may as well mean that under those 

conditions the monomer-dimer equilibrium is shifted towards the monomeric state, but that 

dimerization is still required for tRNA cleavage. Therefore, we suggest that dimerization of Slfn 

proteins is essential for substrate recognition, binding, positioning and cleavage. 

It has been shown that SLFN11 restricts various viruses such as HIV-1 in a codon usage dependent 

manner and that the double mutant E209A/E214A abrogates its antiviral activity [6, 70]. While SLFN11 

cleaves multiple type II tRNAs, downregulation of tRNA-Leu-TAA appears to be responsible for the 

translational inhibition of Leu-UUA rich transcripts [45]. On average, the Leu-UUA codon usage 

frequency (Leu-UUA/all Leu codons) is about 8% in the human genome, but only about 2% in the 24 

most highly expressed human proteins [45]. In contrast, the HIV-1 genome displays an average Leu-

UUA codon usage of approximately 30%, making HIV-1 transcripts more susceptible to translational 

inhibition by tRNA-Leu-TAA depletion [45]. Interestingly, many factors that are involved in DNA 

damage response signaling also display an unusually high Leu-UUA codon usage (ATR: 21%, ATM: 23%) 

[45]. In line with that, it was shown that DNA-damage induced cell death relies on cleavage of tRNA-

Leu-TAA by SLFN11, which inhibits the translation of ATM and ATR [45]. Similarly, SLFN12 also inhibits 

HIV-1 replication and translation of Leu-UUA codon rich transcripts [46, 328]. In the context of 

molecular glue-mediated PDE3A complex formation, SLFN12 was shown to cleave tRNA-Leu-TAA, 

which leads to ribosome pausing at Leu-UUA codons, global inhibition of protein synthesis and cell 

death [46]. Thus, we hypothesize related molecular mechanisms for the antiviral activity of SLFN11 

and SLFN12. Interferon stimulated upregulation of these Slfns in response to viral infection may lead 

to cleavage of tRNA-Leu-TAA, which inhibits the translation of Leu-UUA rich viral and host transcripts. 

This raises the question of why some viruses employ a different codon usage compared to their hosts 

since it opens a point of attack for antiviral restriction factors and seems to impair viral replication. 

While this question is not entirely answered yet, there is evidence that viral codon usage is more 

similar to that of symptomatic hosts than to that of natural asymptomatic hosts [329]. As the survival 

of the virus relies on long-term coexistence with its natural host, a good fitness of the host might be 

essential for the long-term survival of the virus [329]. Thus, the viral codon usage bias has to be large 

enough to ensure sufficient fitness of the natural host. Surprisingly, SLFN11 and SLFN12 RNase activity 

seems not only stimulated by viral infections but also by DDA-induced replication stress in the case of 

SLFN11 and molecular glue-mediated PDE3A complex formation in the case of SLFN12 [26, 45, 111].  

One interesting open question is where in the cell SLFN11 exerts its endonuclease activity. SLFN11 

harbors a nuclear localization signal and while most studies have mapped it to the nucleus [21, 71], 

there is evidence that SLFN11 can also be found in the cytoplasm [205]. tRNA is generated in the 

nucleus as pre-tRNA but also mature tRNAs can enter the nucleus via retrograde nuclear import, e.g. 

in response to oxidative stress [330]. However, the majority of tRNA is found in the cytoplasm, where 

it is needed for translation of mRNA [331]. Thus, it is possible that SLFN11 nuclease activity is limited 
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to the nucleus, even though cleavage of cytoplasmic tRNAs may be a more efficient way to deplete 

the tRNA-Leu-TAA pool. As SLFN12 is located in the cytoplasm and also cleaves tRNA-Leu-TAA, it seems 

possible that SLFN11 and SLFN12 work simultaneously upon viral infections to quickly deplete tRNA-

Leu-TAA in the nucleus as well as in the cytoplasm [328]. Whether Slfn-generated tRNA cleavage 

products themselves serve further biological functions, as shown for other tRNA-derived small RNAs, 

is yet to be investigated [332].   

 

Figure 17: Human proteins with structural homology to the Slfn core domain. (A) Ribbon representation of the SLFN11 core 
domain (PDB: 7ZEL) [324]. The first bridging domain and the C-lobe are depicted in blue. Residues of the zinc finger and the 
nuclease active site are depicted as sticks. (B) Ribbon representation of the SLFN5 core domain (PDB: 7Q3Z) [322]. The first 
bridging domain and the C-lobe are depicted in blue. Residues of the zinc finger and the putative nuclease active site are 
depicted as sticks. (C) Ribbon representation of the conserved part of SLFNL1 as predicted by AlphaFold [323, 333]. Residues 
of the putative nuclease active site are depicted as sticks. (D) Structure of the SAMD9 DNA-binding domain (green) in complex 
with DNA (grey) (PDB: 7KSP) [334]. Residues of the putative nuclease active site are depicted as sticks. (E) Ribbon 
representation of the conserved part of SAMD9L as predicted by AlphaFold [323, 333]. Residues of the putative nuclease 
active site are depicted as sticks. 

While the full Slfn core domain is only conserved among Slfn family members, several proteins share 

a domain with similarity to the Slfn core C-lobe, the so-called Slfn box (Figure 17). Structural homology 

search of the C-lobe of the SLFN11 core domain against the human subset of the AlphaFold Protein 

Structure Database [333, 335] yields several hits with high similarity. The uncharacterized Schlafen-

like protein 1 (SLFNL1) harbors a domain with similarity to the Slfn core C-lobe and bridging domain 

(Figure 17C). A recent study showed that C. elegans Schlafen-like proteins form a trimeric complex 

with RNA endonuclease activity [336]. Human Sterile alpha motif domain-containing protein 9 

(SAMD9) and SAMD9-like (SAMD9L) that act as restriction factors of poxviruses, also harbor a domain 
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with similarity to the Slfn core C-lobe and bridging domain (Figure 17D and E) [337, 338]. In addition, 

SAMD9L restricts HIV-1 by targeting translation of viral proteins [337]. Mutation of the potential 

nuclease active site residues abrogates its ability to restrict HIV-1, suggesting that SAMD9L may also 

have nuclease activity [337]. This indicates a degree of functional similarity between Slfn box 

containing proteins.   

 

Figure 18: Structural comparison of the nuclease active sites of SLFN11 and PD…D/ExK restriction enzymes. (A) Detailed 
view of the SLFN11 nuclease active site (PDB: 7ZEL) [324]. Key residues and the coordinated Mg2+-ion are depicted and 
labeled. (B) Detailed view of the PvuII restriction endonuclease active site (PDB: 1F0O) [339]. Key residues and the 
coordinated Ca2+-ions are depicted and labeled. For clarity, the bound DNA is not visualized. (C) Detailed view of the 
endonuclease active site of EcoRV in complex with DNA (PDB: 1RVB) [340]. Key residues and the coordinated Mg2+-ions are 
depicted and labeled.     

While the number of proteins with Slfn box-related domains is rather small, we noticed striking 

similarities between the nuclease active sites of SLFN11 and type II restriction endonucleases of the 

PD…D/ExK family (Figure 18). Type II restriction endonucleases generally form homodimers that cleave 

dsDNA at palindromic sequences and require Mg2+ or Mn2+ as cofactor [341]. Due to these 

characteristics, enzymes of this class are an important tool in molecular biology [342]. PD…D/ExK 

family members such as PvuII or EcoRV have two conserved acidic residues that are involved in metal 

ion coordination and an essential lysine residue that might position and activate the nucleophilic water 

(Figure 18B and C) [341]. The active site of SLFN11 harbors a PE…ExK motif with similar geometry to 

the active site of PD…D/ExK enzymes (Figure 18A and B). Thus, the catalytic mechanism of Slfn proteins 

and PD…D/ExK enzymes may be related. However, the catalytic mechanism of type II restriction 

endonucleases is not well understood but several models were hypothesized [341]. High-resolution 

crystal structures of type II restriction endonucleases show that the two acidic active site residues 

coordinate the metal ions (Figure 18B and C) [339]. While type II restriction endonucleases generate 

5′-phosphoryl and 3′-hydroxyl terminal ends, different structures found either one or two metal ions 

bound at the active site, suggesting one- or two-metal ion catalytic mechanisms [339, 341, 343]. The 

conserved lysine residue might function as a general base; however, due to its high pKa-value and its 

predicted protonated state, it is suggested to rather position and activate a water molecule for the 

nucleophilic attack on the phosphate backbone [341]. Interestingly, the similarities do not end at the 

three active site residues, but several PD…D/ExK family members such as EcoRV harbor a third acidic 

residue in a similar position to D252 in SLFN11 (Figure 18). Similarly to D252 in SLFN11, E45 in EcoRV 

is not essential for its nuclease activity [324, 344]. Furthermore, PvuII harbors a tyrosine residue at a 

similar position to Y234 in SLFN11 (Figure 18A and B). In PvuII, this tyrosine is suggested to contribute 

to Mg2+ binding and a mutant of it shows reduced nuclease activity [345]. While SLFN11 Y234A still 
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shows RNase activity, it is worth considering that we did not measure cleavage kinetics but a single 

time point [324].  

Taken together, we suggest that the endoribonuclease activity of Slfn proteins such as SLFN11 depend 

on the conserved E…ExK motif as well as on divalent metal cofactors, while loss of one or more 

residues of the essential E…ExK motif results in RNase deficiency as seen for SLFN5 [322].      

3.3. Insights into the C-terminal helicase domain of subgroup III Slfn members 

All subgroup III Slfn proteins harbor a C-terminal domain with similarity to SF1 DNA/RNA helicases [2, 

4]. While this classification is based on sequence alignment and conservation of essential helicase 

motifs, no structural or comprehensive biochemical characterization of the Slfn helicase domain has 

been available.  

The structures of SLFN5 and SLFN11 highlight similarities but also surprising differences between their 

Slfn helicase domains. The helicase C-lobe is not visible in the cryo-EM reconstruction of monomeric 

SLFN5, indicating conformational flexibility [322]. In contrast, both lobes of the SLFN11 helicase 

domain are resolved in the reconstruction of the SLFN11 dimer [324]. The ATPase consist of two RecA-

like lobes and comprises the characteristic helicase motifs, including Walker A and B motifs as part of 

the N-lobe [56, 346]. The conservation of the essential motifs suggests that the SLFN5 and SLFN11 

helicase domains possess the capability to bind and hydrolyze ATP. The finding that a SLFN11 Walker B 

mutant fails to sensitize cells to DNA damaging agents further supports the assumption of a functional 

integrity of this domain [71]. Interestingly, SLFN11 does not bind ATP in vitro while SLFN5 shows 

nucleotide binding [322, 324]. A comparison of the structures of SLFN5 and SLFN11 with a nucleotide 

bound structure of the SF1 DNA/RNA helicase DNA2 indicates that the conformation of the ID-region 

might regulate ATP binding [324]. The ID-helix in SLFN11 sterically blocks the ATP binding site, while 

the different conformation of the ID-region in SLFN5 leaves space for a nucleotide to bind. 

Furthermore, the Q-motif with its conserved glutamine residue that is generally involved in ATP 

binding [347], is part of the ID-helix in SLFN11 and the glutamine residue points away from the 

nucleotide-binding pocket [324]. In contrast, SLFN5 shows the typical conformation of a functional 

Q-motif with the glutamine residue pointing towards the nucleotide-binding site [322]. This indicates 

that the SLFN11 ATPase is locked in an autoinhibited conformation that is unable to bind ATP [324]. 

In line with that, we could not observe ATP hydrolysis by SLFN11 in vitro even with different DNA/RNA 

substrates or RPA present [324]. However, we also could not detect ATP hydrolysis by SLFN5 despite 

its ability to bind ATP [322]. Activation of the SLFN5 and SLFN11 ATPases may therefore require 

different steps. While SLFN5 can bind ATP, the absence of ATPase activity indicates that an activating 

factor, such as a specific substrate, binding partner or modification, is missing. SLFN11, on the other 

hand, requires an initial conformational rearrangement to overcome the autoinhibition and enable 

ATP binding. As a second step, it might also require further factors to stimulate its ATPase activity. The 

autoinhibited conformation of SLFN11 might be stabilized by dimerization but does not require 

dimerization as the ATPase domain of monomeric SLFN11 adopts the same autoinhibited 

conformation as seen in the dimer structure [324]. Instead, recent data suggests that ATP binding by 

SLFN11 is regulated through a phosphorylation-dependent conformational change in the SLFN11 

helicase domain, which will be discussed later on [324]. While the ATPase domains of most 

subgroup III Slfn proteins are highly conserved, SLFN14 seems to be an exception as it shows multiple 

changes in essential helicase motifs, including the Walker A motif [322]. Thus, it is possible that SLFN14 
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lost its ability to bind and hydrolyze ATP and that the residual helicase-like domain serves alternative 

functions, such as stabilization of a SLFN14 dimer or as a binding site for other factors.      

SF1 helicases are involved in different aspects of DNA and RNA metabolism and couple ATP hydrolysis 

to various processes such as translocation along single- or double-stranded DNA/RNA or unwinding of 

double-stranded DNA/RNA [346]. As subgroup III Slfn proteins lack insertion domains within the 

helicase domain, such as a pin motif or additional dsDNA binding elements, that are characteristic for 

strand-opening SF1 helicases [346], it appears unlikely that Slfn proteins are involved in the unwinding 

of double-stranded DNA or RNA [324]. To gain insights into the potential function of the SLFN5 and 

SLFN11 helicase domains, we investigated their substrate specificity. SLFN5 binds double-stranded 

DNA in vitro [322], which is in line with its roles as a transcriptional repressor [61, 62] and antiviral 

factor that binds viral or proviral DNA [9, 57]. Interestingly, the transcriptional repression of ZEB1 by 

SLFN5 depends on its C-terminal helicase domain [61], while the restriction of HIV-1 or HSV-1 depends 

on the N-terminal SLFN5 core domain [9, 57]. This indicates that SLFN5 may have two different DNA 

binding sites, one in the helicase and one in the Slfn core domain. Indeed, analysis of the SLFN5 core 

domain (SLFN51–336) revealed that it preferentially binds dsDNA over ssDNA or tRNA [322]. Full-length 

SLFN5 seems to have a higher affinity to dsDNA than the SLFN5 core domain alone [322]. Thus, SLFN5 

may either bind dsDNA at two independent binding sites or via an extended binding mode that 

comprises both sites. To solve this conundrum, structural and mutational studies are needed.  

As SLFN11 is recruited to stalled replication forks upon treatment with DDAs, we investigated its 

interaction with DNA [71, 124]. SLFN11 binds single-stranded DNA with high affinity (Kd,app ~ 30 nM) 

but does not bind to double-stranded DNA [324]. This finding adds to previous reports that showed 

that SLFN11 colocalizes with RPA at sites of DNA damage and at stalled replication forks [71, 124]. 

SLFN11 was suggested to be recruited to ssDNA via a direct interaction between its C-terminal helicase 

domain with RPA1 [124]. However, as we do not see stable complex formation between SLFN11 and 

RPA in vitro (data not shown), the described colocalization may also be a result of independent binding 

of RPA and SLFN11 to ssDNA. It has been reported that knockdown of RPA1, MRE11 or deletion of the 

SLFN11 helicase C-lobe result in the absence of SLFN11 foci in CPT treated cells [124]. While the 

deletion of the SLFN11 helicase C-lobe likely disrupts ssDNA binding, knockdown of MRE11 likely 

results in reduced ssDNA formation. However, as a knockdown of RPA1 also impairs SLFN11 foci 

formation, an interaction between RPA and SLFN11 appears plausible [124]. This interaction might be 

rather weak or dependent on post-translational modifications, as we do not see stable complex 

formation in vitro. It has further been suggested that SLFN11 destabilizes RPA-ssDNA complexes and 

inhibits the accumulation of RAD51 at stalled replication forks, promoting stalled fork degradation 

[124, 166]. SLFN11-mediated stalled fork degradation in FA cells depends on the SLFN11 ATPase 

activity that affects RAD51 recruitment to reversed forks [166]. However, whether SLFN11 actually 

destabilizes the RPA-ssDNA complex is still an open question, as the observed reduction in RPA binding 

could also be a result of the replication fork block by SLFN11 [71, 124]. The cryo-EM reconstruction of 

ssDNA bound SLFN11 shows that each protomer of the SLFN11 dimer binds a stretch of five 

nucleotides between the helicase N- and C-lobes [324]. The overall conformation of the ssDNA-bound 

SLFN11 dimer is very similar to that of the SLFN11 apoenzyme, indicating that the apoenzyme is 

already poised for ssDNA binding. This comes as a surprise, as the ATPase adopts an autoinhibited 

state that is unable to bind ATP [324]. Thus, the question arises whether and how DNA binding and 

ATP hydrolysis may be coupled in the active enzyme. Interestingly, a SLFN11 Walker B mutant 
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colocalizes with replication foci but fails to block replication fork progression [71]. As the ssDNA 

binding function of SLFN11 was previously unknown, it would be of great interest to see whether the 

DNA binding deficient SLFN11 mutant still colocalizes with replication foci and whether it retained the 

ability to block stressed replication forks or inhibit viral infections. SLFN11 interacts mostly with the 

phosphate backbone of ssDNA, which would suggest low sequence specificity [324]. However, we 

observed small differences in sequence specificity for different ssDNA substrates (data not shown), 

suggesting that the DNA sequence might contribute to governing SLFN11 binding to a certain extend. 

Overall, low sequence specificity seems plausible as it may allow SLFN11 to act at stalled replication 

forks, independently of their position within the genome. The anisotropy data indicate cooperative 

binding of ssDNA, which is in line with the observation that both SLFN11 protomers are bound to 

ssDNA in the cryo-EM reconstruction [324]. Furthermore, mass photometry data indicate that ssDNA 

binding stabilizes the SLFN11 dimer, as shown by a shift of the monomer-dimer equilibrium towards 

the dimer state [324]. As the SLFN11 dimer is poised for tRNA binding and represents the nuclease 

active state, ssDNA binding may stimulate the SLFN11 RNase activity by stabilizing the dimeric state. 

This could imply that in the absence of a stimulus, SLFN11 may adopt a monomeric conformation in 

vivo that would be nuclease deficient. This hypothesis is in line with a report showing that DDA 

treatment induces SLFN11-mediated cleavage of type II tRNAs, eventually leading to cell death [45]. 

The SLFN11 dimer interface mutants would be an excellent tool to investigate whether dimerization 

is essential for replication fork blockage by SLFN11.  

    

Figure 19: Potential models for ssDNA binding by SLFN11. (A) Schematic representation of a SLFN11 dimer (orange and grey; 
PDB: 7ZES) [324] binding to both DNA strands (green) at a replication fork. The CMG helicase that unwinds the DNA double-
strand is represented as triangle. (B) Schematic representation of a SLFN11 dimer (orange and grey; PDB: 7ZES) [324] binding 
to one strand of ssDNA (green). At least 20 nt DNA are required to span the distance between the SLFN11 DNA binding sites, 
resulting in a minimal theoretical ssDNA footprint of 30 nt.         

The two DNA fragments bound to the SLFN11 dimer have opposing 5’ to 3’ directions [324]. Assuming 

that both protomers bind ssDNA, different binding modes are possible (Figure 19). Dimeric SLFN11 

could bind a continuous stretch of ssDNA, which, based on the structure, would translate to a ssDNA 

footprint of at least 30 nucleotides (nt) (2 x 5 nt bound + 20 nt linker). Alternatively, the SLFN11 dimer 

could simultaneously bind to both single-strands of a stalled replication fork and may thereby block 

fork progression [324]. While such a static model of a physical replication block seems appealing, data 

shows that the ATPase activity of SLFN11 is essential for replication fork blockage [71]. Thus, the 

process likely involves conformational changes that would allow SLFN11 to exit the autoinhibited 
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state. Future studies may focus on the identification of such activating factors, which could comprise 

certain DNA or RNA structures, post-translational modifications or novel binding partners.         

3.4. Phosphorylation induces a conformational change that regulates SLFN11 

activity  

Recently, three phosphorylation sites were identified in SLFN11 that regulate its RNase activity and its 

ability to sensitize cells to DDA treatment [111]. Two phosphorylation sites are located in the Slfn core 

domain (S219, T230) in close proximity to the nuclease active site, whereas the third site is located in 

the helicase domain (S753). Mutagenesis studies revealed that phosphomimetic mutants (Asp) of 

these sites render SLFN11 inactive with respect to type II tRNA cleavage and sensitizing cells to DDA 

treatment, while Ala mutants showed wild type-like activity, suggesting that dephosphorylation of 

SLFN11 is required to become functionally active [111]. Protein phosphatase 1 catalytic subunit γ 

(PPP1CC) was identified to be responsible for SLFN11 dephosphorylation and consequently for its 

activation [111]. Interestingly, CPT treatment induces a reduction in total SLFN11 phosphorylation, 

while showing no significant reduction in case of the SLFN11 S753D mutant, suggesting that the 

phosphorylation of S753 is important for the regulation of SLFN11 activity [111]. Tight regulation of 

the SLFN11 enzymatic activity might be important to avoid undesired SLFN11-mediated effects under 

stress-free conditions. Uncontrolled cleavage of type II tRNAs, for example, could negatively affect 

translation of endogenous transcripts, a fitness penalty that might be the lesser of two evils in case of 

a viral infection, but may be avoided in uninfected cells by phosphorylation-dependent inhibition of 

SLFN11 RNase activity. Similarly, uncontrolled blockage of stalled replication forks by SLFN11 might 

negatively affect cell survival by preventing replication restart after ATR/CHK1-mediated transient 

replication stop and DNA damage repair. The phosphorylation sites that are located in close proximity 

to the SLFN11 nuclease active site (S219, T230) are likely to interfere with tRNA binding, possibly due 

to repulsive forces of the negatively charged phosphate groups of the tRNA backbone and the 

phosphorylated S219 and/or T230 [324]. Due to the tRNA binding mode by dimeric SLFN11, these 

phosphorylations might affect tRNA interactions in both protomers, which could amplify their 

effectiveness. How a phosphorylation within the SLFN11 helicase domain (S753) would affect tRNA 

cleavage appears more enigmatic. Located in the region that connects the two ATPase lobes, S753 is 

far away from the tRNA binding site [324]. On the other hand, it is located in close proximity to the 

ssDNA binding groove but does not interact with DNA in the ssDNA-bound SLFN11 structure [324].  

Interestingly, the phosphomimetic mutant S753D is ssDNA binding deficient, binds ATP and appears 

as a monomer in solution (Figure 20) [324]. This is in contrast to wild-type SLFN11 that binds ssDNA 

and adopts an autoinhibited dimeric conformation that is ATP binding deficient (Figure 20) [324]. 

Initial structural investigation of ATP-bound SLFN11S753D revealed that it adopts a monomeric 

conformation, which is highly similar to that of SLFN5 (Figure 20D). The SLFN11S753D reconstruction 

shows a conformational change of the ID-region that results in a rotation of the helicase domain by 

approximately 180°, freeing space for a nucleotide to bind. Both ATPase lobes are visible and adopt a 

closed, nucleotide-bound conformation. In contrast to the wild-type SLFN11 monomer reconstruction 

[324], both lobes of the Slfn core domain are resolved. However, whether the SLFN11 S753D mutation 

accurately reflects the S753 phosphorylated state (SLFN11S753p) requires further investigation.  

Assuming this is the case, the SLFN11S753D conformation that allows for ATP binding might represent 

an ATPase proficient state. However, whether SLFN11S753D itself might be ATPase active or whether 
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SLFN11WT can adopt a similar conformation, e.g. through engagement with a binding partner, is yet to 

be elucidated. As SLFN11S753D does not bind to ssDNA, it would be a good tool to test whether the 

recruitment of SLFN11 to stalled replication forks depends on ssDNA or on other factors, such as RPA 

[324]. The conformation of SLFN11S753D does not exclude the possibility for dimerization, as docking of 

the SLFN11S753D conformation onto the dimer structure does not cause significant clashes. However, 

the loss of interface I as a result of the rotated helicase domains destabilizes the dimer, explaining 

why SLFN11S753D adopts a monomeric state in solution (Figure 20E). This would also explain the 

impaired tRNA cleavage activity by SLFN11S753D [111], as dimerization promotes efficient tRNA 

cleavage [324].  

 

Figure 20: Comparison of SLFN11WT with the phosphomimetic mutant SLFN11S753D. (A) Cryo-EM reconstruction of the wild-
type SLFN11 dimer (EMDB: 14690) [324]. The Slfn core domain (blue), linker domain (yellow), ID-region (green), and helicase 
domain (orange) are color-coded. The second SLFN11 protomer is colored in grey. (B) Mass photometry analysis of the 
monomer-dimer distribution of wild-type SLFN11 at 80 mM NaCl. Figure modified from [324]. (C) NanoDSF analysis of wild-
type SLFN11 in presence of different nucleotides (ADP: pink, ATP: red, ATPγS: blue) or without nucleotides present (black). 
The inflection temperatures are indicated. Figure modified from [324]. (D) Cryo-EM reconstruction of the SLFN11S753D 
phosphomimetic mutant. The Slfn core domain (blue), linker domain (yellow), ID-region (green), and helicase domain 
(orange) are labeled and color-coded. (E) Mass photometry analysis of the monomer-dimer distribution of SLFN11S753D at 
80 mM NaCl. (C) NanoDSF analysis of SLFN11S753D in presence of different nucleotides (ADP: pink, ATP: red, ATPγS: blue) or 
without nucleotides present (black). The inflection temperatures are indicated.      

Thus, a possible regulatory model could look as follows (Figure 21): SLFN11 might be phosphorylated 

at S753 in a stress-free state [111], preventing dimerization and efficient tRNA cleavage, as well as 

ssDNA binding and a subsequent block of stalled replication forks. The normal level of occasionally 

occurring stalled replication forks and DNA damage might not be sufficient to activate SLFN11 as it 

would otherwise impair DNA replication. However, upon replication stress induced by DDAs, a critical 

stress-level might be reached that results in the dephosphorylation of SLFN11S753p by PPP1CC [111], 

releasing the phosphorylation-mediated conformational inhibition. This may recruit SLFN11 to stalled 

replication forks via its high affinity for ssDNA. Additional factors could activate its ATPase that is 
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essential for a SLFN11-mediated irreversible block of stalled replication forks [71]. Furthermore, the 

high local concentration of SLFN11 may promote SLFN11 dimerization, which activates its tRNase, 

resulting in translational inhibition of certain DNA damage response and repair factors such as ATM 

and ATR [45].  

 

Figure 21: Model for the activation of SLFN11 by DDAs. Under stress-free conditions, ssDNA binding, dimerization, and 
nuclease activity of SLFN11 (Slfn core domain: blue, linker domain: yellow, helicase domain: orange) is inhibited by 
phosphorylation of S753. Treatment of cells with certain DDAs, such as CPT, induces replication stress and fork stalling [71]. 
It also leads to the dephosphorylation of SLFN11S753p by protein phosphatase 1 (PPP1CC) [111]. The dephosphorylation 
induces a conformational rearrangement of the helicase domain and ID-region, allowing SLFN11 to bind ssDNA and dimerize. 
SLFN11 is recruited to extended stretches of RPA-coated ssDNA at stalled replication forks [71, 124] where its nuclease 
activity is stimulated by dimerization. Cleavage of type II tRNAs, such as tRNA-Leu-TAA, by SLFN11 inhibits the translation of 
several proteins involved in DNA damage response, such as ATR and ATM [45]. Furthermore, SLFN11 interacts with the CMG 
helicase and blocks the replication fork in an ATPase-dependent manner [71]. The ATPase activity might be induced by the 
interaction with additional factors (green) and leads to an irreversible replication block and eventually to cell death.                      

ATPase-dependent replication block and tRNA cleavage both contribute to sensitizing cells to DDA 

treatment; however, the contribution of the RNase activity is not well understood [45, 71]. As 

suggested by Malone et al. [111], dephosphorylation of SLFN11 may occur in a sequential manner, 

starting with the dephosphorylation of SLFN11S753p, allowing for a scenario where phosphorylated 

S219 and T230 inhibits the RNase activity of ATPase active SLFN11. Differential phosphorylation and 

dephosphorylation of SLFN11 could therefore govern a separation of function, as phosphorylation of 

S753 might regulate its replication checkpoint activity, while phosphorylation of S219 and T230 may 

regulate its antiviral activity. However, the functional connection of the SLFN11 nuclease and helicase 

domains is not well understood and requires further research.    

A search for the S753 phosphorylation motif against a substrate specificity atlas of the human Ser/Thr 

kinome [348] ranks CHK1 as one of the kinases most likely to be involved in S753 phosphorylation. 

This would indicate a regulatory role of the ATR/CHK1 pathway on SLFN11 activity. For example, 

SLFN11 activity could be inhibited through the ATR/CHK1 pathway in response to low levels of 

replication stress in order to prevent irreversible fork stalling, whereas high levels of replication stress 

as induced by DDA treatment might activate dephosphorylation of SLFN11 to an extend that cannot 

be counteracted by CHK1.              

Interestingly, S753 is not conserved between human subgroup III Slfn proteins and is only found in 

SLFN11 [324]. Thus, this specific mode of regulation by modulating the DNA binding affinity and the 
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oligomeric state might be unique to SLFN11. However, it has also been reported that the RNase 

activity of SLFN12 is regulated by phosphorylation, potentially by regulating its interaction with PDE3A 

[55]. Furthermore, it has been suggested that SLFN5 plays a role in cell cycle progression and cellular 

proliferation and that this is regulated by CDK-mediated phosphorylation [349]. Taken together, 

phosphorylation appears to play an important role in the functional regulation of Slfn proteins but 

further research is required to get a better picture of the underlying regulatory network.  

  

Figure 22: AlphaFold predictions of human Slfn protein dimers. Dimer models for all human full-length Slfn proteins were 
predicted using AlphaFold2-multimer [323, 325, 350]. The Slfn core domains (blue), linker domains (yellow), and helicase 
domains (orange) are color-coded. The second protomers are colored in grey. (A) SLFN11 prediction with dimer interface 
between Slfn core domains. (B) SLFN13 prediction with dimer interface between Slfn core domains. (C) SLFN14 prediction 
with dimer interfaces between Slfn core domains and helicase domains. (D) Monomeric SLFN5 as it was not predicted to 
form a dimer. (E) SLFN12 prediction with dimer interface between Slfn core domains. (F) SLFN12L prediction with dimer 
interface between Slfn core domains. 

The relatively high degree of sequence conservation between human Slfn proteins may result in 

structural and functional similarities. AlphaFold predictions [323, 325] of human subgroup III proteins 

result in dimeric models for SLFN11, SLFN13 and SLFN14 but a monomeric model for SLFN5 (Figure 22). 

This is in line with the structures of monomeric SLFN5 and dimeric SLFN11 [322, 324]. Furthermore, 

this is in agreement with the biochemical data [322], as a loss of tRNase activity in SLFN5 might 

eliminate the need for dimerization, assuming that the reason for dimerization is to form a platform 

for tRNA binding. AlphaFold predicts the protomers of the SLFN11 and SLFN13 dimers in the ATP 

binding proficient conformation (Figure 22A and B), while it models the protomers of the SLFN14 

dimer in the autoinhibited conformation (Figure 22C), similar to the cryo-EM structure of the SLFN11 

dimer [323-325]. This is particularly striking as SLFN14 harbors an altered Walker A motif [322], which 

likely results in ATPase deficiency and the inability to bind nucleotides. As we have established that 

SLFN11 can adopt different conformations with variable biochemical properties [324], it seems 

plausible that other subgroup III Slfn members exhibit a similar conformational plasticity. Hence, the 
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SLFN11 structures hint at a general regulatory mechanism that might be conserved throughout 

subgroup III SLFN family members.         

3.5. A conserved A-module anchor in INO80 and SWI/SNF family remodelers  

DNA-dependent nuclear processes, such as transcription, DNA replication or DNA repair, are regulated 

by nucleosome positioning and composition, which depend on the activity of ATP-dependent 

chromatin remodelers [241, 252]. These enzymes share a conserved Snf2-type ATPase for DNA 

translocation and range from small single-subunit remodelers to large multi-subunit assemblies like 

the INO80 complex [241, 253]. As single-subunit remodelers are capable of catalyzing nucleosome 

sliding, the question arises why INO80 and other multi-subunit remodelers assemble into much larger 

and more complex molecular machines [241, 351]. Biochemical data suggests that the modular 

architecture of the INO80 complex contributes to the regulation of its chromatin remodeling activities 

by reading of chromatin-associated information, such as nucleosome composition, nucleosome 

density, presence of barrier factors, or DNA shape features [248, 250, 298, 309, 312, 313, 320]. The 

INO80 A-module processes such information, at least in parts through interaction with 

extranucleosomal DNA, and serves as an allosteric regulator of nucleosome remodeling [248, 311-

313]. In this work, we employed a bottom-up approach to structurally investigate extranucleosomal 

DNA readout by the A-module alone or in context of the conserved A/C-module complex to gain 

insights into regulatory mechanisms underlying nucleosome remodeling by INO80. 

The structural analysis of INO80 A-modules from three different species (C. thermophilum, 

S. cerevisiae, and H. sapiens) [352] adds to a previously published crystal structure of the conserved 

portion of the S. cerevisiae A-module (Arp8-actin-Arp4-Ino80HSA) [311] by including full-length proteins 

and species-specific subunits. Yeast/fungal Ies4 and human YY1 display a conserved mode of 

interaction with the Arp4-actin pair via a β-hairpin (Figure 23A) [352]. As the hairpin harbors two 

conserved tryptophan residues that form a hydrophobic pocket for the interaction with actin, it has 

been termed “2W-hairpin” [352]. In line with the conservation of the Arp4-actin pair in INO80 family 

and SWI/SNF family members (or Arp7-Arp9 in S. cerevisiae SWI/SNF family remodelers) [265], the 

2W-hairpin motif can be found in structures or structure predictions of A-module associated subunits 

of several multi-subunit chromatin remodelers, indicating that the 2W-hairpin is an evolutionarily 

conserved A-module anchor [352]. Structures of the S. cerevisiae SWI/SNF and RSC A-modules reveal 

that regulator of Ty1 transposition protein 102 (Rtt102) interacts with Arp7-Arp9 via a 2W-hairpin 

motif, as does SWR1-complex protein 4 (Swc4) with Arp4-actin in the S. cerevisiae NuA4 complex 

(Figure 23B and C) [317, 353, 354]. Furthermore, B-cell CLL/lymphoma 7 (BCL7), a subunit of the 

human SWI/SNF complexes BAF and PBAF, may bind the A-module via a 2W-hairpin, as structure 

predictions of BCL7A/B/C predict the presence of a 2W-hairpin [333, 352, 355]. Interestingly, different 

remodelers recruit different 2W-hairpin containing subunits, despite the conservation of the Arp4-

actin pair, indicating that the HSA domain or additional subunits contribute to the correct assembly of 

the A-module. In addition, the expression pattern of the client proteins may determine the complex 

compositions in cases like the human SWI/SNF complexes that can incorporate either BCL7A, BCL7B 

or BCL7C [355].  

As the human INO80 subunit YY1 is a transcription factor that binds specific DNA sequences, it has 

been suggested to recruit INO80 to YY1 binding sites, resulting in transcriptional activation [356]. 

However, YY1 also recruits repressive polycomb group complexes, indicating that it has opposing 
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functions in a context dependent manner [357]. Interestingly, YY1 interacts with the polycomb group 

protein MBT domain-containing protein 1 (MBTD1) via the 2W-hairpin, suggesting that it cannot bind 

INO80 and MBTD1 at the same time [358]. Further 2W-hairpin containing proteins also possess DNA 

binding activity, suggesting that a function of these client proteins may be the recruitment of 

chromatin remodelers to specific locations within the genome. The SWR1 subunit Swc4, for example, 

preferentially binds AT-rich DNA and may therefore recruit SWR1 to its target genes [359]. Ies4 on the 

other hand lacks any known DNA binding domain but plays a role in the DNA damage checkpoint 

response [360]. Thus, 2W-hairpin containing client proteins may add specific functions or features to 

the conserved part of the A-module (Figure 23D).  

 

Figure 23: The 2W-hairpin is a conserved A-module anchor. (A) Detailed view of the Ies4-actin interface within the 
S. cerevisiae INO80 A-module (PDB: 8A5O) [352]. The conserved tryptophan residues of the 2W-hairpin and actin residue 
P367 are shown. Ies4 (lime green), Arp4 (dark blue) and actin (yellow) are labeled. (B) Detailed view of the Swc4-actin 
interface within the S. cerevisiae NuA4 A-module (PDB: 8ESC) [353]. The conserved tryptophan residues of the 2W-hairpin 
and actin residue P367 are shown. Swc4 (lime green), Arp4 (dark blue) and actin (yellow) are labeled. (C) Detailed view of 
the Rtt102-Arp9 interface within the S. cerevisiae SWI/SNF A-module (PDB: 4I6M) [317]. The conserved tryptophan residues 
of the 2W-hairpin and Arp9 residue P459 are shown. Rtt102 (lime green), Arp7 (light blue) and Arp9 (light yellow) are labeled. 
(D) Schematic overview of the conservation of the Arp4-actin heterodimer and 2W-hairpin subunits in S. cerevisiae and 
H. sapiens INO80 and SWI/SNF family chromatin remodelers. The respective 2W-hairpin subunits are indicated in green. 
Figure modified from [352]. 

Taf14, which was suggested to be an additional subunit of the S. cerevisiae A-module, is not resolved 

in the cryo-EM reconstruction [309, 352]. Thus, it is not a structural component of the A-module. 

Structure prediction of the Ino80-Taf14 interaction places Taf14 upstream of the A-module, flexibly 

connected by a 40 amino acid loop region [323, 350]. This could allow a conformation in which the 

A-module engages extranucleosomal DNA, while Taf14 binds to acetylated/crotonylated H3K9 

(Figure 24) [361].   



162 
 

 

Figure 24: Structural model of the nucleosome-bound INO80 A/C-complex including Taf14. Composite model of the INO80-
nucleosome complex with the A-module bound to extranucleosomal DNA. S. cerevisiae Taf14 (blue) is predicted to bind 
Ino80 (red) approximately 40 amino acids (aa) ahead of the A-module. The S. cerevisiae Taf14 YEATS domain (blue) recognizes 
acetylated/crotonylated H3K9 (orange). The model is composed of the C. thermophilum C-module (PDB: 8AV6) and the 
S. cerevisiae A-module (PDB: 8A5A) that are modeled into (EMDB: 15211) [352], an AlphaFold prediction of the S. cerevisiae 
Taf14-Ino80 interaction (Taf14 aa 176-244, Ino80 aa 332-406) [323], a structure of the S. cerevisiae Taf14 YEATS domain 
bound to crotonylated H3K9 (PDB: 6MIN) [362] and the H3 histone tail (PDB: 1KX5) [363]. The dotted lines indicate flexible 
loop region in Ino80 (red) and Taf14 (blue).           

3.6. INO80-DNA interactions regulate nucleosome remodeling  

The structure of the C. thermophilum A-module bound to DNA shows that the Ino80 HSA domain and 

the Arp8 N-terminus are involved in DNA binding [352]. This explains previous findings, which showed 

that the Ino80 HSA domain as well as the Arp8 N-terminus are crucial for extranucleosomal DNA 

binding and nucleosome sliding [311, 312]. The A-module binds a DNA segment of approximately 

40 bp, which is in line with the observation that more than 40 bp of extranucleosomal DNA are 

required for efficient nucleosome sliding by INO80 [273, 311, 320, 352]. It also supports the idea that 

the INO80 A-module functions as a ruler element in nucleosome spacing and phasing, possibly by 

sensing neighboring nucleosomes or barrier factors [313]. The A-module bound DNA is markedly bend 

and the Arp8 hook element widens the minor groove upon binding [352]. This could enable DNA shape 

readout, which contributes to INO80-mediated +1 nucleosome positioning in S. cerevisiae [248]. 

Interestingly, mutations of the HSA domain have differential effects on the allosteric regulation of the 

nucleosome sliding reaction in vitro [352]. While nucleosome remodeling is inhibited by DNA-binding 

mutations of the C-terminal part of the HSA domain, it is stimulated by DNA-binding mutations in the 

N-terminal part of the HSA domain. Thus, the A-module can function as an allosteric activator or 

repressor of the sliding reaction, possibly by adopting different conformations or alternating DNA 

binding modes. 

The structure of the C. thermophilum A/C-module bound to a nucleosome visualizes how the 

A-module binds to linker DNA in the context of the nucleosome-bound complex [352]. The HSA/post-

HSA domain forms a continuous helix that connects the A-module to the N-lobe of the Ino80 motor 
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domain (Figure 25A). This chemomechanical link might couple extranucleosomal DNA sensing by the 

A-module to productive nucleosome sliding. The interaction of the Ino80 post-HSA domain with 

protrusion I, a motif of the ATPase N-lobe, resembles the structural arrangement of the post-HSA 

domain and protrusion I in the RSC complex, which form a regulatory hub that controls ATPase activity 

and nucleosome sliding [318, 319, 352]. Of note, the extranucleosomal DNA-bound conformation is 

only visible in the apo state but not in the ADP∙BeFx state [352]. However, DNA-binding mutations of 

the A-module that impair nucleosome remodeling have only a moderate effect on the Ino80 ATPase 

rate, suggesting that the regulatory role of the A-module relies on the regulation of directional DNA-

translocation rather than on the regulation of the ATP hydrolysis rate [352]. This would agree with the 

bulge propagation model, where a function of the INO80 A-module may be to prevent back slippage 

of the DNA loop, formed between the motor domain and the Arp5 counter grip [275, 291]. 

Arp5 is also involved in the regulation of the remodeling reaction by binding the NCP at SHL -2/-3 and 

by contacting the acidic patch with an Arp5 insertion domain, termed “grappler” [275]. The Arp5 

grappler can adopt at least two defined conformations, a parallel and a cross grappler state. In the 

cross conformation, the Arp5 grappler contacts entry DNA opposite to the Ino80 motor domain. 

Mutations of two positively charged loops of the Arp5 grappler that might contribute to entry DNA 

interaction almost abolish nucleosome sliding and strongly reduce the INO80 ATPase rate, indicating 

a regulatory role of Arp5 on the ATPase activity [352]. 

Binding of the A-module to linker DNA bends the DNA along the Ino80 HSA domain and at the Ino80 

motor domain [352]. Mapping of DNA shape features of INO80-positioned nucleosomes onto the 

structural model shows that extreme DNA propeller twist values correlate with the A-module binding 

site and the region between the motor domain and Arp5 [248]. Introduction of more rigid A/T-rich 

DNA cassettes, which resemble poly-A/T tracts that are found in yeast promoters, results in decreased 

nucleosome remodeling by INO80 [352, 364]. A/T-rich DNA most strikingly affects nucleosome sliding, 

when introduced at the Ino80 motor domain [352]. Thus, the motor domain itself might be involved 

in DNA shape readout and nucleosome positioning. Therefore, it could contribute to the 

establishment of NFRs at A/T-rich DNA regions and +1 nucleosome positioning, as nucleosome sliding 

away from A/T-rich sequences might be kinetically favored over nucleosome sliding into A/T-rich DNA 

[365]. The unusual position of the Ino80 motor domain at SHL -6, together with the extranucleosomal 

DNA bound A-module, might thus allow INO80 to monitor DNA shape features of incoming DNA [352]. 

Besides INO80, A-modules are also found in INO80 family and SWI/SNF family chromatin remodelers 

[265]. The conserved A-module core comprises an Arp4-actin heterodimer (or Arp7-Arp9 in 

S. cerevisiae SWI/SNF family remodelers) that assembles on the HSA domain [265]. As the Arp8 

subunit is exclusive to INO80 and is critical for DNA interaction, a conserved DNA binding mode 

between the INO80 A-module and A-modules of other remodelers seems unlikely [312, 352]. Indeed, 

structurers of nucleosome-bound SWI/SNF family remodelers from yeast and human show a different 

conformation of the A-module (Figure 25B) [287-290]. While the motor domain of these remodelers 

engage the NCP at SHL -2, the A-module is folded back and contacts the NCP around SHL +6, which is 

close to the exit DNA. The interaction of the SWI/SNF HSA domain with the nucleosomal DNA rather 

resembles the binding mode of the Ies2 throttle helix in INO80 than that of the Ino80 HSA-DNA 

interaction (Figure 25) [275, 352]. In the structures of the SWI/SNF complexes, the post-HSA domain 

also interacts with protrusion I but does not form a continuous helix with the HSA domain (Figure 25B) 
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[287-290]. This indicates that the function of the A-module as an allosteric regulator is conserved, 

whereas its interaction with DNA is variable. Whether the INO80 A-module can adopt alternative 

conformations, more similar to the situation in SWI/SNF remodelers, or vice versa, requires further 

investigation. 

 

Figure 25: Structural comparison of INO80 and SWI/SNF chromatin remodelers. (A) Structural model of the C. thermophilum 
INO80 A/C-module complex bound to a nucleosome, with the A-module binding to extranucleosomal DNA and the motor 
domain at SHL -6 (based on EMDB: 15211) [352]. The Ino80 HSA domain (red), post-HSA domain (hot pink) and protrusion I 
(orange) are labeled and color-coded. Subunits of the A-module and Ies2 are colored (Ies2: orange, Arp8: bright blue, actin: 
yellow, Arp4: dark blue, Ies4: lime green). The A-module and the lobes of the motor domain are labeled. (B) Structure of the 
S. cerevisiae SWI/SNF complex bound to a nucleosome, with the A-module binding to nucleosomal DNA and the motor 
domain at SHL -2 (PDB: 6UXW) [288]. The Snf2 HSA domain (red), post-HSA domain (hot pink) and protrusion I (orange) are 
labeled and color-coded. Subunits of the A-module are colored (Arp9: yellow, Arp7: dark blue, Rtt102: lime green). The 
A-module and the lobes of the motor domain are labeled.          

Taken together, INO80-mediated chromatin remodeling is a highly regulated process that relies on its 

modular architecture and is mediated by multivalent (extra)nucleosomal DNA interactions, especially 

by its actin-related subunits [352]. Future studies may include the species-specific N-module, which 

adds another regulatory layer as a sensor of extranucleosomal DNA, or investigate the interaction of 

INO80 with more complex substrates such as nucleosomal arrays.   
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