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Abstract 

DNA double strand breaks (DSB) are a particularly deleterious threat to genomic integrity throughout all 

domains of life. DSBs can cause chromosomal aberrations, tumorigenesis and cell death if left unrepaired 

and are caused by either endogenous or exogenous sources. Cells rely on efficient detection, repair and 

response upon occurrence of DSBs. In eukaryotes, DSBs are mostly repaired by either end joining path-

ways or homologous recombination (HR). HR, in contrast to the end joining pathways, enables error-free 

DSB repair in presence of a template sister chromatid. The Mre11-Rad50-Nbs1 (MRN) complex recognizes 

and tethers DNA ends, even if they are obstructed by proteins to initiate HR. In order to respond to DSBs, 

the MRN complex recruits and activates the signaling kinase Ataxia-telangiectasia mutated (ATM), that 

belongs to the phosphatidylinositol 3-kinase-related protein kinase (PIKK) family. Activated ATM in turn 

initiates the cellular DNA damage response (DDR). Mre11 and Rad50 are highly conserved and form a 

topology-specific, ATP-dependent nuclease complex that processes DNA ends but leaves genomic DNA 

intact. The eukaryote specific Nbs1 subunit finetunes MRN’s endonuclease activity by providing interac-

tion with proteins (e.g. CtIP). Apart from its nucleolytic activity, MRN has a scaffolding function that pro-

motes DNA end tethering, repair foci formation and possibly signal amplification. 

Although the complex has been studied for more than two decades, a model that integrates both MRN’s 

enzymatic and scaffolding functions has not yet been established. In the first part of the thesis, such a 

model was elaborated by combining both structural and biochemical data from this and previous studies. 

A cryo-electron microscopy (cryo-EM) structure of the Chaetomium thermophilum (Ct)MRN catalytic head 

domain in its ATPγS-bound state not only clarifies its atomic architecture but also reveals how a core part 

of Nbs1 stabilizes and possibly locks the Mre11 dimer. In this structure significant parts of the Rad50 

coiled-coils were resolved in a rod configuration, stabilized by several interaction points. A previously un-

characterized C-terminal Mre11 domain, denoted bridge could further stabilize the rod configuration. The 

rod configuration and the bridge domain restrict access to the Rad50 DNA binding site. Biochemical anal-

ysis revealed the Rad50 DNA binding site is extremely specific for DNA ends. However, an additional, eu-

karyote-specific DNA binding site at the C-terminus of Mre11 enables binding to internal DNA. The Rad50 

coiled-coil domains are linked at the apex via a zinc hook dimerization motif to form a large proteinaceous 

ring/rod. Cryo-EM data and crystal structures explained how two MRN complexes can tether DNA ends 

via dimerization of these apical domains. In vivo assays indicate that mutation of the apex tethering ele-

ment negatively impacts DSB repair. 

Mutations in DDR pathways allow cancer cells to cope with increased replication and genotoxic stress. For 

this reason, proteins involved in DDR were described to be promising targets in cancer therapy.  Due to 

its central role in DSB induced DDR, ATM is an auspicious target for drug development. However, lack of 

ATM high-resolution structures, as well as atomic details of small molecule inhibitor binding modalities 

hampered the application of structure-based drug design. In the second part of the thesis, the binding 

modalities of two ATP-competitive ATM-inhibitors were described. This project was a collaborative work 

with Merck KGaA, that provided a novel inhibitor (M4076) with improved pharmacokinetics. Comparison 

of the inhibitor-bound kinase active sites with the likewise resolved ATPγS-bound active site explains the 

high affinities that were determined in biochemical assays. Superposition and sequence alignment of the 
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ATM kinase active site with other PIKK active sites enables to rationalize the molecular reasons for selec-

tivity. In biochemical assays, IC50 values of the inhibitors for ATM, PIKKs and CHK2 showed high selectivity 

towards ATM. The binding of the inhibitors stabilized the N-terminal solenoid domain of ATM, this ena-

bled the generation of a high-resolution structure of the entire ATM protein. The quality of the map al-

lowed the identification of two zinc binding sites that possibly stabilize loops and the generation of a near-

complete ATM structure. Taken together, the structural data provides the framework for structure-based 

ATM inhibitor design and allows mapping of cancer mutation as well as functionally important protein 

interaction sites. 
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1. Introduction 

1.1. DNA damage and its effect on life 

The deoxyribonucleic acid (DNA) encodes for the genetic instructions that enable all processes of life. DNA 

itself is a highly complex biological macromolecule that organisms store, maintain, transcribe, replicate 

and transmit in order to ensure survival and propagation of their species. In eukaryotes, the DNA molecule 

is a linear polymer, formed by two strands with opposite polarity, but complementing genetical infor-

mation that twist around each other to form a double helix. A polymeric strand is comprised of monomeric 

nucleotide subunits, which consist of a phosphate, a deoxyribose sugar and a nucleobase. The phosphates 

and sugars form the polyphosphoester backbone that coils around the stacked, hydrophobic nucleobases 

that encode for the genetic information. In intact DNA, there are purine (adenine, guanine) and pyrimidine 

(thymine, cytosine) nucleobases. Via complementary base pairing, each type of nucleobase forms specific 

hydrogen bonds across the double helix (Watson-Crick base pair)1. 

In contrast to other biological macromolecules (ribonucleic acid (RNA), proteins, lipids, polysaccharides), 

DNA molecules have a long lifetime and are represented by one maternal/paternal copy in most cells2, a. 

Damaged DNA would accumulate quickly if not repaired efficiently. In fact, aging and impaired cellular or 

organ functions are associated with time-dependent accumulation of damaged DNA3.  Through errors in 

DNA repair or during replication, DNA damage can lead to mutagenic alternations of the genetic infor-

mation2. A mutation is not only permanent during a cells lifetime but also transferred to decedent cells or 

organisms (in case of a germline mutation). For these reasons, organisms exposed to DNA damaging en-

vironments or with defect DNA repair mechanisms are prone to tumorigenesis, genetic instability, im-

paired growth rates, premature ageing and other degenerative diseases4,5.  

1.1.1. Exogenous sources of DNA damage 

Even before understanding the molecular details, scientists described certain exogenous sources such as 

ionizing (IR) and ultraviolet (UV) radiation or certain chemicals promote genetic alterations and cancer 

formation6,7. IR causes ionization of molecules which can lead to direct bond breakage or formation of 

free radicals that further react with surrounding biomolecules. Albeit less energetic than IR, UV radiation 

still transfers enough energy to excite molecular bonds, especially to π-conjugated chromophores, such 

as DNA nucleobases. After photon-absorption, excited chromophores can either react directly or the en-

ergy can be transferred to molecular oxygen to form DNA-damaging reactive oxygen species (ROS)8. ROS 

can cause single-strand breaks (SSB), double-strand breaks (DSB) or oxidation of DNA bases. Oxidation of 

guanin for instance leads to formation of 8-oxo guanine that can form a non-canonical (Hoogsteen) base 

pair with adenine and introduces a T-A transversion if misrepaired9. Similarly, adenine can be oxidized to 

form 8-oxo adenine (Figure 1.1). ROS also react with other nucleophilic molecules (e.g. unsaturated fatty 

acids, proteins) to form reactive species (e.g. aldehydes) that can form mutagenic adducts with nucleo-

bases10. Another common UV photoproduct is the cyclo-butane pyrimidine dimer (CPD), a covalent linkage 

 
a This is obviously a simplification, as most eukaryotic cells contain mitochondria which harbor mitochondrial DNA-
genomes (mtDNA). mtDNA has interesting properties, remarkably distinct from that of the eukaryotic genome208. 
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between consecutively stacked pyrimidine bases (Figure 1.5)2. A day of exposure to sunlight can induce 

up to 105 UV photoproducts in each keratinocyte2. It is not surprising that UV exposure and resulting DNA 

damage in melanocytes is the primary cause of melanoma development in humans11. 

A major class of DNA damaging molecules are DNA alkylating agents. Commonly, an electrophilic inter-

mediate is formed that reacts with nucleophilic DNA base amines leading to alkylation or even covalent 

crosslinking12. Alkylating agents include N-mustards (e.g. Cyclophosphamide), nitrosoureas (e.g.  Car-

mustine, see Figure 1.6), platin-based antineoplastics (e.g. Cisplatin, Carboplatin) and alkyl sulfonates (e.g. 

Busulfan) and find application in cancer chemotherapy12–14. Intercalators interact reversibly with DNA and 

interfere with cellular processes such as transcription, which has been exploited to treat certain types of 

cancer15. These molecules are often planar, polycyclic compounds (e.g. Daunorubicin, see Figure 1) that 

are able to insert in between the stacked DNA bases, thereby they locally alter the DNA structure. Natu-

rally occurring carcinogenic molecules are often fungal secondary metabolites. Relevant examples include 

the Aspergillus sp. Aflatoxins, a family of carcinogenic poisons that form alkylating and intercalating inter-

mediates upon metabolization in the liver16. Interestingly, also Penicillium roqueforti a mold that is used 

for the manufacturing of blue cheese, produces DNA damaging mycotoxins that cause toxic DNA-protein 

crosslinks (DPC)17. 

1.1.2. Endogenous sources of DNA damage 

Exposure towards exogenous DNA damaging agents is partially avoidable, however DNA integrity is also 

threatened from various endogenous sources. Even though DNA is a relatively stable moleculeb, it is 

mostly synthesized by condensation reactions that can be hydrolyzed. Spontaneous acid-catalyzed hy-

drolysis reactions result in purine/pyrimidine-loss (abasic sites, AP-site) or can cause deamination (Figure 

1.3)18. Intriguingly, base deamination reactions occur more frequently in single-stranded (ss)DNA, as op-

posed to double-stranded (ds)DNA, so during processes with transient ssDNA intermediates (transcrip-

tion, recombination, replication) the deamination rate is increased10.  

Apart from generation by IR or UV, ROS are also produced by certain endogenous events, such as cellular 

respiration in mitochondria, catabolic reactions in peroxisomes, protein folding reactions in the endo-

plasmiatic reticulum (ER), immune response by the NADPH oxidase and stress reaction, that lead to dys-

functions in the respective organelles/enzymes9,19. In order to minimize self-inflicted ROS damage to DNA 

(and other biomolecules) organisms rely on compartmentalization (ER, peroxisome, mitochondria) and 

ROS quenching enzymes (e.g. superoxide dismutase, catalase, peroxiredoxin)10. Even more, the dsDNA 

structure itself and its tight association with nucleosomes contributes to its stability and protection. Nev-

ertheless, ROS cause an estimated 2300 SSBs per cell each day10. 

 

b DNA is a stable biomolecule, the half-life time of mitochondrial (mt)DNA in bone was estimated to be 521 years209. 

Storage in perma-frost conditions massively increased the longevity of DNA samples and allowed the recovery of 

genome-wide data from a 700 000 years old horse and more than 1 million year old mammoth specimen210,211. 
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Figure 1: Different types of DNA damage. The graphic illustrates the results of events that cause DNA damage. 1: Reactive oxygen 
species (ROS) caused oxidation of adenine (A) to form 8-oxoA that can form a Hoogsteen base-pair with guanine (G) (PDB D75); 
2: Spontaneous hydrolysis causes abasic sites (AP sites); 3: Deamination of cytosine (C) generates uracil (U); 4: Single-strand break 
(SSB); 5: UV radiation causes formation of a cyclo-butane pyrimidine dimer (CPD), a common photoproduct; 6: Bifunctional alkyl-
ating agents like Carmustine can cause interstrand crosslinks (ICL) (PDB 2MH6); 7: Double-strand break (DSB); 8: planar, polycyclic 
intercalating agents like Daunorubicin change the DNA structure (PDB 1AGL). 

Aside from antecedently listed ROS-dependent alkylation events and exogenous alkylating agents, certain 

endogenous metabolites can alkylate DNA. Most frequently, nucleobases get methylated non-specifically 

by the cellular methyl-donor S-adenosyl methionine (SAM) at nucleophilic non-carbon atoms20, c. Other 

endogenous alkylating metabolites include choline, trimethyl glycine (TMG), and nitrosated bile salts10. 

During cell division the whole genome is replicated by high fidelity replicative polymerases (Pol) δ and ε. 

Pol δ and ε ensure correct base pairing and removal of incorrectly inserted nucleotides via their 3’-5’ 

exonuclease activity21. In healthy cells, the replicative machinery, coupled with DNA mismatch repair 

(MMR) factors, has an extremely low error rate of 10-7-10-9  10, d. Nevertheless, base substitutions, inser-

tions and deletion errors accumulate, especially at repetitive sequences. Lower fidelity polymerases are 

required for replication initiation (Pol α), DNA repair (Pol β ζ η ι κ λ μ ν σ θ, REV1, PrimPol, Tdt) and mito-

chondrial replication (Pol γ)10,21. Replication and transcription processes causes topological stress to chro-

mosomes that can be dissolved by topoisomerases. Topoisomerases act by introducing transient SSBs 

 
c Unspecific, mutagenetic methylation events (e.g. at O4-thymine, O6-guanine) have to be differentiated from spe-
cific, epigenetic methylation events (5-methylcytosine, N6-methyladenine, N4-methylcytosine). Methylation at e.g. 
CpG sites is a stable, epigenetic marker that is involved in regulation of gene expression212. These methylation events 
are catalyzed by specific DNA methyltransferases that use SAM as cofactor. 
d A haploid human genome contains around 3.29 base pairs that have to be replicated213. Taken together during each 
replication round only 3-300 errors are introduced per cell. 
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(type I) or DSBs (type II), thus abortive telomerase reactions cause SSBs or DSBs respectively10. This can 

happen if DNA/RNA polymerases collide with DNA-bound topoisomerase or due to topoisomerase poi-

sons (e.g. Camptothecin, Quinolone antibiotics). Some intercalating agents (e.g. Daunorubicin, see Figure 

1) or DNA distortions can trap topoisomerases to form covalent DNA-protein crosslinks (DPCs)17,22.  

1.1.3. DNA strand breaks  

SSBs arising from various sources (see previous sections) are common types of DNA lesions, often accom-

panied by nucleotide loss and/or damaged backbone termini23. As the complementary DNA strand can be 

used as a template, SSB repair (SSBR) is an efficient and rapid process. However, if SSBs are not repaired 

appropriately in proliferating cells, SSBs cause stalling and collapsing of DNA replication forks that even-

tually can lead to DSB formation23. In dividing cells, around 1% of endogenous SSB lesions lead to for-

mation of approx. 50 DSBs per cell per cell cycle24. 

Although DSBs are a relative rare form of DNA damage, the effects on the cells can be extremely detri-

mental as they cause chromosome breakage or rearrangements that are associated with tumorigenesis 

or impaired gene function2,4. DSBs can be one-ended if they occur at collapsed replication forks or depro-

tected telomers or two-ended if linear chromosomes break4,25. Despite the danger that DSBs imply, inten-

tional DSB introduction and subsequent, recombination repair is an important source of genetic variation. 

The adaptive immune system relies on constant variation of the variable domain in antibodies to enable 

specific binding to antigens. This diversity can be partially attributed to somatic V(D)J recombination that 

occurs in the primary lymphoid organs26. In Meiosis, DSB induction and subsequent repair enhances the 

genetic recombination in sexual reproduction. Therefore, the topoisomerase-related Spo11 intentionally 

introduces DSBs in order to increase meiotic recombination events27. 

1.2. DNA damage repair pathways 

To counteract DNA damage, cells rely on specific repair mechanisms for different types of DNA lesions. 

The repair is performed by a complex network of interacting proteins that include nucleases, helicases, 

polymerases, topoisomerases, recombinases, ligases, glycosylases, demethylases, kinases, phosphatases 

and non-enzymatic scaffolding enzymes5. As all these proteins act on DNA, precise regulation, activation 

and coordination of all these factors is of utter importance. Initially, lesion-specific sensor enzymes initiate 

adequate DNA damage response (DDR) and promote subsequent repair10. 

1.2.1. Repair of damaged nucleobases 

An overview of nucleobase repair pathways is depicted in Figure 2. Commonly, a DNA lesion is sensed 

directly or indirectly (e.g. via helix distortion), the damaged bases are removed by tightly regulated nucle-

ases and the complementary strand is used as a template for DNA polymerases to fill the gap. 
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Figure 2: Schematic overview of nucleobase damage repair pathways. Base excision repair (BER) (graphic adapted28) 1: Recog-
nition and removal of damaged nucleobase by specific DNA glycosylases. 2: DNA strand incision generates a deoxyribose phos-
phate (dRP) flap. 3,4: In short-range (SR-)BER, DNA Pol β or λ lyase activity create a gap that is filled by their DNA polymerase 
activity 5: The gap is sealed by ligases LIG1/3. 6: Bifunctional DNA glycosylases initiate long-range (LR-)BER, Pol β δ ε perform 
strand displacement synthesis. 7: Flap endonuclease (FEN1) removes the dRP flap. Global genome nucleotide-excision repair 
(GG-NER) (graphic adapted29) 1a: A helix-distorting nucleobase damage enables binding of XRC complex to exposed ssDNA. Tran-
scription-coupled (TC-)NER 1b: Lesion-stalled RNA polymerase II (RNAPII) gets backtracked by CSA-CSB heterodimer. 2: Damage 
verification by association of TFIIH complex, protection of ssDNA by RPA. 3: Removal of damaged DNA by endonucleases XPF and 
XPG. 4: Gap-filling and Ligation. Mismatch repair (MMR) 1: Mismatch recognition by MutSα or MutSβ, recruitment of endonu-
clease MutLα. 2: PCNA mediated cleavage by MutLα and (4) Exo1. Pol δ fills the gap, RPA protects ssDNA. 4: Ligation by LIG1. 

1.2.1.1. Direct reversal of DNA damage 

Some types of nucleobase damage can be repaired directly via error-free reversal. Single-step reversal 

reactions are catalyzed by specific enzymes that work on certain types of alkylated bases10. In mammals, 

O6-alkylguanine DNA alkyltransferase (AGT) acts on O6-alkylguanine and O4-alkylthymine and α-ketoglu-

tarate-dependent dioxygenases (AlkBH1-8, FTO) act on N-alkylated base adducts10,30. The one-step rever-

sal reactions do not require advanced regulation networks. Despite its simplicity, AGT repair plays an im-

portant role in the cancer field. Varying tumoral expression levels of AGT correlate with the therapeutic 

response to DNA damaging chemotherapy (e.g. with Carmustine)31. 
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1.2.1.2. Base excision repair (BER) 

BER is responsible for repair of small, mostly non-helix-distorting base lesions. Single nucleotide-lesions 

are repaired by short-patch BER, while lesions that involve multiple nucleotides are repaired by long-patch 

BER28. Both BER variants are initiated by lesion-specific DNA glycosylases that recognize oxidized bases, 

uracil bases, mis-pairing, and flipped-out bases10,28. Monofunctional DNA glycosylases catalyze base ex-

trusion and hydrolysis of the N-glyosidic nucleobase-sugar bond to form an AP site28. These single AP sites 

(and others formed by spontaneous hydrolysis, see section 1.1.2) are further processed in short range BER 

as substrate of AP endonuclease 1 (APE1). APE1 catalyzes hydrolysis of the DNA backbone 5’ to the AP 

site, thereby generating a nick10. Poly (ADP-ribose) polymerase 1 (PARP-1) and X-ray repair cross-comple-

menting protein 1 (XRCC1) bind at these single-stranded nicks to promote further repair28. PARP-1 adds 

poly-ADP ribose (PAR) moieties to itself and chromatin, to promote chromatin decondensation32. The re-

maining abasic 5’-deoxyribose phosphate (dRP) flap is exchanged with an intact nucleotide by Pol β or λ, 

in a two-step lyase-polymerase reaction28,33. Eventually, the remaining nick is sealed by DNA ligase 1 (LIG1) 

or a complex of DNA ligase 3 (LIG3) and X-ray repair cross-complementing protein 1 (XRCC1)10. 

Certain lesion-specific bifunctional DNA glycosylases (NTHL1, NEIL1-3, OGG1) catalyze glycosylase and ly-

ase reactions to initiate long-patch BER28. The resulting gaps are again processed by APE1, before either 

Pol β (in resting cells) or Pol δ/ε (in proliferating cells) fill the gap10. These DNA polymerases synthesize a 

replacement stretch in a strand-displacing manner to create a poly-nucleotide flap10. Upon removal of the 

dRP flap by flap endonuclease1 (FEN1) and nick ligation by LIG1, the damage is repaired.  

1.2.1.3. Nucleotide excision repair (NER) 

More bulky nucleotide lesions, such as UV-induced CPDs (Figure 1) or Cisplatin induced 1,2-intrastrand 

d(GpG) adducts, are repaired via NER pathways10,34. NER is subdivided in global genome (GG-)NER and 

transcription-coupled (TC-)NER. In GG-NER the complete genomic DNA is screened for distortions in the 

helical geometry caused by aforementioned lesions. The damage sensor is the XPC-Rad23B-CETN2 (XRC) 

complexe that binds to ssDNA opposing a lesion thereby recognizing a broad range of DNA damage29. The 

UV-DDB complex consisting of DNA damage-binding protein 1 and 2 (DDB1, DDB2) enhances recruitment 

of XPC-XRC at UV induced, mildly helix-distorting CPD-lesions10. Lesion-bound XPC is the substrate of the 

transcription initiation factor IIH (TFIIH) complex, a ten protein subunit complex that works in NER and 

transcription initiation10. The assembly of XRC with TFIIH serves the verification of the DNA damage before 

in the next step potentially dangerous DNA incisions are made29. Endonucleolytic incisions are performed 

by structure-specific endonucleases XPF-ERCC1 and XPG slightly up- and downstream from the DNA le-

sion29. The resulting 22-30 nucleotide long ssDNA stretch is protected by single-strand binding protein 

RPA (replication protein A) until eventually gap-filling DNA synthesis and ligation fill and seal the gap29. 

Depending on the cell proliferation status different DNA polymerases (Pol δ κ in non-replicating cells, Pol 

ε in replicating cells) and ligases (LIG1 in non-replicating cells, XRCC1–LIG3 in replicating cells) together 

 

e Xeroderma Pigmentosum, complementation group C (XPC); UV excision repair protein Radiation sensi-
tive 23B (Rad23B); Centrin 2 (CETN2) 
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with processivity factor PCNA (proliferating cell nuclear antigen) and replication factor C (RFC) perform 

these reactions29. 

Recognition of CPDs is a slow process and persisting CPDs interfere with replication and transcription that 

can even lead to DSB formation (section 1.1.3). In replication such lesions can be bypassed via homologous 

recombination dependent template switching or translesion DNA synthesis (TLS) (section 1.2.1.4)10. In 

transcription however, no RNA polymerase is known to bypass helix-distorting lesions so cells rely on 

TC-NER to avoid stalling of transcription29. TC-NER pathway is initiated by recruitment of CSA and CSB 

(Cockayne syndrome WD repeat protein A/ERCC6, B/ERCC8) to lesion-stalled RNA polymerase II10. The 

core NER factors are then being recruited together with other TC-NER specific proteins. This leads to re-

verse translocation of the stalled RNA polymerase (backtracking) , exposure and subsequent repair of the 

lesion site10. Incision based removal of the damaged site, gap-filling DNA synthesis and ligation is assumed 

to be similar in TC-NER and GG-NER10. 

1.2.1.4. Translesion synthesis (TLS) 

Dividing cells rely on TLS in order to avoid DNA strand breaks and long-term DNA polymerase stalling. 

During replication, dsDNA is unwound and attempts to excise the lesion would lead to replication fork 

collapse and asymmetrical DSBs35. Conclusively, TLS is not a repair mechanism but enables cells to (tem-

porarily) tolerate DNA damage. This implies that incorporation of incorrect nucleotides by the lower fidel-

ity TLS polymerases is potentially mutagenic10. All described TLS polymerases (Pol β ζ η ι κ λ μ ν σ θ, REV1, 

PrimPol) synthesize DNA with lower fidelity than the high-fidelity replicative DNA polymerases (Pol δ ε)10. 

To tolerate bulky or distorted DNA templates, TLS polymerases have a large active site and lack a 3’-5’ 

proofreading ability35. The domains that detect correct base pairing to the template base are generally 

shorter and bind both template and nucleotide base weaker35. For TLS polymerases to function a two-

step process was proposed, in which an inserter TLS Pol (η ι κ ζ REV1) incorporates a nucleotide opposing 

the lesion and an extender Pol (κ ζ) extends the termini10. Additionally, TLS polymerases function in other 

cellular pathways, including BER, NER and interstrand crosslink repair (ICL)10. 

1.2.1.5. Mismatch repair (MMR) 

MMR increases the replication fidelity by correcting mismatching nucleobases and insertion/deletion loop 

(IDL) mispairs36. In human cells, the MutSα complex recognizes base mismatches and small IDLs, the 

MutSβ complex recognizes large IDLs10. Upon damage recognition, the respective MutS complex slides 

along the DNA to enable interaction of MutLα10. MutLα regulates the nucleolytic removal of the mismatch 

by interacting with Exonuclease 1 (EXO1) and PCNA/RFC36. This creates a gap and a ssDNA strand that is 

protected by the singles-strand binding protein RPA. Similar to other nucleobase repair pathways, the gap 

is filled by DNA polymerases (POL δ, RFC, HMGB1) and the DNA ends are connected by ligases (LIG1)10. 
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1.2.2. Single strand break (SSB) repair 

SSBs are a frequent type of DNA damage and commonly repaired via global SSBR. SSBs are rapidly de-

tected and bound by PARP family members, most dominantly by PARP132. PARP1 has an N-terminal DNA 

binding domain, a central BRCT-domain for self-modification and the C-terminal catalytic domain37. Upon 

SSB binding, PARP1 activates itself by auto-PARylation which leads to synthesis of long, branched PAR-

chains on chromatin proteins32. Thus, PARP1 generates a scaffold to recruit SSBR proteins to sites of DNA 

damage. These target proteins contain PAR-binding modules that frequently activate adjacent functional 

domains upon PAR binding32. PARylation is highly transient and rapid PAR catabolism by PAR glycohydro-

lase (PARG) was shown to be crucial for efficient DNA repair38. PARP1 also gets activated indirectly during 

BER (see section 1.2.1.2). Furthermore, PARP1 activation leads to changes in the chromatin structure, 

mostly to chromatin relaxation32. PAR binding chromatin remodelers (e.g. ALC1, SMARCA5, CHD2) repo-

sition the nucleosomes to increase accessibility or change histone composition39,40. XRCC1 is recruited to 

PAR-sites and acts as a scaffolding protein to assemble and coordinate the SSBR machinery23.  

The termini of most SSBs are chemically altered and attached moieties need to be removed before the 

DNA gap can be filled. A variety of enzymes are able to process very different types of damaged DNA ends 

(Table 1). It is noteworthy that topoisomerase-DNA DPC repair does not rely solely on TDP1 (Tyrosyl-DNA 

phosphodiesterase, see Table 1) but also on preceded proteasomal degradation of the trapped topoiso-

merase17. After the termini are restored to their conventional configuration (3’-hydroxyl, 5’-phosphate), 

the resulting gap can be filled. This can either happen as a single-nucleotide insertion (short-patch SSBR) 

or in strand displacement synthesis for multiple nucleotides (long-patch SSBR)23. Hereby, the displaced 

single-stranded dRP flap is removed by FEN1 (aided by PARP1 and PCNA)10. In short-patch SSBR, the gap 

is filled by Pol β, followed by LIG3-catalysed ligation10. In long-patch SSBR, the final steps are catalyzed by 

Pol β together with Pol δ ε and the PCNA/PARP1 dependent LIG10,23.  
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Table 1: Common types of damaged DNA strand breaks and corresponding repair enzymes.  

Terminus Modification (R =  ) Enzyme Abbreviation (Activity) 

3’ hydroxly end  
(R = H) 
 

 

      

PNKP 
 

Bifunctional polynucleotide phospha-
tase/kinase 
(3’ phosphate removal) 

      

APE1 
Apurinic–apyrimidinic endonuclease I 
(Removal of 3’ glycolates or aldehydes 
upon sugar disintegration/alkylation) 

      

TDP1 
Tyrosyl-DNA phosphodiesterase 
(removes covalently bound Topoiso-
merases) 

5’ phosphate end 
(R = OPO3

2-) 
 

 
 

     PNKP 
Bifunctional polynucleotide phospha-
tase/kinase 
 (5’ kinase activity) 

 

APTX 

Aprataxin 
(Removal of adenylated 5’ DNA ends, 
produced during abortive ligase activ-
ity) 

 

1.2.3. Double strand break (DSB) repair pathways 

DSBs arising from various sources are a substantial threat to genomic integrity (section 1.1.3). To coun-

teract the danger that DSBs impose on life, cells rely on different, conserved DNA repair mechanisms. 

Canonical non-homologous end joining (C-NHEJ), alternative end-joining (A-EJ), and homologous recom-

bination (HR) have been distinguished. Each pathway has different advantages and requirements and 

pathway choice varies between different organisms and cell types4. Given the diversity of DSBs these 

pathways tend to be complex and potentially interchangeable processes. A graphical overview of the im-

portant DSB repair pathways is shown in Figure 2. 
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Figure 3: Schematic overview of DSB repair pathways (graphic adapted4). Canonical non-homologous end joining (C-NHEJ): 
Ku70/80 rapidly binds DNA DSBs. 1: Recruitment of DNA-PKcs to form the DNA-PK holoenzyme complex which provides long-
range tethering. 2: Artemis processes structurally altered DNA ends. 3: The factors Lig4/XRCC4 and XLF/PAXX work together to 
closely align DNA ends. 4: The gap is filled by Pol λ or μ and sealed by Lig4. Homologous recombination (HR): The MRN complex 
recognizes (Ku70/80 -bound) DNA ends. 1: MRN performs short-range end resection upon activation by CtIP to remove Ku70/80 
or other blocked ends. MRN recruits and activates the kinase ATM to activate the cellular DNA damage response (DDR) and to 
alter the chromatin structure. 2: EXO1 or BLM/DNA2 perform long-range resection to generate long 3’ ssDNA overhangs, pro-
tected by RPA. 3: DNA recombinase Rad51 is loaded by BRCA2 and PALB2 to remove RPA and create a nucleoprotein filament. 4: 
The nucleoprotein filament can invade homologous donor DNA which is used as a template for DNA synthesis. 5: The D-loop gets 
dissolved by formation of either a double Holliday-junction or by synthesis-dependent strand annealing (SDSA). The Holliday-
junction can be dissolved by topoisomerase complexes. 6: Gaps are filled by Pol δ κ ν and nicks are sealed by Lig1. Microhomol-
ogy-mediated end joining (MMEJ) 7: Upon MRN-dependent short-range resection and possibly long-range resection, microho-
mologies on the same DNA strand are used for strand annealing. 8: Upon flap removal, gaps are filled by Pol θ and ligation is 
catalyzed by LigIIIσ. 

1.2.3.1. Canonical non-homologous end joining (C-NHEJ) 

C-NHEJ does not rely on a template sister-chromatid, so it can be used to directly religate DSBs in haploid 

cells throughout the cell cycle41. However, if the DNA ends are damaged (Table 1), their nucleolytic clear-

ance leads to loss of genetic information. The highly abundant Ku70-Ku80 (Ku70/80) heterodimer binds 

DNA ends with extremely high affinity to nucleate the assembly of the C-NHEJ core-machinery and to 

protect DNA ends4,42. Ku70/80 bound DNA ends serve as platform to recruit the DNA-dependent protein 

kinase catalytic subunit (DNA-PKcs) to form the DNA-PK holoenzyme complex41. Structural work revealed 

how the Ku80 C-terminal region mediates DNA-PK dimerization and thus long-range tethering of DNA 



13 
 

ends43. Upon formation of the dimeric tethering complex, DNA-PK is activated and undergoes autophos-

phorylation44. The DNA ligase IV (LIG4) and its essential stabilizer XRCC4 assemble on DNA-PK together 

with scaffolding factors XRCC4-life factor (XLF) and paralogue of XRCC4 and XLF (PAXX)4. Eventually, all 

these factors work together to closely align the DNA ends which enables DNA end processing by the nu-

clease Artemis and specialized Pol λ and μ4. Artemis is recruited and activated by DNA-PK phosphorylation 

and processes each DNA end to form clean ends45,46. Pol λ and μ activity is required to avoid extensive loss 

of genetic information and to create a 3’ OH and 5’ phosphate end that can be used in ligation41. The final 

ligation reaction is catalyzed by LIG4-XRCC44. Apart from the aforementioned classical NHEJ-components 

more factors regulate C-NHEJ. Interestingly, the multifunctional HR complex Mre11-Rad50-Nbs1 (MRN) 

promotes efficient C-NHEJ, possibly by DNA end tethering47. 

1.2.3.2. Alternative end-joining (A-EJ) and Microhomology-mediated end-joining 

(MMEJ) 

In absence of Ku70/80 proteins or in C-NHEJ deficient cells, DSBs can be repaired via HR (see 1.2.3.3) or 

alternative (A-)EJ pathways. A subset of A-EJ pathways relies on genetic microhomologies to enable DNA 

end connection and has been described as microhomology-mediated end joining (MMEJ)48. MMEJ is a 

highly mutagenic repair pathway that enables tumors to survive defective HR pathways48. However, it is 

topic of current scientific research weather MMEJ is a main repair pathway or a mere backup. Other A-EJ 

pathways (single-strand annealing (SSA), end-joining) were defined based on the amount of DNA se-

quence complementarity used and factors involved49. As A-EJ pathways are often enhanced in malignant 

cells they appear to be a promising target in cancer cells with defects in other repair pathways49.  

All A-EJ pathways share factors with the major DSB repair pathways (HR, C-NHEJ) and are initiated by DNA 

end resection, however it most likely that not all factors that contribute to A-EJ were described yet49. The 

A-EJ end resection is initiated by the MRN complex and CtBP-interacting protein (CtIP), possibly followed 

by the more processive nucleases Exo1 and DNA250–52. Juxtaposition and/or annealing of the DNA ends is 

a requirement for further repair. In SSA, Rad52 anneals complementary RPA-coated strands upon resec-

tion, in the other A-EJ pathways DNA end bridging is dependent on PARP-1 and/or MRN53–55. In MMEJ, the 

majority of gaps resulting from annealing of processed ends is filled by Pol θ and ligation is catalyzed by 

LigIIIσ49,56. 

1.2.3.3. Homologous recombination (HR) 

In vegetative cells, HR is used to faithfully repair DSBs, while during meiosis functional HR promotes chro-

mosome segregation and exchange of genetic material57. This illustrates how HR is not a linear process 

but rather a complex network of pathways with different outcomes dependent on cell state and type. 

DNA end resection initiates HR and prevents ligation by C-NHEJ57. The functional core of HR is a ATP-

dependent DNA recombinase (Rad51 in eukaryotes) that enables paring of resected ends with homolo-

gous template DNA58. The requirement for homologous template DNA is the reason why HR is only acti-

vated when cells enter the S-phase59. 
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Initially, the multifunctional MRN complex recognizes and resects free and structurally altered DNA ends 

(e.g. DNA-protein crosslinks (DPCs), compare Table 1)58. The MRN complex acts as a ATP-dependent nu-

clease that catalyzes an endonucleolytical incision next to the DNA end, followed by short-range 3’-5’ 

resection towards the DNA end to generate a 3’ overhang50. Efficient short-range resection is dependent 

on MRN’s interaction with CtIP (Sae2 in yeast) and blocked DNA ends50,60. CtIP is recruited by MRN only 

upon CDK-dependent phosphorylation at T847 to promote HR and inhibit NHEJ during S/G2-phase59,61,62. 

Similarly, CKD-dependent phosphorylation of CtIP at S327 is required to recruit BRCA1f, which also stimu-

lates HR by preventing assembly of the HR-inhibiting 53BP1-RIF1 complex at DNA ends63. Short-range re-

section and incision on both DNA strands removes terminal DPCs or bound Ku70/80 heterodimers from 

the end and provides an entry-point for long range resecting factors4,64,65. Recent structural work revealed 

how the prokaryotic MR complex forms a gate that enables unspecific, topological recognition of diverse 

DNA ends and subsequently undergoes ATP-dependent rearrangement to initiate resection66. Upon 

recognition and loading to DNA ends the MRN complex recruits and activates the signaling kinase ataxia-

telangiectasia mutated (ATM) via a mechanism that requires Rad50’s ATPase activity and (nucleosome-

free) DNA67. Activated ATM mediates checkpoint signaling to delay the progression of the cell cycle and 

activate the DDR68. Activated ATM also phosphorylates the histone variant H2AX at S139 to form γH2AX 

foci that can extend well beyond the site of the DSB and subsequently alter the chromatin structure4. The 

adaptor protein mediator of DNA damage checkpoint 1 (MDC1) binds γH2AX chromatin and further re-

cruits MRN-ATM complexes and thus contributes to ATM signal amplification4. 

Initial short-range resection is followed by processive EXO1 or BLM/DNA2 catalyzed long-range resection 

to generate long 3’ ssDNA overhangs10. The overhang is initially protected by RPA that gets displaced by 

the DNA recombinase Rad51 to generate a nucleoprotein filament10. Rad51 loading on ssDNA is a highly 

regulated process, mainly aided by BRCA2 and PALB2 (partner and localizer of BRCA2)58. The nucleopro-

tein filament invades nearby DNA to scan for annealing regions and forms a displacement(D)-loop10. Even-

tually, the D-loop is dissolved to a four-way junction intermediate (double Holliday-junction) which can 

be resolved by various different topoisomerase complexes (e.g. BLM-TOPOIII-RMI1-RMI2)69. Alternatively, 

the newly synthesized strand can also dissociate from the D-loop and anneal to the resected DNA end at 

the other side of the DSB69. This process has been named synthesis-dependent strand annealing (SDSA) 

and is most prominent in somatic cells, as it avoids potential chromosomal rearrangements caused by 

resolution of the Holliday-junction10. Eventually, Rad51 is removed by Rad54 to allow gap filling synthesis 

by Pol δ κ ν as well as LIG1-catalyzed ligation10. 

1.2.3.4. DSB repair pathway choice in mammalian cells 

As the main DSB repair pathways C-NHEJ and HR have specific advantages and requirements. Cells rely on 

mechanisms to direct repair towards one pathway, based on DSB end structure, repair time, cell cycle 

state, and chromatin context4,25. Even though the pathways are conserved from yeast to mammals, 

 
f BRCA1: Breast cancer type 1 susceptibility protein, is a tumor suppressor. Mutations in BRCA1 can greatly in-
crease breast and ovarian cancer risk.  
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different organism and cell types can have different pathway preferences. For this reason, the following 

analysis focuses on somatic mammalian cells. 

Specific DSB end structures result in specific pathway decisions. Long sticky-ends for instance prevent 

efficient Ku70/80 binding and hence efficient C-NHEJ repair70. Similarly, chemically blocked or inaccessible 

DNA ends may require HR-dependent end processing and/or chromatin remodelling4. Problematic one-

ended DSBs (e.g. at sites of broken replication forks, see section 1.1.3) require HR suppression to prevent 

break-induced replication (BIR, processively migrating D-loop that produces long stretches of ssDNA)4. 

The time it takes to repair the lesion influences pathway choice too. As a general trend rapid DSB repair 

(few minutes) is usually assigned to C-NHEJ and slower repair phases to HR4. For example, IR/UV-induced 

breaks that occur throughout the cell-cycle in a genome-wide manner are quickly repaired, mostly via C-

NHEJ71. Because of the efficient early response by Ku70/80 and quick repair times it is assumed that C-

NHEJ acts as the default DSB repair pathway in non-dividing, mammalian somatic cells4. HR on the other 

hand is favored (and restricted to) S/G2-phase and to complex DNA breaks through C-NHEJ inhibition. 

C-NHEJ is inhibited by endonuclease-mediated end resection to remove bound Ku70/80 and targeted 

Ku70/80 degradation (by specific E3 ligases)4,72. To restrict endonuclease activity and therefore C-NHEJ 

inhibition/HR initiation to S/G2 phase, HR activation is controlled by the activity of cyclin-dependent ki-

nases (CDKs)73,74. CDKs are periodically turned on and off to regulate protein expression in a cell cycle-

dependent manner. Phosphorylation of CtIP, EXO1 and DNA2 by S-CDK promotes efficient end resection 

while impaired EXO1 phosphorylation reduces end resection75. Another example is CDK2 phosphorylation 

of CtIP and BRCA1 in S/G2 phase. This enables CtIP/BRCA1 interaction with the MRN complex and its 

subsequent activation61. Other post-translational modifications (PTMs) (e.g. acetylation, SUMOylation, 

polyribosylation) were shown to finetune pathway choice75. An important example is BRCA1 that gets 

PARylated by PARP1 to reduce its function and subsequently impair HR76. 

Regulation of pathway choice is dependent on the cell cycle state to ensure that C-NHEJ dominates in G1 

phase and HR is favored only upon late S-phase4. An important mechanism is the balance between BRCA1 

and 53BP1 that influences pathway choice based on cell cycle state and chromatin context (Figure 4). In 

G1 phase, the MRN complex recognizes DNA ends and recruits/activates the kinase ATM, which in turn 

phosphorylates many targets (Table 2)63,77. Phosphorylated MDC1 is recruited to γH2AX and in turn re-

cruits ubiquitin-ligases (RNF8 which recruits RNF168) to further modify the chromatin by ubiquitina-

tion4,77. Phosphorylated 53BP1 senses this chromatin context (H2AK15ub; H4K20me2)g and recruits RIF1 

to DSB site which prevents BRCA1 from accessing DNA ends4,63,75. Hence, 53BP1 and RIF1 form a complex 

that protects the DNA ends from long-range resection and thereby promote C-NHEJ in G1/early S-phase4. 

In late S-phase, rising CDK-activity promotes phosphorylation of CtIP and Nbs1 (among others)77. Phos-

phorylated CtIP interacts with BRCA1 and strongly antagonizes RIF1 binding63. Moreover, phosphorylated 

CtIP/Nbs1 stimulate MRNs endonuclease activity to initiate end resection and subsequent HR repair50. 

 
g Monomethylated H4K20 was shown to enhance chromatin accessibility and promote transcription of housekeeping 
genes214. 
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Figure 4: The balance of Rif1-53BP1 and BRCA1-CtIP influences the pathway choice depending on cell cycle state (adapted 
from77). In G1-phase, phosphorylated 53BP1 senses the chromatin state and prevents association of BRCA1-CtIP at DNA ends to 
promote C-NHEJ. Upon late S-phase, CDK-phosphorylated (p)CtIP and Nbs1 stimulate MRNs endonuclease activity (red triangle). 
BRCA1 interacts with pCtIP and antagonizes Rif1 binding to promote HR repair. 

 

1.2.3.5. The Mre11-Rad50-Nbs1 (MRN) complex in DSB repair 

The MRN complex acts in multiple cellular processes, among them most importantly repair of DSBs (sec-

tion 1.2.3.5.2). In DSB repair, the MRN complex is a multifunctional key player and has important roles in 

DDR, meiotic recombination and telomere maintenance. The complex most importantly initiates HR but 

it also functions in NHEJ and A-EJ75. How MRN acts on DNA ends by combining sensor, scaffolding and 

enzymatic functions is not yet fully understood, especially in eukaryotic organisms. Mre11 and Rad50 are 

highly conserved throughout all domains of life and their functional deficiency leads to developmental 

issues or embryonic lethality78,79. Nbs1 is the eukaryote-specific non-enzymatic subunit that modulates 

DNA damage signaling and MRN activation50,60,80. Similar to Mre11 and Rad50, its deletion is lethal in mice, 

however a small fragment of Nbs1 was shown to rescue embryonic viability81. The conserved core complex 

forms a M2R2 heterotetrametric assembly that in eukaryotes binds one or two Nbs1 subunits82,83.  

1.2.3.5.1. Structure and functions of the MRN subunits 

Mre11 is the Mn2+-dependent nuclease subunit that has a 3’ to 5’ exonuclease activity on its own54,84. This 

activity is stimulated within the MR complex54,84. However, as part of the MRN complex and stimulated by 

CtIP, Mre11 acts as an endonuclease that cleaves around 20 bp from a blocked DNA end followed by 

processive 3’ to 5’ resection towards the block50,60. Mre11 consist of a N-terminal phosphodiesterase do-

main that harbors the highly conserved Mn2+-binding site in which binding and hydrolysis of the DNA 

backbone is catalyzed (see Figure 5)85. Together with the adjacent capping domain, the well-ordered nu-

clease is formed85–87. The nuclease forms a tight dimer via conserved helical bundle structure85–87. A con-

served Nbs1-motif binds asymmetrically across the dimer interface possibly to further stabilize the Mre11 

dimer (see also Figure 8)82. The nuclease is followed by a flexible linker region that connects the Rad50-

interacting helices with the nuclease86,88. These helices form a short helix-loop-helix (HLH) motif in 
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prokaryotes and a more complex helical, Rad50-binding domain (RBD) in eukaryotes that interacts with 

the base of the Rad50 coiled-coils (CC)66,86,88–90. The C-terminus in eukaryotes forms a large (around 200 

amino acids in human Mre11), flexible domain that has DNA binding activity91,92.  

As the Mre11 dimer formation is required for functional HR repair, it was suggested that the dimeric nu-

clease domains tether two DNA ends to form a synaptic complex93. Several Mre11-DNA structures show 

its capabilities to bind different DNA end architectures93. However, it remains unclear how Mre11 could 

combine nuclease and tethering functions especially in complex with Rad50, where its DNA binding sites 

are blocked by the Rad50 nucleotide binding domain (NBD)66,90. In synaptic Mre11-DNA crystal structures, 

the DNA is localized in a position distant from the active site, it is unclear how Mre11 on its own could 

tether DNA ends and process DNA ends in an unified mechanism (Figure 5C)85,93. 

 

Figure 5: Structure of the eukaryotic Mre11 nuclease. Illustration of Mre11 domain organization: 4-325 phosphoesterase do-
main, 328-420 capping domain (CD), 438-521 helix-loop-helix interaction site, 521-708 flexible eukaryote specific C-terminus. A: 
Crystal structure of Chaetomium thermophilum (Ct)Mre11 nuclease dimer (PDB-ID: 4YKE), inset B shows catalytic site. C: DNA-
bound Mre11 nuclease crystal structure shows a possible end tethering complex (PDB-ID: 3DSC)93. 

Rad50 has a structure resembling that of the structural maintenance of chromatin (SMC) protein family. 

In Rad50, the N- and C-terminus interact to form a globular ABC-type ATPase domain (nucleotide binding 

domain, NBD) (Figure 6)94. Common to ABC-type ATPases, the globular NBDs dimerize and bind two ATP 

molecules with highly conserved motifs (Figure 6B)94. The N-terminal part of the NBD contains the β-phos-

phate binding Walker A motif and the C-terminal part contains the signature (senses γ-phosphate) and 

Walker B motif involved in γ-phosphate and Mg2+ binding, respectively88,94. Upon ATP-dependent dimeri-

zation, a DNA binding groove is formed at the base of the NBDs (Figure 6)86,94,95. Eukaryotic Rad50 shows 
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a slow basal ATPase rate that is stimulated by DNA and Nbs196. Rad50 mutants with impaired ATPase 

activity lead to dramatic phenotypes, similar to that of completely deleted Rad5097,98. A set of Rad50 mu-

tations, located at the exposed β-sheets showed strong defects in meiotic recombination but not in DNA 

repair98. The majority of Rad50s protein mass protrudes as an elongated, antiparallel CC domain from the 

globular NBDs. The length of the CCDs is remarkably different between different domains of life and varies 

between 10 nm (viral) and 60 nm (higher eukaryotes)99. The variations in CC length possibly correlates 

with the complexity of chromatin organization and inherent inter-chromosomal distances99. The CC do-

mains are absolutely indispensable for the function of the MRN complex and truncations of the CC do-

mains severely impaired MRN’s function100. At the apex, the Rad50 protein folds back onto itself to form 

a homo-dimerization domain, denoted zinc hook or apex domain. A conserved CXXC motif from each of 

the dimerizing Rad50 proteins coordinates a single Zn2+ ion101. 

 

Figure 6: Structure of the eukaryotic Rad50 ATPase. Illustration of the Rad50 domain organization: 3-117 N-terminal nucleotide 
binding domain (N-NBD), 181-216 and 1104-1140: Mre11 binding domain (Mre11 BD), 217-686 and 708-1139: Coiled-coil domain 
687-707: Apex domain, 1159-1311: C-terminal (C)-NBD. A: Crystal structure of Chaetomium thermophilum (Ct)Rad50 NBD dimer 
(N-NBD: orange, C-NBD dark orange, Dimer: Tan) bound to Mre11 helix-loop-helix (HLH) domain (blue) (PDB-ID: 5DA9)88. ATP is 
contoured in green. B: Detailed view of the nucleotide binding mode at the dimer interface: Walker A motif orange loop, Walker 
B motif highlighted orange/dark orange, signature motif highlighted orange, Mg2+ is colored grey. C: Crystal structure of the 
prokaryotic apex domain (zinc hook) in an open conformation (PDB-ID: 1L8D)101. 

Rad50 and Mre11 together form the evolutionary conserved MR core complex. The dynamics of the MR 

core complex and the interplay between the different domains are not yet fully understood. A mechanistic 

working model is visualized to integrate different research results, mostly on the prokaryotic complex 

(Figure 7). The core complex consists of two Mre11 and two Rad50 subunits with a distinct head domain 

and the CCs that adopt either a ring or a rod shape102–104. 
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Figure 7: Dynamics of the core Mre11-Rad50 complex. A: Structural model of the prokaryotic MR complex. In the apo state, 
Mre11 (blue) Rad50 (orange) adopts an open, elongated conformation (PDB-ID: 3QG5)86. Upon ATP (green) binding, the Rad50 
NBDs dimerize to form a DNA binding site. In the resting state the coiled-coils (CC) adopt a ring-shaped conformation (PDB-ID: 
3QG5, 1L8D)86,101. Upon DNA (green/grey) binding, the MR complex adopts a closed rod-shaped conformation, in the catalytic 
site ADP (red) is bound (PDB-ID: 6S85, 6ZFF)66. B: AFM data of eukaryotic MR complexes. Without DNA, the complex adopts a ring 
shape, similar to prokaryotic MR. Upon DNA binding, rod-shaped structures, oligomers and dimers were observed102–104. 

Structural data revealed how the Rad50 NBDs dimerizes upon ATP binding, while the Mre11 subunit rests 

in a conformation in which the phosphoesterase site is blocked by the NBDs66,86,90. The ATP-bound con-

formation has been described as resting state and seems to resemble the normal physiological state of 

MR66,h. The MR complex in resting state was shown to bind DNA via an exposed binding site at the base 

of the Rad50 NBDs86,90,95. In this state the two Rad50 CCs protrude from the head in an open conformation 

and dimerize at the apex domain to form a closed, ring-shaped structure66,102–104. A crystal structure of the 

archaeal Rad50 apex domain in an open conformation fits very well to this model101. Single-molecule stud-

ies revealed how the MRN complex binds to linear DNA and diffuses until it detects DNA ends64. MRN was 

shown to be able to bypass nucleosomes while scanning for DNA ends64. Intriguingly, truncation of the 

Rad50 CC domains did not change the DNA binding life times and the diffusion rates of MRN was ATP-

independent64. Thus, MRN in the resting state most likely scans for DNA ends without encircling the DNA 

in a mechanism that is also independent of ATP-induced conformational changes of the Rad50 subunits. 

However, a detailed mechanism that explains how DNA scanning is performed in the resting state has not 

 
h Under physiological conditions, ATP is always available at concentrations from 0.5-5 mM depending on cell types215. 
The ATP binding affinity of Rad50 was measured to be at around 1.5 μM and independent of whether Rad50 was 
associated with Mre11216. Consequently, it can be assumed that the equilibrium is shifted towards the ATP-bound 
resting state. 
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been published yet. Cryo-EM and AFM data revealed how the MR core complex undergoes large scale 

conformational changes upon DNA end recognition in order to process the DNA end66,104. For this reason, 

this state has been labelled cutting state66. The CCs switch from an open, ring-shaped to a closed, rod-

shaped conformation to embrace and tightly bind the DNA end66. Other crystal structures of the Rad50 

apex domain revealed a rod-shaped conformation that can be interpreted as part of the rod-shaped MR 

complex105. The Mre11-dimer rotates from a blocked position in the resting state to the side of one Rad50 

NBD66. The Rad50 NBDs and one of the Mre11 subunits form a DNA binding channel in which a DNA end 

protrudes into the Mre11 active site66. In a cryo-EM structure of the cutting state, ADP was bound by the 

Rad50 NBDs and in biochemical assays it was observed that DNA stimulates the Rad50 ATPase rate65,66. It 

seems the energy for these mesoscale rearrangements are provided by ATP-hydrolysis. Nuclease experi-

ments illustrated that the MR complex only degraded linear but not circular DNA66. As previously men-

tioned (section 1.2.3.3), MRNs nuclease activity is enhanced by protein blocks at the DNA end50,60. To 

conclude, in order to adopt the cutting state, the MR complex requires a (blocked) DNA end which is 

recognized by its topology and not by specific chemical properties66. 

Nbs1 (Xrs2 in yeast) is present only in eukaryotes and acts as an adaptor protein to coordinate DSB repair 

and DDR signaling. The way Nbs1 regulates the MR core complex has not yet been conclusively under-

stood. Nbs1 does not have any catalytic activity on itself, it acts solely as scaffolding protein. Therefore, 

Nbs1 has a structured N-terminal region that consists of a Fork-head associated (FHA) and tandem-BRCA1 

carboxy-terminal (BRCT) domains that are each directly linked (Figure 8)106,107. This modular configuration 

is atypical for FHA/BRCT domain containing proteins, as each of these domains could bind phosphopep-

tides on its own108. However, structural data revealed that binding of pCtIP to FHA modifies the configu-

ration of the tandem-BRCT domain and most likely its phosphopeptide binding capacities (Figure 8)107,108. 

The Nbs1 N-terminus binds and recruits phosphorylated proteins, among them CtIP, BLM, BRCA1 and 

Mdc1106,107,109,110. Depending on the interactor, the MRN complex is activated at DSB sites only in certain 

phases of the cell cycle (CtIP/BRCA1-mediated) and recruited to γH2AX (Mdc1-mediated)106,107,109,110. Ad-

jacent to the N-terminus, an unstructured region functions more like a flexible tether107. This flexible re-

gion is followed by a mostly unstructured 108 amino region that was characterized as a minimal Nbs1-

fragment capable of rescuing the ΔNbs1 phenotype81. This region is responsible for nuclear localization 

and stabilization of the MR complex81. Structural data revealed how a conserved NFKxFxK motif within 

this region bridges the Mre11-interface and a less conserved N-terminal part binds to the sides of the 

Mre11 phosphoesterase domain82. Further at the C-terminus a region was shown to interact with ATM111. 
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Figure 8: Structural data of eukaryotic Nbs1. Illustration of Nbs1 domain organization (amino acid numbering for human Nbs1): 
1-115 FHA, 117-225 and 226-320 tandem-BRCT domain, 610-622 and 680-686 Mre11-interacting domains (MID1, MID2), 740-
749 ATM-interacting domain (AID), the minimal Nbs1 fragment able to rescue the ΔNbs1 phenotype is highlighted with a black 
frame81. Structures of Nbs1: Apo Nbs1 (Grey, PDB-ID: 3HUE) undergoes conformational change upon phosphor-(p)CtIP (yellow) 
binding (pink, PDB-ID: 3HUF), MID1 and MID2 interact with Mre11 phosphoesterase domain (shades of blue, PDB-ID: 4FBW) and 
an N-terminal region of ATM (red, PDB-ID: 7SID)82,111. 

 

1.2.3.5.2. Biological functions of the MRN complex 

As discussed earlier, MRN recognizes DNA ends and its DNA resection activity initiates HR repair and in-

hibits NHEJ (section 1.2.3.4). However, the observation that knockdown of Mre11 results in decreased 

efficiency of both C-NHEJ and A-EJ pathways indicates the DNA repair pathways are not isolated, they 

rather seem to function as a tightly coupled web of pathways112. As described, Mre11 catalyzes the initial 

nucleolytic resection in A-EJ (section 1.2.3.2)48. The exact function of MRN in C-NHEJ remains elusive, pos-

sibly it has a more structural rather than enzymatic function. This is indicated  by research in S. cerevisiae 

where nuclease-dead Mre11 could partially rescue the effects of Mre11 deletion in C-NHEJ-dependent 

repair of incompatible DNA ends113. MRN initiates repair of Spo11-initiated DSBs (section 1.1.3) and thus 

promotes meiotic recombination events52. In the adaptive immune system, MRN enables efficient somatic 

V(D)J recombination by initiating the repair of RAG-induced DSBs114. Mre11 on itself acts as a Mn2+-de-

pendent and ATP-independent 3’-5’ exonuclease that can also open hairpin structures84. However, in 
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eukaryotic cells Mre11 is most likely associated with Rad50 and Nbs1, as its nuclear localization is depend-

ent on Nbs1 and the HLH motif is a strong hydrophobic interface88,115. In vitro studies on eukaryotic and 

prokaryotic MR(N) revealed that the complex cleaves both DNA strands next to a blocked DNA end50,116–

118. Eukaryotic MRN requires stimulation by phosphorylated CtIP to show a robust endonuclease activ-

ity50,116. Strikingly, MRN showed also endonuclease activity adjacent to a nucleosome118. However, it is 

possible that the terminal nucleosome substrate used in this study is simply recognized as blocked DNA 

end because MRN does not cut on internal nucleosomes, it simply bypasses them64. Upon a 5’ endonucle-

olytical incision, the MRN complex catalyzes a short range 3’ to 5’ resection towards the DNA end resulting 

in a 3’ ssDNA tail that is a substrate for further HR52. The processive short-range endonuclease activity is 

interpreted as nucleolytic cleansing of blocked DNA ends to remove aggregated or bound DPCs and to 

initiate HR.  

Apart from nucleolytic processing of DNA ends, MRN also recruits ATM to initiate DDR signaling in re-

sponse to DSBs (section 1.3). The MRN complex is uniformly distributed within the nucleus. However, 

upon DSB formation, the complex relocates and aggregates very fast to the site of DNA lesions119. DNA-

bound MRN was shown to physically associate with and activate ATM to initiate further signaling67. This 

process might be enhanced via MRN-dependent cooperative oligomerization64,120. Apart from actively ac-

tivating ATM, a role of MRN in ATR activation has been proposed. The complex binds several ATR-activat-

ing DNA structures (e.g. dsDNA-ssDNA junctions) and recruits the ATR-activator TOPBP1121.  

Lastly, the MRN complex has important functions in telomere maintenance. The transition from circular 

to linear chromosomes in eukaryotes gave rise to two main challenges that had to be addressed in order 

to maintain genome integrity. Firstly, the end replication problem was solved by introduction of repetitive 

end sequences (TTAGGGn in mammalian cells) and the ribonucleoprotein telomerase122. In every round 

of replication of linear DNA, the lagging strand is shortened as no new primers can be synthesized towards 

the end. Telomerase is a reverse transcriptase enzyme that can elongate the telomers by adding repetitive 

sequences to prevent end shortening122. Secondly, the DSB recognition problem arises from exposed DNA 

ends that resemble DSBs. This problem is solved by the end structure of telomers that prevents uninten-

tional DDR activation by masking the DNA end. In telomers, a (T-)loop is formed in which the chromosome 

end invades repetitive telomeric dsDNA further downstream122. This structure is stabilized by telomeric 

proteins denoted shelterins. Loss of shelterin proteins leads disruption of the T-loop structure and at-

tempted repair and DDR at telomeres123. The functional role of MRN in telomere maintenance was dis-

covered in yeast, where deletion of MRN components led to shortened telomeres and cellular senes-

cence124,125. In human meiocytes, Mre11 is recruited by Nbs1 to telomeres, where the proteins are found 

to be concentrated. Thus, MRN most likely promotes recruitment of telomer proteins during telomere 

replication in late S-phase126. Following replication, the blunt ended telomere is processed by Mre11 (to 

prevent attempted C-NHEJ) and to enable T-loop formation. MRN was shown to physically interact with 

the shelterin protein telomeric repeat-binding factor (Trf)2127. Trf2 prevented ATM activation and subse-

quently DDR initiation at telomers127. The interaction of Nbs1 and Trf2 is disrupted by a CDK2-dependent 

phosphorylation and thus coupled to the cell cycle128. To prevent MRN nuclease activity at intact telo-

meres, in yeast Rif2 inhibits MRN’s activity to capture DNA ends by a physical interaction with the Rad50 
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β-sheets129. To summarize, MRN is required to establish the formation of functional telomers upon repli-

cation, later in the cell cycle MRN is inhibited by Rif2 and ATM activation is prevented by Trf2. 

1.3. DNA damage response (DDR) 

The previously described mechanisms and pathways (section 1.2) ensure efficient repair of various types 

of DNA lesions (section 1.1). However, cells also rely on robust response to DNA lesions to sense damage, 

enable activation of DNA repair factors, cell cycle arrest and chromatin modification. Therefore, cells rely 

on the DNA damage response (DDR). The DDR is a signaling pathway that is primarily mediated by mem-

bers of the phosphatidylinositol 3-kinase (PI3K)-like protein kinase (PIKK) and PARP family5. PARP1 and 

PARP2 catalyze the addition of PAR chains to chromatin proteins to create a scaffold that enables recruit-

ment of other DDR proteins (compare section 1.2.2)5,32,40. The PIKKs ATM and/or ATR are recruited to DNA 

lesions by sensors (e.g. Ku70/80, MRN, RPA) and initially phosphorylate mediator proteins (e.g. H2AX, 

Mdc1) in order to amplify the DDR5. 

ATM and/or ATR activity leads to activation of checkpoint kinases (Chk)1 and 2, which then results in cell 

cycle arrest and DNA repair (Figure 9)130. Persistent checkpoint signaling forces cells into apoptosis to 

prevent damaged cells from dividing130. Chk1 is expressed in S/G2 phase and gets mostly activated in re-

sponse to single-stranded DNA structures (e.g. DSB, stalled replication forks resected DSBs) by activated 

ATR131. ATR relies on ATR interacting protein (ATRIP) to bind RPA-coated ssDNA132. RPA-coated ssDNA also 

stimulates binding of the RAD9-HUS1-RAD1 (9-1-1) complex which recruits TopBP1 to activate ATR131. 

Chk2 is a stable protein that is expressed throughout the cell cycle and mostly functions in response to 

DSBs130. ATM is recruited to DSBs by the MRN complex and activates (among others) Chk2 to initiate the 

DDR. It is generally accepted that ATM is the principle mediator of the G1/S cell cycle checkpoint, while 

ATR primarily induces intra-S and G2/M checkpoints131. However, even though ATM and ATR act mostly 

on different, non-redundant signaling pathways, they have partially overlapping functions. Chk1 for ex-

ample gets also phosphorylated by ATM in response to IR133. Due to the overlapping functions of ATM and 

ATR, defects in either pathway can be partially compensated for by the respective other pathway131. 

G1/S cell cycle check point activation prevents cells with damaged DNA from entering S-phase131. Activa-

tion of G1/S checkpoint signaling is mediated by phosphorylation of tumor suppressor p53 by ATM and 

Chk2131,134. Phosphorylation of p53 prevents its Mdm2-mediated ubiquitinylation and degradation, ATM 

also directly phosphorylates Mdm2 to render it less active131,135. This leads to accumulation of p53 in the 

nucleus, where it acts as transcription factor to induce expression of genes involved in cell cycle check-

point activation131. An important p53-regulated gene is CDK2-inhibiting protein p21, which prevents CDK- 

and PCNA-activity and thus cell cycle progression and DNA synthesis131. Progression through S-phase is 

promoted by the phosphatase Cdc25A through activation of CDK2 which is required for DNA synthesis131. 

Chk1 or Chk2 activity (depending on the DNA damage type) mediates Cdc25A degradation to prolong DNA 

synthesis and enforce intra-S checkpoint signalling131. Entry into mitosis requires the activation of nuclear 

CDK2 through dephosphorylation by the phosphatase Cdc25C. To activate G2/M checkpoint signaling, 

Cdc25C is phosphorylated by Chk1 and subsequently sequestered into the cytoplasm131. 



24 
 

 

Figure 9: ATM and ATR-dependent DNA damage induced cell cycle checkpoint signaling (graphic adapted131). ATM ad ATR are 
activated by DSBs or RPA-coated ssDNA stretches and signaling induce cell cycle arrest. Activated ATM phosphorylates (small 
circles) p53 to prevent its degradation. Accumulated p53 leads to expression of p21 (among others) which mainly inhibits Cyclin-
dependent kinase (CDK)2 activity to inhibit cell cycle progression mainly via inhibition of G1/S checkpoint. Main targets of ATM 
and ATR are checkpoint kinases Chk1 and Chk2. Central targets of Chk1/2 are the Cdc25 phosphatases that control the activity of 
specific CDK1/CDK2 which in turn regulate the progression through the cell cycle. Chk1/2 activity leads to inhibition of Cdc25 
activity and subsequent cell cycle arrest at G2/M or Intra-S phase checkpoints.  

 

1.3.1. The PIKK family of signaling kinases 

PIKK family members ATM, ATR and DNA-PKcs respond to DSBs, however as established earlier (section 

1.2.3.1) DNA-PKcs acts on a smaller group of proteins involved in C-NHEJ and is not found in lower eukar-

yotes5,45,46. ATM and ATR have overlapping functions as the main signaling kinases of DNA damage. ATM 

leans more towards response to DSBs, while ATR acts more as a responder to SSBs and binds to RPA 

coated ssDNA stretches5. Other PIKK family members are mTOR (mammalian target of rapamycin), TRRAP 

(Transformation/transcription domain-associated protein) and SMG1 (Suppressor with morphogenetic ef-

fect on genitalia 1). The mTOR kinase has been identified as target of the immunosuppressive drug ra-

pamycin/sirolimus and was shown to sense certain metabolic parameters and subsequently regulates 

translation of cell cycle proteins136. SMG1 is involved in regulation of non-sense mediated RNA decay137. 

TRRAP is the only PIKK member that does not have any kinase activity, it is part of protein complexes that 

regulate transcription and modify chromatin138,139. 
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Figure 10: Domain architecture of members of the PIKK family. PIKKs have N-terminal solenoid domain consisting of HEAT re-
peats (light blue) with low conservation and C-terminal FATKIN domain. FATKIN consists of the FRAP-ATM-TTRAP (FAT, green), 
kinase (KIN, yellow), PIKK regulatory domain (PRD, pink), C-terminal FAT (FATC, purple) domain. Some PIKKs also contain a frag-
ment rapamycin binding (FRP, dark blue). The number of amino acids of human proteins is indicated. 

All PIKK family members are large proteins (up to 465 kDa for DNA-PKcs) and share a similar domain ar-

chitecture (Figure 10). In order to function, all PIKKs rely on accessory proteins139. The PIKK kinase domain 

(KIN) near the C-terminus (around 400 residues) is highly conserved and shares homology with the phos-

phoinositide 3-kinase (PI3K) family. The kinase active site within the KIN domain is typically blocked by 

either access restriction or locking of the active site loop139. The active site is principally in a catalytic 

competent conformation and is regulated by certain PIKK-specific elements139. Similar to many kinases, 

the KIN consist of an N-terminal (N-)lobe and a larger C-terminal (C-)lobe that form an ATP-binding cleft, 

a conserved motif (absent in TRRAP) catalyzes the kinase reaction136,139. The FRAP-ATM-TRRAP (FAT) do-

main (around 700 residues) tightly wraps around the KIN domain and together the domains form a func-

tional unit, denoted FATKIN. FAT and the smaller, C-terminal FATC domain are important for the regula-

tion of kinase activity139. A PIKK regulatory domain (PRD) was initially discovered in ATR to be an important 

regulatory element that blocks the substrate channel in some PIKKs (ATM, mTOR)139. Most PIKKs (DNA-

PKcs, mTOR, TRRAP, SMG1) have a FRB (fragment rapamycin binding) insertion at the beginning of the 

KIN domain139. A complex of FKBP12 and rapamycin were shown to bind the mTOR-FRB with extremely 

high affinity140. The N-terminal part of all PIKKs consists of a huge, α-helical solenoid domain with low 

sequence conservation. The solenoid domain is mostly comprised of a protein tandem repeat structural 

motif denoted HEAT-repeati. HEAT repeat domains are highly flexible, even elastic, amphiphilic arrays that 

serve as a protein-protein interaction hub141. Very little is known about the mechanism of HEAT repeat, 

especially under physiological, crowded conditions141. In PIKKs, the N-terminal domain serves as a binding 

platform, that enables recruitment of the various different interaction partners139.  

 
i The acronym HEAT is derived from proteins that contain this motif: Huntingtin Elongation factor 3, protein phos-
phatase 2A subunit A, TOR1 kinase141. 
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1.3.2. ATM is a key player in DDR 

ATM mostly acts in response to DSBs to activate the DDR (see section 1.3). Due to its central role in DDR 

signaling and its therapeutic potential it has been object of intensive research. Mutation of the ATM gene 

causes defective cell cycle checkpoint activation, reduced DSB repair capacity and dysfunctional apopto-

sis142. Mutated ATM gene in humans causes the rare autosomal recessive disease Ataxia–telangiectasia 

(AT), which manifests in genomic instability, increased cancer risk and neurodegeneration142.  

As previously described, ATM is recruited by the MRN complex to DSB sites (section 1.2.3.5). The exact 

mode of how ATM is activated remains unclear, however autophosphorylation and the presence of nu-

cleosome-free DNA as well as the MRN complex play an important role142–144. The current hypothesis as-

sumes that ATM is in an autoinhibited, dimeric state and undergoes monomer transition upon activa-

tion142,145. Observations that ATM has a low basal kinase activity could explain the existence of a constitu-

tively active population of ATM kinases also in unperturbed cells146,147. Upon activation, ATM phosphory-

lates itself and a plethora of substrates (more than 700 putative substrates have been identified in an 

genomic screen) in order to activate the cellular DDR142. Among the substrates that ATM phosphorylates 

are DNA damage sensors (e.g. ATM, Nbs1), mediator proteins (e.g. Mdc1, 53BP1, BRCA1, CtIP), down-

stream transducers (e.g. Chk1, Chk2, p53) and most notably downstream effectors (e.g. BLM, SMC1, Ar-

temis). A non-conclusive summary of relevant ATM targets and the effect of their phosphorylation is sum-

marized in Table 2. 

It is noteworthy that ATM can also be activated outside of the nucleus in mechanisms independent of 

DSBs. It was shown that ATM is also localized to peroxisomes, mitochondria, and the cytoplasm148. An 

emerging function of ATM is that it reacts in response to oxidative stress. A C-terminal cysteine (2991) 

was shown to form a disulfide bond with the other protomer to promote its activation in response to 

ROS149. 

1.3.2.1. ATM structure and function 

Structural work on ATM was hampered due to its size, complex fold and flexible N-terminus. The first 

structures of intact, full-length ATM dimers were obtained using cryo-EM. Structures of fungal and human 

ATM were resolved at low to medium resolution and exclusively showed an autoinhibited dimer in a but-

terfly shape (Figure 11)150–154. In all these structures, the FATKIN domain forms a tight dimer with hydro-

phobic interactions. The kinase active site is in a properly folded state and was shown to be able to bind 

ATP also in the absence of ligands. However, access to the active site was restricted by the PRD domain 

that acts as a pseudo-substrate.  

The FAT consists of multiple parts denoted TRD (tetratricopeptide repeats domain). In the autoinhibited 

state, the TRD3 domain interacts with the PRD domain from the symmetry-related molecule. Thus, the 

PRD from each protomer inhibits the active site from the opposing protomer150–154. This supports the as-

sumption that ATM undergoes dimer to monomer transition upon activation155. In favor of this hypothesis 

a cryo-EM structure of monomeric ATM albeit with low resolution has been published156. However, an-

other study found that in an open conformation the FATKIN dimer interface is limited and the PRD is in 
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an unordered conformation that would allow substrate access150. The authors suggested an equilibrium 

dynamic between an open and a closed conformation that could be influenced via interactors to regulate 

the ATM activation150. 

Table 2: Important substrates of the ATM kinase (adapted from142). 

Substrate Phosphate site Function 

DNA damage sensors 

ATM 367, 1893, 1981 PIKK in DDR, autophosphorylation, ATM activation142 

Mre11 676, 678 MRN complex, influences function in DNA repair157,158 

Rad50 635 MRN complex, adapter in signaling for cell cycle/DNA repair159 

Nbs1 278, 343 MRN complex, FHA/BRCT domain, Telomere maintenance142 

DNA-PKcs 2609 PIKK in NHEJ, Inactivation and dissociation from DNA160 

Mediators 

H2AX 139 Histone, signals DNA damage, chromatin relaxation142 

53BP1 25 Tumor suppressor, BRCT domain, DSB pathway choice161 

BRCA1 1423, 1524 Tumor suppressor, BRCT domain, DSB pathway choice142 

Mdc1 168 BRCT/FHA domain, recruits DSB repair factors to γH2AX142 

CtIP 664, 745 Scaffold, DSB pathway choice, MRN activation142,162 

Transducers 

Chk1 317, 345 Checkpoint kinase, activation163 

Chk2 19, 33, 35, 68 Checkpoint kinase, activation164,165 

Effectors 

p53 15 Tumor suppressor, transcription factor, activation142 

Mdm2 395 p53 E3-ligase, inactivation, results in p53 activation135 

MdmX 342, 367, 403 Mdm2 homolog, cooperates with Mdm2, inactivation166 

BLM 99 Helicase, complex with DNA2, G2/M checkpoint142 

SMC1 957, 966 SMC protein, cohesin and centromere complex, Intra-S167 

Artemis 503, 516, 645 Endonuclease, DNA-repair, G2/M checkpoint142 

 

The C-terminal part of the solenoid domain has been denoted pincer, and connects the N-terminal sole-

noid domain with the C-terminal FATKIN region150–154. This connection was shown to be rather flexible 

contributing to the overall complexity of the dynamics within the ATM molecule. In studies on fungal ATM 

that resolved the solenoid to a higher resolution, it was reported that in a compact conformation the 

solenoid can form another interface with the FATKIN. In this compact conformation the solenoids also 

contribute to the dimer formation via a ionic spiral-spiral interface (Figure 11)152. The conserved FxF/Y 

motif in Nbs1 was shown to bind to a conserved hydrophobic, while ATM retains its inactive dimer con-

formation (Figure 8)111. 
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Figure 11: Autoinhibited ATM kinase bound to Nbs1 (PDB: 7SID). Domain coloring similar to Figure 10. Access to KIN (yellow) 
domain is restricted by PRD (pink). FAT (shades of green) domain consist of TRD domains (1-3). A dimer is formed via two inter-
action sites: N-FAT (darker green), C-FAT (lighter green). Nbs1 C-terminal fragment 740-749 (FxF/Y motif, pink) binds to the N-
terminal spiral domain (dark blue). 

 

1.3.2.2. Targeting ATM in cancer therapy 

Cancer cells acquire mutations in DDR genes to ensure survival and to avoid checkpoint activation and 

subsequent cell-cycle arrest and/or apoptosis168. This leads to increased mutation rate and genomic in-

stability, both fundamental characteristics of cancer169,170. Altered DDR enables cancer cells to cope with 

increased amounts of replication and genotoxic stress148. The increased levels of genotoxic stress in cancer 

cells can emerge from internal sources (e.g. high replication rate) but also from DNA-damaging cancer 

chemotherapy and radiotherapy (e.g. Daunorubicin, see also section 1.1)131. Altered DDR and DNA-repair 

pathways enable certain cancer cells to develop resistance against DNA-damaging drugs or radiother-

apy148. Thus, targeting DDR proteins showed promising effects in cancer chemotherapy.  
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ATM is an outstanding target for cancer therapy as its function enables cells to respond to DNA damage 

and protects from oxidative stress (section 1.3.2). Cancer cells usually have an increased proliferative ca-

pacity which renders them susceptible to DNA damaging agents or radiotherapy148. However, to survive 

under DNA damaging conditions, cancer cells rely on DSB repair. AT-patients with defective ATM gene are 

sensitive to ionizing radiation and suffer from genomic instability142. AT-cells still manage to repair DSBs, 

however breaks persisted over long time periods148. Consequently, even transient inhibition of ATM in-

creased the sensitivity of cancer cells to IR and DNA-damaging drugs (e.g. Etoposide, Camptothecin, Dox-

orubicin)171,172. The rationale for the pharmacological inhibition of ATM is increase the genotoxic stress by 

maintaining high levels of unrepaired DSBs which leads to tumor cell death131,148. 

Another strategy relies on the observation that cancer cells accumulate mutations in DDR pathways. Often 

certain pathways (e.g. ATM signaling, HR) are shut down and compensated for by alternative, often up-

regulated pathways (e.g. ATR signaling, MMEJ). PARP inhibitors are a promising, novel group of anti-can-

cer drugs that exploit the fact that certain cancer types rely more heavily on PARP-dependent DNA repair 

functions173. ATM deficiency and/or reduced expression levels was identified as a biomarker of sensitivity 

towards PARP or ATR inhibitors174,175. However, as not all cancers are deficient in ATM signaling and thus 

PARP-inhibitor sensitive, selective inhibition of ATM could increase the spectrum of PARP and ATR inhibi-

tors. Indeed, ATM inhibitors in combination with PARP inhibitors induced synthetic lethality in proliferat-

ing cancer cells as a result of replication stress and persistent DSBs176. The first generation of high-affinity 

ATM inhibitors (e.g. KU-55933, CP466722, AZD0156, AZD1390) was identified in compound library screens 

and optimized to improve their pharmacokinetic properties171,172,177,178. 
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1.4. Objectives 

The MRN complex is a key player in DSB repair that combines enzymatic activities with scaffolding func-

tions to enable efficient HR repair. The MRN complex and its components have been studied since over 

25 years and many important biochemical and structural properties were determined. However, there is 

no conclusive model that integrates the enzymatic and non-enzymatic scaffolding functions. Considering 

its many unique properties, studying the MRN complex always has been a challenge. Especially notewor-

thy are the elongated, flexible Rad50 CC domains, the many cofactors (Zn2+, Mn2+, Mg2+, ATP), unstruc-

tured regions (Nbs1 middle section, Mre11 C-terminus), the high DNA-binding affinity and high oligomer-

ization tendency. Most of the structural data on the MR(N) complex was obtained by X-ray crystallog-

raphy. However, in order to crystallize the proteins all flexible regions had to be removed, so the structural 

data on MR(N) is mostly comprised of separated, more or less artificial pieces. Recently, it was shown that 

the flexible domains, especially the CCs, provide a functional connection between different domains (e.g. 

apex domain and catalytic head)102,105,159. Intriguingly, the CCs adopted a previously unseen rod confor-

mation in the DNA-bound cryo-EM structure of prokaryotic full-length MR66.  

The aim of the first study was to obtain insights into the structure and function of the full-length eukary-

otic MRN complex. Due to the aforementioned challenges the MRN complex imposes, structural work 

relied on high-quality protein material from the thermophilic, eukaryotic model-organism Chaetomium 

thermophilum. However, to verify that functional findings, expression and purification of both Chaeto-

mium thermophilum and human MRN complexes had to be established. Biochemical characterization re-

quired the implementation of biochemical in vitro assays to quantify MRN’s ATPase rate, DNA binding 

activity and nuclease activity. For structural investigations it was necessary to optimize the cryo-EM sam-

ple preparation, data generation and processing. To overcome cryo-EM resolution limitations with low-

molecular weight domains, the apex domain was additionally crystallized. Various constructs had to be 

produced and screened in order to generate crystals suitable for X-ray diffraction experiments. To obtain 

in vivo data and crosslinking mass-spectrometry (XL/MS) data, collaborations were established and initial 

experiments had to be conducted. 

Based on the first structure of eukaryotic, full-length MRN obtained in this study, unexpected details on 

the architecture of the complex were revealed and a model was established that explains how eukaryotic 

MRN specifically detects DNA ends. Additional structural and in vivo data explain how MRN complexes 

are able to multimerize via their apex-domains to enable DNA end tethering. 

The kinase ATM is a central signaling kinase in the DDR that phosphorylates hundreds of protein sub-

strates. The activation of ATM at DSBs relies on the MRN complex, but also other modes of activation (e.g. 

by ROS) were described. To interact within the aforementioned network of substrates and interactors, 

ATM possess a huge (almost 2000 amino acids) solenoid domain, mainly consisting of HEAT-repeats. The 

biological importance of ATM is reflected in the severity of symptoms that (AT-)patients with dysfunc-

tional ATM gene suffer from. Functional DDR impedes cancer development by promoting DNA repair as 

well as forcing severely damaged cells into apoptosis. For this reason, AT-patients have an increased risk 

to develop cancer and also cancer cells have mutated and altered DDR pathways. Recently, DDR proteins 
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have been successfully targeted in cancer chemotherapy. Due to its central signaling role, ATM is a prom-

ising target in cancer therapy. Specific ATM inhibitors were used as sensitizers to enhance the effect of IR-

radiation therapy or DNA-damaging chemotherapy or to induce synthetic lethality in combination with 

other DDR targeting inhibitors. Structural and functional research on ATM has been hampered due to its 

large size and complex fold as well as its inherent flexibility. With recent advances in cryo-EM, the first 

structures of ATM showed its architecture in an autoinhibited, dimeric state150–154. However, especially in 

the flexible, N-terminal solenoid domain, the resolution is low, which prevents confident model building. 

Further, there are no high-resolution human ATM structures to enable structure-based drug design. 

The aim of the second study was to obtain a high-resolution structure of the human ATM kinase. There-

fore, a robust expression and purification method had to be implemented. Due to the complex fold and 

size of ATM, recombinant expression was only possible in human cells. To verify the quality and biological 

activity of the purified protein, in vitro kinase and thermo shift assays had to be designed. Structural in-

vestigation required the optimization of the cryo-EM grid preparation, cryo-EM data collection and pro-

cessing as well as model building. A priority of structural work on ATM was to generate a high-resolution 

map of the N-terminal solenoid domain. An ATM specific inhibitor (KU-55933) was used to increase the 

overall rigidity of the protein. A collaboration with Merck KGaA was initiated to test the novel M4076 

inhibitor and to obtain affinity and in vivo data. To understand the binding modalities of ATM-specific 

inhibitors, high-resolution structures of ATP-competitive ATM-inhibitors (KU-55933, M4076) were ob-

tained. As no structure of human ATM bound to ATP was available, an ATM structure with ATPγS was 

collected, too.  

Based on the high-quality map a confident model of the complete ATM kinase, including the N-terminal 

region, was built. This revealed novel structural features and two zinc-binding sites that enable further 

understanding of the structural assembly of the N-terminal solenoid. Structures of the ATM kinase do-

main, bound to ATPγS, KU-55933, M4076 enable comparison and understanding of the structural reason 

for their selectivity and set a basis for future structure-based drug design. 
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2. Publications 

2.1. Cryo-EM structure of the Mre11-Rad50-Nbs1 complex reveals the molecular 

mechanism of scaffolding functions 

 

Matthias Rotheneder*, Kristina Stakyte*, Katja Lammens, Joseph D. Bartho, Erik van de Logt, Aaron Alt, 

Brigitte Kessler, Christophe Jung, Wynand P. Roos, Barbara Steigenberger, Karl-Peter Hopfner, Cryo-EM 

structure of the Mre11-Rad50-Nbs1 complex reveals the molecular mechanism of scaffolding functions, 

Manuscript in revision process 

* these authors contributed equally 

Summary 

In this manuscript we present the first cryo-EM structure of full-length eukaryotic MRN complex in a 

M2R2N1 stoichiometry. The catalytic head of the CtMRN complex adopts a globular conformation in which 

ATPγS is bound to the Rad50 NBDs. The Nbs1 subunit wraps around the Mre11 nuclease dimer and intro-

duces asymmetry in the complex. From the catalytic head, the long CCs protrude in rod-shaped confor-

mation, possibly stabilized via a novel Mre11 bridge domain. Biochemical analysis of the DNA-binding of 

CtMRN revealed two DNA binding modes. The eukaryote-specific N-terminus of Mre11 binds internal DNA 

in an ATP-independent manner, while the conserved DNA binding site at the base of the Rad50 NBDs 

binds DNA ends dependent of ATP with very high affinity and specificity. 
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Summary 

The MRN (Mre11-Rad50-Nbs1) complex is a central DNA double-strand break repair factor that detects 

and nucleolytically processes DNA ends, activates the ATM kinase, and tethers DNA at break sites. The 

integrative mechanism how MRN can act both as nuclease and scaffold protein is not well understood. 

Here we provide a cryo-EM structure of MRN from Chaetomium thermophilum which takes shape as a 

2:2:1 complex with a single Nbs1 wrapping around the autoinhibited Mre11 nuclease dimer. MRN has two 

DNA binding modes, one ATP independent for binding intact DNA through Mre11’s C-terminus, along with 

an ATP dependent mode for loading onto DNA ends, suggesting how it may interact with DSBs and intact 

DNA. MRNs two 60 nm long segmented coiled-coil domains protrude from the catalytic head as linear 

rod, the apex of which is assembled by two joined zinc-hook motifs. Apices from two MRN complexes can 

further dimerize through a new interface, forming 120 nm spanning MRN-MRN structures. Our results 

provide a near-atomic resolution architecture of MRN and suggest how it mechanistically integrates cat-

alytic and tethering functions.   
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Introduction 

DNA double strand breaks (DSBs) are a threat for genomic integrity throughout life. Un- or misrepaired 

DSBs can lead to cell death, gross chromosomal aberrations, aneuploidy, and tumorigenesis (Carbone et 

al., 2020). DSBs can be caused by ionizing radiation and genotoxic chemicals, and frequently arise during 

DNA replication (Tubbs and Nussenzweig, 2017). In addition, "programmed" DSBs are physiological inter-

mediates in immunoglobulin gene rearrangements and meiotic chromosome recombination (Johnson et 

al., 2021; Zhang et al., 2022). To maintain genomic stability, cells have evolved potent DSB sensing, sig-

naling and repair pathways, which are generally grouped into two major branches. In end joining reac-

tions, such as non-homologous end joining (NHEJ) or microhomology mediated end joining (MMEJ), bro-

ken DNA ends are ligated without or with various amounts of limited processing, a procedure that can be 

potentially mutagenic (Chaplin et al., 2021; Zhao et al., 2020). In homologous recombination (HR), DNA 

ends are resected into long 3' single strand overhangs, which pair with the homologous template for tem-

plate dependent DNA synthesis (Chen et al., 2018; Haber, 2018; Wright et al., 2018). In eukaryotic cells, 

the usage of the different pathways is tightly regulated in the cell cycle (Scully et al., 2019).  

DSBs can be structurally very diverse and feature chemical alterations, hairpins or covalently attached 

proteins. Latter arise during abortive type II topoisomerase reactions and are the physiological source of 

DSBs in meiosis (Johnson et al., 2021; Morimoto et al., 2019). Detection and repair of chemically diverse 

and obstructed DNA ends, in particular protein-blocked DNA ends, requires the Mre11-Rad50-Nbs1 (MRN, 

Mre11-Rad50-Xrs2 in yeast) complex (Cejka, 2015; Paull, 2018; Syed and Tainer, 2018). Current models 

suggest that MRN cuts the 5’ strand in the vicinity of the DNA end, followed by exonucleolytic back-resec-

tion in 3’ to 5’ direction (Deshpande et al., 2016; Garcia et al., 2011). The resulting ssDNA can act in strand 

annealing in end-joining reactions or can be further extended by 5’ to 3’ long-range resection in HR. MRN 

or bacterial MR homologs can also cleave the second strand, thereby inducing a DSB near the blocked 

end, which will clip off the blocked DNA termini (Connelly et al., 2003; Deshpande et al., 2016; Myler et 

al., 2017). The evolutionary conserved core complex is formed by two copies of each Mre11 and Rad50, 

with a globular ATP dependent DNA binding and nuclease module (catalytic head) and up to 60 nm long 

flexible coiled-coil (CC) domains (de Jager et al., 2001; Hopfner et al., 2001; Lammens et al., 2011; Lim et 

al., 2011). The Rad50 CC domains are joined apically via a zinc-hook dimerization motif to form a protein-

aceous ring (Hohl et al., 2015; Hopfner et al., 2002; Park et al., 2017). Recent structural data on E. coli 

Mre11-Rad50 (EcMR, also denoted SbcCD) suggest that the CC domains act as gate and chemo-mechanical 

sensor via ring to rod transitions to promote ATP dependent loading and cleavage of linear but not circular 

DNA (Kashammer et al., 2019).  

In eukaryotes, Mre11 and Rad50 bind a third protein, Nijmegen breakage syndrome 1 (Nbs1, denoted 

Xrs2 in yeast) (Carney et al., 1998), which regulates MRs nuclease activity and acts as a scaffold for inter-

actions with chromatin and DNA repair and signaling factors. Genetic inactivation of Mre11, Rad50 or 

Nbs1 is lethal in mammals, while hypomorphic mutations lead to several genome instability syndromes, 

like Nijmegen breakage syndrome and Ataxia-telangiectasia-like disorder, characterized by cancer predis-

position, neurodegeneration and/or immunological defects (Bian et al., 2019; Buis et al., 2008; Luo et al., 

1999; Zhu et al., 2001). The eukaryotic MRN complex has both enzymatic and structural functions in DSB 
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repair. It is involved in HR and end joining pathways, meiotic and replication associated recombination, 

chromatin architecture as well as telomere maintenance (Marie and Symington, 2022; Paull, 2018; Syed 

and Tainer, 2018). The various activities of MRN/X are tightly orchestrated and regulated by the cell cycle 

state and additional factors, such as ATM/Tel1, CtIP/Sae2 and Rif2 (Cejka and Symington, 2021). CtIP/Sae2 

functions as DNA scaffold protein (Andres et al., 2019) and MRN/X coactivator (Cannavo and Cejka, 2014, 

Wang, 2017; Deshpande et al., 2016; Reginato et al., 2017) and is critical for DSB processing (Mimitou and 

Symington, 2008; Sartori et al., 2007). At S. cerevisiae telomeres, on the contrary, Sae2’s coactivator func-

tion is counteracted by telomeric factor Rif2, which prevents endonucleolytic cleavage by MRX (Khayat et 

al., 2021; Martina et al., 2012; McGee et al., 2010; Roisne-Hamelin et al., 2021).  

MRN/X also recruits and activates the Ataxia telangiectasia mutated (ATM, Tel1 in yeast) at DSBs (Cassani 

et al., 2019; Lee and Paull, 2005; You et al., 2005). ATM/Tel1 phosphorylates a large number of target 

proteins, thereby orchestrating the DNA damage response, a complex set of events that involves chroma-

tin reorganization, DNA repair, cell cycle arrest, transcriptional responses and apoptosis (Lee and Paull, 

2021). An important but particularly poorly understood function of MRN/X is tethering of DNA (Cassani 

et al., 2018; Mojumdar et al., 2019; Seeber et al., 2016), and more generally chromatin organization 

(Delamarre et al., 2020; Forey et al., 2021; Salifou et al., 2021). MRN/X forms large clusters in vitro and 

repair foci in vivo, and both catalytic head complexes as well as CC domains are observed in low resolution 

EM or atomic force microscopy (AFM) to engage in cluster formation (Frame et al., 2006; Hopfner et al., 

2002; Vera et al., 2022; Zabolotnaya et al., 2020). Such clusters might be involved in generating multiple 

cleavage events at DSBs as well (Cannavo et al., 2019). The mechanism how MRN integrates enzymatic 

and structural tethering functions, and the molecular basis for the roles of the CCs in clustering has not 

been established and remains unclear. A particular conundrum is how the CC domain and zinc-hook can 

be involved in both intra-complex and inter-complex interactions, to act as gate in DSB sensing on one 

hand, or bridge MRN complexes in tethering functions on the other hand.  

Here we report the cryo-electron microscopy (cryo-EM) structure of Chaetomium thermophilum (Ct)MRN 

complex bound to ATPγS. Our structure not only clarifies the atomic architecture of eukaryotic MRN but 

reveals several unexpected features that rationalize enzymatic and tethering functions in a single frame-

work. A 3.8 Å reconstruction of MRN’s catalytic head shows that 75 amino acids of Nbs1 wrap as an ex-

tended chain around both Mre11 subunits. This portion of Nbs1 agrees well with that of the minimal core 

of murine Nbs1 necessary to maintain embryonic viability (Bian et al., 2019). Our data thus clarify CtMRN 

as a M2R2N1 complex and suggest that a key function of Nbs1 is to stabilize the Mre11 dimer. The Rad50 

CC domains are in a rod configuration, stabilized by several points of interactions along their entire 

lengths. Unexpectedly, we not only observe zinc-hook mediated dimerization of the two CC domains in a 

rod-configuration, but the apices of two MRN CC domains further dimerize to form joined MRN-MRN 

assemblies. Supported by cell based and biochemical studies, the structure provides a molecular basis for 

the transient tethering of DNA ends and/or chromatids by MRN. 
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Results 

Cryo-EM structure of the Mre11-Rad50-Nbs1 complex 

Recombinant expression of the MRN proteins from Chaetomium thermophilum (Ct) in insect cells resulted 

in a homogeneous MRN complex with a 2:2:1 stoichiometry (Figure S1A). We vitrified the protein in the 

presence of ATPγS, which we found to stabilize the complex for cryo-EM. Since CtMRN’s ATPase is 10-fold 

stimulated by DNA (see below), similar to human (Hs)MRN and Escherichia coli (Ec)MR (Deshpande et al., 

2017; Saathoff et al., 2018), the resulting ATPγS bound structure resembles an autoinhibited “resting” 

state of the complex between occasional ATP hydrolysis events.  

In the micrographs, we observed homogenous particles along with large, clustered oligomers, entangled 

Rad50 coiled-coils (CCs) and partially dissociated complexes (Figure S1B). For structure determination, we 

focused on isolated particles that typically showed a globular head module (i.e., Rad50NBDs bound to the 

Mre11 dimer and Nbs1) along with straight or curved protruding CCs. The highly elongated, flexible nature 

of the particles prevented us to obtain a cryo-EM map of the entire complex, however we could recon-

struct a structure covering the head and approx. 50% of the proximal CCs, and another structure covering 

25% of the distal CCs around the zinc-hook.  

We first focused on the head module and adjacent CCs. Several rounds of automated particle picking, 2D 

classification, training of the TOPAZ neural network-based particle picker, followed by extensive 3D clas-

sification, refinement and polishing led to a 4.0 Å C1-reconstruction of the catalytic head module (Figure 

1A, Figure S1C, D, Figure S2, Table 1). By further selecting for straight CCs and re-extracting the particles 

with bigger box sizes, we obtained a C2-symmetrical density with 4.8 Å overall resolution in which around 

30 nm of the Rad50 CCs were resolved (Figure 1A, Figure S2, S3A-E). Different regions of the C1 map were 

improved by further classification through variability analysis, masking, and focused refinement, which 

brought out features like the path of Nbs1 around the Mre11 dimer and parts of the Mre11 extended C-

terminus. We generated a composite map by combining the higher resolution maps of different regions, 

using the C2-map with long CCs as a reference and scaffold (Figure S1D). The EM density maps enabled us 

to build an atomic model for the catalytic head domain and 30 nm of the Rad50 CCs, using various crystal 

structures and AlphaFold2 models for subunits as starting models (Figure 1A, Figure S3F).  

The catalytic head model consists of two Mre11, the two Rad50NBD subunits and an extended portion of 

Nbs1 that wraps around both Mre11 protomers (Figure 1A). The Mre11 nuclease domain, composed of 

the phosphodiesterase and capping domains (CD), forms the characteristic dimer structure with a promi-

nent DNA binding cleft. The Mre11 nuclease active sites are blocked by both Rad50NBDs, which are situated 

in the DNA binding cleft to prevent unspecific DNA degradation. Following the nuclease domain, the helix-

bundle Rad50-binding domain (RBD) attaches Mre11 to the Rad50 CCs. Overall, the architecture of the 

M2R2 head module is related to that of EcMR bound to ATPγS, showing the autoinhibited “resting” state 

(Kashammer et al., 2019). 
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Figure 1: Structure of the MRN complex in resting state. (A): Cryo-EM structure and composite map of the MRN complex with 
CCs in closed conformation. The map was created by combining the higher resolution maps of different regions. The atomic 
model of the catalytic head domain and 30 nm of the Rad50 CCs region is shown, whereas Mre11 is colored blue, Rad50 orange 
and NBS1 pink, respectively. Crosslink restraints obtained by CX-MS are labeled green in the Coiled-coil domain. (B): Graphical 
overview of the Lysine-specific chemical cross-linking mass spectrometry results (CX-MS). The crosslinks are highly consistent 
with the model and validate the fitting of the AlphaFold2 predicted CC part. Colored portions indicate structurally characterized 
parts of each protein. (C): A single Nbs1 polypeptide (colored pink) binds asymmetrically across both Mre11 phosphodiesterase 
domains (colored blue). The interfaces of the N- and C-terminal region, which bind with reverse polarity to equivalent regions 
on Mre11, as well as the central core region harboring the conserved KNFKxFxx motif are shown. 
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The CC-domains have a highly segmented nature with interspersed loops (CC segment joints). CtMRN-

ATPγS CCs are parallel and tightly engaged (rod configuration), in contrast to the EcMR-ATPγS resting state 

complex, where the CCs protrude at an angle of approx. 60° from the head (ring configuration) (Figure 

S4A). Both CCs interact with each other predominantly via contacts at the segment joints. Additionally, 

the CCs are hold together by a bridge element formed by Mre11 that spans the CCs in the vicinity of the 

Rad50NBDs and is absent in the prokaryotic MR complex (Figure 1A, Figure S4A). Imaging CtMRN in the 

presence of ATP, we observed a small fraction of particles that showed open CCs, similar to the structure 

observed in the EcMR-ATPγS resting state complex (Figure S4B) (Kashammer et al., 2019). This indicates 

that ATP, like in the bacterial complex, can induce CC opening.  

To generally validate the structural model and obtain additional architectural information, we performed 

lysine-specific chemical cross-linking followed by LC-MS/MS (XL-MS), which provides in-solution distance 

restraints of <30 Å between Cα atoms (Figure 1B, Figure S4C). In general, the obtained crosslinks are highly 

consistent with the model and especially validate the low-resolution parts of the map in the CCs and the 

fitting of the AlphaFold2 predicted CC segments (Figure 1A). The crosslinks also agree well with a highly 

extended conformation of the CCs as observed in the micrographs. Out of 40 crosslinks mapped to our 

model, 35 fulfill the distance restraints. The remaining crosslinks are all located within the catalytic head 

and could be explained its flexibility (Video S1). This does not argue for elbow elements and folding of the 

CCs as observed for the structurally related class of SMC proteins (Burmann et al., 2019). 

A single Nbs1 wraps around the Mre11 dimer 

A single Nbs1 polypeptide binds asymmetrically to both Mre11 phosphodiesterase domains with an S 

shaped double turn across the Mre11 dimerization interface (Figure 1C). In total the Mre11 interacting 

region of CtNbs1 comprises 75 residues. Binding is centered on the highly conserved KNFKxFxx motif 

(K659-F664), which binds right across the two-fold symmetry axis of the M2R2 head module with the 

pseudo-symmetric KxFxR region (Figure 1C, Figure S5A). This interaction was previously observed in a 

crystal structure of S. pombe (Sp)Mre11 catalytic domain bound to a small fragment of SpNbs1, showing 

a high structural conservation of this central interaction mode (Figure S5B) (Schiller et al., 2012). However, 

the cryo-EM map, in conjunction with AlphaFold2 multimer analysis, enables us to trace the entire inter-

action region of Nbs1 around the Mre11 dimer (Figure 1A top view, Figure S3E). 

A series of coordinated turns, N-terminal of the KNFKxFxx motif form a small, compact central domain 

that further bridges the Mre11:Mre11 interface (Figure 1C). The central domain is reasonably well ordered 

with many contacts to Mre11, and has a predicted local resolution range from 3.8 Å to 4.3 Å. The size of 

the central domain structure appears to be a species-specific feature of Nbs1 homologs, as alignment with 

other species shows a significantly shorter sequence neighboring the KNFKxFxx motif (Figure S5A). The N- 

and C-terminal chains of CtNbs1 turn and extend back past this central domain in both directions to wrap 

across the entire Mre11 phosphodiesterase dimer (Figure 1C, insets). Both extensions bind with reverse 

polarity to equivalent regions of the two Mre11 phosphodiesterase domains. This extended part of a sin-

gle Nbs1 polypeptide interacts with and breaks the symmetry of the Mre11 dimer. Beyond this core Mre11 

interaction region, the Nbs1 C-terminal chain branches away into the solvent, while the N-terminal chain 
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forms a short helix, overall resulting not only in an asymmetric Mre11-Nbs1 complex, but also asymme-

tries in the interactions between Mre11 and Rad50 (Figure S5C). The asymmetric elements of Mre11 and 

Rad50 directly correlate with the orientation of Nbs1, suggesting the symmetry breaking orientation of 

Nbs1 influences the behavior of the entire MRN complex. This may be driven by the Mre11 loop H213-

L225, which alternately interacts with N-terminal strand of Nbs1 in a conformation matching the crystal 

structure (Figure S5C, left), or swings 15 Å to interact with Rad50 (Figure S5C, right). One Rad50 appears 

stabilized by this interaction, while the other shows a more flexible conformation, deviating up to 8 Å from 

the symmetry related position (Video S1). 

The strong interactions of the central domain are present in most observed particles, while the weaker 

interactions of the N- and C-terminal chains with Mre11 allows their release into the solvent. 3D classifi-

cation of the Mre11-Nbs1 interaction showed that particles could be divided into 5 classes: central domain 

with N-terminal chain bound (27%), central domain with C-terminal chain bound (27%), central domain 

with both chains bound (25%), central domain with neither chain bound (13%), and no Nbs1 bound (8%) 

(Figure S5D). This indicates that the interaction of Nbs1 with MR could be locally quite dynamic, perhaps 

to allow for conformational changes or respond to interaction partners. Finally, we note that the 75-resi-

due long Mre11 interaction region of Nbs1 more or less precisely corresponds to the minimal fragment of 

Nbs1 required to maintain embryonic viability. This highlights the importance of the asymmetric wrapping 

of the Mre11 dimer by Nbs1 as revealed by work for MRN core functionality in mammals (Kim et al., 2017). 

Rad50 is in a pre-engaged ATP state 

Closer inspection of the head module reveals one Mg2+-ATPγS moiety bound to each of the two Walker A 

motif regions of the Rad50 dimer (Figure 2A, B). Mg2+ is properly coordinated by Walker B and Q-loop 

residues. However, the signature motifs, a conserved motif characteristic for the ABC-type ATPase family, 

are approx. 10 Å away from the γ-(thio)phosphate of ATPγS. In the fully engaged state of ABC-type 

ATPases, the signature motif binds the γ-(thio)phosphate of the “trans” ATP, inducing a “powerstroke” in 

the ABC-type ATPase dimer when transiting from apo to ATP-bound states (Figure 2C). We took advantage 

of two crystal structures of the isolated CtRad50NBD, bound to ATPγS and either DNA or the Mre11RBD, 

respectively, to compare with the cryo-EM structure of CtMRN and reveal structural differences (Seifert 

et al., 2016). Both structures show the same conformation with the signature motifs fully engaged with 

the trans γ-(thio) phosphates (Figure 2C). Comparison with the cryo-EM structure reveals a approx. 30° 

rotation of each of the two NBDs, driven via signature motif γ-(thio)phosphate interactions. Accompany-

ing are corresponding movements of the CC domains (truncated in the crystal structures) (Video S1). Thus, 

in the full-length CtMRN cryo-EM structure, the adhesion of the CC domains and possibly the Mre11 

bridge, likely prevents full engagement of the Rad50NBDs, by obstructing the necessary rotation of the 

NBDs, which remain in a partially engaged state. Even in the presence of ATP, only a subset of particles 

showed an open CC conformation, altogether pointing to a tighter autoinhibition of MRN as compared to 

MR in the absence of DNA (Figure S4B). 
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Figure 2: Rad50 in a pre-engaged ATP state. (A): Bottom view of Rad50 NBDs with ATPγS bound. Enzymatically important ele-
ments are highlighted. (B): Close-up view of the coordinated Mg2+ and ATPγS in the NBD of Rad50.  The Mg2+ ion is depicted in 
gray and enzymatically important residues are annotated and illustrated as sticks. The atomic model is overlaid by the cryo-EM 
map. (C): Comparison of the cryo-EM structure with the ATPγS bound Rad50 crystal structure (PDB code: 5DAC) illustrates the 
differences in Rad50NBD dimerization and the pre-engaged state of Rad50 in the MRN complex. In the cryo-EM structure the 
signature motifs are ~10Å away from the γ-(thio)phosphate of ATPγS. In the fully engaged crystal structure the signature motif 
interacts with the γ-(thio)phosphate of the “trans” ATP inducing a “powerstroke” to the Rad50 and the CC domain.  
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ATP dependent and independent DNA binding by MRN 

The rod structure of the CCs raises the question whether the canonical DNA binding site on the 

Rad50NBDs remains accessible to DNA (Figure 2C, crystal structure) and what role ATP plays in DNA bind-

ing. To assay ATP dependent and independent DNA binding, we used a fluorescence polarization anisot-

ropy (FA)-based assay (Materials and Methods). Wild-type CtMRN complex binds to 80-mer dsDNA oligo-

nucleotide with Kd of 53±5 nM and 30±2 nM in the presence of ATP and ATPγS, respectively (Figure 3A). 

We attribute the higher Kd for ATP to hydrolysis dependent turnover since DNA robustly stimulates ATP 

hydrolysis (see below). Surprisingly, MRN also binds DNA in absence of ATP with a somewhat higher Kd of 

73±7 nM (Figure 3A). Robust DNA binding in the absence of ATP was also seen for human MRN and ap-

pears to be a preserved feature of eukaryotic MRN/X, which is in contrast to the strictly ATP dependent 

DNA binding of prokaryotic MR (Hopfner et al., 2000; Lammens et al., 2011; Paull and Gellert, 1999; Ro-

jowska et al., 2014).  

Interestingly, the binding curves converge to higher FA plateau values than in presence of ATP and ATPγS 

(97 mP and 92 mP, respectively) compared to the curve with no nucleotide (56 mP) (Figure 3A). This ap-

prox. 2-fold FA increase in presence of ATP and ATPγS is a strong hint for the binding of a second DNA 

molecule to the MRN complex. Apart from the canonical binding site at the Rad50NBDs, we hypothesized 

that the eukaryote-specific Mre11 C-terminal extension could bind an additional DNA molecule (Usui et 

al., 1998). We generated a mutant MRN complex (MΔCRN), where this Mre11 extension (568-730) was 

removed (Figure 3B, top). The truncation still retains the bridge, as removal of the bridge resulted in an 

instable complex that was not characterized further. Our truncation site coincides with a recently de-

scribed SPARTN protease cleavage site in human Mre11 in certain cancers cells that reduced the affinity 

of HsMre11 to DNA (Na et al., 2021). CtMΔCRN’s ability to bind DNA in the absence of ATP/ATPyS was 

nearly abolished, confirming both binding caused by the Mre11 C-terminal tail and ATP dependence for 

binding to Rad50NBD. (Figure 3B) As expected, DNA binding to Rad50NBDs in the presence of ATP/ATPyS 

remained nearly unaltered (Kd values 51±5 nM, 28±2 nM, respectively). Moreover, the levels of the FA 

plateaus (50 mP and 27 mP) are consistent with FA increase caused by one DNA oligomer, as seen above 

for the wt CtMRN. In addition, sigmoidal DNA binding curves for CtMRN and CtMΔCRN with and without 

ATP with Hill coefficients >1 (ranging from 1.3 to 3.0, see Material and Methods) indicate cooperative 

binding modes possibly arising from protein oligomerization, similar to what was observed for S. cerevisiae 

MRX (Vera et al., 2022). In support for this interpretation, we noticed that DNA-bound CtMΔCRN complexes 

were significantly less prone to oligomer formation than CtMRN, observed by visualization of fluorescently 

labeled DNA (Figure S6A, B). 

Next, to investigate the preference of CtMRN and CtMΔCRN for DNA ends, we performed competition 

assays by adding increasing amounts of unlabeled circular or linearized plasmid DNA to the solution con-

taining a fixed amount of protein and labelled 80-mer dsDNA. For CtMRN, the linearized DNA competed 

approx. 3-fold better than the circular DNA, showing an only moderate preference for DNA ends (Figure 

3C). This could be due to the presence of the Mre11’s C-terminal tail containing the second binding site 

exhibiting no preference for DNA ends. However, for CtMΔCRN, linear DNA competed ~35-fold better than 

circular DNA (Figure 3D), demonstrating the strong dependence for DNA ends of the Rad50NBDs.  
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Figure 3:  ATP dependent and independent DNA binding by MRN. (A): DNA binding assay with CtMRN. Top, depiction of full 
length CtMre11 construct used in the DNA binding and ATPase assays. Fluorescence anisotropy-based assay documenting the 
effect of ATP and ATPγS on CtMRN binding towards 80-mer dsDNA. The wild type complex binds cooperatively to dsDNA also in 
the absence of ATP. (B): DNA binding assay with CtMΔCRN. Top, Depiction of CtMre11ΔC construct used in the DNA binding and 
ATPase assays. Similar Fluorescence anisotropy assay as in (A) using the C-terminal truncated CtMΔCRN complex. CtMΔCRN binding 
to DNA was nearly abolished in the absence of ATP/ATPyS, while it retained DNA binding in the presence of ATP or ATPyS. (C): 
CtMRN DNA binding specificity. DNA binding competition assay utilizing the FA-based experiment as in (A and B) and adding 
increasing amounts of unlabeled circular or linearized plasmid DNA to the experiment. The results reveal that CtMRN binds linear 
and circular DNA with a similar affinity. (D): CtMΔCRN DNA binding specificity. DNA binding competition assay as in (C) showing 
that CtMΔCRN complex has a strong preference for linear DNA. (E): ATPase assays of CtMRN showing the stimulation of the ATP 
hydrolysis rate by addition of linearized DNA. (F): ATPase assays of CtMΔCRN showing the stimulation of the ATP hydrolysis rate 
by addition of linearized DNA, as for CtMRN. 
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Finally, to test the effect of DNA stimulated ATP hydrolysis on DNA binding properties, we performed 

ATPase assays. Similar to studies on human MRN, we find that linear DNA stimulated CtMRN’s ATPase 

approx. 10-fold, while circular DNA stimulated MRN only 2-fold (Figure 3E) (Deshpande et al., 2017). 

ATPase rates of CtMΔCRN were generally reduced to 2/3 of wt MRN’s ATPase levels but showed a similar 

10-fold (linear) and 2-fold (circular) stimulation by DNA (Figure 3F). The lower ATPase rate might be caused 

by a less stable protein. However, the strong increase of MΔCRN’s preference for ATP dependent binding 

of linear vs circular DNA are unlikely caused by the moderate reduction in ATPase activity, especially be-

cause the same increase in preference for linear over circular DNA is observed in the presence of ATPyS. 

We conclude that MRN possesses two DNA binding components. The first binds DNA in an ATP dependent 

manner via the evolutionary conserved head module.  Much like bacterial MR, a strong preference for 

specific binding at DNA ends is exhibited through this mode. The second DNA binding mode is ATP inde-

pendent and lies within the CtMre11 C-terminal tail. These additional interactions further increase binding 

of internal DNA elements. 

MRN-MRN tethering via zinc-hook tetramerization 

During cryo-EM data processing we noted 2D classes that resembled Rad50 zinc-hook dimers in the 

“closed” rod configuration (Figure S1C). We denote the tips of the dimerized CCs of a single MRN complex 

as CC apex. 2D class averages did not show single apices but depicted apex dimers: two Rad50 zinc-hooks, 

joined via Zn2+ coordination to form the canonical apex in rod configuration, further dimerize in an anti-

parallel fashion. As a result, these apex-apex interactions tether two MRN complexes. Selecting and train-

ing for those particles enabled us to reconstruct a cryo-EM density at an overall resolution of 4.9 Å, which 

resolved another 14 nm of the total CCs (Figure 4A, Figure S7, Table 1). To obtain a higher resolution and 

independently verify this apex-apex interaction, we crystallized a fragment of the CC region around the 

zinc-hook (CtRad50589-782). We obtained crystals in space group P1 and determined a structure to 2.5 Å 

resolution by molecular replacement, using a corresponding CtRad50 AlphaFold2 model (Figure 4B) 

(Jumper et al., 2021). Data collection and model statistics are listed in Table 2. The asymmetric unit of the 

crystal consists of a dimer of zinc-hook dimers, i.e., two tethered apices, in the same arrangement as 

observed by cryo-EM (Figure 4B). 

Zooming in, we find that the primary interface between the CCs of a single M2R2N1 complex through joint 

coordination of a Zn2+ ion is very similar to that observed in crystal structures of archaeal and human 

Rad50 zinc-hook regions (Hopfner et al., 2002; Park et al., 2017; Soh et al., 2021). Conserved C691 and 

C694 from each of the two protomers jointly bind Zn2+ in a tetrahedral fashion (Figure 4C). In both cryo-

EM and crystal structure, the two CCs are arranged in the same rod configuration, stabilized by small 

confined, hydrophobic contact points along the two CC protomers. 
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Figure 4: Structure of the CtRad50 zinc-hook tetramer. (A): Cryo-EM map of zinc-hook tetramer at 4.9 Å resolution, whereas 
each Rad50 monomer belonging to one MRN complex is depicted in related color. (B): Atomic model of the zinc-hook tetramer 
crystal structure shown in comparison to the cryoEM map. (C): Close-up view of the Zn2+ binding site. (D): Rad50 apex tethering 
element with the residues involved in the interaction shown in stick representation. 

The rod state, as opposed to the originally observed open state, enables an antiparallel interaction of two 

apices through formation of a secondary interface (Figure 4D) (Hopfner et al., 2002). Hereby, F688 of one 

Rad50 dimer binds into a hydrophobic pocket (I651 and L654) at the last CC segment joint of the other 

Rad50 dimer. Flanking this hydrophobic interaction are salt bridges between R684 and E655, R687 and 

E658, and K686 and D736. Altogether, these contacts are formed twice in the secondary interface. Fur-

thermore, due to the dimeric nature of the CC rods, the tethering interactions can form on both sides of 

a given apex, thus leading to formation of two-dimensional sheets of antiparallel tethered apices in the 

crystal lattice (Figure S8A). Interestingly, we observe apex multimers in cryo-EM, supporting the idea of 

higher-order apex interactions (Figure S8B). Due to the low number of particles, we could not obtain 

higher resolved 3D maps at this stage. Nevertheless, crystal packing and the cryo-EM classes raise the 

possibility that CC apex tethering might go beyond MRN-MRN dimer interactions towards higher order 

oligomerization. 
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Since the CtRad50 zinc-hook shows structural conservation to the previously published crystal structure 

of the HsRad50 zinc-hook (Park et al., 2017), we wondered whether HsRad50 could also form these anti-

parallel tethering interactions and inspected the underlying crystal lattice (PDB: 5GOX). Intriguingly, the 

HsRad50 apices adopt related, compared to CtRad50 longitudinally shifted, tethered structures within the 

crystal lattice (Figure 5A). Like in CtRad50, the same region at the tip of the CC helix mediates this inter-

action to the neighboring apex and we denote this region as apex tethering element. The apex tethering 

element does not interact with the first loop insertion element of the CCs, as observed for CtRad50, but 

with a CC segment just beyond (Figure 5A, inset). Nevertheless, the overall mode of antiparallel interac-

tions of both human and C. thermophilum CC apices suggest that apex-apex interactions might be a con-

served feature to tether two or more MRN complexes. 

Zinc-hook tetramerization is required for efficient DNA repair in human cells 

To assess the functional significance of MRN-MRN tethering on recombinational DNA damage repair in 

living cells, we mutated the HsRad50 apex tethering element (DENQS675-679AAAAA; Rad50apex). Purified 

HsMRapexN complex has a M2R2N1 stoichiometry and a thermal stability profile similar to that of wt HsMRN 

complex, suggesting that the overall complex formation and folding is not affected by the mutations (Fig-

ure S9A, B). We analyzed the capability of HsMRapexN to repair reactive oxygen species (ROS) mediated 

DNA damage through comet assays in U2OS cells. Endogenous Rad50 was knocked down via siRNAs and 

the cells were transfected with wt or mutated Rad50, along with wtMre11 and wtNbs1 to have all com-

ponents expressed at the same level. Knock-down of endogenous Rad50 without supplementing plasmid 

expressed MRN caused impaired DNA repair upon ROS induced stress (Figure 5B). Residual repair capacity 

may be attributed to remaining levels of endogenous Rad50 after siRNA knock down. Transfection with 

wt MRN fully rescued the repair deficiency (Figure 5B). Transfection with MRapexN only led to a partial 

rescue, despite robust overexpression of the proteins (Figure S9C). The rescue level is in a similar range, 

slightly better than in the absence of MRN transfection, indicating that the mutant has a residual but 

substantially affected repair capacity. Taken together, these data suggest that the apex tethering element 

mutation compromises MRN function in DSB repair and that the structurally observed tethering interac-

tion is an important feature of MRN in human cells. 

 

Figure 5: Zinc-hook mediated MRN-MRN tethering. (A): Comparison of CtRad50 and HsRad50 zinc-hook tetramers. Crystal 
structure of CtRad50 zinc-hook tetramer and crystal lattice of HsRad50 zinc-hook (PDB:5GOX) tetramer indicates conserved zinc-
hook tethering mechanism. Inset illustrates the apex tethering element (orange Rad50 side chains) and its interactions. (B): Mu-
tation of apex tethering element in human MRN impairs DNA repair in cellulo. DNA comet assay shows relative amount of DNA 
double strand breaks (DSBs) after 2h following the treatment (or control without the treatment) of U2OS cells with tert-Butyl 
hydroperoxide. Cells treated with siRAD50 show high levels of DNA damage. Transfection with wild type human MRN decreases 
DNA damage to control levels, while transfection with MRapexN does not. (C): Proposed model of DNA scanning, end detection 
and DNA tethering by eukaryotic MRN. MRN complex scans DNA via the C-terminus of Mre11. Upon DNA end detection, MRN 
loads onto DNA in an ATP dependent mechanism and binds DNA via the canonical Rad50 binding site. Further oligomerization 
may occur via Rad50 NBDs and zinc-hook leading to DNA end tethering. Details of DNA binding in the tethering mode need to be 
addressed in future work. (D): Model of Rad50 zinc-hook mediated MRN dimer. This structure could bridge DNA ends that are 
up to 120 nm apart. 
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Discussion 

The MRN complex is a tightly regulated, multifunctional DNA double-strand break (DSB) repair factor that 

senses and processes DSBs (Cejka, 2015; Paull, 2018; Syed and Tainer, 2018). In addition to its nuclease 

activity, MRN has functions in DNA damage signaling (via ATM recruitment and activation), DNA tethering, 

telomere maintenance and chromatin organization (Cannavo and Cejka, 2014; de Jager et al., 2001; Desh-

pande et al., 2016; Khayat et al., 2021; Lamarche et al., 2010; Lee and Dunphy, 2013; Lee and Paull, 2005; 

Salifou et al., 2021; You et al., 2005). Many mechanistical aspects of the activation and regulation, but 

especially also the scaffold functions remain unclear up to date. Using cryo-EM analysis and crystallog-

raphy, we determined the structure of the MRN complex in a resting state, providing an architectural 

framework and mechanism for the unresolved question how MRN combines catalytic and structural teth-

ering functions. 

Our structure of the full-length MRN clarifies the complex stoichiometry as M2R2N1 and provides a molec-

ular basis for the symmetry breaking by Nbs1. Parts of Nbs1 wrap as elongated chain around the Mre11 

nuclease domain dimer, binding to the same surface regions of both Mre11 protomers via different Nbs1 

elements. The observed wrapping mode argues that an essential function of Nbs1 is to stabilize the Mre11 

dimer and head architecture, which might be critical for ATM activation and other functions of the com-

plex. For instance, the S. cerevisiae Nbs1/Xrs2 provides nuclear localization, is required for ATM/Tel1 re-

cruitment and canonical end-joining activities, while it is dispensable for nuclease associated functions of 

MRN/X (Oh et al., 2016). In mice, Nbs1 deletions cause embryonic lethality, however a minimal Mre11 

binding fragment that more or less precisely correlates with the portion of Nbs1 that we visualize here, 

was shown to restore viability and enable ATM activation (Kim et al., 2017). These data indicate that the 

observed wrapping of the Mre11 dimer by Nbs1 would be particularly important for roles in DNA tethering 

and Tel1 activation. 

An unexpected observation was that the CtMRN-ATPγS CCs adopt a closed rod state, rather than the open, 

flexible ring structure that was observed for the EcMR-ATPγS complex (Kashammer et al., 2019). We at-

tributed the open state with loading onto DNA ends, especially those that carry a proteinaceous block. 

The relatively narrow opening between the CC domains at the head complex could help clamp down DNA 

once it is loaded, as observed in the EcMR cutting state, but it is difficult to envision how a blocked DNA 

end could enter between the CCs in this configuration. The structure may indicate that eukaryotic MRN is 

more autoinhibited than bacterial MR, which makes sense considering the much more complex functional 

spectrum of eukaryotic MRN and the perhaps even greater cytotoxic threat that unregulated DNA cleav-

age by MRN might pose on eukaryotic genomes. However, the CCs might also be more dynamic than 

presented by the cryo-EM analysis. For instance, atomic force microscopy (AFM) studies generally show a 

more dynamic nature of the CC domains (Moreno-Herrero et al., 2005; Tatebe et al., 2020; Zabolotnaya 

et al., 2020). We also observe a subpopulation of open CC domains exclusively in the presence ATP, in line 

with the idea that ATP binding is needed to open the CCs (Lee et al., 2013). Comparison with the crystal 

structures of CtRad50NBD in complex with ATPγS reveals that a full engagement of the NBDs with the sig-

nature motif binding to the y-phosphate of ATP needs an approx. 60° rotation of NBDs with respect to the 

other, a movement that would pry the CCs open (Figure 2C, Video S1) (Seifert et al., 2016). A switch 
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between a semi-engaged NBD (this study) and engaged NBD (Rad50NBD crystal structures) would be con-

sistent with studies that show partially open and closed conformations of NBDs on archaeal MR (Canny 

and Latham, 2022). It is likely that cooperative ATP and DNA binding may help to stabilize the open CC 

conformation with fully engaged NBDs, since linear DNA triggers ATP hydrolysis approx. 10-fold in both C. 

thermophilum (Figure 3F) and human MRN (Deshpande et al., 2017). Thus, it is reasonable to assume that 

DNA interacts with MRN after ATP dependent loading on DSBs such that DNA is bound at Rad50's NBDs 

between the CC, consistent with prior crystallographic analysis of CtRad50 and crystal as well as cryo-EM 

structures of prokaryotic MR in complex with DNA (Kashammer et al., 2019; Liu et al., 2016; Seifert et al., 

2016).  

However, the spectrum of DNA binding activities by MRN is arguable more complex than for bacterial MR, 

which only displayed DNA binding activities that were highly specific for DNA ends and fully dependent 

on ATP (Saathoff et al., 2018). We identify here the C-terminal extension of eukaryotic Mre11 as respon-

sible for the additional nucleotide independent DNA binding activity, as well as the increased capacity to 

bind circular compared to linear DNA. A DNA binding site in the C-terminus of S. cerevisiae Mre11 has 

been identified early on and found to be specifically important for formation of meiotic breaks and chro-

matin organization at DSBs, but otherwise showed almost wt phenotypes in meiosis (Furuse et al., 1998). 

Thus, our identified separation of DNA binding modes into one that involves the core head complex and 

is highly specific for DNA ends and ATP, and another that is ATP independent and extends DNA binding 

also to undamaged DNA regions could be particularly useful to dissect the pleiotropic enzymatic and scaf-

folding functions of MRN in genome biology. We envision that MRN, like bacterial MR, is loaded onto DBSs 

in a configuration where the DNA end passes through the CCs, while internal DNA is recognized in a more 

peripheral fashion via the Mre11’s C-terminus (Figure 5C). However, the molecular details of the different 

modes of DNA binding to MRN must await future studies. 

The separation of binding modes is consistent with and useful to interpret several recent studies. The 

presence of two modes fit very well to the DNA binding dynamics observed in single-molecule DNA curtain 

experiments (Myler et al., 2017). The canonical, ATP-dependent Rad50 DNA binding site seems to be re-

sponsible for binding to DNA ends, where HsMRN was observed to cleave Ku and itself off in a process 

that requires ATP. However, prior to DNA end recognition, MRN was observed to diffuse along linear DNA 

in an ATP independent fashion. These and our data suggest that MRN binds to internal DNA via a mecha-

nism that involves the Mre11 C-terminus that allows sliding along DNA. Upon engagement of DNA ends 

MRN is then properly loaded in an ATP dependent process to form a cutting state.  

Furthermore, a physiologically occurring truncation of the HsMre11 C-terminus at a site that matches the 

one analyzed biochemically by us in CtMRN was identified in human cancer cells and attributed to cleav-

age by the SPRTN protease (Na et al., 2021). The biochemical analysis showed loss of DNA binding and 

nuclease activities of MRN in vitro, consistent with our work. However, in that study in vitro nuclease and 

DNA binding activities were only assessed in the absence of ATP. As a result, the conclusion that truncation 

of the Mre11 C-terminus benefits these cancer cells due to loss of all MRN DNA binding should be further 

studied, as MRNs ATP dependent interaction with DNA ends might still be intact. For instance, the Mre11 

truncation could be beneficial to cancer cells because some DSB sensing capacity might still be present, 
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while MRNs poorly understood role in chromosome organization or transcription, process that could re-

quire specifically interaction with intact DNA, could be affected (Forey et al., 2021; Salifou et al., 2021).  

The perhaps most important result of our work is the discovery of the apex dimerization, since this pro-

vides an integrated mechanistic framework for both head-associated DNA binding, nuclease and zinc-

hook associated tethering. Numerous studies, starting from early low-resolution negative stain electron 

microscopy to AFM and cell-based studies show that CC apices from different MR/MRN complexes can 

associate to form large DNA tethering assemblies in vitro and that MRN has functions in tethering or co-

hesion of different DNA elements (de Jager et al., 2001; He et al., 2012; Hohl et al., 2015; Hopfner et al., 

2002; Moreno-Herrero et al., 2005; Park et al., 2017; Seeber et al., 2016; Vera et al., 2022; Zabolotnaya et 

al., 2020). Based on structural work on the zinc-hook regions, which showed nearly antiparallel (Hopfner 

et al., 2002) and parallel (Park et al., 2017; Soh et al., 2021) conformations, up to date it was assumed that 

the dimerization of two zinc-hooks can occur between the CCs of a single MRN complex (intra-complex) 

or between the CCs from different MRN complexes (inter-complex), thus tethering MRN. However, the 

stability of the zinc-hook dimers, the emerging role of the CC domains as critical chemo-mechanical ele-

ment, rather than a mere linker element, made it unlikely that zinc-hooks switch from intra- to inter-

complex interaction modes. Rather they act as stably associated hinge that can switch between ring and 

rod states of the CCs of a single MRN complex.  

Our cryo-EM data now resolves this prevailing conundrum, showing that two apex regions in the rod con-

figuration can further dimerize to join two MRN-MRN complexes (Figure 5D). We believe this clarifies the 

mode how MRN-MRN dimers are tethered generating large structures spanning up to approx. 120 nm 

(Figure 5D). Apparently, the tethering interaction requires the CC domain to be in the rod configuration. 

Thus, it is possible that ATP dependent dynamics and DNA loading at head have a functional crosstalk with 

the state of tethering. 

The mode of this tether, with a very small hydrophobic anchor surrounded by salt bridges might be quite 

transient on a single MRN-MRN level. Since, MRN complexes have the property to form large clusters at 

DNA ends, likely through head-head interactions (Vera et al., 2022), multiple protruding CC rods from 

those clusters could form a molecular velcro through multivalent interactions (de Jager et al., 2001; Zab-

olotnaya et al., 2020), which could be an interesting way to regulate tethering strength through the size 

of such clusters (Figure 5C). Likewise, such a cluster could interact with MRN complexes on the sister-

chromatid, providing a possible mechanism for the role of MRX in sister-chromatid cohesion at DSBs in S. 

cerevisiae (Seeber et al., 2016). Of note, the type of interface with a small hydrophobic parts and ion pairs 

is characteristic for the types of interactions found in liquid-liquid phase separated condensates (Banani 

et al., 2017). Furthermore, inspection of the crystal lattice of CtRad50apex shows that even 1D-lattice like 

interactions between multiple apices might form, which fit very well to the 1D-lattice geometry of the 

Rad50NBD dimers bound to DNA. It is therefore possible that DNA tethering by MRN proceeds via multi-

valent interactions much like those proposed for phase separated condensates. 

The HsRad50hook crystal lattice revealed a similar tetrameric arrangement with predominantly ionic in-

teractions (Figure 5A) (Park et al., 2017). Mutating the apex tethering interface impaired repair of ROS 
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mediated DNA damage in human cells, showing its functional significance. Part of the apex-apex interface 

is also a loop insertion element in the segmented CC that carries a SQ-motif (S635, Q636). This site has 

been noticed and studied before and it was found to be phosphorylated by both ATM and ATR (Gatei et 

al., 2011; Gatei et al., 2014). Mutations in S635 affected DSB repair, checkpoint activation and survival, 

but cohesin loading at sites of replication restart (Gatei et al., 2011; Gatei et al., 2014), while the mutated 

purified HsMRN had unaltered nuclease activity (Gatei et al., 2011). From a structural point of view, phos-

phorylation could increase the stability of the tethering through interactions with nearby basic amino 

acids on the opposing apex protomer, but it could also alter the geometry of the apex and reduce tether-

ing. While these results mirror the effect of the Rad50apex mutants of our study, they show that tethering 

may be subject to regulation by ATM and ATR in human cells. However, the functional importance of 

MRN-MRN tethering and its regulation probably differs in different species, since replacement of the zinc-

hook region with the hinge domain of the bacterial SMC protein MukB did not result in increased Camp-

tothecin and hydroxyurea sensitivity in S. pombe (Tatebe et al., 2020). 

In summary, we provide the framework for the molecular architecture of the eukaryotic MRN complex. 

We reveal an unexpected, closed conformation of the MRN CCs that enables topology sensitive binding 

of DNA ends as well as DNA end tethering. 
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Material and Methods 

Expression and purification of the CtMRN complex 

Codon-optimized synthetic genes (Genscript, Piscataway, USA) encoding CtMre11, CtRad50, CtNbs1 were 

PCR amplified and cloned into pACEBac1 (CtMre11, CtRad50) and pIDK (CtNbs1) using MultiBac expres-

sion system (Berger et al., 2004). Recombination steps were carried out in Escherichia coli XL1Blue cells 

(Stratagene) under addition of Cre-recombinase (NEB). Baculoviruses were generated in Spodoptera fru-

giperda (SF21) insect cells (IPLB-Sf21AE) and virus titers were determined by small scale test expression. 

1 L of Trichoplusia ni High Five cells (Invitrogen), seeded to 1 mio/mL, were infected with 1:1000 of bacu-

lovirus and cultured for 72 h at 27°C. Cells were harvested by centrifugation.  

Fresh cell pellet was suspended in 50 mL of Lysis buffer (50 mM HEPES pH 7.0, 250 mM NaCl, 10% glycerol, 

0.5 mM TCEP, 5 μL TURBO DNase (Thermo-Fisher Scientific), supplemented with a SIGMAFAST Protease 

Inhibitor Cocktail Tablet, EDTA free (Merck) on ice. All further purification steps were performed on ice or 

in an 8°C cold room. The cells were lysed using a dounce homogenizer followed by sonication for 1 min 

(50% duty cycle, 5 output control). The lysate was cleared by centrifugation at 17000 rpm for at least 1 h 

using a SS-34 rotor. The soluble supernatant was prefiltered with a Millex fiber-glass filter (Roth) and fil-

tered using 0.45 μm PVDF membrane filters (Merck Millipore). 

The lysate was applied onto a 5 mL HiTrap Heparin HP column (GE Healthcare) attached to an AKTA Pure 

system (GE Healthcare) and equilibrated in Buffer A (50 mM HEPES pH 7.0, 250 mM NaCl, 10% glycerol, 

0.5 mM TCEP). The column was washed with 5 CV Buffer A, 5 CV of 7% Buffer B (50 mM HEPES pH 7.0, 

1 M NaCl, 10% glycerol, 0.5 mM TCEP). Protein was eluted with 33% Buffer B, pooled, and dialyzed for 8 

h in SEC buffer (20 mM HEPES 7.0, 200 mM NaCl, 10% Glycerol, 0.5 mM TCEP). 1 g (dry mass) cellulose 

phosphate (CP) fine mesh resin (Merck) was prepared according to protocol and equilibrated in SEC 

buffer. The dialyzed protein was applied to CP resin, which was washed until no DNA eluted anymore. 

Protein was eluted by addition of CP elution buffer (20 mM HEPES 7.0, 400 mM NaCl, 10% glycerol, 0.5 mM 

TCEP) to a total of 10 CV. The CP eluate was concentrated and applied to size exclusion chromatography 

(SEC; Superose 6, 10/300, GE Healthcare) in SEC buffer (No glycerol was added for cryo-EM grid prepara-

tion). Stoichiometric CtMRN complex eluted at 0.4 CV. 

Crosslinking mass spectrometry 

Freshly purified MRN complex was diluted in compensation buffer to obtain a protein concentration of 

0.25 mg/mL in 20 mM HEPES (pH 7.0), 200 mM NaCl, 5 mM MgCl2, 1 mM MnCl2, 0.2 mM TCEP, 1 mM 

ATPγS. The complex was incubated for 15 min at 21°C, then a 6.2 mM solution of bissulfosuccinimidyl 

suberate (BS3), dissolved in 20 mM HEPES (pH 8.5) buffer, was added to obtain a final concentration of 

31.1 μM BS3. The protein was crosslinked for 30 min @ 35°C before it was quenched by addition of 1 M 

Tris-HCl (pH 8.0) to a final concentration of 62 mM. 
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To the crosslinked proteins, 4 M Urea and 50 mM Tris (pH 8.0) was added. The mixture was sonicated 

using a Bioruptor Plus sonication system (Diogenode) for 10x 30 s at high intensity. Thereafter, 40 mM 2-

cloroacetamide (CAA, Sigma-Aldrich) and 10 mM tris(2-carboxyethyl) phosphine (TCEP; Thermo Fisher Sci-

entific) were added for the reduction and alkylation of disulfide bonds.  After incubation for 20 min at 

37°C, the samples were diluted 1:2 with MS grade water (VWR). Crosslinked proteins were digested over-

night at 37°C by addition of 0.5 µg of LysC and 1 µg of trypsin (Promega). Afterwards, the mixture was 

acidified with 10% trifluoroacetic acid (TFA; Merck) in water to a final concentration of 1%, followed by 

desalting of the peptides using Sep-Pak C18 1cc vacuum cartridges (Waters). Desalted peptides were vac-

uum-dried.  

Vacuum-dried peptides were dissolved in buffer A (0.1% formic acid). For nano LC separation of the pep-

tides at a flow rate of 250 nL/min, the Thermo Easy-nLC 1000 (Thermo Fisher Scientific) equipped with a 

30-cm analytical column (inner diameter: 75 microns; packed in-house with ReproSil-Pur C18-AQ 1.9-mi-

cron beads, Dr. Maisch GmbH) was used. Through the nano electrospray interface, eluting peptides were 

sprayed into the benchtop Orbitrap Q Exactive HF (Thermo Fisher Scientific) (Scheltema et al., 2014). As 

gradient, the following steps were programmed with increasing addition of buffer B (80% acetonitrile, 

0.1% formic acid): linear increase from 8 to 30% over 60 minutes, followed by a linear increase to 60% 

over 5 minutes, a linear increase to 95% over the next 5 minutes, and finally maintenance at 95% for 

another 5 minutes. The mass spectrometer was operated in data-dependent mode with survey scans from 

m/z 300 to 1650 Th (resolution of 60k at m/z = 200 Th), and up to 15 of the most abundant precursors 

were selected and fragmented using stepped Higher-energy collisional Dissociation (HCD with a normal-

ized collision energy of value of 19, 27, 35). The MS2 spectra were recorded with dynamic m/z range 

(resolution of 30k at m/z = 200 Th). AGC target for MS1 and MS2 scans were set to 3 x 106 and 105, 

respectively, within a maximum injection time of 100 and 60 ms for the MS1 and MS2 scans, respectively. 

Charge state 2 was excluded from fragmentation to enrich the fragmentation scans for cross-linked pep-

tide precursors.  

The acquired raw data were processed using Proteome Discoverer (version 2.5.0.400) with the XlinkX/PD 

nodes integrated (Klykov et al., 2018). To identify the crosslinked peptide pairs, a database search was 

performed against a FASTA containing the sequences of the proteins under investigation as well as a con-

taminant database. DSS was set as a crosslinkers. Cysteine carbamidomethylation was set as fixed modi-

fication and methionine oxidation and protein N-term acetylation were set as dynamic modifications. 

Trypsin/P was specified as protease and up to two missed cleavages were allowed. Furthermore, identifi-

cations were only accepted with a minimal score of 40 and a minimal delta score of 4. Otherwise, standard 

settings were applied. Filtering at 1% false discovery rate (FDR) at peptide level was applied through the 

XlinkX Validator node with setting simple. 

The crosslinks were analyzed and visualized using the xVis Crosslink Analyzer Webserver and the Xlink 

Analyser software for UCSF Chimera (Grimm et al., 2015; Kosinski et al., 2015; Pettersen et al., 2004). 

Cryo-EM grid preparation 

Freshly purified MRN complex was diluted in compensation buffer to obtain a protein concentration of 

0.27 mg/mL in 20 mM HEPES (pH 7.6), 200 mM NaCl, 5 mM MgCl2, 1 mM MnCl2, 20 μM ZnCl2, 0.2 mM 
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TCEP, 2 mM ATPγS. The complex was incubated for at least 10 min at 21°C to bind ions and nucleotide. 

Just before plunging, Octyl β-D-glucopyranoside (β-OG) was added to a final concentration of 0.05%. Grids 

were prepared using a Leica EM GP plunge freezer (Leica). β-OG containing sample (4.5 μl) was deposited 

onto plasma cleaned (GloQube, Quorum) copper grid (Cu 200, R2/1, Quantifoil). Sample was applied to 

the grids at 15°C and 95% humidity and blotted for 2.7 s before plunge-freezing the grid in liquid ethane. 

Cryo-EM data acquisition  

Six datasets of CtMRN-ATPγS (total 29349 micrographs) were acquired on a Titan Krios transmission elec-

tron microscope (Thermo Fisher Scientific) operated at 300 kV, with a K2 summit direct electron detector 

(Gatan) operated in counting mode and energy filter (Gatan). Data acquisition was automated with the 

EPU (Thermo Fisher Scientific) software package. Images were recorded at a nominal magnification of 

130,000x (1.059 Å/pix) with a defocus range of 1.0 μm to 2.8 μm, and total dose of 45 e−/Å2 over 40 

frames. 

Cryo-EM image processing  

Motion correction with MotionCor2 and CTF estimation with CTFFind4 were performed on-the-fly for all 

datasets using an in-house developed pipeline (Rohou and Grigorieff, 2015; Zheng et al., 2017). Initially, 

particles were picked in CryoSPARC v3.2.0 using the implemented blob picker (Punjani et al., 2017). After 

2D classification, selected particles were used to train the TOPAZ deep picker (Bepler et al., 2020). TOPAZ 

was trained iteratively until no further increase in particle numbers and particles were extracted using 

box sizes of 768 pix (Long CC map), 352 pix (Catalytic head map), 352 pix (ZH tetramer).  

The particles for the Catalytic head map were transferred to Relion v3.0, further sorted by 2D classification 

and subjected to focused 3D refinement with masking the catalytic head (Zivanov et al., 2018). This re-

sulted in the C1 map of the catalytic head at 4.0 Å. Further focused 3D classification resulted in three 

different classes that showed different degrees of Nbs1 binding to the catalytic head. Non-uniform (NU) 

refinement of the Long CC particles in CryoSPARC led to a C2 map with 4.8 Å overall resolution. Further 

local refinements of the C2 maps led to two maps of the CCs with 6.8 Å and 7.6 Å, respectively. 

The ZH particles were processed in CryoSPARC. An ab-initio reconstruction was created from the particles 

picked in TOPAZ. Particles were repicked and sorted via heterogenous refinement with 5 references from 

a ZH tetramer, ZH octamer, Mre11, MRN catalytic head, and a part of the CCs. The ZH particles were 

pooled and sorted via iterative rounds of 2D classification. In NU refinement, followed by local refinement 

a 4.9 Å C2 map of the ZH were calculated. To avoid over-sharpening, the map was eventually filtered to 

7 Å. 

DNA-stimulated ATPase assays 

We used a NADH-coupled assay to monitor the rate of ATP hydrolysis by CtMRN. The ATPase rate was 

assayed in reaction buffers containing 250 nM MRN complex, 20 mM HEPES pH 7.0, 80 mM NaCl; 5 mM 
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MgCl2, 1 mM MnCl2, 0.1 mg/mL BSA, 0.2 mM TCEP, 0.25 mM NADH, 20 U/ml PK, 30 U/ml LDH, 2 mM 

Phosphoenolpyruvate (PEP), the reaction was started by addition of 1 mM ATP and 52 ng/μL DNA. The 

measurements were started immediately after ATP addition for 2 h at 37 °C. The oxidation rate of NADH 

was assayed fluorometrically by measuring the fluorescence at 460 nm (excitation 340 nm) on a Tecan 

microplate reader (Infinite M1000).  

The linear decrease in fluorescence between 200 s and 800 s was fitted to a linear regression and the 

slope was used to calculate the ATPase rate using the following formula. The NADH slope was calculated 

using a calibration curve which was recorded by titrating ADP to a constant NADH solution in reaction 

buffer without MRN/DNA. 

𝐴𝑇𝑃𝑎𝑠𝑒 𝑟𝑎𝑡𝑒 [𝐴𝑇𝑃 𝑐𝑜𝑚𝑝𝑙𝑒𝑥−1𝑠−1] =
𝑠𝑙𝑜𝑝𝑒 [𝐹𝑈 𝑠−1]

𝑁𝐴𝐷𝐻 𝑠𝑙𝑜𝑝𝑒 [−587.9 
𝐹𝑈

𝜇𝑀 𝐴𝑇𝑃
 ] 𝑐𝑀𝑅𝑁 [𝜇𝑀 𝑐𝑜𝑚𝑝𝑙𝑒𝑥]

 

Direct fluorescence polarization anisotropy (nucleotide dependence) 

Fluorescence polarization anisotropy was used to monitor CtMRN and CtMΔCRN binding to 80 bp dsDNA. 

5 nM of 3’ 6-FAM-labeled DNA was incubated with increasing amounts of MRN in ATP (20 mM HEPES pH 

7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM ATP, 0.5 mM TCEP), ATPyS (20 mM HEPES pH 7.0, 

100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM ATPyS, 0.5 mM TCEP) and no nucleotide (20 mM HEPES 

pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 0.5 mM TCEP) assay buffers. All DNA binding reactions 

were done without addition of MnCl2 to avoid DNA degradation. After 15 min incubation at 37 °C, the 

fluorescence anisotropy was measured at an excitation wavelength of 488 nm and an emission wave-

length of 520 nm using an automated polarization microscope (Jung et al., 2018; Jung et al., 2019). Each 

sample was measured at twelve different z-planes to reduce the effect of potential fluorescing protein-

DNA aggregates that could lead to erroneous FA values, these measurements were repeated three times 

for each of the 3-4 replicates. The FA values were calculated for each image using the following formula, 

requiring the parallel (I=) and perpendicular (I+) fluorescence intensities and the instrumental G-factor (G 

= 1.15 for our setup, as determined by measuring free dye in solution). Regions of interest (ROI) were 

defined as equal-sized regions around the maxima in the respective channels. 

𝐹𝐴(𝑧, 𝑡) =
𝐼=(𝑧, 𝑡)  − 𝐺𝐼+(𝑧, 𝑡)

𝐼=(𝑧, 𝑡) + 2𝐼+(𝑧, 𝑡)
 

Finally, we calculated for each sample the median FA value of all images acquired from a given well to 

reduce variability, namely the contribution to FA of images containing potential Protein-DNA aggregates. 

Data was analyzed using Prism (GraphPad) and KD values derived by fitting the anisotropy data to a Specific 

binding with Hill slope model, using the following formula: 

𝐹𝑈 =
𝐵𝑚𝑎𝑥 [𝑀𝑅𝑁 𝑖𝑛 𝑛𝑀]ℎ

𝐾𝐷
ℎ [𝑀𝑅𝑁 𝑖𝑛 𝑛𝑀]ℎ
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Competitive fluorescence polarization anisotropy (topology dependence) 

Fluorescence polarization anisotropy was used to monitor CtMRN and CtMΔCRN binding to linear and cir-

cular DNA. 5 nM of 3’ 6-FAM-labeled 80 bp dsDNA was incubated with 45 nM MRN in ATPyS containing 

assay buffer (20 mM HEPES pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM ATP, 0.5 mM TCEP). 

After 10 min incubation, increasing amount of either circular or linear (obtained by digesting of circular 

DNA with PvuII-HF NEB) pUC19 plasmid DNA was added. After 15 min incubation at 37 C, the fluores-

cence anisotropy was measured using the same setup as described above. 

Data was analyzed using Prism (GraphPad) by fitting the anisotropy data to a One phase decay model, 

using the following formula, KD was calculated as ln(2)/K. 

𝐹𝑈 = (𝐹𝑈𝑚𝑎𝑥 − 𝐹𝑈𝑚𝑖𝑛) 𝑒
−𝐾[𝐷𝑁𝐴 𝑖𝑛 

𝑛𝑔
𝜇𝑙⁄ ]

+ 𝐹𝑈𝑚𝑖𝑛 

Fluorescence imaging and segmentation of protein-DNA aggregates 

To characterize the relative amount of aggregates between samples, we acquired for each sample z-stacks 

of widefield fluorescence images. Image segmentation of the aggregates was performed using a custom-

written Definiens XD 2.0 script (Munich, Germany). The image analysis procedure was the following. The 

individual aggregates appear in bright, relatively round objects within a heterogeneous background aris-

ing from the inhomogeneous widefield illumination. To facilitate the detection of the contour of the ob-

jects, we applied a 3D-Gaussian filter with a kernel size of 5 × 5 × 3 pixels, followed by a second 3D-Gauss-

ian filter with the same kernel size. We then subtracted the latter image from the previous one. This pro-

cedure resulted in a background-subtracted image. Then, we applied a global threshold and carried out 

segmentation using an algorithm implemented in the Definiens XD 2.0 software platform. Briefly, the 

Multi-Threshold Segmentation algorithm splits the image domain and classifies the resulting image ob-

jects based on a defined pixel value threshold. This results in segmented patterns classified as “aggre-

gates” or “background”. We then extracted for each frame the total number of aggregate particles, their 

size (in a 2D projection within our optical resolution of about approx. 0.5 µm) and their average fluores-

cence intensity. The latest parameter can be assumed to be proportional to the number of protein-DNA 

aggregating in a single particle. Data was plotted using Prism (GraphPad). 

Crystallization of the CtRad50 Zn-hook domain 

Codon-optimized synthetic DNA (Genscript, Piscataway, USA) encoding CtRad50598-782 was PCR amplified 

and cloned into pET47b (6xHis-HRV3C-CtRad50598-782). The construct was expressed in Escherichia coli 

BL21 Rosetta cells (Novagen). 0.5 L of E. coli culture were grown in TURBO BrothTM medium (Molecular 

Dimensions) containing Kanamycin (50 μg/mL) and Chloramphenicol (34 μg/mL) at 37°C to an OD600 of 2.0 

before induction with 0.4 mM IPTG. Upon induction, further cultivation was performed at 18°C, until the 

cells reached an OD600 of 7.0. 



65 
 

The cells were harvested via centrifugation (10 min, 3000 g, 4°C) and resuspended in 150 mL Lysis buffer 

(50 mM HEPES 7.5, 250 mM NaCl, 10 % Glycerol, 5 mM β-Mercaptoethanol, 2 μL TURBO DNase (Thermo-

Fisher Scientific), supplemented with a SIGMAFAST Protease Inhibitor Cocktail Tablet, EDTA free (Merck). 

The cells were lysed via sonication for 3x 3 min (50% duty cycle, 5 output control) and cleared lysate was 

prepared by centrifugation at 17 000 rpm for 1 h using a SS-34 rotor.  

5 mL Ni-NTA beads (Macherey-Nagel) were equilibrated in Buffer A (50 mM HEPES 7.5, 250 mM NaCl, 

10 % Glycerol, 5 mM β-mercaptoethanol) and incubated with cleared lysate for 1h at 8°C on a rolling 

incubator. The beads were washed with 3 CV of Buffer A, 3 CV Buffer A and 20 mM Imidazole, followed 

by 3 CV Buffer A. 5 mL of Buffer A containing 50 μL HRV3C protease (Cytiva) were added, and the beads 

were incubated over night at 8°C on a rolling incubator. On the next day the eluate was applied to a fresh 

5 mL of Ni-NTA, equilibrated in Buffer A and the flow-through was collected. EDTA was added to a final 

concentration of 1 mM and the protein was concentrated to 30 mg/ml. A Superose 200 16/60 HiLoad 

column (Cytiva) was equilibrated in SEC buffer (20 mM HEPES 7.5, 150 mM NaCl, 1 mM EDTA, 5% Glycerol, 

0.5 mM TCEP) and 3 mL of the concentrated protein sample was injected. The eluate was fractionated 

and analysed on SDS PAGE. 

Crystals of CtRad50598-782 were grown in hanging drops by mixing 1.5 μl protein at 4.5 mg/mL and 1.5 μl 

reservoir solution (0.1 M MES pH 6.8, 0.6 M NaCl, 18% PEG4000). The crystals were soaked in a reservoir 

solution supplemented with 10% 1,4-butanediol and frozen in liquid Nitrogen. Data was collected to 2.5 

Å at the P14 beamline (EMBL Hamburg). 

Comet assay 

Cells and culture conditions: The human osteosarcoma cell line U2OS (RRID:CVCL_0042) was cultivated 

in DMEM containing 10% fetal bovine serum (FBS) and penicillin/streptomycin at 37°C in a humidified 5% 

CO2 atmosphere.  

Protein extracts and Western blot analysis: Whole-cell protein extracts were prepared by disrupting cell 

pellets in Lysis Buffer (20 mM tris, 1 mM EDTA, 1 mM β-mercaptoethanol, 5% glycerine, pH 8.5) supple-

mented with various protease and phosphatase inhibitors (0.02 M β-glycerophosphate, 1 mM Na3VO4, 0.1 

mM phenylmethylsulfonyl fluoride, 0.01 mM MG-132, 0.01 M dithiothreitol, 0.01 M NaF and cOmpleteTM) 

using sonification. The protein concentration was determined using the Bradford method as described 

(Bradford, 1976). 30 µg of protein were separated by sodium dodecyl sulphate polyacrylamide gel elec-

trophoresis (SDS-PAGE) and transferred overnight at 100 mA in blotting buffer (0.025 M tris, 0.192 M gly-

cine, 20% methanol) onto a nitrocellulose membrane. All primary antibodies were used at 1:1000 dilution 

in 5% BSA in tris buffered saline (TBS) containing 0.1% Tween and 1% Na-Azide. The antibodies used were 

anti-RAD50 (Cell Signalling, #3427) and anti-Vinculin (Santa Cruz, sc-73614). The secondary antibodies (Li-

COR Bioscience) were diluted (1:10000) in TBS containing 0.1% Tween and the proteins were visualized 

using the Odyssey® Infrared Imaging System (LI-COR Biotechnology). 
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Transfections: For RAD50 knockdown, U2OS cells were transfected with siRNA targeting RAD50 (s792, 

Silencer®Select, ThermoFisher Scientific) and negative control siRNA (#AM4611; Life Technologies) using 

Lipofectamine RNAiMAX (Invitrogen), according to the manufacturer’s instructions. The siRNA mediated 

knockdown of RAD50 was confirmed on protein level using Western blot analysis.  

For RAD50 wild-type and mutant expression, the plasmids pACEMam1_pMDC_HsMRN and pACE-

Mam1_pMDC_HsMRapexN were transfected into U2OS cells using Polyethylenimine Hydrochloride (PEI) 

(#24765; Polysciences). 1 µg plasmid DNA was mixed with 4 µg PEI in 200 µl serum and antibiotic free 

DMEM medium, 45 min later the DNA/PEI complex was added to the cells dropwise. The RAD50 expres-

sion was confirmed by Western blot analysis. 

Neutral comet assay: DNA double-strand breaks (DSBs) and their repair was monitored by single-cell gel 

electrophoresis under neutral conditions. RAD50 was knocked down in U2OS cells, 8 hours later the cells 

were transfected with the MR123, MR132 or MR133 expression plasmids. 16 h later the knockdown and 

transfected cells were reseeded into three Petri dishes, designated untreated, tert-Butyl hydroperoxide 

(t-BuOOH) treated and t-BuOOH treated with 2 h repair. The next day, the cells were exposed to 150 µM 

t-BuOOH for 1 h. The comet assays were performed, as described (Nikolova et al., 2017). Shortly, cells 

were embedded in 0.5 % low melting point agarose in PBS and spread onto glass slides coated with 1.2 % 

agarose. All following steps were performed at 4oC, unless stated otherwise. Cells were lysed in lysing 

solution (2.5 M NaCl, 100 mM EDTA, 10 mM Tris, 1% Na-Laurylsarcosinate, 1% Tryton X-100) at a pH of 

7.5. Slides were electrophoresed for 25 min in electrophoresis buffer (90 mM Tris, 90 mM boric acid, 2 

mM EDTA, pH= 7.5) at 7.4 V/cm, fixed in 100% methanol and then dried. All following steps were per-

formed at room temperature. DNA was stained using propidium iodide (50 μg/ml) and 50 cells per slide 

were evaluated using a fluorescence microscope and the Comet IV software (Perceptive Imaging, Liver-

pool, UK). Data are expressed as tail intensity, which denotes the percentage of DNA in the tail multiplied 

by the length between the center of the head and tail. 
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Supplementary Figures 

 

Figure S1: CtMRN complex cryo-EM preparation. (A): Representative SDS-PAGE of purified CtMRN complex and gel quantifica-
tion (N=6). (B): Representative Micrograph of CtMRN-ATPγS. (C): Representative 2D classes of particles picked within the 
CtMRN-ATPγS datasets. (D): Composite map (colored) composition. The highest resolved areas from the depicted LAFTER filtered 
maps were used to generate a composite map. 
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Figure S2: Processing schemes for the CtMRN catalytic head and CC maps. Processing schemes of CtMRN-ATPys head, long 
coiled-coils, distant coiled-coils and RBD & bridge with local resolution estimates at the end of each processing branch.  
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Figure S3: FSC curves and AlphaFold2 models. (A): FSC curves of the Head maps (Relion v3.0). (B): FSC curves of the long coiled-
coils map (CryoSPARC v3.2.0). (C): FSC curves of the distant coiled-coils map (CryoSPARC v3.2.0). (D): FSC curves of the RBD & 
bridge map (CryoSPARC v3.2.0). (E): FSC curves of the Nbs1 map (CryoSPARC v3.2.0). (G): AlphaFold2 models used to build a full-
length MRN model and predicted IDDT scores (>80 indicates high confidence models). 
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Figure S4: Conformations of Rad50 CCs and crosslinking MS statistics. (A): Comparison of the Cryo-EM structures of the eukar-
yotic CtMRN complex and the prokaryotic EcMR/SbcCD complex bound to ATPγS. Mre11/SbcD colored in blue, Rad50/SbcC 
colored orange, Nbs1 colored pink. (B): 2D classes of CtMRN particles bound to ATP showing open coiled-coils. Scale bar 10 nm. 
(C): Statistics of XL-MS restraints fitted to cryo-EM model. 
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Figure S5: Structural characterization of Nbs1. (A): Sequence alignment of Nbs1 from different species. Conserved residues 
were highlighted in shades of blue, predicted α-helices were framed in red, predicted β-strands were framed in green. Alignments 
were calculated with ClustalΩ, secondary structure predictions with JPred4. (B): Side view of the KNFKxFxx motif (purple) inter-
actions with Mre11 (shades of blue). (C): Side-by-side comparison of N- and C-termini of resolved Nbs1 peptide interacting 
with Mre11. Longer N-terminus of Nbs1 interacts with Mre11 loop containing Y217 and H219 residues affecting Mre11-Rad50 
interaction at this site. (D): Heterogeneity of Nbs1-Mre11/Rad50 interactions. 3D classification revealed full interaction (25.3%), 
CD/N-terminal interaction (26.8%), CD/C-terminal interaction (27.1%), CD interaction (13%), no Nbs1 present (7.7%). Rad50 high-
lighted in shades of orange, Mre11 in shades of blue, Nbs1 in pink, KNFKxFxx motif in purple. 
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Figure S6: Quantification of CtMRN clustering. (A): Exemplary fluorescence images of CtMRN/ CtMΔCRN with FAM-labeled DNA. 
(B): Histogram of CtMRN-DNA and CtMΔC RN-DNA cluster formation. Fluorescence images were collected and clusters grouped 
based on their size. 
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Figure S7: Processing schemes for the CtMRN zinc-hook map. (A): Cryo-EM processing scheme for the CtRad50 Zn-hook in Cry-
oSPARC v3.2.0. (B): Local resolution estimation of the CtRad50 Zn-hook Cryo-EM map. (C): FSC curve of the Cryo-EM Zn-hook 
map (CryoSPARC v3.2.0). 
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Figure S8: Higher order CtMRN zinc-hook structures. (A): Crystal lattice of CtRad50zinc-hook with F688 residue hidden in the lattice 
arrangement. (B): 2D classes of CtRad50 zinc hook octamers. Scale bar 10 nm. 
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Figure S9: Quality assessment of purified HsMRN and HsMRloopN complexes and siRNA knock-down of HsRad50. (A): Repre-
sentative SDS-PAGE of purified HsMRN and HsMRloopN complexes. Below, normalized gel quantification of complex stoichiom-
etry (N = 5). (B): Microscale thermophoresis thermo-shift assay with purified HsMRN and HsMRloopN complexes. Melting points 
are indicated. (C) Knock-down of Rad50 and overexpression of mutated HsMRN complex. Western blot stained with anti-Rad50 
antibody and Vinculin loading control. U2OS C: untreated cells, siNON: non-targeting siRNA; siRad50: siRNA targeting Rad50; 
siRad50 HsMRN WT: siRNA targeting Rad50, transfection with codon-optimized WT MRN genes; siRad50 HsMRN F630/638E: 
siRNA targeting Rad50, transfection with codon-optimized mutant MRN genes; siRad50 HsMRloopN: siRNA targeting Rad50, trans-
fection with codon-optimized mutant MRN genes.  
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2.2. Molecular basis of human ATM kinase inhibition 

 

Kristina Stakyte*, Matthias Rotheneder*, Katja Lammens*, Joseph D. Bartho*, Ulrich Grädler, Thomas 

Fuchß, Ulrich Pehl, Aaron Alt, Erik van de Logt, Karl-Peter Hopfner, Molecular basis of human ATM kinase 

inhibition, Nature Structural and Molecular Biology, Volume 28, October 2021, Pages 789-798 

https://doi.org/10.1038/s41594-021-00654-x 

* these authors contributed equally 

Summary 

In this publication we report high-resolution structures of human ATM kinase bound to inhibitors and 

ATPγS. High-quality cryo-EM densities enabled us to build a near-complete atomic model that includes 

the more flexible N-terminal solenoid. Even though the overall dimer architecture is similar to previously 

published structures, our model is significantly better and allowed us to correctly assign the registry in the 

N-terminal region. We identified two previously uncharacterized zinc-binding sites that are not required 

for basal kinase activity but stabilize the overall fold and a loop that contains cancer mutations as well as 

an important auto-phosphorylation site. In accordance to previous structures, we observed different 

HEAT-repeat conformations that did change the kinase domain conformation. Mapping of cancer muta-

tions indicated functionally important elements. The kinase domains of ATM bound to KU-55933, M4076 

and ATPγS was determined at 2.8 Å, 2.8 Å and 3.0 Å resolution, respectively. Access to the kinase active 

site was restricted by the PIKK regulatory domain (PRD) which confirm its autoinhibitory function. Our 

models set the molecular basis to understand why M4076 has increased affinity towards ATM compared 

to KU-55933. Comparing our structures with that of other PIKK kinase active sites enables us to identify 

non-conserved residues that interact with the inhibitors and to understand the molecular basis for the 

inhibitors’ selectivity profile. Altogether, our structural data enables to design and improve ATM-specific 

inhibitors for cancer therapy  

Author contributions 

Kristina Stakyte, Matthias Rotheneder, Aaron Alt established expression and purification of the human 

ATM kinase. Together with Kristina Stakyte I purified ATM protein for cryo-EM and for assays. Erik van de 

Logt established the production of a CtIP fragment used as a substrate for ATM kinase assays. Kristina 

Stakyte, Matthias Rotheneder performed ATM kinase assays. Together with Kristina Stakyte I generated 

grids for cryo-EM data collection. All first authors were involved in the cryo-EM data collection and pro-

cessing. Model building was performed by Kristina Stakyte, Matthias Rotheneder, Katja Lammens, Joseph 

D. Bartho, Karl-Peter Hopfner. Thomas Fuchß was principal inventor of M4076 at Merck KGaA, Darmstadt, 

Germany. Ulrich Grädler was involved in the structure-based design of M4076. Thomas Fuchß and Ulrich 

Pehl contributed biochemical assay and kinase selectivity results and graphs. All authors were involved in 

the data interpretation and manuscript preparation.
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3. Discussion 

3.1. Cryo-EM structure of the Mre11-Rad50-Nbs1 complex 

The MRN complex acts as a central, multifunctional DSB repair factor to sense, process, tether DNA ends 

and to initiate the cellular DDR (via ATM recruitment and activation)50,57,117,179. Further, the MRN complex 

functions in chromatin organization and telomere maintenance180–183. Until now many mechanistical as-

pects regarding the activation and regulation of the MRN complex remain unclear. Especially, it was poorly 

understood how MRN combines both enzymatic activities and scaffolding functions. 

3.1.1. The Mre11-Nbs1 interface 

The presented structural data clarifies the stoichiometry of the MRN complex as M2R2N1. This stoichiom-

etry was robustly observed with different purification strategies (tag-free, Mre11-tagged, Nbs1-tagged) 

and species (human, Chaetomium thermophilum). In support of this finding, quantification of previously 

published recombinantly purified MRN complex from different labs and organisms (human, Saccharomy-

ces cerevisiae) yielded a similar M2R2N1 stoichiometry (Figure 12).  

 

Figure 12: Comparison of MRN complex stoichiometry from this study and literature. Data was normalized by Nbs1. For quan-
tification data from this study, gels (N=4) were quantified. For literature data for human and Saccharomyces cerevisiae (Sc) gels 
(N=3) from various publications were selected50,67,117,118,184,185.  

Previously, the stoichiometry of MRN was generally assumed to be M2R2N2, even though some authors 

reported only one Nbs1 subunit bound181. A crystal structure of SpMre11-Nbs1 complex showed two Nbs1 

subunits bind to the nuclease domain of the Mre11 dimer82. One Nbs1 subunit bridges the Mre11-dimer 

via a highly conserved NFKxFxK motif. The presented data reveals that in fact only one Nbs1 subunit wraps 

around the Mre11 nuclease domain as an elongated chain that binds to the same surfaces on the side of 

both Mre11 protomers via different regions (Figure 13). The presence of a small helical, species-specific 

structural feature in the CD of CtNbs1 facilitated the aligning of the otherwise highly symmetrical particles 

during cryo-EM processing. Thus, the CtMre11-Nbs1 interaction was resolved to a fairly decent resolution 

that fitted very well to the model obtained by AlphaFold2. The same wrapping mode was observed (both 

in AlphaFold2 and cryo-EM) for the HsMre11-Nbs1 interaction (Figure 13). However, for the human com-

plex the resolution was significantly lower, possibly due to lack of a prominent structural feature in the 

CD. The conformation of the human Mre11 dimer obtained in this study was similar to other crystal 
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structures of eukaryotic Mre11. Recently, a structure of human Mre11 was published in which the pro-

tomers are rotated along the dimer interface, despite having a similar fold186. The twisted conformation 

in the human Mre11-dimer is most likely caused by a not-conserved disulfide bond and also disrupts the 

central Nbs1 binding site. Taken the presented cryo-EM data and the conserved features on Nbs1 into 

account, it can be assumed that the overall architecture of the Mre11 dimer and the Nbs1 interaction is 

conserved from yeast to vertebrates.  

 

Figure 13: Nbs1 wraps around the Mre11 nuclease. CtMre11 (shades of blue) binds one Nbs1 (pink) that mainly interacts via a 
conserved KNFKxFxx motif (golden) and the N-/C-terminal sides. HsMre11 cryo-EM structure showed the same conformation, 
while a crystal structure (PDB-ID: 3T1L) adopted a twisted conformation (light grey) which would prevent Nbs1 binding186. 

Further classification revealed that the Nbs1-Mre11 interaction is rather weak and dynamic, which leads 

to heterogeneity within the MRN catalytic head. In most particles the CD was bound to Mre11 (92%) while 

the complete elongate Nbs1 fragment was only present in a smaller subset (25%). The reason for the 

observed heterogeneity is unclear, however it can be hypothesized that the strong interaction via the 

conserved NFKxFxK motif serves the stabilization of the Mre11 dimer and the catalytic head which might 

be critical for nuclear localization, ATM activation and other functions of the complex. In S. cerevisiae the 

Nbs1/Xrs2 provides nuclear localization and is required for ATM/Tel1 recruitment and end joining func-

tions, while it is not required for the nuclease associated functions of MRN/X187. In mice, a Nbs1 fragment 

that quite precisely correlates with the visualized Nbs1 fragment, was shown to restore viability and ena-

ble ATM activation81. It has been hypothesized that in order to function, the Mre11 dimer has to undergo 

dimer-monomer transition (bacterial and archaeal Mre11 are monomeric in absence of Rad50)65,66,85. As 

eukaryotic MRN is activated via CtIP-Nbs1, a possible mode of activation could be suggested, in which 

CtIP-bound Nbs1 stops interacting via the CD to enable Mre11-dimer-monomer transition. Taken to-

gether, the visualized Nbs1 fragment most likely contains most residues that interact with Mre11 and the 
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observed wrapping of the Mre11 dimer could be particularly important for roles in DNA tethering and 

ATM activation. 

3.1.2. The Nbs1 N-terminal domain and higher order oligomers 

The N-terminal domain serves as a phosphopeptide binding scaffold, that recruits among others phos-

phorylated CtIP (section 1.2.3.5.1)50. A crystal structure of the N-terminal FHA, tandem-BRCT domain was 

published with and without bound phosphopeptide107. A refined density for the Nbs1 N-terminus was not 

obtained during cryo-EM processing, possibly because of its small size (<40 kDa) and flexibility.  

However, XL/MS experiments with CtMRN generated some information even for the structurally unre-

solved areas. In general, the XL/MS restraints fitted very well to the cryo-EM data and were used to verify 

the model in lower resolution areas (e.g. CCs). The crosslinks agreed with an extended CC conformation 

which does not argue for elbow elements that appear in structurally similar SMC proteins188. An Al-

phaFold2 model enabled us to visualize the crosslinks of the CtNbs1 N-terminal region to the catalytic 

head (Figure 14). Notably, there are multiple crosslinks of the FHA/tandem-BRCT domain to the side of 

the Rad50 β-sheets. The more flexible N-terminal linker region was not involved in crosslinking, however 

AlphaFold2 predicted a Nbs1 helix (577-604), directly prior to the visible Nbs1 region (605-689). Similar to 

the FHA/tandem-BRCT domain this helix was crosslinking to the Rad50 β-sheets (Figure 14). Intriguingly, 

a low resolution, unassigned cryo-EM density was located near exactly this putative interaction site (Fig-

ure 14). This density could be assigned to the N-terminal Nbs1 domain, the adjacent helix or the C-termi-

nus of Mre11 that heavily crosslinks to the whole Rad50 NBDs. 

The Rad50 β-sheets are an interesting interaction site that are reported to be involved in various functions 

and interactions. Mutation of exposed, hydrophobic residues at this site also reduced the oligomerization 

rate, DNA binding affinity and nuclease rate of the ScMR complex120. It could be assumed that multiple 

MRN complexes interact via the Rad50 β-sheets in a rather unspecific, transient way and the density could 

possibly be assigned to neighboring complexes. Mutation of conserved β-sheet residues also led to a 

chronic ATM-checkpoint activation98. ATM activation is dependent on DNA and notably the ATP-bound 

state of Rad5067. In respect of these findings, it is plausible that either ATM interacts directly or indirectly 

with the Rad50 β-sheets, possibly mediated by multimerization and/or Nbs1. Lastly, several residues at 

the Rad50 β-sheets were identified as site of Rif2 interaction in yeast129. Apart from the proposed desta-

bilization of the DNA-bound state, Rif2 binding could also interfere with MRN regulation by Nbs1 and its 

interactors. Further research will be necessary to clarify how multiple proteins and domains interact with 

this important interaction site to modulate the function of MRN. 
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Figure 14: Nbs1 crosslinks to the MRN catalytic head. The N-terminal Nbs1 (pink) domain (1-345) crosslinks (blue, red distance 
restraints) to the side of the Rad50 (orange, tan) β-sheets. An unassigned, low resolution cryo-EM density was visible at this 
location. CtNbs1 model was calculated with AlphaFold2.  

3.1.3. Dynamics within the MRN catalytic head 

In this study, CtMRN bound to ATPγS adopted a closed rod conformation different from the open ring 

conformation of EcMR-ATPγS (Figure 15)66. The open “resting state” in EcMR can be interpreted as scan-

ning conformation that enables loading onto (blocked) DNA ends. However, the narrow gap between the 

CCs in the rod conformation would prevent loading of blocked DNA ends into the CtMRN complex. In 

biochemical studies we show that CtMRN-ATPγS nevertheless binds linear DNA ends with very high affin-

ity. 

The rod conformation could indicate that eukaryotic MRN is in a more autoinhibited conformation than 

bacterial MR, which is also consistent with previously published data. The eukaryotic MRN complex 

showed only very weak endonuclease activity and required phosphorylated CtIP for its activation50,117. As 

previously discussed, the binding of Nbs1 could promote an inactive state, possibly by stabilizing the 

Mre11 dimer configuration (section 3.1.1). Comparison with the CtRad50NBD-CtMre11RBD-ATPγS complex 

revealed that full engagement of both Rad50 signature motifs with the γ-phosphate promotes opening of 

the CCs (Figure 15C)88. In agreement with this data we found that, upon ATP addition, a small subset of 

particles (20%) had open CCs, similar to the EcMR resting state. In our structure we observed that only 

one signature motif was interacting with the y-phosphate. Intriguingly, 3D variability analysis revealed 
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that the Rad50 protomer that does not interact with the signature motif of the other protomer is in a 

relatively flexible state (Figure 15B, orange Rad50 is flexible, tan Rad50 is rigid). The semi-engaged, asym-

metric Rad50 NBDs could be induced by Nbs1 binding (compare Figure 15A). The Nbs1 residues located 

N-terminally of the CD (Nbs1610-615) interact with the Mre11214-225 loop. This is different in the Nbs1 resi-

dues located C-terminally of the CD (Nbs1687-689), where this interaction is not present and the Mre11216-

225 loop of the other protomer that interacts with a Rad50 helix (Rad501279-1286). The flexible Rad50 pro-

tomer is also the one in which the Mre11214-225 loop interacts with Nbs1 and not with Rad50. It is very 

likely that the Nbs1 interaction with Mre11 induces asymmetry within the MRN catalytic head, which in 

turn promotes the more autoinhibited rod conformation.  

 

Figure 15: Dynamics within the MRN catalytic head. A: Asymmetric Nbs1 binding induces an asymmetric conformation of Rad50 
and Mre11. Mre11214-225 loop interacts with the N-terminal interaction region of Nbs1 (panel left), but not with the C-terminal 
interaction region (panel right), where it interacts with Rad50. B: Binding of Nbs1 induces asymmetry and possibly flexibility 
within the catalytic head. The Rad50 protomer (orange) that shows no interaction with the Mre11214-225 loop (green) is more 
flexible (arrow symbol) than the other protomer (tan, square symbol). ATP is highlighted green and Rad50 signature motif (1206-
1209) in red. The DNA binding site at the base of the Rad50 NBD is highlighted by a green circle. The Mre11 capping domain has 
been removed for visibility. C: Symmetric engagement of the Rad50 signature motifs with ATP forces the CCs in an open con-
formation. Crystal structure (PDB: 5DA9) shows an exposed DNA binding site88. 

Consequently, one could speculate that Nbs1 binding to CtIP promotes the more rigid, ring-shaped con-

formation of Rad50 to enable activation of the MRN complex. Dynamic switching between engaged 

(Rad50NBD crystal structure) and semi-engaged (this study) states is in agreement with studies on archaeal 

MR that show open and partially open CCs189. ATP and DNA binding could stabilize the open conformation 
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with fully engaged NBDs, since DNA ends enhance ATP hydrolysis rate by approx. 10x in human and 

CtMRN96. Thus, it can be assumed that DNA interacts with MRN after ATP-dependent loading on DSBs at 

the DNA-binding site at the Rad50-NBDs, between the CCs. This is in consistency with crystallographic 

data on CtRad50 and archaeal MR as well as cryo-EM data of prokaryotic MR66,88,90. To summarize, Nbs1-

binding could induce an asymmetric, semi-engaged state of the Rad50-NBDs. ATP binding and full-engage-

ment of the NBDs would be required to pry the CCs open and to enable loading of DNA ends.  

3.1.4. DNA-binding activities 

As previously mentioned, the rod-state raised the question whether the canonical DNA binding site at the 

base of the Rad50 NBDs remained accessible and what role ATP/ATPγS plays in DNA binding. Intriguingly, 

it turned out that full-length CtMRN is able to bind DNA, even in absence of ATP/ATPγS, albeit with lower 

affinity. This finding was in contrast to previous work on bacterial and truncated eukaryotic MR com-

plexes65,86,94,95. Different FA plateau values in our analysis hinted towards binding of a second DNA mole-

cule via a second DNA binding site. We identified the eukaryote-specific C-terminal extension as second 

binding site, removal of the Mre11 C-terminus resulted in strictly ATP-dependent DNA binding, similar to 

aforementioned results. Altogether, we show that the DNA-binding properties of eukaryotic MRN are 

more complex than in prokaryotic MR. We revealed that the canonical, conserved DNA binding site is 

strictly dependent on ATP-binding and has high specificity towards DNA ends. An additional, eukaryote-

specific DNA binding site in the C-terminus of ScMre11 has been identified to be important for formation 

of meiotic breaks and chromatin organization190. Our data revealed the function of the C-terminal DNA 

binding site is to bind circular DNA with lower affinity and independent of ATP. We envisioned a model 

with two DNA binding modes that facilitates understanding of the many functions of the eukaryotic MRN 

complex (Figure 16). It seems that MRN, similar to the prokaryotic MR, is loaded onto DNA ends to initiate 

DSB repair/DDR. However, the complex can also bind to internal, undamaged DNA via the Mre11 C-ter-

minus. This, most likely enables the complex to scan intact DNA for DSBs and to function in poorly under-

stood roles in chromatin organization or transcription191,192. 

 

Figure 16: Two modes of DNA binding by the MRN complex. In ATP-independent scanning mode, MRN binds to internal DNA via 
the C-terminus of Mre11. Upon encounter of a DSB, the complex is loaded to the DNA end in an ATP-dependent mode to initiate 
DDR and resection. 
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Several recent studies can be interpreted using a model with separated DNA binding modes. In single-

molecule DNA curtain experiments, MRN was shown to bind DNA ends where it cleaved off Ku70/80 and 

itself in a process that required ATP64. This activity can be attributed to the canonical DNA binding site. 

However, prior to DNA end recognition, MRN was diffusing along internal DNA with ATP-independent 

diffusion coefficients, where it also managed to bypass protein obstacles64. The internal DNA sliding activ-

ity can be attributed to the C-terminus of Mre11, due to the fact that we did not observe binding to linear 

DNA by MRN with truncated Mre11 C-terminus. Another study reported a physiologically occurring trun-

cation of the HsMre11 C-terminus in certain cancer cells that is similar to the truncated construct we 

analyzed92. The authors observed loss of DNA binding and nuclease activities of MRN in vitro and discussed 

beneficial effects of these MRN alterations for cancer cells. However, those activities were exclusively 

assessed in absence of ATP, which could indicate that ATP-dependent DNA end interaction might still be 

intact. Thus, the survival advantage caused by this truncation could maybe better attributed to MRN’s 

DSB repair-independent roles. 

3.1.5. MRN apex domain tethering 

In various studies it has been established that MRN complexes can oligomerize via their apex domains to 

form long, DNA-end tethering assemblies101,103,104,120,180,193,194. The apex domain was crystallized in rod and 

open conformations which fits very well to the ring-rod dynamics observed on the MRN head and CC 

domains (Figure 7). Previously, it was assumed that apex dimerization could be either between the CCs of 

a single MRN complex (intra-complex) or between the CCs from different MRN complexes (inter-com-

plex)194. The inter-complex assembly was thought to explain how two DNA ends are tethered by two MRN 

complexes. However, it remained unclear how the complexes would transition from intra- to inter-com-

plexes and vice versa, a dynamic that has been observed in AFM99,104. In fact, the emerging roles of the 

CCs as chemo-mechanical element as opposed to a mere head-apex linker and the stability of the CC 

interface made such inter-intra transition very unlikely. The most likely function of the apex domains is 

that of a stably associated hinge within an intra-complex that is able to switch dynamically between ring 

and rod state.  

Cryo-EM processing led to a lower resolution density in which two MRN apices dimerized in a rod confor-

mation to join two MRN complexes. This explains that MRN is an intra-complex that can further dimerize 

via the apex domain to form a 120 nm long assembly, able to tether two DNA ends (Figure 17). As the 

tethered apex domains adopt a rod conformation, it seems this allows a functional crosstalk between ATP-

dependent head dynamics and tethering via the apex domain. In Chaetomium thermophilum the apex 

interacts, most likely quite transiently, via a small hydrophobic interface surrounded by salt bridges (Fig-

ure 17B). However, MRN forms large clusters on DNA that are also mediated via head-head interactions 

(Figure 17C), multiple protruding CC rods from different complexes could form multivalent interactions to 

enhance the tethering strength. This would even allow a regulation of tethering strength depending on 

the MRN cluster size. These clusters could also interact with MRN clusters on opposing sister chromatids 

which would explain observed sister chromatid cohesion at DSBs in Saccharomyces cerevisiae192. 
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Figure 17: MRN oligomerizes via different parts of the complex. A: Schematic model to integrate multiple MRN oligomerization 
modes. Head-to-head oligomerization and Apex-Apex tethering could cooperate to enhance tethering strength. B: Apex-Apex 
tethering via the Rad50 Apex domain. The crystal lattice from CtRad50apex in this study suggests a higher order oligomerization 
mode via hydrophobic (F688 highlighted green) and ionic interactions. C: Head-head interactions on DNA-bound Rad50 NBD. 
Conserved ionic interactions were shown to promote Ct and ScRad50 oligomerization and nuclease activity88,120. 

Analysis of the HsRad50 apex crystal structure revealed a similar tetrameric assembly, with mostly ionic 

interactions194. Mutation of the apex tethering interface impaired repair of ROS induced DNA damage and 

homologous recombination in human cells, highlighting its functional significance. Intriguingly, an ATM 

and ATR phosphorylation site (S635, Q636) has been reported which is located in a loop insertion element 

that is part of the apex-apex interface158,159,195. Mutation of this SQ-site affected DSB repair, checkpoint 

activation and survival and did not impair nuclease activity in vitro. Analysis of the apex crystal structure 

revealed that upon phosphorylation, the tethering stability could be increased through interaction with 

basic amino acids on the opposing apex protomer. These results indicate that tethering might even be 

regulated by ATM/ATR in human cells. However, research on Saccharomyces pombe MR found no in-

creased sensitivity towards Camptothecin/Hydroxyurea in chimeric Rad50 protein where the apex domain 

was replaced with a bacterial dimerization domain102. These results and the different dimerization inter-

faces in human and CtRad50 apex domains suggest the functional importance of apex-mediated tethering 

and regulation might differ between species. 
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3.2. Molecular basis of human ATM kinase inhibition 

Upon activation by the MRN complex, ATM is the central signal kinase that initiates the DDR in response 

to DSBs131. ATM also functions outside the nucleus where it is activated in response to oxidative stress149. 

Many mechanistical aspects regarding the activation of ATM and its DNA binding activity remain unclear. 

Previous structures of human ATM had a low resolution in the flexible N-terminal solenoid domain, which 

limits the understanding of this important protein interaction hub150. DDR proteins are a promising target 

in cancer chemotherapy131. However previously no structures of ATM bound to inhibitor molecules were 

available for structure-based drug design. 

3.2.1. The N-terminal solenoid domain 

The N-terminal solenoid domain showed high conformational flexibility in multiple organisms studied, 

however this did not translate to structural rearrangement within the FATKIN domains111,152,154. Binding of 

KU-55933 inhibitor increased the overall rigidity of ATM and thus enabled us to obtain a high-resolution 

EM-density that allowed thorough model building for the entire solenoid region. The high quality of the 

map revealed two previously undiscovered zinc-binding sites in the spiral and pincer domain. These motifs 

are conserved in higher eukaryotes and might serve to stabilize the solenoid domain and/or be involved 

in interaction with the multiple binding partners of ATM. A similar zinc-binding motif that involves cysteine 

and histidine residues was recently discovered in yeast ATR (Mec1), where it might stabilize the interac-

tion with its activator ATRIP (Ddc2)196. The zinc-binding motif in the pincer domain stabilizes a loop that 

harbors a residue (T1880R) which is a hotspot cancer mutation and a residue that was shown to be in-

volved in ATM activation197,198. This could hint binding of an interactor to or near this site.  

Several studies showed that ATM has DNA binding properties, and biochemical assays revealed that fungal 

ATM solenoid domain alone has the ability to bind DNA67,111,152. Similar to the whole ATM kinase, the 

solenoid domain had higher affinity towards longer DNA stretches and for ATM activation, no DNA ends 

were required67,111. Taken together, the DNA binding activity might be needed to enable the formation of 

the MRN-ATM-DNA complex that promotes ATM activation, but most likely it is not needed to detect DNA 

structures (e.g. DNA ends, nicked DNA)152. A surface map, calculated from our atomic model, revealed 

positively charged patches at the N-terminal, conserved TAN motif (Figure 18). The TAN motif was shown 

to be involved in DNA damage signaling and telomere maintenance and is the only conserved region in 

the otherwise variable solenoid domain199. Intriguingly, mutated TAN showed reduced recruitment of 

ATM to DSB lesions, this could hint an involvement in DNA dependent MRN-ATM interaction199. The TAN 

motif also harbors an important cancer mutation (R23Q)200. This mutation reduces the positive surface 

charge which possibly influences DNA binding affinity. 
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Figure 18: Model and calculated surface potential of N-solenoid and TAN motif. The N-terminal solenoid (blue) and the TAN 
motif (golden) show a positive surface charge (blue). The cancer mutation R23Q (green) reduces the positive surface charge. 

3.2.2. The kinase domain and its regulation 

Structures of ATM, including ours, showed the kinase to be in an autoinhibited dimeric form which is 

accordance to previous biochemical studies (Figure 19A)150–155. Similar to other high-resolution cryo-EM 

structures of the ATM kinase domain, our structure shows how access to the kinase active site is blocked 

by the PRD150–154. Apart from the restricted access by the PRD, the kinase active site seems to be in a 

catalytical competent conformation. Alignment of the inhibited ATM kinase active site with that of the 

SMG1-8-9 complex, bound to its activator UPF1, shows how Q2971 mimics the SQ/TQ substrate glutamine 

(Figure 19B)201. The PRD is locked into position by the TRD3 CCs of the of the other protomer in all dimeric 

structures (Figure 19A, green). In a low resolution cryo-EM structure of monomeric ATM, this TRD3 is not 

present which would enable a downward shift of the PRD156. Thus, the PRD blockage is removed which 

would explain how ATM is activated upon monomerization (Figure 19C). However, the structural evidence 

for this mode of activation is fairly weak, given the low resolution of the monomeric structure (7.8 Å). 

Dimeric ATM structures, especially from heat-tolerant model organisms, showed extensive hydrophobic 

interfaces at the TRD2-TRD2 dimer interface (Figure 19A)152. Even though biochemical evidence for dimer-

monomer transition has been published, large structural rearrangements would be required to shield the 

hydrophobic patches202.  

Apart from the strong dimer-interface, two additional observations could indicate the activation of ATM 

does not require monomer-dimer transition. At first, the high conformational flexibility in the N-terminal 

solenoid domain. In some asymmetric dimer structures, the PRD was distorted which might indicate a 

more active conformation and explain the low basal kinase rate of ATM150,153. It is also very likely that 

either PTMs or binding of interacting proteins (e.g. Nbs1) that modify the N-solenoid, translate to stabili-

zation of an active kinase conformation. Secondly, the location of the PTMs that are required for ATM 

activation. Upon recruitment of ATM to DSBs by the MRN complex, the activation process requires auto-

phosphorylation of at least five sites (S367, S1885, S1893, S1981, S2996) and Tip60-dependent acetylation 

at K3016198. Intriguingly, all phosphorylation sites are located at flexible, exposed loops that were not 
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structured in our map (Figure 19A, red). As the phosphorylation sites are not located near the dimer in-

terface or the PRD helices that phosphorylation most likely does not directly translate to dimer dissocia-

tion or other substantial conformational rearrangements. The effect of the phosphorylation could rather 

promote or regulate the binding of activating interactors. In contrast, the acetylation site at K3016 is lo-

cated directly in a PRD helix where it possibly weakens ionic interactions to promote PRD removal. 

 

Figure 19: The ATM kinase and its regulation. A: Human ATM is an autoinhibited dimer with characteristic PIKK domain archi-
tecture. Auto-phosphorylation sites that promote ATM activation are located in flexible loops (red, S367, S1885, S1893, S1981, 
S2996), an acetylation site is located in the conserved PRD helix (red, K3016) and is modified by the Tip60 acetyltransferase. B: 
Q2971 located in PRD (pink) imitates substrate glutamine and interacts with the backbone of the kinase C-lobe (dotted lines). 
Superimposed substrate-bound (green, UPF1-substrate) SMG1 (grey, PDB-ID: 6Z3R) and KU-55933 bound ATM (colored) kinase 
active site. C: In monomeric ATM the TRD3 CCs (green) from the other protomer (grey) do not stabilize the PRD helices (pink) that 
restricts active site access. 

Cryo-EM studies on mTOR1 revealed that binding of its activator RHEB to an area distant of the active site 

caused global conformational changes within the protein complex203. These conformational changes 

caused allosteric realignment of the active site residues to a more active conformation203. A structure of 

an Nbs1-peptide, bound to the ATM N-solenoid did not show significant active site changes (Figure 11)111. 

However, biochemical analysis showed that for full activation Rad50, DNA and either Mre11 or Nbs1 are 

required67. Up to date, the structural insights into ATM activation are limited and a full structure of ATM 

and MRN would be required to understand how this important cellular process is initiated. 
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3.2.3. Molecular basis of ATM-inhibitor potency and selectivity 

ATM is a promising target for cancer therapy given its central role in DDR signaling (section 1.3.2). The 

rationale in targeting ATM is either to increase the cellular sensitivity towards IR or DNA-damaging agents, 

or to induce synthetic lethality by co-treating cells with PARP- or ATR-inhibitors (section 1.3.2.2). The first 

known PIKK-inhibitors Caffeine and Wortmannin are natural secondary metabolites with low potency 

(Caffeine) and specificity (Wortmannin)204,205. Initial ATM-specific inhibitor (KU-55933) was identified only 

by compound library screens given the lack of structural data206. Although highly specific, the high lipo-

philicity of KU-55933 prevents therapeutic usage131. In subsequent research, this inhibitor has been used 

as lead structure and its pharmacokinetic properties were improved by functionalization172,207. More re-

cently, ATM-inhibitors based on new lead structures were developed (AZD0156, AZD1390)177,178. We pro-

vide the first high-resolution structure of KU-55933 bound to the ATM kinase active site. In addition, we 

obtained high-resolution structures of the ATM kinase bound to ATPγS and the inhibitor M4076. The 

ATPγS-bound active site showed ATM in an ATP-state and revealed the binding modalities of two struc-

turally diverging, ATP-competitive inhibitors.  

M4076 was developed by Merck KGaA as a highly-potent and selective ATM inhibitor with a novel lead 

structure and is currently (24.05.2021-01.08.2022) in phase 1 clinical studies for treatment of advanced 

solid tumors (ClinicalTrials.gov Identifier:  NCT04882917). In our study M4076 shows extremely high po-

tency (IC50 = 0.2 nM), which is significantly higher than KU-55933 (IC50 = 7.5 nM) and also higher than that 

of other inhibitors in clinical phase 1 studies (AZD0156 IC50 = 0.6 nM, AZD1390 IC50 = 0.8 nM)177,178. Com-

parison of the ATM kinase active site bound to ATPγS, KU-55933 and M4076 explains the molecular rea-

sons for the increased potency of the latter inhibitor (Figure 20). While both inhibitors bind to the active 

site mostly via hydrophobic interactions, the M4076 inhibitor forms extensive aromatic stacking interac-

tions with W2769. W2769 is the conserved residue that does a similar interaction with the aromatic purine 

ring system of the ATP cofactor. The KU-55933 inhibitor has a heterocyclic thianthrene moiety that is bent 

by a 128° angle which prevents comparable planar stacking interactions. Similar to M4076, the AZD0156 

and AZD1390 have a central planar quinoline aromatic ring system which most likely enables the same 

stacking interactions. An interaction between C2770 and the KU-55933 morpholine oxygen atom leads to 

a slight outwards shift of the entire hinge region. The M4076 inhibitor does not cause this conformational 

change, thus the active site resembles more the ATP-bound state. Similarly, the methoxypyridine ring in 

M4076 imitates the ATP ribose. 

Biochemical data confirms high selectivity of both inhibitors. The IC50 values of all PIKK members as well 

as downstream kinase CHK2 is at least 150x higher for both inhibitors. Comparison of the ATM active site 

with that of other PIKK family members reveals how the inhibitors selectively inhibit ATM. The PIKK family 

has a very highly conserved kinase domain, however several unconserved residues interact with the in-

hibitors and prevent binding to other PIKK members. Most importantly, residue A2693 is in direct van der 

Waals contacts with the M4076 methoxy functional group. This residue is replaced with bulkier, hydro-

phobic residues in other PIKKs.  
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Figure 20: ATM kinase active site bound to ATPγS, KU-55933, M4076. Residues in proximity and/or contact of inhibitors are 
labelled. Kinase domain N-lobe colored in golden, C-lobe in orange. 
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