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Summary 

Our DNA is constantly subjected to various types of endogenous and exogenous agents and 

cellular processes that cause different sorts of DNA damages. DNA double strand breaks 

(DSBs) are one of the most dangerous kinds of DNA damage as they can result in chromosomal 

rearrangements and cell death. To avert the consequences of persistent DNA DSBs, cells have 

developed two basic repair mechanisms: non-homologous end joining (NHEJ) and 

homologous recombination (HR). NHEJ involves direct ligation of two broken DNA ends. 

This pathway is active throughout the cell cycle and is the predominant way to eliminate DSBs 

in mammalian cells, however, it can occasionally lead to loss of genetic information. HR is a 

more complex and highly accurate process. It is limited to S/G2 phases of the cell cycle as it 

requires a homologous DNA sequence to act as a template for synthesis-dependent repair.  

The evolutionarily conserved Mre11-Rad50-Nbs1 (MRN) complex plays a key role in the 

initial recognition, processing and signaling of DNA DSBs. It also functions in DNA tethering 

and telomere maintenance. The MRN complex is composed of two meiotic recombination 11 

(Mre11), two SMC-like ATPase (Rad50) and one Nijmegen breakage syndrome protein (Nbs1) 

subunits. Mre11 is a manganese dependent endonuclease and 3’-5’ exonuclease. Rad50 

consists of a bipartite nucleotide binding domain (NBD) and up to 50 nm long coiled-coils that 

terminate with a zinc-hook. Eukaryote specific Nbs1 acts as a regulator and protein recruitment 

module of the MR complex. Ataxia telangiectasia mutated (ATM) kinase is one of the proteins 

recruited by Nbs1 and is responsible for initiation of the DSB signaling cascade.  

ATM is a member of the phosphoinositide 3-kinase related kinases (PIKK) family. Most 

PIKKs are involved in cellular responses to various stresses. ATM, like all members of the 

PIKK family, has a C-terminal kinase domain, which shares significant homology with the 

catalytic domain of PI3-lipid kinases. The catalytic domain of ATM is surrounded by 

regulatory domains that link kinase to a large N-terminal HEAT-repeat domain. The latter acts 

as a scaffolding platform for interacting proteins. ATM resides in the nucleus as an 

autoinhibited dimer, but gets rapidly activated by the MRN complex following detection of 

DNA DSB. Activation of ATM is postulated to involve an autophosphorylation-induced 

change in conformation, or monomerization. Due to the key role that ATM plays in responding 

to DNA DSBs, this kinase has become a target for anticancer drug development.  

A few decades of research on MRN complex and ATM kinase have led to a better 

understanding of structural features and functions of these proteins. However, some important 

questions remain to be answered. Regarding MRN, the structure of the full-length eukaryotic 

complex is still missing; especially the function of Rad50 coiled-coils and Nbs1 remains poorly 

characterized. A high-resolution structure of human ATM, which could aid structure-based 

drug design, remains to be solved. Due to the shape and size of MRN and ATM, structural 

studies of full-length proteins by X-ray crystallography were not successful.  
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The first part of this thesis focuses on structural studies of Tel1, a fungal ATM ortholog from 

Chaetomium thermophilum (ct), and human ATM. The first near-complete high-resolution 

structure of Tel1 was determined using cryo-electron microscopy (cryo-EM), with the kinase 

domain at 2.8 Å and overall structure including N-terminal HEAT repeat domains at 3.7 Å. 

The well-resolved ATPS-bound active sites revealed that catalytic residues are in the active 

conformation, but the kinase stays in the autoinhibited state. The PIKK regulatory domain acts 

as a pseudo-substrate and blocks a direct access to the active site. Using cryo-EM, structures 

of human ATM with ATPS and chemically diverse ATM inhibitors KU-55933 and M4076 

were solved to below 3Å resolution. These structures revealed the inhibited conformation of 

ATM active site and explained inhibition and selectivity profiles of kinase inhibitors based on 

their binding modes. The N-terminal HEAT repeat domains of human ATM were built at high 

resolution for the first time exposing two zinc-binding motifs.  

In the second part of this thesis the structural and biochemical data of ctMRN is presented. The 

combination of cryo-EM, X-ray crystallography and AlphaFold2 led to a near complete 

structure of full-length ctMRN, which was validated by crosslinking mass spectrometry. This 

structure clarified the overall architecture of eukaryotic MRN, expanded the knowledge on the 

structure of Nbs1 and revealed the conformation of Rad50 coiled-coils in the “resting” state. 

In agreement with cryo-EM density, the crystal structure of the tetrameric Rad50 zinc-hook 

revealed a molecular basis for the DNA tethering by MRN. In addition, structure-based 

mutations of hsRad50 zinc-hook indicated a requirement for zinc-hook tetramerization to 

perform efficient DNA repair in human cells. The results of DNA binding assays allowed us 

to conclude that ctMRN possesses two DNA binding sites, which show different ATP 

dependency and DNA topology preference.  

Taken together, the work described in this thesis provides new insights into the molecular 

architecture and regulation of the ATM kinase and the MRN complex.  

 

 

 

 

 

 

 

 



 3 

1. Introduction 

1.1 DNA damage  

 

Deoxyribonucleic acid (DNA) is a hereditary molecule that stores genetic information in all 

known organisms and many viruses. DNA is susceptible to chemical modifications by various 

sources of DNA damaging agents (see section 1.1.1 for sources of DNA damage). Additionally, 

regular cellular processes, such as replication, can alter the genetic code1. On one hand, 

mutagenesis plays a crucial role in the generation of diversity needed for evolution. On the 

other hand, changes in DNA can lead to disadvantageous mutations resulting in cell death or 

disease development. Therefore, DNA damage repair (DDR) mechanisms have evolved to 

protect the integrity of the genome2.  

As sources of exogenous and endogenous DNA damage are very diverse (section 1.1.1), they 

lead to a variety of DNA aberrations ranging from simple base modifications to DNA double-

strand breaks (DSBs)1. Hence, different types of DDR mechanisms are needed to eliminate the 

individual damage (Figure 1). Base excision repair (BER) functions in removal of endogenous 

DNA damage, such as deamination, alkylation, oxidation, depurination and single-strand 

breaks (SSBs)3. Nucleotide excision repair (NER) is responsible for eliminating helix-

distorting DNA lesions that are mainly caused by exogenous mutagens. For instance, UV 

radiation induced pyrimidine dimers and bulky DNA adducts formed by mutagenic chemicals4. 

Mismatch repair (MMR) removes errors from newly synthesized DNA leading to increased 

fidelity of DNA replication5. The repair of DNA strand breaks is mediated by SSB repair or 

DSB repair pathways depending on the extent of the damage. There are two main pathways for 

DSB repair: non-homologous end joining (NHEJ) and homologous recombination (HR) (see 

sections 1.2.1 and 1.2.2)6,7. In addition, a few specific DNA lesions can be eliminated by direct 

reversal, like photolyase-mediated reversal of UV-induced cyclobutane pyrimidine dimers8.  

Unrepaired DNA damage can cause stalled replications forks, which can be overcome by 

translesion synthesis (TLS). This process uses specific TLS polymerases that are less strict in 

their base-pairing requirements and, therefore, can replicate damaged DNA. In this case the 

avoidance of deleterious consequences of stalled replication forks is associated with an 

increased risk of mutagenesis because TLS polymerases are error prone9.  

DNA damage accumulates over time and many DNA lesions are tolerated by the cell. 

Nevertheless, there is an alternative cellular strategy for coping with DNA lesions, that cannot 

be repaired and are too severe to be tolerated, known as DNA damage-induced cell death. This 

acts as a protective mechanism against genomic instability that could lead to cancer 

development10.   
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Figure 1. Overview of different types of DNA damage and repair pathways used for 

damage elimination. Top labels indicate endogenous and exogenous sources of DNA damage 

with types of DNA damage that can be generated. Latter are also illustrated in a schematic 

DNA structure. Bottom labels name the pathways of DNA damage repair that are used to 

eliminate respective types of DNA damage.  

 

Cancer and various other diseases are linked to dysfunctional DNA repair machinery. Fast 

accumulation of unrepaired DNA damage and failure for all damaged cells to undergo 

programmed cell death cause genomic instability and cancer. This was first observed in skin 

cancer cases, in xeroderma pigmentosa patients that have a dysfunctional NER pathway11. 

Excessive DNA damage is also associated with neurodegenerative disorders like Alzheimer’s 

and Parkinson’s as well as ageing12.  

Dysfunctional DDR in cancer cells can render them hypersensitive to genotoxic agents as 

accumulating damage can eventually trigger cell death. Hence, ionizing radiation (IR) and 

chemotherapeutic agents are used as primary anti-cancer therapies13. The efficiency of these 

therapies is increased by combining them with inhibitors of DDR, based on the concept of 

synthetic lethality, where simultaneous targeting of two genes in the same pathway is lethal14.  

Studies of the DDR machinery are crucial for understanding mechanisms of DNA repair and 

causes of various human diseases allowing development of more effective treatments.   
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1.1.1 Sources of DNA damage  

 

Sources of DNA damage can be divided into two main classes: endogenous and exogenous. 

The latter includes environmental, physical and chemical agents that can affect DNA integrity. 

For instance, UV and IR, alkylating and crosslinking agents. On the other hand, the main 

endogenous sources are water and reactive oxygen species (ROS) that can lead to hydrolytic 

and oxidative DNA damage, respectively1.  

IR is a term that encompasses multiple different types of high-energy radiation including alpha-

, beta- and gamma-radiation, and X-rays. IR can damage the DNA directly or indirectly by 

radiolysis of water and generation of highly reactive hydroxyl radicals15. Roughly 65% of 

radiation-induced DNA damage comes from hydroxyl radicals and results in a variety of base 

lesions16. In addition, IR can cause SSBs with unique 3’-phosphate or 3’-phosphoglycolate 

DNA ends and DSBs resulting from closely positioned multiple damage sites on both DNA 

strands16,17. UV radiation is another exogenous source of DNA damage and is a leading cause 

of skin cancer in humans. UV damages DNA by inducing formation of covalent linkages 

between two adjacent pyrimidines that can cause distortion of the DNA helix1.  

Alkylating agents are exogenous chemicals that can modify DNA with alkyl groups having 

mutagenic and carcinogenic effects. These chemicals are highly abundant in our environment; 

can be found in food and tobacco smoke1. They are also used as chemotherapeutic agents, for 

instance, cyclophosphamide is used to treat lymphoma, leukemia and solid tumors18. 

Crosslinking agents, like psoralen, can cause damage by intercalating into DNA and forming 

inter-strand crosslinks upon photoactivation1. Another type of DNA-damaging environmental 

chemicals are polycyclic aromatic hydrocarbons (PAHs) that are commonly found in charred 

foods, tobacco smoke and car exhaust19. The DNA-reactive intermediates of PAHs are 

generated in the liver by the P-450 system. These intermediates can intercalate into DNA and 

form carcinogenic DNA adducts1.  

Some toxins produced by microorganisms and fungi as a defense mechanism have DNA-

damaging modes of action. For instance, aflatoxin B1 is a very strong liver carcinogen. This 

toxin gets metabolized in the liver leading to the formation of its active form, which causes 

depurination by weakening the glycosidic bond20.  

One of the main endogenous sources of DNA damage is replication. Each time cell divides it 

has to make a copy of its whole genome and errors can occur resulting in DNA damage. The 

high-fidelity replicative polymerases ( and ) have 3’-5’ exonuclease (proofreading) activity 

and a low error rate. However, there are more polymerases that synthesize DNA during 

replication and repair without proofreading, like Pol and Pol21. Resulting errors can be single 

base substitutions, deletions and insertions. In addition, strand slippage at repetitive sequences 

can lead to more extensive insertions and deletions resulting in alterations of the reading 
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frame1. All these errors, if they remain unrepaired, can give rise to mutations in the next round 

of replication. Another endogenous source of DNA damage linked to protein activity is 

topoisomerases (TOPs), which function to remove helical DNA tension during replication and 

transcription22. TOP activity involves formation of a DNA nick and TOP-DNA intermediates. 

In some cases (e.g., in the presence of nicks, mismatches) the intermediate gets trapped 

resulting in DNA damage known as suicidal complex1.  

In human cells, one of the major causes of spontaneous mutagenesis is base deamination.  This 

process results in DNA bases cytosine, adenine, guanine and 5-methyl cytosine becoming 

uracil, hypoxanthine, xanthine and thymine, respectively. Hence, in the first round of 

replication following base deamination a wrong base pairing occurs resulting in point 

mutations1. Base deamination occurs more frequently when DNA is single-stranded and, 

therefore, is linked to replication, transcription and recombination, that involve single-stranded 

DNA steps23. DNA bases can also be damaged by their cleavage from the sugar-phosphate 

backbone creating an abasic site. This can be caused by spontaneous hydrolysis or as an 

intermediate of the (base excision repair) BER pathway24.  

ROS are the byproducts of cellular respiration in mitochondria and peroxisomal metabolism25. 

Excessive intracellular amounts of ROS can cause different sorts of oxidative base lesions and 

2-deoxyribose modifications26. The most reactive type of ROS is the hydroxyl radical, that is 

able to damage not only DNA, but also proteins and lipids. Regarding DNA damage, hydroxyl 

radicals can react with DNA bases by abstracting hydrogens from their methyl groups, 

attacking nearby sugar residues and adding to their double bonds1. In addition, oxidation of 

lipids by hydroxyl radicals can form aldehydes that react with adenine, guanine and cytosine 

forming mutagenic adducts27. ROS can also damage the DNA backbone by introducing SSBs28. 

There is a link between high intracellular levels of ROS, and therefore excessive amounts of 

DNA damage, and human diseases, like Alzheimer’s, Parkinson’s and cancer29.   

Abnormal DNA methylation can also be damaging by introducing point mutations. For 

instance, O6-methylguanine (O6MeG) leads to transition from G:C to A:T as there are equal 

chances that DNA polymerase inserts cytosine and thymine opposite the  O6MeG30. 

Endogenous sources of DNA methylation include betaine, choline and S-adenosylmethionine. 

The latter is used as a methyl donor during normal methylation reactions, but it can 

spontaneously methylate adenine and guanine1.  

 

1.1.2 DNA double strand breaks  

 

DNA DSBs are considered to be the most genotoxic type of DNA lesions. If misrepaired, DSBs 

may lead to chromosomal translocations that can cause fusion of genes or altered gene 

expression in some cases resulting in cancer. If unrepaired, DSBs can result in cell death31.  
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The most prominent external source of DSBs is IR, which can induce closely positioned SSBs 

on both DNA strands. DSBs can also be caused by DNA exposure to chemotherapeutic 

agents32. For instance, TOPII inhibitor etoposide traps covalently linked DNA-TOPII 

intermediate after TOPII induced DSB33.  

A large number of DSBs are linked to DNA replication, where such breaks can arise by 

processing of stalled replication forks32. These can form when replication machinery 

encounters unusual DNA and chromatin structures or collides with DNA-binding proteins or 

transcription process. There are a few explanations for replication associated DSBs. Cells aim 

to eliminate stalled replication forks by using pathways that involve endonucleolytic cleavage 

and fragile DNA structures. In addition, stalled replication forks form persistent single-

stranded DNA, which is exposed to endonucleases and prone to spontaneous breakage upon 

prolonged stalling resulting in DSBs34.  

Interestingly, not all DNA DSBs are unwanted consequences of DNA damaging agents or 

dysfunctional cellular processes. Programmed site-specific DSBs are required by several 

cellular processes.  

 

1.1.3 Programmed DNA double strand breaks  

 

Even though DNA DSBs are one of the most genotoxic types of DNA lesions, they are used 

by several physiologically and developmentally important processes and subsequently 

repaired32.  

In mammals, DSBs are used to initiate V(D)J recombination. B and T lymphocytes use B-cell 

and T-cell receptors, respectively, to recognize foreign pathogens. In order to recognize a large 

number of pathogens, a diversity of these receptors is required and is achieved by the V(D)J 

recombination. This process assembles previously scattered Variable, Diversity and Joining 

gene segments using a specialized somatic DNA rearrangement, which is initiated by the RAG 

protein complex induced DNA DSBs35. The resulting damage is often repaired by a regular 

DSB repair pathway of NHEJ (see section 1.2.1)36. 

DSBs are also important intermediates during the class switch recombination (CSR). There are 

five different classes of antibodies (IgM, IgD, IgG, IgA and IgE) that are identified by the 

different heavy-chain constant regions, which have different effectiveness against different 

pathogens37. Naïve B-cells express IgM and IgD antibodies, but depending on the encountered 

pathogen a specific type of antibody could be more effective. CSR exchanges the constant 

region of an antibody without altering the antigenic specificity. CSR involves deamination of 

cytosines in two switch regions upstream of the constant regions, generating uracil, which are 

recognized by the MMR and BER repair pathways and converted to DSBs37,38. DSBs are 
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repaired by classical or alternative NHEJ pathways omitting DNA between the switch regions 

(see section 1.2.1)37.   

Meiotic recombination is another cellular process that involves formation and repair of DNA 

DSBs. Meiosis is a special type of cell division that involves two rounds of chromosome 

segregation and generates haploid cells from diploid progenitors. The first round of meiosis is 

responsible for segregation of homologous chromosomes39. Meiotic recombination is used to 

connect maternal and paternal chromosomes to one another during prophase I and assure 

accurate chromosome segregation40. This recombination is initiated by topoisomerase-related 

Spo11, which catalyzes the creation of DSBs via formation of a covalently linked Spo11-DNA 

intermediate41. This structure gets recognized and repaired by HR factors (see section 1.2.2). 

Contrary to a regular HR pathway where sister chromatids are used as templates for repair, in 

this case recombination often occurs between homologs. Thus, meiotic recombination can lead 

to exchange of genetic information between maternal and paternal chromosomes40.  

 

1.2 DNA double strand break repair  

 

In order to circumvent deleterious consequences of persistent DNA DSBs, cells have evolved 

intricate DNA repair mechanisms. These are conserved from bacteria to eukaryotes and share 

key events: sensing of the DSB, signaling of the damage to the cell and repair of the lesion. 

The two main pathways are template independent and mutagenic classical NHEJ (c-NHEJ), 

and template dependent and non-mutagenic HR7,42. A third pathway is an alternative-NHEJ 

(alt-NHEJ), which is even more error prone than c-NHEJ, but needed in cases when other 

pathways fail42.  

The importance of DNA DSB repair pathways is highlighted by the fact that defects in these 

pathways lead to severe outcomes ranging from embryonic lethality to disorders with 

pleiotropic features43.   

 

1.2.1 Non-homologous end joining  

 

In mammals, NHEJ is the predominant pathway for the DNA double strand break repair. It 

involves recognition of broken ends, DNA end resection to generate microhomology or remove 

chemical modifications, and direct ligation6. Due to loss of genetic information during the 

process and lack of a template, NHEJ is a mutagenic pathway44. NHEJ can be divided into two 

sub-pathways; c-NHEJ and alt-NHEJ, as well as microhomology mediated end-joining 

(MMEJ)) (Figure 2). The composition of the DNA ends determines which of the NHEJ sub-
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pathways is able to join the broken ends. C-NHEJ does not depend on microhomology, while 

alt-NHEJ requires 2-20 nucleotides microhomology and therefore a more extensive processing 

of the DNA ends6.  

The initial step in c-NHEJ is the recognition of the DSB by Ku70/80 heterodimer and 

recruitment of DNA-dependent protein kinase catalytic subunit (DNA-PKcs) to form a DNA-

PK complex (Figure 2)45–47. This complex acts as a binding platform for other proteins involved 

in joining of DNA ends. Depending on the nature of the DNA ends, they are made suitable for 

ligation by minimal end resection or gap filling48. Artemis is a NHEJ specific nuclease, which 

can remove overhangs and hairpins that cannot be used for direct ligation49. Polymerases λ and 

µ (members of the Polymerase X family) can fill-in nucleotides at overhangs and extend DNA 

ends generating microhomology, respectively, making ends compatible for ligation50,51. Once 

processing of DNA ends is finished, they are ligated by DNA ligase IV in complex with X-ray 

repair cross-complementing protein 4 (XRCC4)52. The ligase activity is aided by XRCC4-like 

factor (XLF) 53. In cases when no DNA end processing is required, DNA ligase IV and XRCC4 

recruited by DNA-PK complex are sufficient to repair DSBs48.  

 

The alt-NHEJ is more error prone than c-NHEJ pathway of DNA DSB repair and is considered 

to be a major source of genomic instability and acts as a backup42. The alt-NHEJ requires 2-20 

nucleotides microhomology and 3’ overhangs6. Proteins involved in initial stages of alt-NHEJ 

are poly ADP-ribose polymerase 1 (PARP1), MRN and CtBP-interacting protein (CtIP) 

(Figure 2)54–56. After DNA end processing, which could also be a part of failed HR or c-NHEJ, 

the 5’ strand is further resected by ERCC1/XPF57. Subsequently, polymerase θ extends DNA 

from the site where two 3’ overhangs are held together by microhomology using the other 

strand as a template58. Eventually, the resulting nicks are re-ligated by DNA ligase I or ligase 

III/XRCC159.  
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Figure 2. Overview of c-NHEJ and alt-NHEJ pathways of DSB repair. On the left, in c-

NHEJ DNA ends are detected by Ku70/80 heterodimer leading to recruitment of DNA-PKcs 

and other factors involved in end processing and ligation. End processing involves addition 

and/or removal of nucleotides resulting in diverse DNA sequences at the repair site. On the 

right, in alt-NHEJ DNA ends are recognized and processed by PARP1 and MRN-CtIP complex 

generating 3’ overhangs. Further processing can reveal microhomology, which keeps the 

strands together allowing gap filling and ligation.  
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1.2.2 Homologous recombination  

 

HR is an evolutionarily conserved pathway that catalysis the exchange of genetic information 

between DNA molecules and is known to function in meiosis, horizontal gene transfer, rescue 

of collapsed or stalled replication forks and DNA DSB repair60. Hence, HR contributes to 

maintenance of genome integrity and enhancement of genetic diversity. In DSB repair, HR 

provides an error-free repair pathway as it proceeds after DNA is replicated and an intact copy 

can be used as a template. The canonical HR involves: detection of the DSB, initial short-range 

processing of broken ends, long-range processing and resection to generate a 3’ strand 

overhang, strand invasion, ssDNA pairing with the homologous donor DNA, formation of 

synaptic complex, DNA synthesis, migration of displacement loop and holiday junction (HJ), 

resolution of HJ and nick ligation (Figure 3)7.  

In eukaryotes, DSBs are sensed by the MRN (Mre11-Rad50-Xrs2 (MRX) in Saccharomyces 

cerevisiae)61. MRN subsequently recruits ATM kinase, which gets activated at the site of the 

damage and phosphorylates a large number of substrates promoting efficient DNA repair and 

coordinating DNA repair with other DNA metabolic processes, e.g., replication and mitosis62. 

Together with CtIP (Ctp1 in S.pombe, Sae2 in S. cerevisiae), MRN is responsible for the initial 

5’ strand resection at the broken ends63.  At first, it was not clear how the MRN complex with 

3’-5’ exonuclease activity could generate 3’ overhangs64. It is now understood that MRN-CtIP 

performs an endonuclease cut of the 5’strand in the proximity of DNA ends and resects towards 

the DSB65–67. In addition, CtIP functions in the recruitment of breast cancer 1 (BRCA1) factor, 

which functions in further HR stimulation68.  

The initial short-range processing is followed by extensive 5’ strand resection. This process is 

carried out by the helicase Bloom syndrome protein (BLM) in complex with either exonuclease 

1 (Exo1) or DNA2 nuclease69. The resulting long ssDNA fragment is immediately coated by 

replication protein A (RPA), which is later replaced by Rad51 forming a recombinogenic 

filament70. The RPA to Rad51 exchange is mediated by multiple proteins with a crucial role 

played by BRCA2, which displaces RPA and recruits Rad5171. BRCA2 also functions in 

blocking Rad51 ATP hydrolysis and maintaining the active ATP-bound Rad51-ssDNA 

nucleofilament71.  
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Figure 3. Overview of the canonical HR pathway of DSB repair. DSB formation is followed 

by DNA end recognition and processing resecting 5’ strand. Generated 3’ overhangs are coated 

by RPA and then Rad51 forming a recombinogenic filament that can search for homology and 

invade a homologous donor. The 3’ end of the invading strand within the D-loop can serve as 

a primer for DNA polymerase, which copies information from the donor strand. Subsequent 
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ligation may lead to formation of double HJs, which are commonly resolved by the BTR 

complex. In other cases, nuclease and ligase activity is needed.  

 

The Rad51 nucleofilament scans for a homologous DNA sequence. Once the target sequence 

is located, Rad51 mediates DNA strand invasion; complementary DNA strand gets displaced 

forming a displacement loop (D-loop) structure72. Rad51 dissociates from the invading DNA 

strand exposing a 3’ DNA end, which can prime DNA synthesis mediated by polymerase η73. 

This process is followed by ligase I mediated DNA ligation and generation of a four-way 

branched DNA structure known as a Holliday junction (HJ)74. Depending on the type of 

recombination that occurs, single or double HJ intermediates can be formed and it is crucial to 

resolve them to achieve a proper chromosome segregation. Double HJs are primarily resolved 

by the BLM helicase-TopoisomeraseIIIα-RMI1-RMI2 (BTR) complex and result in non-

crossover products. Single HJs are predominantly resolved by structure-selective 

endonucleases called HJ resolvases leading to either crossover or non-crossover products75. 

 

1.2.3 Repair pathway choice  

 

The choice of DSB repair pathways is highly regulated by the cell cycle. The occurrence of 

HR is restricted to late S and G2 phases, when a template strand is available76. On the other 

hand, NHEJ can proceed throughout the most of the cell cycle. Classical HR and NHEJ 

pathways are both limited during mitosis, when a less understood mechanism of DSB 

elimination involving factors from both repair pathways is thought to take place77. The master 

regulators of DNA repair pathways are cyclin-dependent kinases (CDKs), activity of which 

rises progressively from entry into S phase until mitotic entry 76. The main process that commits 

DSB repair to the HR pathway is the long-range resection of 5’ strands78. Hence, rising levels 

of CDK activity in S phase result in phosphorylation and activation of enzymes promoting 

resection and HR, e.g. BRCA1, Nbs1, CtIP and Exo1 (Figure 4)79–81. While BRCA1 works to 

promote HR, 53BP1 functions to recruit factors involved in blocking DNA end resection (PTIP 

and RIF1) and moves repair pathway towards NHEJ 76,82. Hence, for HR to be activated in 

S/G2 phases, the end protection activity of 53BP1 has to be weakened by processes involving 

BRCA1.  

As a result of the cell cycle dependent regulation of DSB repair, NHEJ is a predominant 

pathway throughout the cell cycle with HR occurrences rising in the presence of a DNA 

template76.  
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Figure 4. The timer model of cell cycle dependent activation of DSB repair by HR. The 

activity of CDKs progressively rise during the S phase, leading to phosphorylation and 

activation of factors, like Nbs1, CtIP and Exo1, stimulating resection and HR progression.  

 

1.3 The MRN complex  

 

The eukaryotic MRN complex is composed of three components: meiotic recombination 11 

(Mre11), radiation sensitivity 50 (Rad50) and Nijmegen breakage syndrome 1 (Nbs1, also 

known as NBN or nibrin, X-ray sensitive 2 (Xrs2) in yeast). Both Mre11 and Rad50 are 

evolutionarily conserved and can be found in organisms ranging from bacteria to humans, and 

even viruses83,84. On the other hand, Nbs1 is only found in eukaryotes85. The stoichiometry of 

the complex is also conserved; dimeric Mre11 interacts with dimeric Rad50 and, in eukaryotes, 

a single Nbs1 binds to the core hetero-tetramer63,86.  

The MRN complex functions in different cellular processes, one of them being DNA DSB 

repair. The MRN is involved in detection of DNA damage as well as initial processing of 

broken DNA ends, making them reparable by HR or alt-NHEJ pathways63. In addition, MRN 
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mediates signaling of DNA damage to the cell via the ATM kinase, which then orchestrates 

the cellular response to the DNA damage, including cell cycle arrest 87.  

This section will describe structures and functions of individual MRN components and cellular 

functions of the MRN complex.  

 

1.3.1 Mre11 

 

Mre11 is a highly conserved nuclease component of MRN complex. It consists of N-terminal 

nuclease domain followed by the capping domain, a flexible linker and a helix-loop-helix 

(HLH) motif, that binds to the coiled-coils of Rad5088.  The HLH is followed by the C-terminal 

extension in eukaryotes. This extension shows DNA binding activity and contains a glycine-

arginine-rich (GAR) motif (Figure 5A). The GAR motif has been shown to affect nuclease 

activity and recruitment of Mre11 to DNA damage foci89.  

Structural studies of Mre11 from different organisms show consistent architecture of its 

catalytic core with extra loop insertions in eukaryotes (Figure 5 B, C)86,88,90. Mre11 dimerizes 

via its phosphodiesterase domains and together with capping domains forms a U-shaped 

structure with a large cleft where Rad50 nucleotide binding domain (NBD) dimer or DNA bind 

(Figure 5 B-D)86,88. Each Mre11 molecule has a nuclease site composed of five conserved 

phosphodiesterase motifs with two coordinated Mn2+ ions (Figure 5 B)88. The capping domain, 

which partially shields the nuclease active site and was proposed to have a role in DNA 

substrate specificity, is separated from the nuclease domain by a short loop allowing flexibility 

(Figure 5 B)88. The Rad50 coiled-coil binding HLH domain is separated from the nuclease 

module by a long, flexible linker, which wraps around NBD of Rad50 and allows for large 

conformational changes91,92. The eukaryote specific C-terminus of Mre11 is predicted to be 

unstructured.  

In the context of eukaryotic MR or MRN complex, Mre11 has 3’ to 5’ exonuclease activity on 

double-stranded DNA (dsDNA) and endonuclease activity on single-stranded DNA (ssDNA) 

as well as ability to open hairpins in the presence of ATP64,85,93,94. Endonuclease activity of the 

complex requires ATP hydrolysis by Rad5095. In addition, eukaryotic Mre11 shows 3’ to 5’ 

exonuclease activity in the absence of Rad50 indicating that Mre11 could have Rad50 

independent functions64,94. For many years it was not understood how a complex with 3’ to 5’ 

exonuclease produces 3’ overhangs during DSB repair. Research in S. cerevisiae on processing 

of Spo11 induced breaks revealed that 5’ strand endonuclease activity is followed by limited 

3’ to 5’ resection towards the DNA end resulting in 5’ resection66.  
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Figure 5. Crystal structures of eukaryotic and prokaryotic Mre11 dimers. A, domain map 

of eukaryotic Mre11. B, structure of P. furiosus Mre11 dimer with dAMP and Mn2+ ions in the 

active site (inset) (PDB: 1II7). C, structure of C. thermophilum Mre11 dimer with eukaryotic 

specific features highlighted and Rad50 binding site indicated (PDB: 4YKE). D, side and 

bottom views of P. furiosus Mre11 dimer bound to DNA (PDB: 3DSD). 
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The Nbs1 component (described in section 1.3.3) of the MRN complex regulates catalytic 

activities of Mre11 and Rad50. In humans, Nbs1 promotes Mre11 endonuclease activity on 

blocked DNA ends and hairpin structures85,96. Nbs1 also increases the positive effect of DNA 

ends on the rate of ATP hydrolysis by Rad5095. Interestingly, Nbs1 hinders MR 3’ to 5’ 

exonuclease activity on the free DNA ends and promotes the same activity on the protein 

blocked DNA ends96. In addition, Nbs1 mediates MRN interaction with CtIP, which stimulates 

endonuclease activity of MRN67.  

The ability of MRN complex to perform endonucleolytic incisions is essential for clearing 

protein blocked DNA ends and this plays important roles in multiple cellular processes. 

Initiation of meiotic recombination (section 1.1.3) involves a Spo11-bound DNA end, which 

gets eliminated by MRN mediated endonucleolytic cleavage and subsequent 3’ to 5’ 

degradation towards the block66. Mre11 deletion mutants in yeast are defective in meiotic 

recombination and formation of viable spores97. In cycling cells, abortive TOPs lead to 

formation of covalent TOP-DNA crosslinks (section 1.1.1) that accumulate in the absence of 

Mre11 nuclease activity98. Following DNA DSB formation, it gets quickly recognized by 

highly abundant Ku70/80 heterodimer. In order for HR (section 1.2.2) to take place, DNA ends 

have to be cleared of Ku70/80 and this also requires endonucleolytic incision performed by the 

MRN-CtIP complex99.  

Only recently the mechanism of DNA end processing by the prokaryotic MR complex was 

revealed100. Numerous crystallographic studies using truncated Mre11 and Rad50 proteins led 

to structures of individual proteins as well as the general architecture of the globular catalytic 

head of MR complex86,88,90–92. The latter is composed of U-shaped Mre11 dimer and two Rad50 

NBDs, which dimerize and form a DNA-binding cleft upon ATP binding92. These findings led 

to a conundrum: ATP is needed for Mre11 nuclease activity, but in the ATP-bound state Rad50 

blocks Mre11’s nuclease active sites. Recent structures of full-length prokaryotic MR in 

“resting” and “cutting” states revealed that two major conformational changes occur upon ATP 

hydrolysis cycle (Figure 6). First, coiled-coils of Rad50 come together and clamp around the 

dsDNA. Second, Mre11 dimer relocates to the side of the Rad50 dimer, where it can access the 

Rad50-clamped DNA end100.  
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Figure 6. Cryo-EM structures of E.coli Mre11-Rad50 complex in resting and cutting 

states. A, atomic model of Mre11-Rad50 complex catalytic head in “resting” state (PDB: 

6S6V) (left) and schematic representation of catalytic head in “resting” state using the same 

color code (right). B, atomic model of Mre11-Rad50 complex catalytic head in “cutting” state 

(PDB: 6S85) (left) and schematic representation of catalytic head in “cutting” state using the 

same color code (right). 
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1.3.2 Rad50 

 

Rad50, an ATPase of the MRN complex, belongs to the structural maintenance of 

chromosomes (SMC) family of proteins together with cohesin and condensin101. All SMC 

proteins share the same general composition with globular NBDs at N- and C-termini separated 

by a long extended coiled-coil structure (Figure 7 A). In Rad50, the coiled-coils fold back on 

themselves in an antiparallel manner bringing the N and C-terminal parts of the ATPase 

domains together and forming a distal zinc-hook domain with an invariant CXXC motif (Figure 

7 B)101.  

The NBDs place Rad50 in a conserved family of ATP-binding cassette (ABC) ATPases, 

members of which share structural and mechanistic features of their ATPases102,103. The N-

terminal part of the NBD of Rad50 contains the Q-loop and Walker A motif, while the C-

terminus harbors the D-loop, signature and Walker B motifs (Figure 7 C)88.  Upon ATP binding 

Walker A and B NBDs of one Rad50 molecule dimerize with Walker B and A NBDs, 

respectively, of another Rad50 sandwiching two ATP molecules in between (Figure 7 D)102,104. 

Dimerization of Rad50 leads to formation of the DNA binding grove between the extending 

coiled-coils, explaining ATP-dependent Rad50 DNA binding activity102,104. This is confirmed 

by multiple crystal structures of dsDNA-bound Rad50 NBDs, where DNA binds across the 

NBDs in Methanococcus jannaschii and Chaetomium thermophilum and between the coiled-

coil and NBD in Thermotoga maritima (Figure 7 E-G)104–106. In prokaryotes, subsequent ATP 

hydrolysis leads to previously described (section 1.3.1) conformational changes that expose 

bound DNA to the Mre11 nuclease active site (Figure 6)100.  

Eukaryotic Rad50 shows especially slow ATP hydrolysis rates with 0.1 ATP per molecule per 

minute by yeast MR and 0.026 ATP per molecule per minute by human MR107,108. Addition of 

dsDNA increases ATP hydrolysis by 10 and 20-fold in yeast and human MR, respectively, in 

vitro95. Nbs1 can further increase ATP hydrolysis by the human complex, while addition of 

Xrs2 shows no further stimulatory effect in the yeast system95. The slow rate of ATP hydrolysis 

by MR can be explained by its function to switch between the “resting”/scanning and “cutting” 

state of the complex100. The ATPase activity is critical for Rad50 function as mutations of 

residues involved in ATP binding and hydrolysis lead to a phenotype equivalent to Rad50 

deletion in vivo109–111. The NBDs of Rad50 are known to have a few separation-of-function 

mutations, known as Rad50S, located on the -sheets. The Rad50S mutants exhibit much 

stronger defects in meiotic recombination than in DNA repair109.  
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Figure 7. Crystal structures of prokaryotic and eukaryotic Rad50 NBDs. A, domain map 

of eukaryotic Rad50. B, schematic model of Mre11-Rad50 complex with structural features of 

Rad50 indicated. C, P. furiosus Rad50 ATPase domain with functional loops and motifs 

labelled (PDB: 1II8). D, C. thermophilum Rad50 dimer sandwiching ATPS and Mg2+ ions 

and Rad50-binding helix-loop-helix motifs of Mre11 (side and top views) (PDB: 5DA9). E, C. 

thermophilum Rad50 NBD dimer bound to ATPS in complex with dsDNA (PDB: 5DAC). F, 

AMPPNP-bound T. maritima Rad50 NBD dimer in complex with dsDNA and helix-loop-helix 

motifs of Mre11 (PDB: 4W9M). G, ATPS-bound M. jannaschii Mre11-Rad50 catalytic head 

in complex with dsDNA (PDB: 5F3W).  
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The characteristic structural feature of Rad50 is the long coiled-coil region, which extend 

outwards from NBDs and range in length from 15 nm in T4 bacteriophage to up to 50 nm in 

eukaryotes63. The coiled-coil structures remain quite mysterious: the exact function and reason 

for a particular length in different organisms are not clear. The internal truncations of coiled-

coils in yeast reveals that length of coiled-coils is not necessary for the MRN complex 

formation, but long range action of MRN is required for its function in HR, meiotic 

recombination and telomere maintenance112. Structural studies of bacterial MR show “resting” 

and “cutting” states of the complex where Rad50 coiled-coils adopt open and DNA-clamping 

rod conformations, respectively100. Hence, conformations of elongated Rad50 coiled-coils are 

coupled to the state of compact NBDs. 

Another dimerization motif of Rad50 is the zinc-hook, located at the opposite end of coiled-

coils from the globular NBDs and consisting of CXXC motif. Zinc induces formation of a zinc-

hook dimer, where a single zinc ion is tetrahedrally coordinated by four cysteines (two from 

each Rad50 molecule) (Figure 8 A)113. Structural studies revealed two different conformations 

of zinc-hook dimer. Pyrococcus furiosus (Pf) zinc-hook dimer shows an interaction of two 

oppositely protruding coiled-coil domains of Rad50 (Figure 8 A)113. In the case of inter-

complex dimerization, MRN catalytic head domains linked by this mode of zinc-hook 

interaction could be up to 1,200 Å apart and bridge two DNA ends following DSB or two sister 

chromatids (Figure 8 B). In the case of intra-complex dimerization, Rad50 coiled-coils would 

adopt an open structure (Figure 8 B). On the other hand, human and Pf zinc-hook dimers can 

adopt a rod-shaped intra-complex conformation (Figure 8 C-E)114,115. Taken together, zinc-

hook structures imply a striking structural transition, which would fit to open and closed 

conformational states of coiled-coils observed in “resting” and “cutting” states of bacterial MR, 

respectively (Figure 6)100.  

The functional importance of the zinc-hook is highlighted by mutational studies113,114,116. In 

yeast assays, removal of the zinc-hook or mutations of the invariant cysteines resulted in 

phenotypes similar to Rad50 deletion with increased sensitivity to DNA damaging agents and 

telomere shortening116. Rad50 zinc-hook, as well as NBDs, have separation of function 

mutations that affect the zinc-hook proximal dimerization interface and conserved residues 

between the invariant cysteines. These mutants show intact DNA repair, but defected DNA-

damage signaling indicated by decreased Rad53 phosphorylation levels114.  



 22 

 

Figure 8. Crystal structures of prokaryotic and eukaryotic Rad50 zinc-hooks. A, P. 

furiosus Rad50 zinc-hook dimer in open conformation with close-up on cysteine-coordinated 

zinc ion (PDB: 1L8D). B, interpretation of open conformation P. furiosus Rad50 zinc-hook 

dimer in the context of MRN complex. C, P. furiosus Rad50 zinc-hook dimer in closed 

conformation (PDB: 6ZFF). D, H.sapiens Rad50 zinc-hook dimer in closed conformation 

(PDB: 5GOX). E, interpretation of closed conformation P. furiosus and H. sapiens Rad50 zinc-

hook dimer in the context of MRN complex. 

 

1.3.3 Nbs1 

 

Nbs1 (Xrs2 in yeast) is the only eukaryote specific component of the MRN complex and shows 

less sequence conservation than Mre11 and Rad50. Nbs1 is composed of three functional 

regions. The structured N-terminal region contains a fork head-associated (FHA) domain 

followed by two breast cancer-associated 1 C terminus (BRCT) domains (Figure 9 A)117,118. 

FHA domains recognize phosphothreonine epitopes on proteins while BRCT domains are 
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known to bind DNA, poly ADP-ribose and proteins, in both a phosphorylation dependent and 

independent manner119,120. Hence, the N-terminal region functions as a phosphoprotein sensor 

and interaction platform for MRN-binding proteins. One of those is CtIP, which is required for 

MRN endonuclease activity and removal of blocks at the DNA end. Nbs1 FHA domain binds 

CtIP in its phosphorylated form and recruits CtIP to DSBs (Figure 9 B)121. The N-terminal 

region of Nbs1 also binds to phosphorylated H2AX, which marks DNA damage sites, leading 

to recruitment of Nbs1 and the whole MRN complex to the DSBs122.  

 

Figure 9. Structural characterization of Nbs1 fragments. A, domain map of Nbs1 protein. 

B, crystal structure of S.pombe Nbs1 N-terminal FHA and BRCT domains in complex with 

CtIP peptide (PDB: 3HUF). C, crystal structure of S.pombe Mre11 dimer with Nbs1 peptides 

wrapped around it (PDB: 4FBQ). 
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The central region of Nbs1 is highly unstructured and does not have many well-characterized 

functions (Figure 9 A). However, this region is known to contain a nuclear localization signal 

(NLS) in humans. As Nbs1 is the only component of the MRN complex that has a NLS, this 

feature is crucial for the nuclear localization of the whole complex123. 

The C-terminal region is predicted to have an extended structure without any distinct structural 

motifs. However, this region has areas of high sequence conservation and functional 

significance, like Mre11 and ATM binding sites (Figure 9 A)124,125. A crystal structure of the 

S. pombe catalytic domain of Mre11 and Mre11-binding portion of Nbs1 revealed that Nbs1 

wraps as an extended chain around the Mre11 phosphodiesterase domain with two Nbs1 

molecules contacting the sides of dimeric Mre11, but only one Nbs1 binds across the eukaryote 

specific latching loops of Mre11 via the highly conserved NFKxFxK motif (Figure 9 C)86. The 

importance of these interactions is highlighted by several ataxia-telangiectasia-like disease 

(ATLD) and Nijmegen breakage syndrome-like disorder (NBSLD) mutations located there86. 

In addition, mouse studies have shown that a 108 amino acid Nbs1 fragment comprising the 

Mre11 binding site is sufficient for its essential roles126. The very C-terminus of Nbs1 has 

a conserved FXF/Y motif which interacts with HEAT repeats of ATM kinase. In Xenopus egg 

extracts, it has been shown that this Nbs1-ATM interaction is important for recruitment and 

activation of ATM kinase and, therefore, signaling of DNA damage125.  

 

1.3.4 Cellular functions of the MRN complex  

 

MRN is an essential complex in mammals indicating its central roles in vital cellular processes. 

In addition to MRN functions in DNA damage repair (section 1.3.4.1) and telomere 

maintenance (section 1.3.4.2), there is evidence showing that MRN is essential for resolving 

replication intermediates that are not necessarily replication induced DSBs127. MRN also 

functions in meiotic recombination (section 1.1.3) by removing Spo11-blocked DNA ends and 

initiating recombination128. V(D)J recombination (section 1.1.3) is another programmed DSBs 

involving process where MRN plays a role as its deficiency leads to accumulation of unrepaired 

coding ends129.   

 

1.3.4.1 DNA damage repair  

 

In addition to the enzymatic activities of MRN at DNA ends upon DSBs, it functions in sensing 

and signaling of DNA damage via ATM and ATR kinases130. Levels of MRN remain constant 

through the cell cycle and the complex distributes uniformly throughout the nucleus with some 

of it sequestered in sub-nuclear compartments called promyelocytic leukemia (PML) 



 25 

bodies131,132. Immunofluorescence studies show that upon the formation of DSBs, the MRN 

complex from the nuclear pool and PML bodies rapidly relocates to the sites of damage132,133. 

This fast action of the sensor is important in order to reduce time for non-specific degradation 

and further separation of broken ends to take place.  

ATM, ATR and DNA-PKcs belong to the phosphatidylinositol 3-kinases (PI3K)-like protein 

kinase (PIKK) family and function in DNA damage repair (section 1.4.1)130. Each kinase is 

activated in response to a different type of damage-associated DNA-protein structure. DNA-

PKcs is recruited to and activated by Ku70/80-bound DNA ends, while ATR interacts with 

ssDNA coated by RPA, which occurs during HR pathway of DSB repair (section 1.2.2)134,135. 

The ATM kinase is recruited to DSBs via interaction with the C-terminus of Nbs1 component 

of the MRN complex, where it gets activated136. It has been shown, using yeast proteins, that 

both DNA and MRX complexes lead to synergistic 20- to 30-fold increases in ATM activity, 

indicated by phosphorylation of the ATM substrate Rad53137. In addition, MRN mediated 

ATM activation requires ATP binding to Rad50, but not ATP hydrolysis, and Mre11 nuclease 

activity is not essential138. Following ATM activation, it phosphorylates hundreds of target 

proteins resulting in a broad-spectrum DNA-damage signaling cascade and changes in various 

cellular processes like cell cycle progression (section 1.4.2)139.  

The MRN complex can also be directly involved in activation of ATR kinase, as shown in 

Xenopus egg extracts. MRN associates with ATR-activating DNA structures composed of 

circular ssDNA and junctions of ssDNA and dsDNA, and recruits ATR as well as ATR 

activator DNA Topoisomerase II binding protein 1 (TOPBP1)140. Activated ATR 

phosphorylates numerous targets that include Chk1 and Chk2 leading to activation of p53 and 

can induce a G2/M checkpoint141,142.   

Even though the MRN complex is one of the factors directing the DSB repair pathway towards 

HR (section 1.2.3), it also functions in both c-NHEJ and alt-NHEJ (section 1.2.1)54,78. In 

mammalian cells, the knockdown of Mre11 leads to decreased efficiency of end-joining by 

both NHEJ pathways143.  In alt-NHEJ, Mre11 nuclease might be needed for the initial short-

range end resection144. The MRN complex could also influence early processes that are 

common for both NHEJ pathways. In addition, S. cerevisiae cells with defective c-NHEJ, due 

to Mre11 deletion, are partially rescued by nuclease-dead Mre11 indicating a structural rather 

than catalytic function of MRN145.  

 

1.3.4.2 Telomere maintenance  

 

The evolutionary transition from circular to linear genomes resulted in two new challenges to 

the genome integrity in eukaryotes. The first challenge is known as the end replication problem, 

where every round of replication results in loss of nucleotides from the 5’ terminus of the 
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lagging strand. The second challenge arises from the structure of linear chromosome termini, 

which resembles broken DNA ends. Hence, chromosome termini have to be protected from 

being recognized and processed as DSBs. Telomeres are present at the ends of linear 

chromosomes to prevent loss of genetic information and protect ends from being processed by 

DSB repair pathways146.  

Telomeres consist of DNA sequence repeats that are bound by telomere-binding proteins. In 

mammals, telomeric DNA consists of double stranded repeats (TTAGGG in humans) followed 

by a G-rich 3’ strand overhang. A T-loop structure is formed when a single-stranded DNA 

overhang invades the DNA duplex and base pairs with the complementary strand (Figure 

10)144. Due to a high G content, the single-stranded telomere overhang can form G-

quadruplexes, which are associated with telomere protection and suppression of 

recombination147. The formation and stability of the telomeric DNA structure is facilitated by 

six proteins forming the shelterin complex (Figure 10)148. Loss of the shelterin complex 

components can lead to unprotected chromosome ends. These can be recognized by DNA 

damage sensors and initiate NHEJ or HR pathway of DNA repair potentially causing 

chromosomal aberrations149.  

As telomeres get shorter with each division of differentiated somatic cells they impose a limit 

on cell replication (Hayflick limit) and eventually lead to a permanent cell cycle arrest (cellular 

senescence)150. The way to escape cellular senescence involves telomerase enzyme, which can 

elongate telomeres by addition of G-rich repetitive sequences. Telomerase activity is seen in 

gametes and stem cells; it is also used by tumor cells to keep dividing151.  

The involvement of MRN in the telomere maintenance was noticed in S. cerevisiae, when 

deletion or disruption of individual MRX (yeast MRN) components led to shortened telomeres 

and cell senescence 152–154. Further research suggested that MRX facilitates the recruitment of 

telomere replication proteins to telomeres in the S-phase155. In higher eukaryotes MRN also 

contributes to the maintenance of telomeres. The first indication of this function was the 

observation that Nbs1 and Mre11 sequester at telomeres in meiotic human fibroblasts156. In 

addition, it was observed that all three components of the MRN complex interact with the 

telomeric repeat-binding factor 2 (TRF2) protein of shelterin complex in cell cycle dependent 

manner157. One of the known MRN-TRF2 interactions is mediated via Nbs1 and requires 

phosphorylation by CDK2, which couples this interaction to the cell cycle158. Analogous to 

findings in yeast, lack of Mre11 or Nbs1 in human fibroblasts led to telomere shortening 

indicating the role of MRN in the facilitation of telomerase activity159.   
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Figure 10. Schematic representation of telomere structures at chromosome ends. 

Telomeres are DNA-protein structures at the ends of linear chromosomes. The telomeric DNA 

consists of repeats (TTAGGG in vertebrates) that form double stranded DNA structure (in 

blue) with 3’ overhang (depicted in red). Single-stranded DNA invades double-stranded DNA 

region forming a displacement loop (D-loop) and a telomere loop (T-loop). Telomere DNA 

structure is coated by shelterin protein complex, which has protective and regulatory functions. 

Shelterin complex is composed of POT1 (Protection of Telomere 1), TRF1 and TRF2 

(Telomeric Repeat binding Factors 1 and 2), TIN2 (TRF1-and TRF2-Intercating Nuclear 

Protein 2), RAP1 (Repressor/Activator protein 1) and TPP1.  

 

The removal of the shelterin complex protein TRF2 can leave telomeres dysfunctional. The 

MRN complex functions to detect and signal the presence of exposed telomere ends via the 

ATM signaling pathway. In the absence of TRF2, MRN can remove 3’ telomeric overhang 

promoting NHEJ mediated chromosome fusion160. On the other hand, MRN can protect newly 

replicated telomere ends from NHEJ by generating 3’ telomeric overhang161.  

One of the hallmarks of cancer is an unlimited proliferation, which is not the case in normal 

somatic cells due to the telomere imposed Hayflick limit151. Usually, cancer cells overcome 

this limit by upregulating telomerase activity, but in some cases a different mechanism known 

as the alternative lengthening of telomeres (ALT) is used. ALT requires the MRN complex, 

which recruits ATM to telomeres initiating recombination process, generates telomeric 3’ 

overhang that can invade adjacent telomeric DNA and use it as a template for extension of the 

telomere162.  
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1.3.5    MRN associated human diseases  

 

The MRN complex plays critical roles in the maintenance of genome stability via its functions 

in DNA DSB repair and telomere maintenance. There are no human diseases associated with 

a complete loss of any of the individual MRN genes, possibly due to incompatible with life 

phenotypes, as reported in mouse studies. Even so, hypomorphic germline mutations and 

alterations in protein levels of MRN components have been associated with a number of human 

disorders163.  

Mutations in Mre11 can lead to ataxia-telangiectasia-like disease (ATLD), which is similar to 

ATM dysfunction associated ataxia-telangiectasia (A-T). ATLD is an autosomal recessive 

disorder caused by decreased levels of Mre11 or loss of the Mre11-Nbs1 interaction. Clinical 

features of ATLD involve cerebellar ataxia (like in A-T), immunodeficiency and 

developmental disorders164. In addition, sporadic Mre11 mutations have been detected in 

different types of cancers, like breast, lung and ovarian163.  

Alterations of Rad50, including point mutations and deletions, can cause abnormal protein 

expression levels and result in a disorder known as Nijmegen breakage syndrome-like disorder 

(NBSLD). Cells from the NBSLD patient were characterized by chromosomal instability, 

failure to form DNA damage-induced MRN foci and inability to activate the ATM signaling 

cascade165. Mutations in Rad50, frequently located in its NBDs,  have also been associated 

with a predisposition to certain types of cancer, for instance, Burkitt Lymphoma, endometrial 

carcinoma and lung cancer163.  

Deletions, mutations or abnormal expression levels of Nbs1 can lead to Nijmegen breakage 

syndrome (NBS). This is a rare autosomal recessive disorder characterized by sensitivity to IR, 

microcephaly, mental and growth retardation and immunodeficiency. On the cellular level, 

NBS patients show chromosomal instability, abnormal cell cycle checkpoint activation and 

increased shortening of telomeres166. Germline mutations of Nbs1 increase risks of leukemia, 

melanoma, breast, prostate and ovarian cancer163.  

The MRN complex is not only linked to increased risks of cancer when mutated, but also 

thought of as a target for cancer therapy. Due to an increased genomic instability, cancer cells 

are more sensitive to DNA damaging agents, that are used in radio/chemotherapy. In tumor 

cells, altered MRN expression levels have been shown to be associated with resistance towards 

radio/chemotherapy. For instance, overexpression of Mre11 can lead to chemoresistance by 

removing covalent adducts from DNA ends167. Targeting of Rad50 and inhibiting Mre11 have 

shown some promise in in tumor sensitization167,168.   
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1.4 The ATM kinase  

 

The ATM kinase was identified as a gene mutated in the autosomal recessive disorder ataxia-

telangiectasia (A-T). Hence, the name ataxia-telangiectasia mutated (ATM) was selected. 

Classic A-T is characterized by progressive cerebellar ataxia, immunodeficiency, frequent 

infections and an increased risk of cancer, especially leukemia and lymphoma169. In yeast, 

ATM was identified as a protein involved in the telomere maintenance and named Telomere 

length regulation protein 1 (Tel1)170.  

ATM is a relatively large protein; dimeric ATM forms a 700 kDa butterfly-shaped structure. 

The N-terminal half of the protein consists of HEAT (huntingtin, elongation factor 3, protein 

phosphatase 2A, and TOR1) repeat spiral and pincer domains and acts as protein/DNA binding 

platform (Figure 11)125,171. The following FAT (FRAP, ATM, and TRRAP) domain wraps 

around the kinase and contributes the main dimerization interface. The C-terminal kinase 

domain of ATM is related to phosphoinositide 3 lipid kinases placing ATM into 

phosphatidylinositol 3-kinases (PI3K)-like protein kinase (PIKK) family of kinases139.  

ATM functions in the orchestration of cellular response to certain stress factors, like DNA 

damage and reactive oxygen species (ROS)172. ATM gets recruited to DNA DSBs and activated 

by the MRN complex leading to phosphorylation of hundreds of ATM substrates139,173. This 

results in recruitment and activation of proteins involved in the repair process, chromatin 

remodeling, cell cycle arrest and other cellular processes. In addition, ATM functions in other 

types of DNA repair, like base excision repair, removal of topoisomerase cleavage complex 

and repair of transcription associated lesions174–176. ATM also gets activated by oxidative stress 

through the formation of intermolecular disulfide bonds. Under these conditions, ATM 

phosphorylates a different set of target proteins than during the DNA damage response. ATM 

functions to alter metabolic pathways to produce antioxidants, induce mitophagy and enhance 

pexophagy to maintain cell homeostasis177.  

Alterations in the ATM kinase affecting its structure and/or function are frequently associated 

with cancer development. This makes ATM an attractive target for cancer therapies. It has been 

shown that ATM inhibitors can increase radiosensitivity of cancer cells and show promising 

results when used in combination with other DNA damage repair inhibitors178.   
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Figure 11. Architecture of human ATM kinase. A, domain map of ATM kinase. B, structure 

of dimeric human ATM with domains colored based on the color code in A (PDB: 5NP0). 

 

1.4.1 The PIKK family of protein kinases  

 

The PIKK family of protein kinases was defined in the mid-1990s following a discovery of a 

set of related serine/threonine kinases with shared features179,180. They all are large proteins 

with molecular weights ranging from 280 to 470 kDa. All members of the family share a similar 

architecture consisting of an extensive N-terminal HEAT repeat domain(s), followed by a 

kinase-surrounding regulatory FAT domain and a highly conserved C-terminal kinase domain 

(Figure 12). The sequence of kinase domains of PIKK family members differ from other known 

serine/threonine or tyrosine protein kinases. Instead, they show a higher sequence identity to 
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the kinase domain of the PI3K phospholipid kinases without having specificity towards lipid 

targets181. Members of the PIKK family function in a diverse set of cellular processes.  

 

 

Figure 12. The domain maps of human PIKKs. The names of the kinases are indicated on 

the right with their sizes in amino acids in the brackets. At the bottom, color code for domains 

is explained. All PIKKs have extensive N-terminal HEAT repeat domains followed by 

regulatory FAT and catalytic kinase domains. In some cases, kinase domain includes regulatory 

FRB domain composed of a four-helix bundle. C-terminal PRD and FATC domains, present 

in all PIKKs, also play regulatory roles.  

 

DNA-PKcs is the largest of the PIKKs and functions in the maintenance of genome integrity. 

It is crucial for the NHEJ pathway (see Section 1.2.1) of DNA DSB repair, where it forms a 

DNA-PK complex together with Ku70/80 and functions in bridging of broken DNA ends, 

recruitment of repair factors and stimulation of NHEJ nuclease Artemis182,183. Via the role of 

DNA-PKcs in NHEJ, it also functions in V(D)J recombination during the immune system 

development184. In addition, DNA-PKcs plays a role in the DNA replication stress response 

pathway by activating the replication stress checkpoint, regulating replication fork restart and 

mitotic catastrophe185. In telomere maintenance, DNA-PK facilitates telomere capping and is 

involved in regulation of telomere length186. DNA-PKcs is also known to be involved in the 

regulation of DNA damage-induced autophagy and foreign DNA-activated innate immune 

response187,188.  

The ATM Rad3-related (ATR) kinase is an essential protein working to maintain genome 

integrity. ATR functions in DNA damage repair and is activated in response to a persistent 

ssDNA189. ATR signaling suppresses progression of the cell cycle and origin firing after DNA 

damage to suppress replication catastrophe190. ATR functions in prevention and restart of 

collapsed replication forks191. In addition, ATR is important for a correct timing of the mitotic 

entry as loss of ATR leads to a premature mitotic entry with increased DNA damage and before 

completion of DNA replication189,192.  
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The ATM kinase is well-known as a master regulator of DNA DSB signaling and is involved 

in the response to other types of DNA damage, for instance, single-strand breaks and 

transcription-associated lesions. This kinase also functions in DNA damage unrelated 

processes, like, regulation of RNA metabolism and levels of reactive oxygen species172. 

Cellular functions of ATM will be described in a greater detail in the section 1.4.2. 

Another member of the PIKK family is a suppressor of morphogen gradient 1 (SMG1) protein. 

It functions in the nonsense-mediated mRNA decay (NMD), which is a conserved surveillance 

mechanism that eliminates faulty mRNAs and prevents accumulation of truncated proteins193. 

SMG1 forms a complex with SMG8 and SMG9 and specifically phosphorylates RNA helicase 

UPF1. This phosphorylation recruits other NMD factors resulting in the cleavage of RNA194.  

The mechanistic target of rapamycin (mTOR) kinase is the catalytic subunit of two distinct 

complexes known as mTOR complex 1 (mTORC1) and 2 (mTORC2). mTORC1 plays a 

crucial role in regulating cellular processes that are required for cell growth, like synthesis of 

proteins, lipids and nucleotides, and autophagy. The activity of mTORC1 is influenced by 

environmental factors (e.g., growth factors, amino acids, oxygen and stress), this way coupling 

cell growth to a favorable environment195. On the other hand, mTORC2 controls cell 

proliferation and survival. One of the most important targets of mTORC2 is Akt, a key effector 

of insulin signaling195,196. As mTOR is a core regulator of cell growth and metabolism, 

mutations affecting its functions are linked to many diseases, including cancer, neurological 

diseases, inflammation and metabolic disorders197.  

The transformation/ transcription associated protein (TRRAP) functions as a transcriptional 

cofactor by recruiting histone acetyltransferase (HAT) complexes to sequence-specific 

transcriptional activators198. TRRAP is known to be involved in a number of cellular processes, 

for instance, B-cell development and regulation of mitotic checkpoint 199,200.TRRAP is the only 

member of the PIKK family that does not possess a kinase activity. Nonetheless, the kinase 

domain of TRRAP plays a crucial structural role for the formation of the functional HAT 

complex201.  

 

1.4.2 Cellular functions of ATM  

 

The ATM kinase is a central factor in recognition and signaling of DNA DSBs. During the HR 

pathway of DSB repair (see section 1.2.2 for more details), DNA ends are recognized by the 

MRN complex leading to recruitment and activation of the ATM kinase62. The number of 

ATM-dependent phosphorylation events that follow ATM activation in response to DSB is 

very large. Therefore, only a few key events will be mentioned here (Figure 13). One of them 

being a phosphorylation of C-terminal tail of histone H2AX leading to recruitment and 

accumulation of DNA repair factors202. ATM phosphorylates CtIP on Thr859 aiding the 
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resection of 5’ strand by the MRN-CtIP complex203. Subsequent long-range resection of 5’ 

strand is mediated by nucleases Exo1 or DNA2-BLM complex leading to RPA coating of the  

3’ overhang and BRCA2-mediated formation of the recombinogenic Rad51 filament69,70. ATM 

activity plays an important role in this process as ATM is known to phosphorylate Exo1, BLM 

and BRCA2204–206. Apart from promoting the DNA repair, ATM also activates the cell cycle 

checkpoint to prevent transition from G2 to M in the presence of DNA damage. Central to this 

activation by ATM is phosphorylation of checkpoint kinase 2 (CHK2) leading to 

phosphorylation of p53, a  tumor suppressor blocking cell cycle progression207,208.  

ATM functions also extend to NHEJ (described in section 1.2.1) (Figure 13). ATM is known 

to promote NHEJ by phosphorylating some of the proteins involved, including DNA-PKcs, 

Artemis, XRCC4 and XLF209–212. Interestingly, DNA-PKcs phosphorylation by ATM has an 

activating function, while ATM phosphorylation by DNA-PKcs decreases ATM binding to 

MRN complex209,213. Hence, these two related kinases directly regulate one another.  

In addition, ATM can be activated by blocked DNA ends. This frequently arises from a 

covalent linkage between topoisomerases and the DNA phosphate backbone (Figure 13). 

Topoisomerases are enzymes that participate in the overwinding or underwinding of DNA in 

replication, transcription, chromosome segregation and recombination214. At transcription 

sites, ATM is activated by the DNA damage arising from topoisomerase 1 3’ covalent 

conjugates (TOP1cc) and functions in TOP1cc removal176. ATM phosphorylates and activates 

tyrosyl-DNA phosphodiesterase 1 (TDP1), an enzyme that hydrolyses the phosphodiester bond 

between TOP1 and DNA215. ATM also functions in signaling and removal of TOP2cc, which 

results from 5’ linkage of TOP2 with both strand of the DNA216. The accumulation of SSBs 

can also activate ATM, where it phosphorylates CHK2 leading to activation of the SSB repair 

factor XRCC1 (Figure 13)217,218. XRCC1 regulates the recognition of DNA damage and 

excision steps of the base excision repair pathway218.   
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Figure 13. Examples of ATM roles in different DNA damage repair pathways. In DNA 

double-strand break repair, ATM phosphorylates factors like CtIP and MRN leading to short-

range end resection and initiation of HR pathway of repair as well as proteins involved in long-

range end resection (BLM and EXO1), which facilitate strand invasion by RAD51. In NHEJ, 

ATM has a positive effect on this repair pathway by phosphorylating DNA-PKcs, Artemis and 

other involved proteins. In addition, ATM modifies 53BP1 leading to recruitment of factors 

involved in the restriction of end resection. In DNA single-strand break repair, ATM functions 

in BER by regulation of XRCC1 through phosphorylation of CHK2. In topoisomerase cleavage 

complexes (cc), ATM regulates TOP1cc removal by phosphorylation of TDP1 and DNA-PKcs, 

activity of which causes ubiquitination and subsequent degradation of TOP1cc. TOP2 and 

MRN are substrates of ATM that are involved in TOP2cc removal. In transcription-associated 

lesions, ATM functions in both prevention and removal of R-loops via activity of helicases, 

like senataxin (SETX), and RNase H enzymes. Proteins in purple are direct targets of ATM, 

while the ones in pink are affected by ATM activity indirectly172.  

 

The ATM kinase plays important roles in the maintenance of the redox homeostasis. As 

observed in A-T patients and ATM-null mouse models, lack of ATM leads to higher levels of 

ROS, abnormal levels of redox-reactive thiols and hypersensitivity to oxidative stress172. An 

important intra-cellular source of ROS is the peroxisome, which produces ROS during the fatty 

acid metabolism. In response to increase in ROS, ATM signaling leads to inhibition of 

mTORC1, which functions in the inhibition of autophagy, to induce autophagy219. In order to 

specifically induce pexophagy (autophagy of peroxisomes), ATM phosphorylates the 

peroxisome import receptor PEX5 resulting in PEX5 recognition by autophagy adaptor protein 
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p62 (Figure 14)220. Another major intra-cellular source of ROS is mitochondrial oxidative 

metabolism. It is known that ATM keeps mitochondrial ROS production in check and can 

initiate mitophagy (autophagy of mitochondria) in response to damaged mitochondria-

associated increase in ROS levels. However, the mechanism of ATM induced mitophagy is not 

fully understood221. In addition to mitophagy, ROS induced activation of ATM can lead to 

increase in production of antioxidants in mitochondria by promoting activity of glucose 6-

phosphate dehydrogenase (G6PD). This increases antioxidant levels by producing NADPH, 

which functions in reduction of oxidized glutathione and thioredoxins222.  

 

Figure 14. Peroxisomal ROS related ATM activities. ATM gets activated following an 

increase in ROS levels in the peroxisome. ATM signals via TSC to suppress mTORC1 activity 

resulting in an increase of autophagic flux. In addition, ATM phosphorylates PEX5, protein 

present on peroxisomes, causing its ubiquitination and subsequent recognition by p62.  This 

adaptor protein tethers peroxisome to phagophore via LC3 binding resulting in formation of 

the nascent autophagosome.   

 

More recently, a role of ATM in the maintenance of protein homeostasis has been revealed. In 

the absence of ATM function, intrinsically disordered protein aggregates form at the sites of 

SSBs that are dependent on transcription and more abundant in the presence of elevated ROS 

levels. In this case, the formation of protein aggregates is caused by PARP mediated hyper-

PARylation. Normally phosphorylation by ATM can prevent the formation of insoluble protein 

domains223.  
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1.4.3 ATM kinase in cancer  

 

The ATM kinase has been linked to cancer since its discovery, as A-T patients show increased 

risks of cancer development, including a 20-30% lifetime risk of lymphoid, gastric, breast, skin 

and other cancers. ATM has been shown to be among the most commonly mutated genes in 

sporadic cancers224. The COSMIC database contains hundreds of somatic ATM mutations that 

have been observed in different types of tumors. These ATM mutations are distributed 

throughout the entire length of the protein and occur in each functional domain225. ATM plays 

key roles in the maintenance of genome integrity (described in section 1.4.2). Hence, it is not 

surprising that mutations in ATM are linked to cancer as alterations of its structure and function 

can lead to increased genetic instability, which is a hallmark of cancer.  

A fully-functional ATM acts as a tumor suppressor, mainly due to its roles in the induction of 

cell cycle arrest in response to DNA damage or other types of cellular stress (described in 

section 1.4.2). In order to escape the effects of ATM activation, cancer cells use multiple ways 

to decrease ATM levels. For instance, in breast cancer microRNA miR-18, which 

downregulates ATM expression, is upregulated226. ATM activity can be reduced by increasing 

activity of WIP1 phosphatase, which dephosphorylates ATM and some of its substrates that 

function in ATM-mediated cell cycle arrest227. In other cancers, hypermethylation of the ATM 

promoter region is frequently used to decrease ATM levels228. Interestingly, ATM signaling is 

upregulated in some cancers. This can be achieved by different mechanisms. For instance, 

pancreatic cancer cells can overexpress the transcription factor CUX1, the activity of which 

leads to increased ATM levels229,230. Most likely these cancer cells that upregulate ATM 

already found a way to bypass cell cycle arrest without involving ATM or managed to uncouple 

ATM signaling from the cell cycle arrest. Cancer cells benefit from ATM signaling as it can 

promote radio/chemoresistance, metastasis and cell survival231. The increased capacity to fix 

DSBs upon upregulated ATM signaling can be sufficient to provide cancer cells with 

radio/chemoresistance. Metastasis can be promoted by ATM through NF-B-mediated 

secretion of pro-tumorigenic cytokines232. Taken together, ATM activity can facilitate 

tumorigenesis and protect cancer from radio/chemotherapy in certain cancers. Hence, in these 

cases it is important to inhibit ATM as part of anti-cancer therapy.  

 

1.4.4 ATM inhibition as cancer treatment  

 

The ATM kinase protects cells against DNA DSBs. Therefore, inhibition of ATM should 

sensitize cells to radio/chemotherapy. As cancer cells are proliferating much faster and 

accumulate DSB quicker, they should be affected by ATM inhibition more than healthy cells. 

In addition, some cancers upregulate ATM levels to benefit from protective functions of this 
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kinase (see section 1.4.3 for more details)231. Hence, ATM is an attractive target for anti-cancer 

therapy. Inhibition of ATM requires development of highly specific small molecule inhibitors 

to prevent off-target effects by simultaneous inhibition of related PIKKs and PI3Ks. Currently, 

clinical development of ATM inhibitors is at an early stage with a few inhibitors in preclinical 

studies and early-stage clinical trials (Figure 15)233.   

The first selective ATP-competitive ATM inhibitor is KU-55933, which has been shown to 

significantly block HR repair in human melanoma234,235. However, the use of KU-55933 in 

vivo is limited due to high lipophilicity236. An analogue of KU-55933, KU-60019 has improved 

pharmacokinetics and bio-availability. KU-60019 was shown to induce synthetic lethality in 

PTEN-deficient breast cancer cells when combined with cisplatin (chemotherapy 

medication)237.  P53 is a tumor suppressor protein that functions in cell cycle arrest upon DNA 

damage and is frequently mutated in cancers. Another ATM inhibitor KU-59403 has no anti-

tumor effect on its own, but when combined with radio/chemotherapy can cause death of cancer 

cells independent of the p53 status238.  

CP-466722 is a reversable ATM inhibitor that has no effect on other members of PIKK family. 

Usage of CP-466722 in colony-forming assay has shown that even transient inhibition of ATM 

leads to cell sensitization to IR239. Short-term inhibition of ATM is also used to evaluate ATM 

functions under different conditions. For instance, CP-466722 treatment of non-small cell lung 

cancer cells shows reduction in cisplatin-resistance induced epithelial-mesenchymal transition, 

which is a characteristic of metastatic cells. These results were confirmed by knocking-down 

ATM240.  

AZD0156 and AZD1390 are very potent, selective and orally available inhibitors that entered 

clinical trial (results not available)241,242. AZD0156 can prolong life of acute myeloid leukemia 

xenografted mouse models243. AZD1390 shows a better blood-brain barrier permeability than 

AZD0156. AZD1390 combination with IR leads to a striking G2 cell cycle arrest in p53 mutant 

cells and suppresses tumor growth in in vivo models242. 

ATM inhibition as a monotherapy might not be effective enough for cancer treatment. 

However, ATM inhibition in combination with other DNA damage repair inhibitors and/or 

chemotherapeutic agents, which induce DNA damage, shows promising results in the 

preclinical research and can result in a viable cancer therapy approach.  
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Figure 15. An overview of ATM inhibitors. ATP (in the middle, blue) is a molecule that 

naturally binds to the active site of ATM and is used as a source of phosphate moiety for 

substrate phosphorylation. Various ATP competitive molecules are designed to act as kinase 

inhibitors. Colored inhibitor areas indicate chemical structures in common.  
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1.5 Objectives  

 

The MRN complex and ATM kinase play crucial roles in the maintenance of genome integrity 

as well as numerous other cellular processes. Both of these factors have been extensively 

studied revealing important structural and functional aspects. However, many questions 

regarding the ATM activation and inhibition mechanisms as well as MRN regulation and DNA 

tethering functions remain unanswered.  

The architecture of eukaryotic MRN complex includes elongated and flexible features, for 

instance, Mre11 C-terminus, Rad50 coiled-coils and almost the entire Nbs1 protein. For 

decades the main method used for structural studies of the MRN has been X-ray 

crystallography. Hence, structural characterization of the MRN complex was limited to rigid 

portions of the complex and always involved severe truncations of the functionally important 

coiled-coils of Rad50 and other flexible features. On the other hand, recombinant production 

of ATM kinase has been challenging, due to the large size of dimeric ATM kinase. Hence, 

structural and biochemical characterization of the kinase has been limited. Lack of a high-

resolution structure of human ATM restricted development of structure-based inhibitors.  

The primary aim of the MRN project was to obtain a structure of an intact full-length eukaryotic 

MRN complex using cryo-EM, which allows usage of samples with flexible motifs. This led 

to a near-complete model of Chaetomium thermophilum MR in complex with ATPS and a 

structure of the Nbs1 peptide wrapping around the Mre11 dimer. The Rad50 coiled-coils are 

in a closed rod conformation and a tetrameric Rad50 zinc-hook indicates MRN dimerization. 

Based on the new structural insights, the further work included analysis of the MRN DNA-

binding and ATPase activity, as well as crystallization of Rad50 zinc-hook tetramer and 

investigation of its importance for DNA damage repair in cellulo.  

The first part of the ATM project focused on ctTel1, an ortholog of ATM from the thermophilic 

fungus Chaetomium thermophilum. The aim was to determine a structure of full-length ctTel1 

using cryo-EM and analyze its DNA binding properties. The second part of this project focused 

on human ATM with the main aim being a set of high-resolution structures of this kinase in 

complex with ATPS and ATM inhibitors KU-55933 and M4076. These structures led to an 

atomic model of full-length human ATM, with only a few flexible loops missing, and 

understanding of ATM inhibitor specificity allowing for an improved structure-based drug 

design in the future.  
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2. Publications 

2.1 Near-Complete structure and model of Tel1ATM from Chaetomium 

thermophilum reveals a robust autoinhibited ATP state 

 

Jansma M., Linke-Winnebeck C., Eustermann S., Lammens K., Kostrewa D., Stakyte K., Litz 

C., Kessler B., Hopfner K.P. 2020. Near-Complete structure and model of Tel1ATM from 

Chaetomium thermophilum reveals a robust autoinhibited ATP state. Structure 28:83–95. 

 

Summary  

In this publication we report the high-resolution structure of fungal ATM kinase (Tel1), with 

the kinase domain at 2.8 Å resolution and overall structure with the more flexible HEAT repeat 

domains at 3.7 Å. This quality of data allowed building of a near-complete atomic model of 

Tel1; with only a few flexible loops missing. Our structure of dimeric Tel1 reveals a 

hydrophobic dimer interface, challenging the idea of monomerization being a part of the ATM 

activation mechanism. In the kinase active site catalytic loops are in the catalysis proficient 

state, coordinating a Mg2+ ion and ATPS. However, access to the active site is physically 

blocked by the PIKK regulatory domain (PRD) that acts as a pseudo-substrate. This finding 

suggests that the mechanism of Tel1 activation requires conformational change induced 

removal of the PRD allowing substrate access to the active site. We showed that the N-terminal 

domains have DNA binding activity, but changes in their conformation showed no structural 

effect on the kinase domains. Cancer and ataxia-telangiectasia mutations were mapped onto 

the structure highlighting functionally important elements.  

 

Author contribution 

I purified Tel1 and prepared grids for cryo-EM together with Marijke Jansma. I processed cryo-

EM data with help of Marijke Jansma and was involved in structure building.  
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2.2 Molecular basis of human ATM kinase inhibition 

 

Stakyte K.*, Rotheneder M.*, Lammens K.*, Bartho J.D*, Grädler U., Fuchß T., Pehl U., Alt 

A., van de Logt E. and Hopfner K.P. 2021. Molecular basis of human ATM kinase inhibition. 

Nature Structure & Molecular Biology. 2021 Oct;28(10):789-798. 

* These authors contributed equally. 

 

Summary  

In this publication we report the first high-resolution cryo-EM structures of inhibitor-bound 

human ATM kinase. The overall structure of dimeric human ATM is consistent with previously 

published human and fungal ATM, but provides new insights due to significantly improved 

resolution. The quality of maps allowed us to build a near-complete atomic model of human 

ATM including the more flexible N-terminal spiral and pincer domains. This led to 

identification of previously unseen zinc-binding motifs. Mutation of the two zinc-coordinating 

cysteines did not affect kinase activity, but addition of zinc-specific chelating agents decreased 

the thermal stability of ATM. These results suggest a structure stabilizing function of zinc-

coordinating motifs. We also observed different conformations of HEAT repeat domains, but 

they showed no effect on the state of the kinase domain. Cancer associated mutations were 

mapped onto the structure indicating functionally important elements of ATM. The kinase 

domain structures bound to ATPS and the inhibitors KU-55933 and M4076 were determined 

at 2.8 Å, 2.8 Å and 3.0 Å resolution, respectively. In agreement to published ATM/Tel1 

structures, all of our structures show the PIKK regulatory domain (PRD) blocking the active 

site access. This confirms the autoinhibitory function of the PRD. The comparison of ATPS 

and inhibitor bound active site residue conformations explains the ~35-fold stronger enzymatic 

potency of M4076 towards ATM compared to KU-55933. In addition, structural comparisons 

of M4076 bound ATM active site with related kinases revealed several non-conserved ATM 

residues involved in M4076 binding. This explains the observed selectivity profile of M4076. 

Taken together, our atomic models of inhibitor bound human ATM provide a tool for the 

evaluation and development of specific and potent therapeutics.  

 

Author contribution 

I expressed and purified human ATM. Together with Mathias Rotheneder, I made grids for 

cryo-EM. I did cryo-EM data collection and processing, as well as model building together 

with Matthias Rotheneder, Katja Lammens and Joseph Bartho. Together with Erik van de Logt, 

I did kinase assays. I contributed to manuscript preparation together with other authors.  
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2.3 Cryo-EM structure of the Mre11-Rad50-Nbs1 complex reveals the 

molecular mechanism of scaffolding functions  

 

Summary  

In this manuscript we present the cryo-EM structure of the full-length eukaryotic MRN 

complex. The globular part of Chaetomium thermophilum (ct) MRN complex adopts a compact 

conformation with ATPS sandwiched between Rad50 nucleotide binding domains (NBDs) 

and closed Rad50 coiled-coils. A single Nbs1 wraps around the Mre11 nuclease domain dimer 

and continues towards Rad50 NBDs revealing 2:2:1 stoichiometry of the MRN complex. Nbs1 

is anchored across the Mre11 dimer via a highly conserved KNFKxFxx motif, as previously 

indicated by a S. pombe structure. The biochemical investigation of ctMRN DNA binding 

activities revealed two DNA binding modes. The C-terminus of Mre11 binds intact DNA in an 

ATP-independent manner, while the evolutionarily conserved Rad50 DNA binding site shows 

ATP dependency and preference to DNA ends. We also solved cryo-EM and crystal structures 

of Rad50 zinc-hook tetramer. These structures explain how MRN-MRN inter-complex can be 

formed and hints to a model for the mechanism of MRN-mediated DNA tethering. Taken 

together, our results reveal an architecture of full-length eukaryotic MRN complex and propose 

a mechanism for integration of catalytic and tethering functions of the complex.    

 

Author contribution 

I produced MRN complex together with Matthias Rotheneder, Aaron Alt, Brigitte Keßler and 

Erik van de Logt. Together with Matthias Rotheneder I performed biochemical assays and 

prepared grids for cryo-EM. I collected and processed data, built MRN structure together with 

Matthias Rotheneder, Katja Lammens and Joseph Bartho. MRN zinc-hook was crystallized by 

me, Matthias Rotheneder and Brigitte Keßler. X-ray crystallography data was collected and 

processed and model was built by me, Matthias Rotheneder and Katja Lammens. I was 

involved in manuscript preparation together with all authors.  
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Cryo-EM structure of the Mre11-Rad50-Nbs1 complex reveals the 

molecular mechanism of scaffolding functions 

 

Matthias Rotheneder1,+, Kristina Stakyte 1,+, Katja Lammens1, Joseph D. Bartho1, Erik van de Logt1, 

Aaron Alt1,2, Brigitte Kessler1, Christophe Jung1, Wynand P. Roos4, Barbara Steigenberger3, Karl-Peter 

Hopfner1,* 

1 Gene Center, Ludwig-Maximilians-Universität, Munich, Germany, Department of Biochemistry,  

2 Present address: CureVac AG, Tübingen, Germany 

3 Mass Spectrometry Core Facility, Max-Planck-Institute of Biochemistry, Martinsried, Germany 

4 Institute for Toxicology, Johannes-Gutenberg-Universität, Mainz, Germany 

+ These authors contributed equally 
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Prof. Dr. Karl-Peter Hopfner 
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Summary 

The MRN (Mre11-Rad50-Nbs1) complex is a central DNA double-strand break repair factor that 

detects and nucleolytically processes DNA ends, activates the ATM kinase, and tethers DNA at break 

sites. The integrative mechanism how MRN can act both as nuclease and scaffold protein is not well 

understood. Here we provide a cryo-EM structure of MRN from Chaetomium thermophilum which 

takes shape as a 2:2:1 complex with a single Nbs1 wrapping around the autoinhibited Mre11 nuclease 

dimer. MRN has two DNA binding modes, one ATP independent for binding intact DNA through 

Mre11’s C-terminus, along with an ATP dependent mode for loading onto DNA ends, suggesting how 

it may interact with DSBs and intact DNA. MRNs two 60 nm long segmented coiled coil domains 

protrude from the catalytic head as a linear rod, the apex of which is assembled by the two joined zinc-

hook motifs. Apices from two MRN complexes can further dimerize through a new interface, forming 

120 nm spanning MRN-MRN structures. Our results provide a near-atomic resolution architecture of 

MRN and suggest how it mechanistically integrates catalytic and tethering functions. 
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Introduction 

DNA double-strand breaks (DSBs) are a threat to genomic integrity throughout life. Un- or misrepaired 

DSBs can lead to cell death, gross chromosomal aberrations, aneuploidy, and tumorigenesis (Carbone 

et al., 2020). DSBs can be caused by ionizing radiation and genotoxic chemicals, and frequently arise 

during DNA replication (Tubbs and Nussenzweig, 2017). In addition, "programmed" DSBs are 

physiological intermediates in immunoglobulin gene rearrangements and meiotic chromosome 

recombination (Johnson et al., 2021; Zhang et al., 2022). To maintain genomic stability, cells have 

evolved potent DSB sensing, signaling and repair pathways, which are generally grouped into two 

major branches. In end-joining reactions, such as non-homologous end joining (NHEJ) or 

microhomology-mediated end joining (MMEJ), broken DNA ends are ligated without or with various 

amounts of limited processing, a procedure that can be potentially mutagenic (Chaplin et al., 2021; 

Zhao et al., 2020). In homologous recombination (HR), DNA ends are resected into long 3' single strand 

overhangs, which pair with the homologous template for template-dependent DNA synthesis (Chen et 

al., 2018; Haber, 2018; Wright et al., 2018). In eukaryotic cells, the usage of the different pathways is 

tightly regulated in the cell cycle (Scully et al., 2019).  

DSBs can be structurally very diverse and feature chemical alterations, hairpins or covalently attached 

proteins. The latter arises during abortive type II topoisomerase reactions and is the physiological source 

of DSBs in meiosis (Johnson et al., 2021; Morimoto et al., 2019). Detection and repair of chemically 

diverse and obstructed DNA ends, in particular protein-blocked DNA ends, requires the Mre11-Rad50-

Nbs1 (MRN, Mre11-Rad50-Xrs2 in yeast) complex (Cejka, 2015; Paull, 2018; Syed and Tainer, 2018). 

Current models suggest that MRN cuts the 5’ strand in the vicinity of the DNA end, followed by 

exonucleolytic back-resection in the 3’ to 5’ direction (Deshpande et al., 2016; Garcia et al., 2011). The 

resulting ssDNA can act in strand annealing in end-joining reactions or can be further extended by 5’ 

to 3’ long-range resection in HR. MRN or bacterial MR homologs can also cleave the second strand, 

thereby inducing a DSB near the blocked end, which will clip off the blocked DNA termini (Connelly 

et al., 2003; Deshpande et al., 2016; Myler et al., 2017). The evolutionary conserved core complex 

consists of two copies of each Mre11 and Rad50. It takes shape as a globular ATP-dependent DNA 

binding and nuclease module (head module) with two protruding, up to 60 nm long flexible coiled coil 

(CC) domains (de Jager et al., 2001; Hopfner et al., 2001; Lammens et al., 2011; Lim et al., 2011). The 

two Rad50 CC domains of an MR or MRN complex are apically linked together via a zinc-hook 

dimerization motif (Hohl et al., 2015; Hopfner et al., 2002; Park et al., 2017). Recent structural data on 

E. coli Mre11-Rad50 (EcMR, also denoted SbcCD) suggest that the linked CC domains act as gate and 

chemo-mechanical sensor via ring to rod transitions to promote ATP dependent loading and cleavage 

of linear but not circular DNA (Kashammer et al., 2019).  
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In eukaryotes, Mre11 and Rad50 bind a third protein, Nijmegen breakage syndrome 1 (Nbs1, denoted 

Xrs2 in yeast) (Carney et al., 1998), which regulates MRs nuclease activity and acts as a scaffold for 

interactions with chromatin and DNA repair and signaling factors. Genetic inactivation of Mre11, 

Rad50 or Nbs1 is lethal in mammals, while hypomorphic mutations lead to several genome instability 

syndromes, like Nijmegen breakage syndrome and Ataxia-telangiectasia-like disorder, characterized by 

cancer predisposition, neurodegeneration and/or immunological defects (Bian et al., 2019; Buis et al., 

2008; Luo et al., 1999; Zhu et al., 2001). The eukaryotic MRN complex has both enzymatic and 

structural functions in DSB repair. It is involved in HR and end-joining pathways, meiotic and 

replication-associated recombination, chromatin architecture as well as telomere maintenance (Marie 

and Symington, 2022; Paull, 2018; Syed and Tainer, 2018). The various activities of MRN/X are tightly 

orchestrated and regulated by the cell cycle state and additional factors, such as ATM/Tel1, CtIP/Sae2 

and Rif2 (Cejka and Symington, 2021). CtIP/Sae2 functions as a DNA scaffold protein (Andres et al., 

2019) and MRN/X coactivator (Cannavo and Cejka, 2014; Deshpande et al., 2016; Reginato et al., 

2017; Wang et al., 2017) and is critical for DSB processing (Mimitou and Symington, 2008; Sartori et 

al., 2007). At S. cerevisiae telomeres, on the contrary, Sae2’s coactivator function is counteracted by 

telomeric factor Rif2, which prevents endonucleolytic cleavage by MRX (Khayat et al., 2021; Martina 

et al., 2012; McGee et al., 2010; Roisne-Hamelin et al., 2021).  

MRN/X also recruits and activates the Ataxia telangiectasia mutated (ATM, Tel1 in yeast) at DSBs 

(Cassani et al., 2019; Lee and Paull, 2005; You et al., 2005). ATM/Tel1 phosphorylates a large number 

of target proteins, thereby orchestrating the DNA damage response, a complex set of events that 

involves chromatin reorganization, DNA repair, cell cycle arrest, transcriptional responses and 

apoptosis (Lee and Paull, 2021). An important but particularly poorly understood function of MRN/X 

is the tethering of DNA (Cassani et al., 2018; Mojumdar et al., 2019; Seeber et al., 2016), and more 

generally chromatin organization (Delamarre et al., 2020; Forey et al., 2021; Salifou et al., 2021). 

MRN/X forms large clusters in vitro and repair foci in vivo, and both catalytic head complexes, as well 

as CC domains, are observed in low resolution EM or atomic force microscopy (AFM) to engage in 

cluster formation (Frame et al., 2006; Hopfner et al., 2002; Vera et al., 2022; Zabolotnaya et al., 2020). 

Such clusters might also be involved in generating multiple cleavage events at DSBs as well (Cannavo 

et al., 2019). The mechanism of how MRN integrates enzymatic and structural tethering functions and 

the molecular basis for the roles of the CCs in clustering has not been established and remains unclear. 

A particular conundrum is how the CC domain and zinc-hook can be involved in both intra-complex 

and inter-complex interactions, to act as gate in DSB sensing on one hand, or bridge MRN complexes 

in tethering functions on the other hand.  

Here we report the cryo-electron microscopy (cryo-EM) structure of Chaetomium thermophilum 

(Ct)MRN complex bound to ATPγS. Our structure not only clarifies the atomic architecture of 

eukaryotic MRN but reveals several unexpected features that rationalize enzymatic and tethering 
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functions in a single framework. A 3.8 Å reconstruction of MRN’s catalytic head shows that 75 amino 

acids of Nbs1 wrap as an extended chain around both Mre11 subunits. This portion of Nbs1 agrees well 

with that of the minimal core of murine Nbs1 necessary to maintain embryonic viability (Bian et al., 

2019). Our data thus clarify CtMRN as a M2R2N1 complex and suggest that a key function of Nbs1 is 

to stabilize the Mre11 dimer. The Rad50 CC domains are in a rod configuration, stabilized by several 

points of interactions along their entire lengths. Unexpectedly, we not only observe zinc-hook mediated 

dimerization of the two CC domains in a rod configuration, but the apices of two MRN CC domains 

further dimerize to form joined MRN-MRN assemblies. Supported by cell-based and biochemical 

studies, the structure provides a molecular basis for the transient tethering of DNA ends and/or 

chromatids by MRN.  

 

Results 

Cryo-EM structure of the Mre11-Rad50-Nbs1 complex 

Recombinant expression of the MRN proteins from Chaetomium thermophilum (Ct) in insect cells 

resulted in a homogeneous MRN complex with a 2:2:1 stoichiometry (Figure S1A). We vitrified the 

protein in the presence of ATPS, which we found to stabilize the complex for cryo-EM. Since 

CtMRN’s ATPase is 10-fold stimulated by DNA (see below), similar to human (Hs)MRN and 

Escherichia coli (Ec)MR (Deshpande et al., 2017; Saathoff et al., 2018), the resulting ATPS bound 

structure resembles an autoinhibited “resting” state of the complex between occasional ATP hydrolysis 

events.  

In the micrographs, we observed homogenous particles along with large, clustered oligomers, entangled 

Rad50 coiled coils (CCs), and partially dissociated complexes (Figure S1B). For structure 

determination, we focused on isolated particles that typically showed a globular head module (i.e., 

Rad50NBDs bound to the Mre11 dimer and Nbs1) along with straight or curved protruding CCs. The 

highly elongated, flexible nature of the particles prevented us to obtain a cryo-EM map of the entire 

complex, however, we could reconstruct a structure covering the head and approx. 50% of the proximal 

CCs, and another structure covering 25% of the distal CCs around the zinc-hook.  

We first focused on the head module and adjacent CCs. Several rounds of automated particle picking, 

2D classification, training of the TOPAZ neural network-based particle picker, followed by extensive 

3D classification, refinement, and polishing led to a 4.0 Å C1-reconstruction of the catalytic head 

module (Figure 1A, Figure S1C, D, Figure S2, Table 1). By further selecting for straight CCs and re-

extracting the particles with bigger box sizes, we obtained a C2-symmetrical density with 4.8 Å overall 

resolution in which around 30 nm of the Rad50 CCs were resolved (Figure 1A, Figure S2, S3A-E). 

Different regions of the C1 map were improved by further classification through variability analysis, 
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masking, and focused refinement, which brought out features like the path of Nbs1 around the Mre11 

dimer and parts of the Mre11 extended C-terminus. We generated a composite map by combining the 

higher resolution maps of different regions, using the C2-map with long CCs as a reference and scaffold 

(Figure S1D). The EM density maps enabled us to build an atomic model for the catalytic head domain 

and 30 nm of the Rad50 CCs, using various crystal structures and AlphaFold2 models for subunits as 

starting models (Figure 1A, Figure S3F).  

The catalytic head model consists of two Mre11, the two Rad50NBD subunits and an extended portion 

of Nbs1 that wraps around both Mre11 protomers (Figure 1A). The Mre11 nuclease domain, composed 

of the phosphodiesterase and capping domains (CD), forms the characteristic dimer structure with a 

prominent DNA binding cleft. The Mre11 nuclease active sites are blocked by both Rad50NBDs, which 

are situated in the DNA binding cleft to prevent unspecific DNA degradation. Following the nuclease 

domain, the helix-bundle Rad50-binding domain (RBD) attaches Mre11 to the Rad50 CCs. Overall, the 

architecture of the M2R2 head module is related to that of EcMR bound to ATPS, showing the 

autoinhibited “resting” state (Kashammer et al., 2019). 

The CC domains have a highly segmented nature with interspersed loops (CC segment joints). CtMRN-

ATPS CCs are parallel and tightly engaged (rod configuration), in contrast to the EcMR-ATPS 

“resting” state complex, where the CCs protrude at an angle of approx. 60° from the head (ring 

configuration) (Figure S4A). Both CCs interact with each other predominantly via contacts at the 

segment joints. Additionally, the CCs are held together by a bridge element formed by Mre11 that spans 

the CCs in the vicinity of the Rad50NBDs and is absent in the prokaryotic MR complex (Figure 1A, 

Figure S4A). Imaging CtMRN in the presence of ATP, we observed a small fraction of particles that 

showed open CCs, similar to the structure observed in the EcMR-ATPS “resting” state complex 

(Figure S4B) (Kashammer et al., 2019). This indicates that ATP, like in the bacterial complex, can 

induce CC opening.  

To generally validate the structural model and obtain additional architectural information, we 

performed lysine-specific chemical cross-linking followed by LC-MS/MS (XL-MS), which provides 

in-solution distance restraints of <30 Å between Cα atoms (Figure 1B, Figure S4C). In general, the 

obtained crosslinks are highly consistent with the model and especially validate the low-resolution parts 

of the map in the CCs and the fitting of the AlphaFold2 predicted CC segments (Figure 1A). The 

crosslinks also agree well with a highly extended conformation of the CCs as observed in the 

micrographs. Out of 40 crosslinks mapped to our model, 35 fulfill the distance restraints. The remaining 

crosslinks are all located within the catalytic head and could be explained by its flexibility (Video S1). 

This does not argue for elbow elements and folding of the CCs as observed for the structurally related 

class of SMC proteins (Burmann et al., 2019). 
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A single Nbs1 wraps around the Mre11 dimer 

A single Nbs1 polypeptide binds asymmetrically to both Mre11 phosphodiesterase domains with an 

S-shaped double turn across the Mre11 dimerization interface (Figure 1C). In total the Mre11 

interacting region of CtNbs1 comprises 75 residues. Binding is centered on the highly conserved 

KNFKxFxx motif (K659-F664), which binds right across the two-fold symmetry axis of the M2R2 head 

module with the pseudo-symmetric KxFxR region (Figure 1C, Figure S5A). This interaction was 

previously observed in a crystal structure of S. pombe (Sp)Mre11 catalytic domain bound to a small 

fragment of SpNbs1, showing high structural conservation of this central interaction mode (Figure 

S5B) (Schiller et al., 2012). However, the cryo-EM map, in conjunction with AlphaFold2 multimer 

analysis, enables us to trace the entire interaction region of Nbs1 around the Mre11 dimer (Figure 1A 

top view, Figure S3E). 

A series of coordinated turns, N-terminal of the KNFKxFxx motif form a small, compact central domain 

that further bridges the Mre11:Mre11 interface (Figure 1C). The central domain is reasonably well 

ordered with many contacts to Mre11, and has a predicted local resolution range from 3.8 Å to 4.3 Å. 

The size of the central domain structure appears to be a species-specific feature of Nbs1 homologs, as 

alignment with other species shows a significantly shorter sequence neighboring the KNFKxFxx motif 

(Figure S5A). The N- and C-terminal chains of CtNbs1 turn and extend back past this central domain 

in both directions to wrap across the entire Mre11 phosphodiesterase dimer (Figure 1C, insets). Both 

extensions bind with reverse polarity to equivalent regions of the two Mre11 phosphodiesterase 

domains. This extended part of a single Nbs1 polypeptide interacts with and breaks the symmetry of 

the Mre11 dimer. Beyond this core Mre11 interaction region, the Nbs1 C-terminal chain branches away 

into the solvent, while the N-terminal chain forms a short helix, overall resulting not only in an 

asymmetric Mre11-Nbs1 complex, but also asymmetries in the interactions between Mre11 and Rad50 

(Figure S5C). The asymmetric elements of Mre11 and Rad50 directly correlate with the orientation of 

Nbs1, suggesting the symmetry breaking orientation of Nbs1 influences the behavior of the entire MRN 

complex. This may be driven by the Mre11 loop H213-L225, which alternatively interacts with N-

terminal strand of Nbs1 in a conformation matching the crystal structure (Figure S5C, left), or swings 

15 Å to interact with Rad50 (Figure S5C, right). One Rad50 appears stabilized by this interaction, 

while the other shows a more flexible conformation, deviating up to 8 Å from the symmetry related 

position (Video S1). 

The strong interactions of the central domain are present in most observed particles, while the weaker 

interactions of the N- and C-terminal chains with Mre11 allow their release into the solvent. 3D 

classification of the Mre11-Nbs1 interaction showed that particles could be divided into 5 classes: 

central domain with N-terminal chain bound (27%), central domain with C-terminal chain bound (27%), 

central domain with both chains bound (25%), central domain with neither chain bound (13%), and no 
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Nbs1 bound (8%) (Figure S5D). This indicates that the interaction of Nbs1 with MR could be locally 

quite dynamic, perhaps to allow for conformational changes or response to interaction partners. Finally, 

we note that the 75-residue long Mre11 interaction region of Nbs1 more or less precisely corresponds 

to the minimal fragment of Nbs1 required to maintain embryonic viability. This highlights the 

importance of the asymmetric wrapping of the Mre11 dimer by Nbs1 as revealed by work for MRN 

core functionality in mammals (Kim et al., 2017). 

 

Rad50 is in a pre-engaged ATP state 

Closer inspection of the head module reveals one Mg2+-ATPS moiety bound to each of the two Walker 

A motif regions of the Rad50 dimer (Figure 2A, B). Mg2+ is properly coordinated by Walker B and Q-

loop residues. However, the signature motifs, a conserved motif characteristic for the ABC-type 

ATPase family, are approx. 10 Å away from the -(thio)phosphate of ATPS. In the fully engaged state 

of ABC-type ATPases, the signature motif binds the -(thio)phosphate of the “trans” ATP, inducing a 

“power stroke” in the ABC-type ATPase dimer when transiting from apo to ATP-bound states (Figure 

2C). We took advantage of two crystal structures of the isolated CtRad50NBD, bound to ATPS and 

either DNA or the Mre11 RBD, respectively, to compare with the cryo-EM structure of CtMRN and 

reveal structural differences (Seifert et al., 2016). Both structures show the same conformation with the 

signature motifs fully engaged with the trans -(thio) phosphates (Figure 2C). Comparison with the 

cryo-EM structure reveals a approx. 30° rotation of each of the two NBDs, driven via signature motif 

-(thio)phosphate interactions. Accompanying are corresponding movements of the CC domains 

(truncated in the crystal structures) (Video S2). Thus, in the full-length CtMRN cryo-EM structure, the 

adhesion of the CC domains and possibly the Mre11 bridge, likely prevents full engagement of the 

Rad50NBDs, by obstructing the necessary rotation of the NBDs, which remain in a partially engaged 

state. Even in the presence of ATP, only a subset of particles showed an open CC conformation, 

altogether pointing to a tighter autoinhibition of MRN as compared to MR in the absence of DNA 

(Figure S4B). 

 

ATP dependent and independent DNA binding by MRN 

The rod structure of the CCs raises the question of whether the canonical DNA binding site on the 

Rad50NBDs remains accessible to DNA (Figure 2C, crystal structure) and what role ATP plays in 

DNA binding. To assay ATP-dependent and independent DNA binding, we used a fluorescence 

polarization anisotropy (FA)-based assay (Materials and Methods). Wild-type CtMRN complex binds 

to 80-mer dsDNA oligonucleotide with Kd’s of 535 nM and 302 nM in the presence of ATP and 
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ATPγS, respectively (Figure 3A). We attribute the higher Kd for ATP to hydrolysis-dependent turnover 

since DNA robustly stimulates ATP hydrolysis (see below). Surprisingly, MRN also binds DNA in 

absence of ATP with a somewhat higher Kd of 737 nM (Figure 3A). Robust DNA binding in the 

absence of ATP was also seen for human MRN and appears to be a preserved feature of eukaryotic 

MRN/X, which is in contrast to the strictly ATP dependent DNA binding of prokaryotic MR (Hopfner 

et al., 2000; Lammens et al., 2011; Paull and Gellert, 1999; Rojowska et al., 2014).  

Interestingly, the binding curves converge to higher FA plateau values than in presence of ATP and 

ATPγS (97 mP and 92 mP, respectively) compared to the curve with no nucleotide (56 mP) (Figure 

3A). This approx. 2-fold FA increase in presence of ATP and ATPγS is a strong hint for the binding of 

a second DNA molecule to the MRN complex. Apart from the canonical binding site at the 

Rad50NBDs, we hypothesized that the eukaryote-specific Mre11 C-terminal extension could bind an 

additional DNA molecule (Usui et al., 1998). We generated a mutant MRN complex (MΔCRN), where 

this Mre11 extension (568-730) was removed (Figure 3B, top). The truncation still retains the bridge, 

as removal of the bridge resulted in an unstable complex that was not characterized further. Our 

truncation site coincides with a recently described SPARTN protease cleavage site in human Mre11 in 

certain cancers cells that reduced the affinity of HsMre11 to DNA (Na et al., 2021). CtMΔCRN’s ability 

to bind DNA in the absence of ATP/ATPyS was nearly abolished, confirming both binding caused by 

the Mre11 C-terminal tail and ATP dependence for binding to Rad50NBD. (Figure 3B) As expected, 

DNA binding to Rad50NBDs in the presence of ATP/ATPyS remained nearly unaltered (Kd values 

515 nM, 282 nM, respectively). Moreover, the levels of the FA plateaus (50 mP and 27 mP) are 

consistent with FA increase caused by one DNA oligomer, as seen above for the wt CtMRN. In addition, 

sigmoidal DNA binding curves for CtMRN and CtMΔCRN with and without ATP with Hill coefficients 

>1 (ranging from 1.3 to 3.0, see Material and Methods) indicate cooperative binding modes possibly 

arising from protein oligomerization, similar to what was observed for S. cerevisiae MRX (Vera et al., 

2022). In support for this interpretation, we noticed that DNA-bound CtMΔCRN complexes were 

significantly less prone to oligomer formation than CtMRN, observed by visualization of fluorescently 

labeled DNA (Figure S6A, B). 

Next, to investigate the preference of CtMRN and CtMΔCRN for DNA ends, we performed competition 

assays by adding increasing amounts of unlabeled circular or linearized plasmid DNA to the solution 

containing a fixed amount of protein and labeled 80-mer dsDNA. For CtMRN, the linearized DNA 

competed approx. 3-fold better than the circular DNA, showing an only moderate preference for DNA 

ends (Figure 3C). This could be due to the presence of the Mre11’s C-terminal tail containing the 

second binding site exhibiting no preference for DNA ends. However, for CtMΔCRN, linear DNA 

competed ~35-fold better than circular DNA (Figure 3D), demonstrating the strong dependence for 

DNA ends of the Rad50NBDs.  
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Finally, to test the effect of DNA stimulated ATP hydrolysis on DNA binding properties, we performed 

ATPase assays. Similar to studies on human MRN, we find that linear DNA stimulated CtMRNs 

ATPase approx. 10-fold, while circular DNA stimulated MRN only 2-fold (Figure 3E) (Deshpande et 

al., 2017). ATPase rates of CtMΔCRN were generally reduced to 2/3 of wt MRN’s ATPase levels but 

showed a similar 10-fold (linear) and 2-fold (circular) stimulation by DNA (Figure 3F). The lower 

ATPase rate might be caused by a less stable protein. However, the strong increase of MΔCRN’s 

preference for ATP-dependent binding of linear vs circular DNA is unlikely caused by the moderate 

reduction in ATPase activity, especially because the same increase in preference for linear over circular 

DNA is observed in the presence of ATPyS. 

We conclude that MRN possesses two DNA binding components. The first binds DNA in an ATP-

dependent manner via the evolutionary conserved head module.  Much like bacterial MR, a strong 

preference for specific binding at DNA ends is exhibited through this mode. The second DNA binding 

mode is ATP-independent and lies within the CtMre11 C-terminal tail. These additional interactions 

further increase binding of internal DNA elements. 

 

MRN-MRN tethering via zinc-hook tetramerization 

During cryo-EM data processing we noted 2D classes that resembled Rad50 zinc-hook dimers in the 

“closed” rod configuration (Figure S1C). We denote the tips of the dimerized CCs of a single MRN 

complex as CC apex. 2D class averages did not show single apices but depicted apex dimers: two Rad50 

zinc-hooks, joined via Zn2+ coordination to form the canonical apex in rod configuration, further 

dimerize in an antiparallel fashion. As a result, these apex-apex interactions tether two MRN complexes. 

Selecting and training for those particles enabled us to reconstruct a cryo-EM density at an overall 

resolution of 4.9 Å, which resolved another 14 nm of the total CCs (Figure 4A, Figure S7, Table 1). 

To obtain a higher resolution and independently verify this apex-apex interaction, we crystallized a 

fragment of the CC region around the zinc-hook (CtRad50589-782). We obtained crystals in space group 

P1 and determined a structure to 2.5 Å resolution by molecular replacement, using a corresponding 

CtRad50 AlphaFold2 model (Figure 4B) (Jumper et al., 2021). Data collection and model statistics are 

listed in Table 2. The asymmetric unit of the crystal consists of a dimer of zinc-hook dimers, i.e., two 

tethered apices, in the same arrangement as observed by cryo-EM (Figure 4B). 

Zooming in, we find that the primary interface between the CCs of a single M2R2N1 complex through 

joint coordination of a Zn2+ ion is very similar to that observed in crystal structures of archaeal and 

human Rad50 zinc-hook regions (Hopfner et al., 2002; Park et al., 2017; Soh et al., 2021). Conserved 

C691 and C694 from each of the two protomers jointly bind Zn2+ in a tetrahedral fashion (Figure 4C). 
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In both cryo-EM and crystal structure, the two CCs are arranged in the same rod configuration, 

stabilized by small confined, hydrophobic contact points along the two CC protomers. 

The rod state, as opposed to the originally observed open state, enables an antiparallel interaction of 

two apices through formation of a secondary interface (Figure 4D) (Hopfner et al., 2002). Hereby, 

F688 of one Rad50 dimer binds into a hydrophobic pocket (I651 and L654) at the last CC segment joint 

of the other Rad50 dimer. Flanking this hydrophobic interaction are salt bridges between R684 and 

E655, R687 and E658, and K686 and D736. Altogether, these contacts are formed twice in the 

secondary interface. Furthermore, due to the dimeric nature of the CC rods, the tethering interactions 

can form on both sides of a given apex, thus leading to formation of two-dimensional sheets of 

antiparallel tethered apices in the crystal lattice (Figure S8A). Interestingly, we observe apex multimers 

in cryo-EM, supporting the idea of higher-order apex interactions (Figure S8B). Due to the low number 

of particles, we could not obtain higher resolved 3D maps at this stage. Nevertheless, crystal packing 

and the cryo-EM classes raise the possibility that CC apex tethering might go beyond MRN-MRN dimer 

interactions towards higher-order oligomerization. 

Since the CtRad50 zinc-hook shows structural conservation to the previously published crystal structure 

of the HsRad50 zinc-hook (Park et al., 2017), we wondered whether HsRad50 could also form these 

antiparallel tethering interactions and inspected the underlying crystal lattice (PDB: 5GOX). 

Intriguingly, the HsRad50 apices adopt related, compared to CtRad50 longitudinally shifted, tethered 

structures within the crystal lattice (Figure 5A). Like in CtRad50, the same region at the tip of the CC 

helix mediates this interaction with the neighboring apex and we denote this region as an apex tethering 

element. The apex tethering element does not interact with the first loop insertion element of the CCs, 

as observed for CtRad50, but with a CC segment just beyond (Figure 5A, inset). Nevertheless, the 

overall mode of antiparallel interactions of both human and C. thermophilum CC apices suggest that 

apex-apex interactions might be a conserved feature to tether two or more MRN complexes. 

 

Zinc-hook tetramerization is required for efficient DNA repair in human cells 

To assess the functional significance of MRN-MRN tethering on recombinational DNA damage repair 

in living cells, we mutated the HsRad50 apex tethering element (DENQS675-679AAAAA; Rad50apex). 

Purified HsMRapexN complex has an M2R2N1 stoichiometry and a thermal stability profile similar to 

that of the wt HsMRN complex, suggesting that the overall complex formation and folding are not 

affected by the mutations (Figure S9A, B). We analyzed the capability of HsMRapexN to repair reactive 

oxygen species (ROS) mediated DNA damage through comet assays in U2OS cells. Endogenous Rad50 

was knocked down via siRNAs and the cells were transfected with wt or mutated Rad50, along with 

wtMre11 and wtNbs1 to have all components expressed at the same level. Knockdown of endogenous 
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Rad50 without supplementing plasmid expressed MRN caused impaired DNA repair upon ROS-

induced stress (Figure 5B). Residual repair capacity may be attributed to remaining levels of 

endogenous Rad50 after siRNA knockdown. Transfection with wt MRN fully rescued the repair 

deficiency (Figure 5B). Transfection with MRapexN only led to a partial rescue, despite robust 

overexpression of the proteins (Figure S9C). The rescue level is in a similar range, slightly better than 

in the absence of MRN transfection, indicating that the mutant has a residual but substantially affected 

repair capacity. Taken together, these data suggest that the apex tethering element mutation 

compromises MRN function in DSB repair and that the structurally observed tethering interaction is an 

important feature of MRN in human cells. 

 

Discussion 

The MRN complex is a tightly regulated, multifunctional DNA double-strand break (DSB) repair factor 

that senses and processes DSBs (Cejka, 2015; Paull, 2018; Syed and Tainer, 2018). In addition to its 

nuclease activity, MRN has functions in DNA damage signaling (via ATM recruitment and activation), 

DNA tethering, telomere maintenance and chromatin organization (Cannavo and Cejka, 2014; de Jager 

et al., 2001; Deshpande et al., 2016; Khayat et al., 2021; Lamarche et al., 2010; Lee and Dunphy, 2013; 

Lee and Paull, 2005; Salifou et al., 2021; You et al., 2005). Many mechanistic aspects of the activation 

and regulation, but especially also the scaffold functions remain unclear to date. Using cryo-EM 

analysis and crystallography, we determined the structure of the MRN complex in a “resting” state, 

providing an architectural framework and mechanism for the unresolved question of how MRN 

combines catalytic and structural tethering functions. 

Our structure of the full-length MRN clarifies the complex stoichiometry as M2R2N1 and provides a 

molecular basis for the symmetry breaking by Nbs1. Parts of Nbs1 wrap as an elongated chain around 

the Mre11 nuclease domain dimer, binding to the same surface regions of both Mre11 protomers via 

different Nbs1 elements. The observed wrapping mode argues that an essential function of Nbs1 is to 

stabilize the Mre11 dimer and head architecture, which might be critical for ATM activation and other 

functions of the complex. For instance, the S. cerevisiae Nbs1/Xrs2 provides nuclear localization, is 

required for ATM/Tel1 recruitment and canonical end-joining activities, while it is dispensable for 

nuclease associated functions of MRN/X (Oh et al., 2016). In mice, Nbs1 deletions cause embryonic 

lethality, however a minimal Mre11 binding fragment that more or less precisely correlates with the 

portion of Nbs1 that we visualize here, was shown to restore viability and enable ATM activation (Kim 

et al., 2017). These data indicate that the observed wrapping of the Mre11 dimer by Nbs1 would be 

particularly important for roles in DNA tethering and Tel1 activation. 
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An unexpected observation was that the CtMRN-ATPγS CCs adopt a closed rod state, rather than the 

open, flexible ring structure that was observed for the EcMR-ATPγS complex (Kashammer et al., 

2019). We attributed the open state to loading onto DNA ends, especially those that carry a 

proteinaceous block. The relatively narrow opening between the CC domains at the head complex could 

help clamp down DNA once it is loaded, as observed in the EcMR “cutting” state, but it is difficult to 

envision how a blocked DNA end could enter between the CCs in this configuration. The structure may 

indicate that eukaryotic MRN is more autoinhibited than bacterial MR, which makes sense considering 

the much more complex functional spectrum of eukaryotic MRN and the perhaps even greater cytotoxic 

threat that unregulated DNA cleavage by MRN might pose on eukaryotic genomes. However, the CCs 

might also be more dynamic than presented by the cryo-EM analysis. For instance, atomic force 

microscopy (AFM) studies generally show a more dynamic nature of the CC domains (Moreno-Herrero 

et al., 2005; Tatebe et al., 2020; Zabolotnaya et al., 2020). We also observe a subpopulation of open 

CC domains exclusively in the presence of ATP, in line with the idea that ATP binding is needed to 

open the CCs (Lee et al., 2013). Comparison with the crystal structures of CtRad50NBD in complex 

with ATPγS reveals that a full engagement of the NBDs with the signature motif binding to the y-

phosphate of ATP needs an approx. 60° rotation of NBDs with respect to the other, a movement that 

would pry the CCs open (Figure 2C, Video S2) (Seifert et al., 2016). A switch between a semi-engaged 

NBD (this study) and engaged NBD (Rad50NBD crystal structures) would be consistent with studies 

that show partially open and closed conformations of NBDs on archaeal MR (Canny and Latham, 2022). 

It is likely that cooperative ATP and DNA binding may help to stabilize the open CC conformation 

with fully engaged NBDs since linear DNA triggers ATP hydrolysis approx. 10-fold in both C. 

thermophilum (Figure 3F) and human MRN (Deshpande et al., 2017). Thus, it is reasonable to assume 

that DNA interacts with MRN after ATP dependent loading on DSBs such that DNA is bound at 

Rad50's NBDs between the CC, consistent with a prior crystallographic analysis of CtRad50 and crystal 

as well as cryo-EM structures of prokaryotic MR in complex with DNA (Kashammer et al., 2019; Liu 

et al., 2016; Seifert et al., 2016).  

However, the spectrum of DNA binding activities by MRN is arguable more complex than for bacterial 

MR, which only displayed DNA binding activities that were highly specific for DNA ends and fully 

dependent on ATP (Saathoff et al., 2018). Here we identify the C-terminal extension of eukaryotic 

Mre11 as responsible for the additional nucleotide independent DNA binding activity, as well as the 

increased capacity to bind circular compared to linear DNA. A DNA binding site in the C-terminus of 

S. cerevisiae Mre11 has been identified early on and found to be specifically important for the formation 

of meiotic breaks and chromatin organization at DSBs, but otherwise showed almost wt phenotypes in 

meiosis (Furuse et al., 1998). Thus, our identified separation of DNA binding modes into one that 

involves the core head complex and is highly specific for DNA ends and ATP, and another that is ATP 

independent and extends DNA binding also to undamaged DNA regions could be particularly useful to 
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dissect the pleiotropic enzymatic and scaffolding functions of MRN in genome biology. We envision 

that MRN, like bacterial MR, is loaded onto DBSs in a configuration where the DNA end passes through 

the CCs, while internal DNA is recognized in a more peripheral fashion via the Mre11’s C-terminus 

(Figure 5C). However, the molecular details of the different modes of DNA binding to MRN must 

await future studies. 

The separation of binding modes is consistent with and useful to interpret several recent studies. The 

presence of two modes fits very well with the DNA binding dynamics observed in single-molecule 

DNA curtain experiments (Myler et al., 2017). The canonical, ATP-dependent Rad50 DNA binding 

site seems to be responsible for binding to DNA ends, where HsMRN was observed to cleave Ku and 

itself off in a process that requires ATP. However, before DNA end recognition, MRN was observed 

to diffuse along linear DNA in an ATP independent fashion. These and our data suggest that MRN 

binds to internal DNA via a mechanism that involves the Mre11 C-terminus that allows sliding along 

DNA. Upon engagement of DNA ends MRN is then properly loaded in an ATP-dependent process to 

form a “cutting” state.  

Furthermore, a physiologically occurring truncation of the HsMre11 C-terminus at a site that matches 

the one analyzed biochemically by us in CtMRN was identified in human cancer cells and attributed to 

cleavage by the SPRTN protease (Na et al., 2021). The biochemical analysis showed loss of DNA 

binding and nuclease activities of MRN in vitro, consistent with our work. However, in that study in 

vitro nuclease and DNA binding activities were only assessed in the absence of ATP. As a result, the 

conclusion that truncation of the Mre11 C-terminus benefits these cancer cells due to loss of all MRN 

DNA binding should be further studied, as MRNs ATP dependent interaction with DNA ends might 

still be intact. For instance, the Mre11 truncation could be beneficial to cancer cells because some DSB 

sensing capacity might still be present, while MRNs poorly understood role in chromosome 

organization or transcription, a process that could require specifically interaction with intact DNA, 

could be affected (Forey et al., 2021; Salifou et al., 2021).  

Perhaps the most important result of our work is the discovery of the apex dimerization, since this 

provides an integrated mechanistic framework for both head-associated DNA binding, nuclease, and 

zinc-hook associated tethering. Numerous studies, starting from early low-resolution negative stain 

electron microscopy to AFM and cell-based studies show that CC apices from different MR/MRN 

complexes can associate to form large DNA tethering assemblies in vitro and that MRN has functions 

in tethering or cohesion of different DNA elements (de Jager et al., 2001; He et al., 2012; Hohl et al., 

2015; Hopfner et al., 2002; Moreno-Herrero et al., 2005; Park et al., 2017; Seeber et al., 2016; Vera et 

al., 2022; Zabolotnaya et al., 2020). Based on structural work on the zinc-hook regions, which showed 

nearly antiparallel (Hopfner et al., 2002) and parallel (Park et al., 2017; Soh et al., 2021) conformations, 

to date, it was assumed that the dimerization of two zinc-hooks can occur between the CCs of a single 
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MRN complex (intra-complex) or between the CCs from different MRN complexes (inter-complex), 

thus tethering MRN. However, the stability of the zinc-hook dimers, the emerging role of the CC 

domains as a critical chemo-mechanical element, rather than a mere linker element, made it unlikely 

that zinc-hooks switch from intra- to inter-complex interaction modes. Rather they act as stably 

associated hinges that can switch between ring and rod states of the CCs of a single MRN complex.  

Our cryo-EM data now resolves this prevailing conundrum, showing that two apex regions in the rod 

configuration can further dimerize to join two MRN-MRN complexes (Figure 5D). We believe this 

clarifies the mode how MRN-MRN dimers are tethered generating large structures spanning up to 

approx. 120 nm (Figure 5D). Apparently, the tethering interaction requires the CC domain to be in the 

rod configuration. Thus, it is possible that ATP-dependent dynamics and DNA loading at the head have 

a functional crosstalk with the state of tethering. 

The mode of this tether, with a very small hydrophobic anchor surrounded by salt bridges, might be 

quite transient on a single MRN-MRN level. Since, MRN complexes have the property to form large 

clusters at DNA ends, likely through head-head interactions (Vera et al., 2022), multiple protruding CC 

rods from those clusters could form a molecular Velcro through multivalent interactions (de Jager et 

al., 2001; Zabolotnaya et al., 2020), which could be an interesting way to regulate tethering strength 

through the size of such clusters (Figure 5C). Likewise, such a cluster could interact with MRN 

complexes on the sister-chromatid, providing a possible mechanism for the role of MRX in sister-

chromatid cohesion at DSBs in S. cerevisiae (Seeber et al., 2016). Of note, the type of interface with 

small hydrophobic parts and ion pairs is characteristic of the types of interactions found in liquid-liquid 

phase-separated condensates (Banani et al., 2017). Furthermore, an inspection of the crystal lattice of 

CtRad50apex shows that even 1D-lattice-like interactions between multiple apices might form, which fit 

very well with the 1D-lattice geometry of the Rad50NBD dimers bound to DNA. It is therefore possible 

that DNA tethering by MRN proceeds via multivalent interactions much like those proposed for phase-

separated condensates. 

The HsRad50hook crystal lattice revealed a similar tetrameric arrangement with predominantly ionic 

interactions (Figure 5A) (Park et al., 2017). Mutating the apex tethering interface impaired the repair 

of ROS-mediated DNA damage in human cells, showing its functional significance. Part of the apex-

apex interface is also a loop insertion element in the segmented CC that carries an SQ-motif (S635, 

Q636). This site has been noticed and studied before and it was found to be phosphorylated by both 

ATM and ATR (Gatei et al., 2011; Gatei et al., 2014). Mutations in S635 affected DSB repair, 

checkpoint activation and survival, as well as cohesin loading at sites of replication restart (Gatei et al., 

2011; Gatei et al., 2014). These phenotypes were not caused by defects in the nuclease activity, since 

HsMRNS635G had unaltered nuclease activity in vitro (Gatei et al., 2011) and indicate that tethering may 

be subject to regulation by ATM and ATR in human cells. From a structural point of view, 
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phosphorylation could increase the stability of the tethering through interactions with nearby basic 

amino acids on the opposing apex protomer, but it could also alter the geometry of the apex and reduce 

tethering through geometric issues. However, the functional importance of MRN-MRN tethering and 

its regulation probably differs in different species, since the replacement of the zinc-hook region with 

the hinge domain of the bacterial SMC protein MukB did not result in increased camptothecin and 

hydroxyurea sensitivity in S. pombe (Tatebe et al., 2020). 

In summary, we provide the framework for the molecular architecture of the eukaryotic MRN 

complex. We reveal an unexpected, closed conformation of the MRN CCs that enables topology-

sensitive binding of DNA ends as well as DNA end tethering. 

 

STAR METHODS  

LEAD CONTACT AND MATERIALS AVAILABILITY  

Further information and requests for resources and reagents should be directed to and will be fulfilled 

by the Lead Contact Karl-Peter Hopfner (hopfner@genzentrum.lmu.de).  

 

EXPERIMENTAL MODEL AND SUBJECT DETAILS  

Organisms as source for materials used in experiments 

E. coli XL1 Blue cells were used for amplification of plasmid DNA. 

Spodoptera frugiperda sf21 insect cells were used for virus production. 

E. coli Rosetta2, Trichoplusia ni insect cells and Homo sapiens HEK293T were used for recombinant 

protein expression. 

Homo sapiens U2OS cells were used for Comet assays. 

 

METHOD DETAILS 

Expression and purification of the CtMRN complex 

Codon-optimized synthetic genes (Genscript, Piscataway, USA) encoding CtMre11, CtRad50, CtNbs1 

were PCR amplified and cloned into pACEBac1 (CtMre11, CtRad50) and pIDK (CtNbs1) using 

MultiBac expression system (Berger et al., 2004). Recombination steps were carried out in Escherichia 

mailto:hopfner@genzentrum.lmu.de
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coli XL1Blue cells (Stratagene) under the addition of Cre-recombinase (NEB). Baculoviruses were 

generated in Spodoptera frugiperda (SF21) insect cells (IPLB-Sf21AE) and virus titers were 

determined by small-scale test expression. 1 L of Trichoplusia ni High Five cells (Invitrogen), seeded 

to 1 mio/mL, were infected with 1:1000 of baculovirus and cultured for 72 h at 27°C. Cells were 

harvested by centrifugation.  

The fresh cell pellet was suspended in 50 mL of Lysis buffer (50 mM HEPES pH 7.0, 250 mM NaCl, 

10% glycerol, 0.5 mM TCEP, 5 μL TURBO DNase (Thermo-Fisher Scientific), supplemented with a 

SIGMAFAST Protease Inhibitor Cocktail Tablet, EDTA free (Merck) on ice. All further purification 

steps were performed on ice or in an 8°C cold room. The cells were lysed using a Dounce homogenizer 

followed by sonication for 1 min (50% duty cycle, 5 output control). The lysate was cleared by 

centrifugation at 17000 rpm for at least 1 h using an SS-34 rotor. The soluble supernatant was prefiltered 

with a Millex fiber-glass filter (Roth) and filtered using 0.45 μm PVDF membrane filters (Merck 

Millipore). 

The lysate was applied onto a 5 mL HiTrap Heparin HP column (GE Healthcare) attached to an AKTA 

Pure system (GE Healthcare) and equilibrated in Buffer A (50 mM HEPES pH 7.0, 250 mM NaCl, 10% 

glycerol, 0.5 mM TCEP). The column was washed with 5 CV Buffer A, 5 CV of 7% Buffer B (50 mM 

HEPES pH 7.0, 1 M NaCl, 10% glycerol, 0.5 mM TCEP). Protein was eluted with 33% Buffer B, 

pooled, and dialyzed for 8 h in SEC buffer (20 mM HEPES 7.0, 200 mM NaCl, 10% Glycerol, 0.5 mM 

TCEP). 1 g (dry mass) cellulose phosphate (CP) fine mesh resin (Merck) was prepared according to 

protocol and equilibrated in SEC buffer. The dialyzed protein was applied to CP resin, which was 

washed until no DNA eluted anymore. Protein was eluted by the addition of CP elution buffer (20 mM 

HEPES 7.0, 400 mM NaCl, 10% glycerol, 0.5 mM TCEP) to a total of 10 CV. The CP eluate was 

concentrated and applied to size exclusion chromatography (SEC; Superose 6, 10/300, GE Healthcare) 

in SEC buffer (No glycerol was added for cryo-EM grid preparation). Stoichiometric CtMRN complex 

eluted at 0.4 CV. 

 

Crosslinking mass spectrometry 

Freshly purified MRN complex was diluted in compensation buffer to obtain a protein concentration of 

0.25 mg/mL in 20 mM HEPES (pH 7.0), 200 mM NaCl, 5 mM MgCl2, 1 mM MnCl2, 0.2 mM TCEP, 

1 mM ATPγS. The complex was incubated for 15 min at 21°C, then a 6.2 mM solution of bis 

sulfosuccinimidyl suberate (BS3), dissolved in 20 mM HEPES (pH 8.5) buffer, was added to obtain a 

final concentration of 31.1 μM BS3. The protein was crosslinked for 30 min @ 35°C before it was 

quenched by the addition of 1 M Tris-HCl (pH 8.0) to a final concentration of 62 mM. 
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To the crosslinked proteins, 4 M Urea and 50 mM Tris (pH 8.0) were added. The mixture was sonicated 

using a Bioruptor Plus sonication system (Diogenode) for 10x 30 s at high intensity. Thereafter, 40 mM 

2-chloroacetamide (CAA, Sigma-Aldrich) and 10 mM tris(2-carboxyethyl) phosphine (TCEP; Thermo 

Fisher Scientific) were added for the reduction and alkylation of disulfide bonds.  After incubation for 

20 min at 37°C, the samples were diluted 1:2 with MS grade water (VWR). Crosslinked proteins were 

digested overnight at 37°C by addition of 0.5 µg of LysC and 1 µg of trypsin (Promega). Afterward, 

the mixture was acidified with 10% trifluoroacetic acid (TFA; Merck) in water to a final concentration 

of 1%, followed by desalting of the peptides using Sep-Pak C18 1cc vacuum cartridges (Waters). 

Desalted peptides were vacuum-dried.  

Vacuum-dried peptides were dissolved in buffer A (0.1% formic acid). For nano-LC separation of the 

peptides at a flow rate of 250 nL/min, the Thermo Easy-nLC 1000 (Thermo Fisher Scientific) equipped 

with a 30-cm analytical column (inner diameter: 75 microns; packed in-house with ReproSil-Pur C18-

AQ 1.9-micron beads, Dr. Maisch GmbH) was used. Through the nanoelectrospray interface, eluting 

peptides were sprayed into the benchtop Orbitrap Q Exactive HF (Thermo Fisher Scientific)(Scheltema 

et al., 2014). As gradient, the following steps were programmed with increasing addition of buffer B 

(80% acetonitrile, 0.1% formic acid): linear increase from 8 to 30% over 60 minutes, followed by a 

linear increase to 60% over 5 minutes, a linear increase to 95% over the next 5 minutes, and finally 

maintenance at 95% for another 5 minutes. The mass spectrometer was operated in data-dependent 

mode with survey scans from m/z 300 to 1650 Th (resolution of 60k at m/z = 200 Th), and up to 15 of 

the most abundant precursors were selected and fragmented using stepped Higher-energy collisional 

Dissociation (HCD with a normalized collision energy of value of 19, 27, 35). The MS2 spectra were 

recorded with a dynamic m/z range (resolution of 30k at m/z = 200 Th). AGC targets for MS1 and MS2 

scans were set to 3 x 106 and 105, respectively, within a maximum injection time of 100 and 60 ms for 

the MS1 and MS2 scans, respectively. Charge state 2 was excluded from fragmentation to enrich the 

fragmentation scans for cross-linked peptide precursors.  

The acquired raw data were processed using Proteome Discoverer (version 2.5.0.400) with the 

XlinkX/PD nodes integrated (Klykov et al., 2018). To identify the crosslinked peptide pairs, a database 

search was performed against a FASTA containing the sequences of the proteins under investigation as 

well as a contaminant database. DSS was set as a crosslinkers. Cysteine carbamidomethylation was set 

as fixed modification and methionine oxidation and protein N-term acetylation were set as dynamic 

modifications. Trypsin/P was specified as protease and up to two missed cleavages were allowed. 

Furthermore, identifications were only accepted with a minimum score of 40 and a minimal delta score 

of 4. Otherwise, standard settings were applied. Filtering at a 1% false discovery rate (FDR) at peptide 

level was applied through the XlinkX Validator node with setting simple. 
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The crosslinks were analyzed and visualized using the xVis Crosslink Analyzer Webserver and the 

Xlink Analyser software for UCSF Chimera(Grimm et al., 2015; Kosinski et al., 2015; Pettersen et al., 

2004). 

 

Cryo-EM grid preparation 

Freshly purified MRN complex was diluted in compensation buffer to obtain a protein concentration of 

0.27 mg/mL in 20 mM HEPES (pH 7.6), 200 mM NaCl, 5 mM MgCl2, 1 mM MnCl2, 20 μM ZnCl2, 

0.2 mM TCEP, 2 mM ATPγS. The complex was incubated for at least 10 min at 21°C to bind ions and 

nucleotide. Just before plunging, Octyl β-D-glucopyranoside (β-OG) was added to a final concentration 

of 0.05%. Grids were prepared using a Leica EM GP plunge freezer (Leica). β-OG containing sample 

(4.5 μl) was deposited onto plasma cleaned (GloQube, Quorum) copper grid (Cu 200, R2/1, Quantifoil). 

The sample was applied to the grids at 15°C and 95% humidity and blotted for 2.7 s before plunge-

freezing the grid in liquid ethane. 

 

Cryo-EM data acquisition  

Six datasets of CtMRN-ATPγS (a total of 29349 micrographs) were acquired on a Titan Krios 

transmission electron microscope (Thermo Fisher Scientific) operated at 300 kV, with a K2 summit 

direct electron detector (Gatan) operated in counting mode and energy filter (Gatan). Data acquisition 

was automated with the EPU (Thermo Fisher Scientific) software package. Images were recorded at a 

nominal magnification of 130,000x (1.059 Å/pix) with a defocus range of 1.0 μm to 2.8 μm, and a total 

dose of 45 e−/Å2 over 40 frames. 

 

Cryo-EM image processing  

Motion correction with MotionCor2 and CTF estimation with CTFFind4 were performed on the fly for 

all datasets using an in-house developed pipeline (Rohou and Grigorieff, 2015; Zheng et al., 

2017). Further processing was performed using Relion v3.0  (Zivanov et al., 2018) and CryoSPARC 

v3.2.0 (Punjani et al., 2017), and older versions. Initially, particles were picked in CryoSPARC using 

the implemented blob picker. After 2D classification, selected particles were used to train the TOPAZ 

deep picker(Bepler et al., 2020). TOPAZ was trained iteratively until no further increase in particle 

numbers and particles were extracted using box sizes of 768 pix (Long CC map), 352 pix (Catalytic 

head map), 352 pix (ZH tetramer).  
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Initial models were generated using CryoSPARC ab-initio reconstruction. The particles for the 

Catalytic head map were transferred to Relion, further sorted by 2D classification and subjected to 

focused 3D refinement by masking the catalytic head. This resulted in the C1 map of the catalytic head 

at 4.0 Å. Further, focused 3D classification resulted in five different classes that showed different 

degrees of Nbs1 binding to the catalytic head. Non-uniform (NU) refinement of the Long CC particles 

in CryoSPARC led to a C2 map with 4.8 Å overall resolution. Further local refinements of the C2 maps 

led to two maps of the CCs with 6.8 Å and 7.6 Å, respectively. Maps were LAFTER filtered (ref) in 

the CCP-EM software suite (ref). The full compliment of picked particles were additionally processed 

independently in CryoSparc. Particles were initially sorted by rounds of 2D classification and 

heterogeneous refinement. 3D variability was used to divide the particles by Rad50 orientation. The 

classes corresponding to the extremes of Rad50 motion were used for heterogeneous refinement. The 

most stable class further processed by non-uniform refinement producing a map of the catalytic head 

with extended Rad50 coiled coils and the Mre11 bridge at an overall resolution of 3.92 Å. Local 

refinement with a mask for Nbs1 and the Mre11 phosphodiesterase domains produced a map of Nbs1 

interactions at 3.75 Å.  

The ZH particles were processed in CryoSPARC. An ab-initio reconstruction was created from the 

particles picked in TOPAZ. Particles were repicked and sorted via heterogeneous refinement with 5 

references from a ZH tetramer, ZH octamer, Mre11, MRN catalytic head, and a part of the CCs. The 

ZH particles were pooled and sorted via iterative rounds of 2D classification. From NU refinement, 

followed by local refinement a 4.9 Å C2 map of the ZH was calculated. To avoid over-refining, the 

map was eventually filtered to 7 Å. 

 

Model building  

The MRN head and coiled coils model was prepared using a combination of crystal structure templates, 

AlphaFold predictions, and de novo building. Initial models were rigid body fitted in Chimera (ref), 

using 4KYE (ref) for the Mre11 phosphodiesterase and capping domains, and 5DA9 (ref) for the Mre11 

RBDs and Rad50 nuclease domains and coiled coils until residues 214 and 1107. Alphafold2 

predictions were used as templates for Nbs1 (606 to 689) bound to the Mre11 phosphodiesterase dimer, 

Rad50 DNA binding site loops (1176 to 1187) and coiled coils (215 to 1106), and Mre11 bridge (523 

to 557) (Figure S3F). Further model building and refinement was performed in Coot 0.9 (ref). Initial 

models were morphed into EM density by real space refinement with local restrains, then further refined 

with optional restraints based on local resolution. Regions not matching the initial models, in particular 

the non-symmetric loops, were manually built. The model was refined against several focused maps, 

and LAFTER filtered maps were used for poorly resolved and partially flexible regions. The Mre11-

Rad50 head module was refined against EMD-14880. Nbs1 and interacting residues of Mre11 were 
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refined against EMD-14877. Mre11 RBD and bridge, and the neighbouring Rad50 coiled coils and 

loops were refined against EMD-14876. The remaining Rad50 coiled coils were refined against EMD-

14878 and EMD-14879. Real space refinement and validation were performed in Phenix 1.20.1 (ref).   

 

DNA stimulated ATPase assays 

We used an NADH-coupled assay to monitor the rate of ATP hydrolysis by CtMRN. The ATPase rate 

was assayed in reaction buffers containing 250 nM MRN complex, 20 mM HEPES pH 7.0, 80 mM 

NaCl; 5 mM MgCl2, 1 mM MnCl2, 0.1 mg/mL BSA, 0.2 mM TCEP, 0.25 mM NADH, 20 U/ml PK, 

30 U/ml LDH, 2 mM Phosphoenolpyruvate (PEP), the reaction was started by addition of 1 mM ATP 

and 52 ng/μL DNA. The measurements were started immediately after ATP addition for 2 h at 37 °C. 

The oxidation rate of NADH was assayed fluorometrically by measuring the fluorescence at 460 nm 

(excitation 340 nm) on a Tecan microplate reader (Infinite M1000).  

 

Direct fluorescence polarization anisotropy (nucleotide dependence) 

Fluorescence polarization anisotropy was used to monitor CtMRN and CtMΔCRN binding to 80 bp 

dsDNA. 5 nM of 3’ 6-FAM-labeled DNA was incubated with increasing amounts of MRN in ATP (20 

mM HEPES pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM ATP, 0.5 mM TCEP), ATPyS 

(20 mM HEPES pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM ATPyS, 0.5 mM TCEP) 

and no nucleotide (20 mM HEPES pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 0.5 mM 

TCEP) assay buffers. All DNA binding reactions were done without the addition of MnCl2 to avoid 

DNA degradation. After 15 min incubation at 37 °C, the fluorescence anisotropy was measured at an 

excitation wavelength of 488 nm and an emission wavelength of 520 nm using an automated 

polarization microscope(Jung et al., 2018; Jung et al., 2019). Each sample was measured at twelve 

different z-planes to reduce the effect of potential fluorescing protein-DNA aggregates that could lead 

to erroneous FA values, these measurements were repeated three times for each of the 3-4 replicates. 

The FA values were calculated for each image using the following formula, requiring the parallel (I=) 

and perpendicular (I+) fluorescence intensities and the instrumental G-factor (G = 1.15 for our setup, as 

determined by measuring free dye in solution). Regions of interest (ROI) were defined as equal-sized 

regions around the maxima in the respective channels. 

𝐹𝐴(𝑧, 𝑡) =
𝐼=(𝑧, 𝑡)  − 𝐺𝐼+(𝑧, 𝑡)

𝐼=(𝑧, 𝑡) + 2𝐼+(𝑧, 𝑡)
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Finally, we calculated for each sample the median FA value of all images acquired from a given well 

to reduce variability, namely the contribution to FA of images containing potential Protein-DNA 

aggregates.  

 

Competitive fluorescence polarization anisotropy (topology dependence) 

Fluorescence polarization anisotropy was used to monitor CtMRN and CtMΔCRN binding to linear and 

circular DNA. 5 nM of 3’ 6-FAM-labeled 80 bp dsDNA was incubated with 45 nM MRN in ATPyS 

containing assay buffer (20 mM HEPES pH 7.0, 100 mM NaCl, 5 mM MgCl2, 0.2 mg/ml BSA, 1 mM 

ATP, 0.5 mM TCEP). After 10 min incubation, increasing amount of either circular or linear (obtained 

by digesting of circular DNA with PvuII-HF NEB) pUC19 plasmid DNA was added. After 15 min 

incubation at 37 C, the fluorescence anisotropy was measured using the same setup as described above. 

 

Fluorescence imaging and segmentation of protein-DNA aggregates 

To characterize the relative amount of aggregates between samples, we acquired for each sample z-

stacks of widefield fluorescence images. Image segmentation of the aggregates was performed using a 

custom-written Definiens XD 2.0 script (Munich, Germany). The image analysis procedure was the 

following. The individual aggregates appear in bright, relatively round objects within a heterogeneous 

background arising from the inhomogeneous widefield illumination. To facilitate the detection of the 

contour of the objects, we applied a 3D-Gaussian filter with a kernel size of 5 × 5 × 3 pixels, followed 

by a second 3D-Gaussian filter with the same kernel size. We then subtracted the latter image from the 

previous one. This procedure resulted in a background-subtracted image. Then, we applied a global 

threshold and carried out segmentation using an algorithm implemented in the Definiens XD 2.0 

software platform. Briefly, the Multi-Threshold Segmentation algorithm splits the image domain and 

classifies the resulting image objects based on a defined pixel value threshold. This results in segmented 

patterns classified as “aggregates” or “background”. We then extracted for each frame the total number 

of aggregate particles, their size (in a 2D projection within our optical resolution of about approx. 0.5 

µm), and their average fluorescence intensity. The latest parameter can be assumed to be proportional 

to the number of protein-DNA aggregating in a single particle.  

 

Crystallization and structure determination of the CtRad50 Zn-hook domain 

Codon-optimized synthetic DNA (Genscript, Piscataway, USA) encoding CtRad50598-782 was PCR 

amplified and cloned into pET47b (6xHis-HRV3C-CtRad50598-782). The construct was expressed in 
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Escherichia coli BL21 Rosetta cells (Novagen). 0.5 L of E. coli culture were grown in TURBO BrothTM 

medium (Molecular Dimensions) containing Kanamycin (50 μg/mL) and Chloramphenicol (34 μg/mL) 

at 37°C to an OD600 of 2.0 before induction with 0.4 mM IPTG. Upon induction, further cultivation was 

performed at 18°C, until the cells reached an OD600 of 7.0. 

The cells were harvested via centrifugation (10 min, 3000 g, 4°C) and resuspended in 150 mL lysis 

buffer (50 mM HEPES 7.5, 250 mM NaCl, 10 % Glycerol, 5 mM β-Mercaptoethanol, 2 μL TURBO 

DNase (Thermo-Fisher Scientific), supplemented with a SIGMAFAST Protease Inhibitor Cocktail 

Tablet, EDTA free (Merck). The cells were lysed via sonication for 3x 3 min (50% duty cycle, 5 output 

control), and cleared lysate was prepared by centrifugation at 17 000 rpm for 1 h using an SS-34 rotor.  

5 mL Ni-NTA beads (Macherey-Nagel) were equilibrated in Buffer A (50 mM HEPES 7.5, 250 mM 

NaCl, 10 % Glycerol, 5 mM β-mercaptoethanol) and incubated with cleared lysate for 1h at 8°C on a 

rolling incubator. The beads were washed with 3 CV of Buffer A, 3 CV Buffer A and 20 mM Imidazole, 

followed by 3 CV Buffer A. 5 mL of Buffer A containing 50 μL HRV3C protease (Cytiva) were added, 

and the beads were incubated over night at 8°C on a rolling incubator. On the next day the eluate was 

applied to a fresh 5 mL of Ni-NTA, equilibrated in Buffer A and the flow-through was collected. EDTA 

was added to a final concentration of 1 mM and the protein was concentrated to 30 mg/ml. A Superose 

200 16/60 HiLoad column (Cytiva) was equilibrated in SEC buffer (20 mM HEPES 7.5, 150 mM NaCl, 

1 mM EDTA, 5% Glycerol, 0.5 mM TCEP) and 3 mL of the concentrated protein sample was injected. 

The eluate was fractionated and analyzed on SDS PAGE. 

Crystals of CtRad50598-782 were grown in hanging drops by mixing 1.5 μl protein at 4.5 mg/mL and 1.5 

μl reservoir solution (0.1 M MES pH 6.8, 0.6 M NaCl, 18% PEG4000). The crystals were soaked in a 

reservoir solution supplemented with 10% 1,4-butanediol and frozen in liquid Nitrogen. X-ray data to 

a resolution of 2.5 Å were collected at EMBL Hamburg P14 beamline  at PETRA III storage 

ring (DESY Hamburg) at 100K. Data were indexed, integrated and scaled with XDS/XSCALE 

in space group P1 (Kabsch et al.).  The structure was solved by molecular replacement with the 

program Phaser using a Rad50 Zn-hook search model calculated by AlphaFold2 (Phaser, Jumper et al. 

2022). Model building was done in COOT and refinement was performed with PHENIX (Coot Phenix). 

Prior to model building and refinement, we randomly omitted 10% of the reflections for 

monitoring the free R value. Data collection and model statistics are stated in Supplementary 

table 2. All figures were prepared using Chimera or ChimeraX (Chimera).  
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Comet assay 

Cells and culture conditions: The human osteosarcoma cell line U2OS (RRID:CVCL_0042) was 

cultivated in DMEM containing 10% fetal bovine serum (FBS) and penicillin/streptomycin at 37°C in 

a humidified 5% CO2 atmosphere.  

Protein extracts and Western blot analysis: Whole-cell protein extracts were prepared by disrupting 

cell pellets in Lysis Buffer (20 mM tris, 1 mM EDTA, 1 mM β-mercaptoethanol, 5% glycerine, pH 8.5) 

supplemented with various protease and phosphatase inhibitors (0.02 M β-glycerophosphate, 1 mM 

Na3VO4, 0.1 mM phenylmethylsulfonyl fluoride, 0.01 mM MG-132, 0.01 M dithiothreitol, 0.01 M NaF 

and cOmpleteTM) using sonification. The protein concentration was determined using the Bradford 

method as described (Bradford, 1976). 30 µg of protein were separated by sodium dodecyl sulfate-

polyacrylamide gel electrophoresis (SDS-PAGE) and transferred overnight at 100 mA in blotting buffer 

(0.025 M tris, 0.192 M glycine, 20% methanol) onto a nitrocellulose membrane. All primary antibodies 

were used at 1:1000 dilution in 5% BSA in tris buffered saline (TBS) containing 0.1% Tween and 1% 

Na-Azide. The antibodies used were anti-RAD50 (Cell Signalling, #3427) and anti-Vinculin (Santa 

Cruz, sc-73614). The secondary antibodies (Li-COR Bioscience) were diluted (1:10000) in TBS 

containing 0.1% Tween and the proteins were visualized using the Odyssey® Infrared Imaging System 

(LI-COR Biotechnology). 

Transfections: For RAD50 knockdown, U2OS cells were transfected with siRNA targeting RAD50 

(s792, Silencer®Select, ThermoFisher Scientific) and negative control siRNA (#AM4611; Life 

Technologies) using Lipofectamine RNAiMAX (Invitrogen), according to the manufacturer’s 

instructions. The siRNA-mediated knockdown of RAD50 was confirmed at the protein level using 

Western blot analysis.  

For RAD50 wild-type and mutant expression, the plasmids pACEMam1_pMDC_HsMRN and 

pACEMam1_pMDC_HsMRapexN were transfected into U2OS cells using Polyethylenimine 

Hydrochloride (PEI) (#24765; Polysciences). 1 µg plasmid DNA was mixed with 4 µg PEI in 200 µl 

serum and antibiotic-free DMEM medium, 45 min later the DNA/PEI complex was added to the cells 

dropwise. The RAD50 expression was confirmed by Western blot analysis. 

Neutral comet assay: DNA double-strand breaks (DSBs) and their repair was monitored by single-cell 

gel electrophoresis under neutral conditions. RAD50 was knocked down in U2OS cells, 8 hours later 

the cells were transfected with the MR123, MR132, or MR133 expression plasmids. 16 h later the 

knockdown and transfected cells were reseeded into three Petri dishes, designated untreated, tert-Butyl 

hydroperoxide (t-BuOOH) treated, and t-BuOOH treated with 2 h repair. The next day, the cells were 

exposed to 150 µM t-BuOOH for 1 h. The comet assays were performed, as described (Nikolova et al., 

2017). Shortly, cells were embedded in 0.5 % low melting point agarose in PBS and spread onto glass 
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slides coated with 1.2 % agarose. All following steps were performed at 4oC unless stated otherwise. 

Cells were lysed in lysing solution (2.5 M NaCl, 100 mM EDTA, 10 mM Tris, 1% Na-

Laurylsarcosinate, 1% Tryton X-100) at a pH of 7.5. Slides were electrophoresed for 25 min in 

electrophoresis buffer (90 mM Tris, 90 mM boric acid, 2 mM EDTA, pH= 7.5) at 7.4 V/cm, fixed in 

100% methanol, and then dried. All following steps were performed at room temperature. DNA was 

stained using propidium iodide (50 μg/ml) and 50 cells per slide were evaluated using a fluorescence 

microscope and the Comet IV software (Perceptive Imaging, Liverpool, UK).  

 

Quantification and statistical analysis  

For ATPase assay, the linear decrease in fluorescence between 200 s and 800 s was fitted to a linear 

regression in GraphPad Prism and the slope was used to calculate the ATPase rate using the following 

formula (Figure 3E, F). The NADH slope was calculated using a calibration curve which was recorded 

by titrating ADP to a constant NADH solution in a reaction buffer without MRN/DNA. 

𝐴𝑇𝑃𝑎𝑠𝑒 𝑟𝑎𝑡𝑒 [𝐴𝑇𝑃 𝑐𝑜𝑚𝑝𝑙𝑒𝑥−1𝑠−1] =
𝑠𝑙𝑜𝑝𝑒 [𝐹𝑈 𝑠−1]

𝑁𝐴𝐷𝐻 𝑠𝑙𝑜𝑝𝑒 [−587.9 
𝐹𝑈

𝜇𝑀 𝐴𝑇𝑃
 ] 𝑐𝑀𝑅𝑁 [𝜇𝑀 𝑐𝑜𝑚𝑝𝑙𝑒𝑥]

 

 

Direct fluorescence anisotropy data were analyzed using Prism (GraphPad) and KD values derived by 

fitting the anisotropy data to a Specific binding with Hill slope model, using the following formula 

(Figure 3A, B): 

𝐹𝑈 =
𝐵𝑚𝑎𝑥 [𝑀𝑅𝑁 𝑖𝑛 𝑛𝑀]ℎ

𝐾𝐷
ℎ [𝑀𝑅𝑁 𝑖𝑛 𝑛𝑀]ℎ

 

 

Competitive fluorescence anisotropy data were analyzed using Prism (GraphPad) by fitting the 

anisotropy data to a One phase decay model, using the following formula, KD was calculated as ln(2)/K 

(Figure 3C, D). 

𝐹𝑈 = (𝐹𝑈𝑚𝑎𝑥 − 𝐹𝑈𝑚𝑖𝑛) 𝑒
−𝐾[𝐷𝑁𝐴 𝑖𝑛 

𝑛𝑔
𝜇𝑙⁄ ]

+ 𝐹𝑈𝑚𝑖𝑛 

 

Data of fluorescence imaging and segmentation of protein-DNA aggregates were plotted using Prism 

(GraphPad) (Figure S6B). 
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Neutral comet assay data are expressed as tail intensity, which denotes the percentage of DNA in the 

tail multiplied by the length between the center of the head and tail and plotted using GraphPad Prism 

(Figure 5B). 

 

Data and code availability 

The coordinate files generated during this study are available at the Protein Data Bank 

(https://www.rcsb.org/) with the accession codes PDB: 7ZR1 (CtMRN head & coiled coils) and PDB: 

7ZQY (CtRad50 zinc-hook tetramer). The cryo-EM reconstructions generated during this study are 

available at the Electron Microscopy Data Bank (https://www.ebi.ac.uk/pdbe/emdb/) with the accession 

codes EMDB: EMD-14881 (Composite map of CtMRN head & coiled coils), EMDB: EMD-14880 

(CtMRN catalytic head), EMDB: EMD-14876 (CtMRN RBD & bridge), EMDB: EMD-14877 

(CtMRN catalytic head & Nbs1), EMDB: EMD-14878 (CtMRN long coiled coils), EMDB: EMD-

14879 (CtMRN distant coiled coils), EMDB: EMD-14882 (CtRad50 zinc-hook tetramer). Custom-

written script for fluorescence anisotropy analysis is made available 

(https://github.com/GeneCenterMunich/HiP-FA). Any additional information required to reanalyse the 

data reported in this paper is available from the lead contact upon request.  
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Main Figures: 
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Figure 1: Structure of the MRN complex in resting state  

(A) CryoEM structure and composite map of the MRN complex with CCs in a closed conformation. 

The map was created by combining the higher resolution maps of different regions. The atomic 

model of the catalytic head domain and 30 nm of the Rad50 CCs region is shown, whereas 

Mre11 is colored blue, Rad50 orange, and NBS1 pink, respectively. Crosslink restraints 

obtained by CX-MS are labeled green in the Coiled coil domain. 

(B) Graphical overview of the Lysine-specific chemical cross-linking mass spectrometry results 

(CX-MS). The crosslinks are highly consistent with the model and validate the fitting of the 

AlphaFold2 predicted CC part. Colored portions indicate structurally characterized parts of 

each protein.  

(C) A single Nbs1 polypeptide (colored pink) binds asymmetrically across both Mre11 

phosphodiesterase domains (colored blue). The interfaces of the N- and C-terminal region, 

which bind with reverse polarity to equivalent regions on Mre11, as well as the central core 

region harboring the conserved KNFKxF motif, are shown. 
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Figure 2: Rad50 in a pre-engaged ATP state 

(A) Bottom view of Rad50 NBDs with ATPγS bound. Enzymatically important elements are 

highlighted.  

(B) Close-up view of the coordinated Mg2+ and ATPγS in the NBD of Rad50.  The Mg2+ ion is 

depicted in gray and enzymatically important residues are annotated and illustrated as sticks. 

The atomic model is overlaid by the cryoEM map. 

(C) A comparison of the cryoEM structure with the ATPγS bound Rad50 crystal structure (PDB 

code: 5DAC) illustrates the differences in Rad50NBD dimerization and the pre-engaged state 

of Rad50 in the MRN complex. In the cryoEM structure, the signature motifs are ~10Å away 

from the γ-(thio)phosphate of ATPγS. In the fully engaged crystal structure, the signature motif 

interacts with the γ-(thio)phosphate of the “trans” ATP inducing a “power stroke” to the Rad50 

and the CC domain. 
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Figure 3:  ATP dependent and independent DNA binding by MRN  

(A) Top, depiction of full-length CtMre11 construct used in the DNA binding and ATPase assays. 

Fluorescence anisotropy-based assay documenting the effect of ATP and ATPγS on CtMRN 

binding towards 80-mer dsDNA. The wild-type complex binds cooperatively to dsDNA also 

in the absence of ATP. 
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(B) Depiction of CtMre11ΔC construct used in the DNA binding and ATPase assays. Similar 

Fluorescence anisotropy assay as in (A) using the C-terminal truncated CtMΔCRN complex. 

CtMΔCRN binding to DNA was nearly abolished in the absence of ATP/ATPyS, while it 

retained DNA binding in the presence of ATP or ATPyS. 

(C) DNA binding competition assay utilizing the FA-based experiment as in (A and B) and adding 

increasing amounts of unlabeled circular or linearized plasmid DNA to the experiment. The 

results reveal that CtMRN binds linear and circular DNA with a similar affinity.  

(D) DNA binding competition assay as in (C) showing that CtMΔCRN complex has a strong 

preference for linear DNA.  

(E) ATPase assays of CtMRN showing the stimulation of the ATP hydrolysis rate by the addition 

of linearized DNA. 

(F) ATPase assays of CtMΔCRN showing the stimulation of the ATP hydrolysis rate by the addition 

of linearized DNA, as for CtMRN. 
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Figure 4: Structure of the CtRad50 zinc-hook tetramer 

(A) CryoEM map of zinc-hook tetramer at 4.9 Å resolution, where each Rad50 monomer belonging 

to one MRN complex is depicted in related color. 

(B) Atomic model of the zinc-hook tetramer crystal structure shown in comparison to the cryoEM 

map. 

(C) Close-up view of the Zn2+ binding site. 

(D) Rad50 apex tethering element with the residues involved in the interaction are shown in stick 

representation. 
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Figure 5: Zinc-hook mediated MRN-MRN tethering. 

(A) Comparison of CtRad50 and HsRad50 zinc-hook tetramers. Crystal structure of CtRad50 zinc-

hook tetramer and crystal lattice of HsRad50 zinc-hook (PDB:5GOX) tetramer indicates 

conserved zinc-hook tethering mechanism. Inset illustrates the apex tethering element (orange 

Rad50 side chains) and its interactions. 

(B) Mutation of apex tethering element in human MRN impairs DNA repair in cellulo. DNA comet 

assay shows the relative amount of DNA double-strand breaks (DSBs) after 2h following the 

treatment (or control without the treatment) of U2OS cells with tert-Butyl hydroperoxide. Cells 

treated with siRAD50 show high levels of DNA damage. Transfection with wild-type human 

MRN decreases DNA damage to control levels, while transfection with MRapexN does not.  

(C) Proposed model of DNA scanning, end detection and DNA tethering by eukaryotic MRN. 

MRN complex scans DNA via the C-terminus of Mre11. Upon DNA end detection, MRN loads 

onto DNA in an ATP-dependent mechanism and binds DNA via the canonical Rad50 binding 

site. Further oligomerization may occur via Rad50 NBDs and zinc-hook leading to DNA end 

tethering. Details of DNA binding in the tethering mode need to be addressed in future work. 

(D) Model of Rad50 zinc-hook mediated MRN dimer. This structure could bridge DNA ends that 

are up to 120 nm apart. 
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 Table 1. Cryo-EM Data Collection, 3D Reconstruction and Model Refinement Statistics  

 
Composite 
(EMD-14881  
PDB-7ZR1) 

Head 
(EMD-14880) 

long coiled-coils  
(EMD-14878)  

Distant coiled-
coils  
(EMD-14879) 

RBD &bridge 

(EMD-14876)  

Nbs1 
 (EMD-
14877) 

Zn hook  
(EMD-
14882) 

Data collection and Processing  

Magnification 130,000         

Voltage (kV) 300         

Electron exposure 

(e-/ Å2) 

44.68  44.90 

45.27  37.92 
        

Defocus range (µm) -1.2 to -2.8         

Pixel size (Å) 1.059         

Symmetry imposed C1/C2 C1  C2  C2 C1 C1 C2 

Initial particle 

images (no.) 
- 288,443 211,134 211,134 1,841,184 1,841,184 995,751 

Final particle 

images (no.) 
- 288,443 71,734 71,734 137,843 137,843 32,603 

Map resolution (Å) - 4.0 4.8 7.6 3.9 3.8 4.9 

FSC threshold - 0.143 0.143 0.143 0.143 0.143 0.143 

Map resolution range 

(Å) 
- 3.7-5.6   3.1-12.5 6.3-11.5 3.2-8.5 3.2-8.2 4.5-10.7 

Refinement  

Initial model  
4YKE, 5DA9,  

Alphafold 

 

Model resolution (Å)* 6.0 4.2 8.4   10.0 7.7  4.0  

FSC threshold 0.5 0.5  0.5  0.5 0.5  0.5  

Map sharpening B 

factor (Å2) 
- -140 0  0  -186 -171 

 

Model Composition   

   Non-hydrogen atoms 21793         

   Protein residues 2686         

   Ligand 4 Mn 

2 Mg 

2 ATPyS 

       

 

B factors (Å2)        

   Protein 7.38/349.16/164.49     

   Ligand 107.84/252.96/178.22     

R.m.s. deviations         

   Bond lengths (Å) 0.007       

   Bond angles (˚) 1.161       

Validation         

   MolProbity score 0.99       

   Clashscore 1.13       

   Poor rotamer (%) 0.59       

Ramachandran plot         

   Favored (%) 97.03       

   Allowed (%)  2.97       

   Disallowed (%) 0       
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*Model resolution refers only to the average resolution of region the of composite model refined 

within that map.  

Table 2. Data collection and refinement statistics (molecular replacement) 

 Zinc-hook 

(PDB:7ZQY) 

 

Data collection   

Space group P1  

Cell dimensions     

    a, b, c (Å) 43,49   53,97  110,42  

        ()  75,847 78,742 89,996  

Resolution (Å) 2,5 *  

Rsym or Rmerge 7,8 (67,4)  

I / I 7,86 (1,72)  

Completeness (%) 97,4 (91,3)  

Redundancy 3,55   

   

Refinement   

Resolution (Å) 2,5  

No. reflections 63 401  

Rwork / Rfree 26,42 /28,30  

No. atoms   

    Protein 5801  

    Ligand/ion 2 Zn  

    Water 3  

B-factors (Å2)   

    Protein 81  

    Ligand/ion 79,5  

    Water 75,55  

R.m.s. deviations   
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    Bond lengths (Å) 0,012  

    Bond angles () 1,779  

*Values in parentheses are for highest-resolution shell. 
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Supplementary Figures: 
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Figure S1: CtMRN complex cryo-EM preparation 

(A) Representative SDS-PAGE of purified CtMRN complex and gel quantification (N=6). 

(B) Representative Micrograph of CtMRN-ATPγS. 

(C) Representative 2D classes of particles picked within the CtMRN-ATPγS datasets. 

(D) Composite map (colored) composition. The highest resolved areas from the depicted LAFTER 

filtered maps were used to generate a composite map. 
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Figure S2: Processing schemes for the CtMRN catalytic head and CC maps. Processing schemes 

of CtMRN-ATPys head, long coiled coils, distant coiled coils and RBD & bridge with local resolution 

estimates at the end of each processing branch.  
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Figure S3: FSC curves and AlphaFold2 models. 

A) FSC curves of the Head maps (Relion v3.0). 

B) FSC curves of the long coiled coils map (CryoSPARC v3.2.0). 

C) FSC curves of the distant coiled coils map (CryoSPARC v3.2.0). 

D) FSC curves of the RBD & bridge map (CryoSPARC v3.2.0). 

E) FSC curves of the Nbs1 map (CryoSPARC v3.2.0). 

F) AlphaFold2 models used to build a full-length MRN model and the predicted IDDT scores (>80 

indicates high confidence models) 
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Figure S4: Conformations of Rad50 CCs and crosslinking MS statistics. 

A) Comparison of the Cryo-EM structures of the eukaryotic CtMRN complex and the prokaryotic 

EcMR/SbcCD complex bound to ATPγS. Mre11/SbcD colored in blue, Rad50/SbcC colored 

orange, Nbs1 colored pink. 

B) 2D classes of CtMRN particles bound to ATP showing open coiled coils. Scale bar 10 nm. 

C) Statistics of XL-MS restraints fitted to the cryo-EM model. 
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Figure S5: Structural characterization of Nbs1  

(A) Sequence alignment of Nbs1 from different species. Conserved residues were highlighted in 

shades of blue, predicted α-helices were framed in red and predicted β-strands were framed in 

green. Alignments were calculated with ClustalΩ, secondary structure predictions with JPred4. 

(B) Side view of the KNFKxFxx motif (purple) interactions with Mre11 (shades of blue). 

(C) Side-by-side comparison of N- and C-termini of resolved Nbs1 peptide interacting with Mre11. 

Longer N-terminus of Nbs1 interacts with Mre11 loop containing Y217 and H219 residues 

affecting Mre11-Rad50 interaction at this site.  

(D) Heterogeneity of Nbs1-Mre11/Rad50 interactions. 3D classification revealed full interaction 

(25.3%), CD/N-terminal interaction (26.8%), CD/C-terminal interaction (27.1%), CD 

interaction (13%), no Nbs1 present (7.7%). Rad50 highlighted in shades of orange, Mre11 in 

shades of blue, Nbs1 in pink, KNFKxFxx motif in purple. 
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Figure S6: Quantification of CtMRN clustering   

(A) Exemplary fluorescence images of CtMRN/ CtMΔCRN with FAM-labeled DNA.  

(B) Histogram of CtMRN-DNA and CtMΔC RN-DNA cluster formation. Fluorescence images were 

collected and clusters grouped based on their size. 
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Figure S7: Processing schemes for the CtMRN zinc-hook map. 

(A) Cryo-EM processing scheme for the CtRad50 zinc-hook in CryoSPARC v3.2.0. 

(B) Local resolution estimation of the CtRad50 zinc-hook Cryo-EM map. 

(C) FSC curve of the Cryo-EM zinc-hook map (CryoSPARC v3.2.0). 
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Figure S8: Higher order CtMRN zinc-hook structures. 

(A) Crystal lattice of CtRad50zinc-hook with F688 residue hidden in the lattice arrangement.  

(B) 2D classes of CtRad50 zinc-hook octamers. Scale bar 10 nm. 
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Figure S9: Quality assessment of purified HsMRN and HsMRloopN complexes and siRNA knock-

down of HsRad50 

(A) Representative SDS-PAGE of purified HsMRN and HsMRloopN complexes. Below, normalized 

gel quantification of complex stoichiometry (N = 5). 

(B) Microscale thermophoresis thermal shift assay with purified HsMRN and HsMRloopN 

complexes. Melting points are indicated. 

(C) Knock-down of Rad50 and overexpression of mutated HsMRN complex. Western blot stained 

with anti-Rad50 antibody and Vinculin loading control. U2OS C: untreated cells, siNON: non-

targeting siRNA; siRad50: siRNA targeting Rad50; siRad50 HsMRN WT: siRNA targeting 

Rad50, transfection with codon-optimized WT MRN genes; siRad50 HsMRN F630/638E: 

siRNA targeting Rad50, transfection with codon-optimized mutant MRN genes; siRad50 

HsMRloopN: siRNA targeting Rad50, transfection with codon-optimized mutant MRN genes. 

 

 

Video S1: Flexibility within the CtMRN catalytic head. 

Morphing of outputs from 3D variability analysis (CryoSPARC) illustrates increased flexibility of one 

Rad50 subunit (orange) compared to the the other Rad50 subunit (beige). Mre11 subunits colored blue, 

Nbs1 colored pink. 

 

Video S2: Conformational change of Rad50 coiled coils  

The binding of the signature coupling helix (R1204) to the ATP-phosphates leads to the opening of the 

Rad50 coiled coils. The video shows an overview of the MRN head bound to ATPγS, with the closed 

conformation of the coiled coils. The ATPyS nucleotides are colored green, the Walker A motif and the 

adjacent helix (Rad5035-53) are colored red, and the signature coupling helix (Rad501206-1227) is colored 

violet. The models of the closed structure were morphed with the crystal structure of open, DNA-bound 

CtRad50 (PDB: 5DA9) using ChimeraX. 
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3. Discussion  

3.1 The auto-inhibited conformation of ctMRN  

 

The flexible nature of Rad50 coiled-coils frequently eliminated them from structural studies, 

but recent cryo-EM work on the full-length bacterial MR complex shed some light on coiled-

coil dynamics100. A flexible ring structure of coiled-coils was observed for the Escherichia coli 

(ec) MR-ATPS complex and was interpreted as an open state conformation for loading onto 

DNA ends, especially those that have protein blocks. Then upon DNA binding, Rad50 coiled-

coils zip-up into a rod conformation clamping a single DNA duplex and allowing movement 

of Mre11 dimer into a “cutting” state. This transition was illustrated by the structure of ecMR-

ADP-DNA complex100.  

Interestingly, the cryo-EM structure of Chaetomium thermophilum (ct) MRN-ATPS revealed 

a closed state of Rad50 coiled-coils, where blocked DNA ends could not enter between the 

coiled-coils (Figure 16 A). In addition, the ctRad50 coiled-coils are held together by a bridge 

element formed by the Mre11 in the proximity of Rad50 NBDs keeping DNA binding site 

relatively inaccessible (Figure 16 A). The bridge element of Mre11 is absent in the prokaryotic 

MR complex. These findings suggest that eukaryotic MRN might be under a stricter control 

than bacterial MR and adopt an autoinhibited state. This tight regulation of MRN activity could 

be explained by a broader functional spectrum of eukaryotic MRN and more severe 

consequences of a poorly regulated nuclease complex on eukaryotic genomes. It is also 

important to point out that coiled-coils in solution have a more dynamic behavior than 

presented by the cryo-EM analysis. This is well illustrated by the atomic force microscopy 

(AFM) studies of the MRN complex by other research groups and our unpublished AFM data 

(Figure 16 B)244,245.  

We noticed that in the cryo-EM sample with ATP a portion of full-length ctMRN complexes 

adopt an open coiled-coil conformation (Section 2.3 Figure S4 B). This observation hints 

towards ATP hydrolysis being required for the opening of coiled-coils as in the presence of 

ATPS coiled-coils are completely closed. On the other hand, a crystal structure of ctRad50 

NBDs in complex with ATPS shows that a full engagement of NBDs, where the signature 

motif contacts -phosphate of ATP, involves a positioning of NBDs with respect to one another 

in a way that proximal coiled-coils should be split open104. It is worth noting that coiled-coils 

are severely truncated in this case and might not represent a full-length coiled-coil 

conformation. Also, the Mre11 bridge motif, which might play a role in keeping Rad50 coiled-

coils in a rod arrangement, is absent in the crystalized construct. Hence, further investigation 

is needed in order to fully understand effects of ATP binding and hydrolysis on conformations 

of the Rad50 coiled-coils.   
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Comparison of ctRad50 NBDs from the full-length ctMRN-ATPS cryo-EM structure with the 

ATPS-bound crystal structure of ctRad50 NBDs shows that NBDs in ctMRN-ATPS structure 

are in pre-engaged ATP state (Figure 16 C)104. Here, a signature motif, responsible for binding 

to the -(thio) phosphate of the “trans” ATP in a fully engaged state, is approximately 10 Å 

away from the -(thio) phosphate. Also, NBDs require a further 30° rotation to achieve 

signature motif binding to the -(thio) phosphate and transition to a fully engaged state. The 

presence of the pre-engaged ATP state is supported by studies on the archaeal MR complex, 

which identified three in solution conformations of NBDs: fully engaged, pre-engaged and 

disengaged246.   

 

 

Figure 16. Auto-inhibited conformation of ctMRN. A, CryoEM structure and composite 

map of the MRN complex with coiled-coils in a closed conformation. The map was created by 

combining the higher resolution maps of different regions. The atomic model of the catalytic 

head domain and 30 nm of the Rad50 coiled-coils region is shown. Mre11 is colored blue, 

Rad50 orange and NBS1 pink. B, flexible nature of Rad50 coiled-coils illustrated by AFM 

image. NBD and coiled-coils (CCs) of Rad50 are labeled. C, A side-by-side comparison of our 

cryoEM structure with the ATPγS bound Rad50 crystal structure (PDB code: 5DAC) illustrates 
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the differences in Rad50NBD dimerization and the pre-engaged state of Rad50 in the ctMRN 

complex. In the cryoEM structure, the signature motifs are ~10Å away from the γ-

(thio)phosphate of ATPγS. In the fully engaged crystal structure, the signature motif interacts 

with the γ-(thio)phosphate of the “trans” ATP.  

 

3.2 DNA binding modes of eukaryotic MRN complex 

 

All of the MRN functions in DNA damage repair pathways depend on DNA binding and 

nucleolytic activities of the complex. An investigation of DNA binding activities by a bacterial 

MR complex revealed a high specificity to DNA ends and a full dependency on ATP247. 

However, eukaryotic MRN complex seems to have a more complex DNA binding profile. It is 

known from earlier studies in S. cerevisiae that, in addition to a well-characterized DNA 

binding platform along the two Rad50 NBDs, the C-terminus of Mre11 can bind DNA. This 

binding site functions distinctly in the formation of meiotic breaks and chromatin organization 

at DSBs (Figure 17 A)248. 

We further investigated the influence of eukaryote-specific C-terminal extension of Mre11 on 

DNA binding100,104,105. The data on ctMRN revealed a nucleotide-independent DNA binding 

and increased capacity to bind circular compared to linear DNA (Section 2.3 Figure 3 A-D).  

Hence, we separated two DNA binding modes of the eukaryotic MRN with the first one being 

DNA end-specific, ATP-dependent and performed by the catalytic head, while the second one 

is nucleotide-independent, not limited to DNA DSBs and executed by the C-terminus of 

Mre11. In light of these findings, we anticipate that the MRN complex could interact with an 

intact DNA in a more peripheral fashion via the C-terminus of Mre11 and, once DNA DSB is 

encountered, MRN can get loaded onto the DNA end in a conformation similar to bacterial MR 

complex where DNA passes through the Rad50 coiled-coils (Figure 17 B)100. The molecular 

details of different DNA binding modes by eukaryotic MRN remain to be investigated in future 

studies. In addition, separation of DNA binding modes can be used in the future to 

independently study enzymatic and scaffolding functions of MRN.  

The separation of binding modes is consistent with and useful to interpret several recent 

studies. A publication using single-molecule DNA curtain approach determined that Homo 

sapiens (hs) MRN uses a combination of 3D collision through space and 1D sliding along the 

DNA to detect DSBs249. The canonical, ATP-dependent DNA binding via the Rad50 site seems 

to be responsible for the DNA end binding, where hsMRN generated an endo-nucleolytic cut 

at approximately 30 nt upstream of Ku-blocked DNA end and cleaved Ku and itself off. 

However, before the end recognition hsMRN was diffusing along a linear homoduplex DNA 

in an ATP independent manner. In addition, hsMRN could diffuse past multiple nucleosome 

obstacles in a scanning mode249. These results are in a perfect agreement with our findings and 

together they suggest that MRN performs a 1D sliding along an intact nucleosomal DNA via 
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the Mre11 C-terminus. Once DNA ends are encountered, MRN is then properly loaded in an 

ATP-dependent process to form a “cutting” state (Figure 17 B). 

Another study identified a C-terminally truncated form of human Mre11 (TR-Mre11), which 

was naturally produced by the SPRTN protease and detected in bladder cancer cells250. The 

biochemical analysis indicated that TR-Mre11 can still interact with its MRN partners and form 

a complex, but showed a loss of DNA binding and nuclease activity in vitro. However, it is 

important to note that in vitro DNA binding and nuclease assays were performed only in the 

absence of ATP250. Our biochemically characterized ctMCRN construct precisely matched the 

cancer-associated Mre11 truncation and we observed that removal of Mre11’s C-terminus did 

not eliminate ATP dependent interaction with DNA ends (Figure 17 C, Section 2.3 Figure 3 

B). Hence, an interpretation that C-terminal truncation of Mre11 benefits cancer cells due to 

loss of DNA binding by the MRN complex should be further investigated. Alternatively, the 

Mre11 truncation could benefit cancer cells not because of inability to bind DNA ends at a 

damage site, but rather lack of efficient scanning for DSBs. In addition, this SPRTN mediated 

truncation can have an effect on non-repair roles of MRN that might require interaction with 

undamaged DNA, like chromosome organization or transcription251,252.  
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Figure 17. Two distinct modes of DNA binding by ctMRN. A, domain map of eukaryotic 

Mre11 with newly identified bridge motif and C-terminal DNA binding sites indicated. B, 

proposed model of DNA scanning and end detection by eukaryotic MRN. MRN complex scans 

DNA via the C-terminus of Mre11. Upon DNA end detection, MRN loads onto DNA in an 

ATP-dependent mechanism and binds DNA via the canonical Rad50 binding site. C, domain 

map of C-terminally truncated eukaryotic Mre11. 

 

3.3 The structural and functional roles of Nbs1 in the MRN complex  

 

Despite extensive structural and functional studies of MRN/X complex, eukaryote-specific and 

highly unstructured Nbs1/Xrs2 remains the least characterized component of the complex. 

Multiple crystal structures of S. pombe Nbs1/Xrs2 N-terminal FHA-BRCT1-BRCT2 domains 

with and without binding partners, like CtIP/Sae2, are available121,253. This structured N-

terminal region is known to bind phosphorylated substrates and be involved in organization of 
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repair foci, but it spans less than half of the Nbs1 protein254. The flexible C-terminal half of 

Nbs1 contains functionally critical and highly conserved motifs. The FxF/Y motif and the 

acidic patch are located at the very C-terminus of Nbs1/Xrs2 and function in recruitment and 

activation of ATM/Tel1 kinase125. Structural and functional studies have mapped Nbs1 binding 

site to the N-terminal HEAT repeat domains of ATM/Tel1, which is in a similar location to 

mTORC1 and DNA-PKcs activator binding sites125,255,256. However, the cryo-EM structure of 

human ATM bound to an Nbs1 peptide containing the FxF/Y motif revealed an inactive 

conformation of the kinase256. Also, addition of high concentrations of this peptide to the 

steady-state kinase assays showed no effect on the ATM catalytic activity256. Taken together, 

the Nbs1/Xrs2 alone is not sufficient to activate ATM/Tel1 kinase. This is in agreement with 

observations that all components of the MRN/X complex and dsDNA are needed for a full 

activation of ATM/Tel1137,257. 

The C-terminus of Nbs1/Xrs2 also contains a highly conserved KNFKxFxx motif, which is 

responsible for mediating interaction with the Mre11 dimer. A crystal structure of S. pombe 

Mre11 in complex with Nbs1 revealed this complex stoichiometry as M2N2 with one Nbs1 

binding to each side of Mre11 dimer as an extended chain. However, only one of the two 

interacting Nbs1 molecules bound across the Mre11 dimer interface via the KNFKxFxx motif 

providing an asymmetric bridging86. In contrast to these findings, our structure of full-length 

ctMRN complex defines complex stoichiometry to be M2R2N1 (Section 2.3 Figure 1 C). We 

also observe Nbs1 that wrap around the Mre11 nuclease domain dimer as an elongated chain 

and binds the Mre11 dimer interface via the conserved KNFKxFxx motif as seen in the S. 

pombe structure (Figure 18 A)86. In the ctMRN complex, it is a single Nbs1 protein that bridges 

the Mre11 dimer and binds to the same surface areas of both Mre11 protomers via different 

elements (Figure 18 B). The mode of a single Nbs1 interacting with the dimeric Mre11 suggests 

that the essential function of Nbs1 is to stabilize the dimeric state of Mre11 and the architecture 

of MR catalytic head. This is also supported by our observation that asymmetric features of 

Mre11 and Rad50 correlate with the orientation of Nbs1 indicating that Nbs1 influences the 

behavior of the entire MRN complex (Figure 18 C). In addition, CtIP/Sae2 promotes the 

endonuclease activity of the Mre11 component via binding to the N-terminus of 

Nbs1/Xrs267,121. Hence, the stabilizing function of Nbs1 might play an important role in the  

regulation of MRN activity as major conformational changes are known to be needed for 

complex transition from a “resting” to a “cutting” state100.  

Recent studies in mice showed that Nbs1 deletion leads to the embryonic lethality and 

identified a minimal Nbs1 fragment that rescues Nbs1 deficiency. This fragment was shown to 

be sufficient for the ATM activation, Mre11 dimerization and DNA binding, and CtIP-

mediated activation of Mre11 endonuclease activity258. Interestingly, the minimal murine Nbs1 

almost precisely matches the fragment of Nbs1 that we observe in our ctMRN structure (Figure 

18 D). Taken together, these findings suggest that wrapping around the Mre11 dimer by Nbs1 
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is essential for structural integrity and functional roles of the MRN complex in endo-

nucleolytic DNA processing and ATM activation.  
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Figure 18. Structural features of ctNbs1 peptide. A, a single Nbs1 polypeptide (colored 

pink) binds asymmetrically across both Mre11 phosphodiesterase domains (colored blue). 

Inset, comparison of ctNbs1 and spNbs1 KNFKxFxx motif. B, the interfaces of the N- and C-

terminal region of resolved ctNbs1 peptide, which bind with reverse polarity to equivalent 

regions on Mre11are shown. C, side-by-side comparison of N- and C-termini of resolved Nbs1 

peptide interacting with Mre11. Longer N-terminus of Nbs1 interacts with Mre11 loop 

containing Y217 and H219 residues affecting Mre11-Rad50 interaction at this site. D, sequence 

alignment of ct and mmNbs1. Conserved residues were highlighted in shades of blue, predicted 

conserved β-strands were framed in green. Minimal mouse Nbs1 is indicated with a number of 

additional amino acids at each side of the fragment used for the alignment. Alignments were 

calculated with ClustalΩ, secondary structure predictions with JPred4259,260. 

 

3.4 Rad50 zinc-hook mediated MRN dimerization  

 

The Rad50 zinc-hook is critical for an assembly and various functions of the MRN complex 

since deletion of the zinc-hook domain leads to phenocopying of the Rad50 knockdown116,261. 

Numerous studies, that include negative stain electron microscopy, AFM, X-ray 

crystallography and in cellulo assays, have shown that multiple MR/MRN complexes can 

interact with one another via apices of Rad50 coiled-coils, forming large assemblies and 

tethering different DNA fragments113,114,244,245,262. Crystal structures of zinc-hook fragments 

showed two different arrangements: nearly anti-parallel and parallel conformations (Figure 

8)113,114,263. Thus, it was interpreted that dimerization of two zinc-hooks can happen within a 

single MR/MRN complex in a closed rod or an open ring conformation (intra-complex), or 

between the coiled-coils of different MR/MRN complexes (inter-complex) resulting in the 

DNA tethering. More recently, the understanding of the role of Rad50 coiled-coils has shifted 

from linker elements connecting two MR/MRN catalytic heads to being functionally critical 

chemo-mechanical elements100. This made it less feasible that zinc-hooks switch from intra- to 

inter-complex interaction conformations. They rather act as stably associated hinges that can 

switch between open and closed states of the coiled-coils within a single MR/MRN complex. 

The cryo-EM structure of the ctRad50 zinc-hook tetramer revealed how the rod-shaped zinc-

hook dimer can further dimerize forming an interaction between two MRN complexes. This 

explains how MRN complexes can perform the tethering function and hold together DNA 

regions that are up to 120 nm apart (Figure 19 A). It seems that the tethering interaction 

between two MRN complexes requires Rad50 coiled-coils to adopt a closed rod conformation. 

Therefore, zinc-hook mediated tethering might be influenced by ATP- and DNA-binding 

determined conformational changes of the catalytic head and proximal coiled-coils. 

The crystal lattice of the hsRad50 zinc-hook revealed a similar tetrameric arrangement that was 

determined for the ctRad50 and mainly had ionic interactions between the zinc-hook dimers 

(Figure 19 B, C)114. The functional significance of the observed MRN-MRN interaction via the 
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zinc-hook was evident after the mutation of the apex tethering loop impaired the repair of ROS-

induced DNA damage in human cells (Section 2.3 Figure 5 B). An observation that a SQ-motif 

is present in the proximity of the apex tethering loop suggests a potential role of 

phosphorylation in the regulation of the MRN mediated tethering (Figure 19 D). Earlier studies 

have noticed and investigated this SQ site showing that it gets phosphorylated by both ATM 

and ATR kinases264,265. In addition, mutating the serine residue of the SQ site affected DSB 

repair, checkpoint activation, survival and loading of cohesion at the sites of replication restart. 

As hsMRNS635G mutant retained a fully functional nuclease, phenotypes observed are not 

caused by defects in the nuclease activity264. This indicates that MRN tethering function is 

regulated by ATM and ATR activity in human cells. Structurally, phosphorylation could 

increase stability of tethering via interactions with basic amino acids on the connecting apex 

protomer. On the other hand, phosphorylation could change conformation of the apex tethering 

loop and reduce tethering potential. 

It is important to note that the functional importance of the zinc-hook mediated MRN inter-

complex dimerization might not be conserved throughout different species as the exchange of 

the S. pombe Rad50 zinc-hook with the hinge element of the MukB (bacterial SMC protein) 

did not lead to changes affecting DNA repair266. This suggests that in some organisms, like S. 

pombe, the Rad50 zinc-hook might function as a rather stable dimerization interface. 
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Figure 19. Dimerization of MRN via Rad50 zinc-hook. A, model of Rad50 zinc-hook 

mediated MRN dimer. This structure could bridge DNA ends that are up to 120 nm apart. Inset, 

crystal structure of ctRad50 zinc-hook tetramer fitted into cryoEM density. B, comparison of 

CtRad50 and HsRad50 zinc-hook tetramers. Crystal structure of CtRad50 zinc-hook tetramer 

and crystal lattice of HsRad50 zinc-hook (PDB:5GOX) tetramer indicates conserved zinc-hook 

tethering mechanism. C, the apex tethering element of HsRad50 and its interactions. Side 

chains of residues involved in the interaction are shown. D, SQ motif proximal to apex tethering 

element.  
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3.5 Functional clustering of MRN complexes 

 

Clustering of the MRN/X complex has been observed in numerous studies using different 

techniques, like AFM, electron microscopy, mass photometry and cell-based 

experiments113,114,262,267–269. A recent article reveals that S. cerevisiae MRX can oligomerize 

via the conserved beta-sheet motif in the Rad50 head domain and form nucleolytically active 

assemblies at DNA ends269. In vivo experiments using Rad50 mutants with altered head-

mediated oligomerization capabilities showed the importance of higher-order MRX assemblies 

for its cellular functions in DNA repair, signaling and telomere maintenance269.  

The Rad50 zinc-hook mediated MRN-MRN interaction is composed of a small hydrophobic 

element surrounded by salt bridges and, therefore, can be relatively transient on a single MRN 

dimer scale (Figure 19 C). However, head-mediated MRN clustering can lead to multiple 

protruding Rad50 coiled-coils and bring numerous zinc-hooks in proximity generating a 

molecular Velcro through multivalent interactions (Figure 20)269. In this case, the extent of 

tethering could be regulated via the cluster size by the head of the complex. Combination of 

DNA end binding activity with head-to-head and zinc-hook-to-zinc-hook interactions can 

explain the mechanism by which MRN/X complex can bridge DNA ends and sister chromatids 

at double-strand breaks as observed in S. cerevisiae268.  

Interestingly, the nature of zinc-hook mediated interactions that combine small hydrophobic 

parts and ionic bonds are characteristic for the types of interactions seen in liquid-liquid phase 

separation (LLPS), or condensates270. These structures create separated membranelles 

compartments that execute specific cellular functions. For instance, the process of DNA 

damage response creates transient repair compartments to increase local concentration of repair 

proteins and activate signaling pathways. In the recent years, numerous DNA repair proteins, 

like 53BP1, Rad52 and TopBP1, have been shown to form LLPS271–273. In addition, MRN 

interacting protein (MRNIP) undergoes condensation in vitro and in vivo concentrating the 

MRN complex into liquid-like droplets in the nucleus274. MRNIP condensates have been 

shown to accelerate MRN loading, enhance DNA end resection, promote DNA damage repair 

and amplify ATM signaling274. Currently there is no experimental evidence confirming that 

MRN/X clusters form condensates on their own. Thus, it could be that Rad50 zinc-hook 

mediated interactions have a secondary function in further promoting MRNIP initiated LLPS.  
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Figure 20. Tethering oligomerization model of MRN complexes. Proposed model of DNA 

tethering by eukaryotic MRN. Oligomerization may occur via Rad50 NBDs and zinc-hook 

leading to DNA end tethering. Insets show crystal structure of two CtRad50 dimers bound to 

one oligonucleotide molecule each (PDB: 5DAC) (top) and crystal and cryoEM structures of 

CtRad50 zinc-hook tetramer (bottom).  

 

3.6 DNA binding activity of ATM/Tel1 kinase 

 

Multiple studies using yeast and mammalian systems have confirmed that ATM/Tel1 kinase 

has DNA binding properties137,257,275,276. This finding does not come as a surprise since 

ATM/Tel1 gets recruited directly to DNA damage sites by the MRN/X complex and its kinase 

activity is stimulated by DNA. In S. cerevisiae, the presence of both MRX and DNA has a 

synergistic effect on Tel1 activation137.  

We have used the N-terminal fragment of Chaetomium thermophilum (ct) Tel1, containing the 

spiral and the pincer HEAT-repeat domains, which have been previously suggested to be 

involved in interaction with DNA, to further investigate DNA binding277. Our findings 

confirmed, that N-terminal domains of ctTel1 interact with DNA and revealed a higher binding 
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affinity to longer DNA oligomers, in agreement with other studies (Section 2.1 Figure 

3B)137,257,276. In addition, a much stronger binding to a 60-mer duplex DNA than 30-mer DNA 

suggests that ctTel1 does not bind DNA by primarily recognizing the ends. This is in agreement 

with findings on S. cerevisiae (sc) Tel1, where no significant difference was observed 

comparing linear, supercoiled and nicked circular DNA stimulatory effect on kinase activity137. 

Thus, DNA ends are not required for Tel1 kinase activity. When it comes to a human system, 

ATM kinase activity is stimulated about 100-fold in the presence of MRN and 1000 bp long 

DNA,  and has an absolute requirement for double-stranded DNA ends257. This hints to the 

fundamental difference between the yeast and human systems. Work on scTel1 also showed 

that at least 60 base-pair (bp) double-stranded DNA was necessary for kinase activation with 

longer DNA having an even stronger effect137. It is worth noting that the longest dimensions 

of dimeric ctTel1 are in the range of 200 Å, which roughly corresponds to the length of 60 bp 

of linear B-DNA. One possible interpretation of this DNA length dependency could be that 

dimeric, or even multimeric, form of Tel1 functions in high-affinity DNA binding and kinase 

activation.  

The atomic model of ctTel1 allowed calculation of surface charge map, which revealed a few 

positively charged patches on N-terminal HEAT repeat domains that could be involved in DNA 

binding (Section 2.1 Figure 3A). One of the promising DNA binding sites is a highly conserved 

RKKR motif located in the loop between helices H7 and H8. Another potential site for DNA 

interaction is in a highly conserved TAN motif located at the very N-terminus of the protein 

and involved in DNA damage signaling and telomere maintenance278. A high sequence 

conservation level, in otherwise not sequence conserved HEAT repeats, as well as occurrence 

of human cancer associated mutations in these positively charged patches highlight their 

proposed functional significance, which could be connected to DNA binding roles. One 

potential explanation for the DNA length dependency seen in our binding assay could also be 

that multiple positively charged patches on the Tel1 surface contribute to stable DNA binding 

(Section 2.1 Figure 3). In this case, a longer DNA would be needed to bind across all of the 

Tel1 patches. However, this would not explain the minimal requirement of 200 bp DNA for 

ATM activation in Xenopus extract279.  

Currently the DNA binding activity of ATM/Tel1 seems to be fully conserved and have a clear 

activating function, but the details of interaction and mechanism of activation remain to be 

elucidated by combination of structural and biochemical approaches.  
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3.7 Auto-inhibited state of ATM/Tel1 kinase and potential activation 

mechanisms 

 

All medium to high-resolution structures of ATM/Tel1 kinase to date have a dimeric form, 

which is considered to be an inactive state255,256,280–282. Detailed structural information that we 

and others obtained on fungal and human ATM/Tel1 consistently explained the molecular 

mechanism of kinase active site inhibition255,280,282. The active site cleft of the kinase domain 

is blocked for potential substrates by the PIKK regulatory domain (PRD) (Figure 21 A, Section 

2.1 Figure 6 B). The PRD makes multiple interactions firmly keeping it in a position. In the 

human structure, these interactions include hydrogen bonding of Q2971 and hydrophobic 

contact of L2970 with residues in the activation loop. Comparison of human ATM structure 

with PIKK SMG1-8-9 in complex with its substrate UPF1 showed that PRD residue Q2971 is 

positioned at the site of substrate glutamine from the SQ/TQ kinase selectivity motif (Figure 

21 A, inset) 283. Hence, PRD mimics SQ/TQ site and acts as a pseudo-substrate. It has been 

suggested that the obstruction of the active site by the PRD is the main mechanism of kinase 

inhibition as the ATM/Tel1 active site residues are in a catalytically competent 

conformation171,255,280,284. However, structural studies on mTOR, another member of PIKK 

family, showed that kinase activation involves conformational rearrangements in the FAT 

domain that influence the positioning of N- and C-lobes of the kinase domain. This results in 

the adjustment of catalytic residues into the optimal conformation for efficient catalysis (Figure 

21 B)285. In addition, a recent structure of DNA-PKcs in an active-state showed a similar 

conformational change of kinase domain lobes upon activation as seen for mTOR (Figure 21 

C)286. This hints to a common activation mechanism of PIKKs that involves conformational 

changes in the active site.  

However, the exact activation mechanism of ATM/Tel1 kinase as well as factors involved 

remain poorly understood. It is known that kinase activity of ATM/Tel1 is stimulated by the 

MRN/X complex and DNA, both of which interact with N-terminal domains located far away 

from the active site137,256,276. This mode of action seems to be conserved as some activators of 

other PIKKs, like ATRIP of ATR, Ku70/80 of DNA-PKcs and RHEB of mTOR, also interact 

with N-terminal HEAT-repeat portions of kinases and promote activity by relay of 

conformational changes that reach the active site285,287–289. In order to unambiguously confirm 

this mechanism of ATM/Tel1 activation by MRN/X, a structure of ATM-MRN complex is 

required.  

Another important factor in ATM/Tel1 activation is post-translational modifications (PTMs). 

In human cells, a full ATM activation is thought to involve auto-phosphorylation of five sites 

and acetylation290–292. Even though we obtained the most complete structures of ctTel1 and 

human ATM to date, the mapping of phosphorylation sites was not possible as they are all 

located in the flexible loop regions. The observation that these sites are not located at any 
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important dimer interfaces or known regulatory motifs questions the ability of phosphorylation 

to directly induce conformational changes and activate ATM/Tel1. Phosphorylation of exposed 

flexible loops might allow binding of additional factors that promote the transition of 

ATM/Tel1 to the active state. However, further studies are needed to investigate this theory. 

On the contrary to phosphorylation, acetylation site could be mapped on the human ATM 

structure and K3016, which gets modified by histone acetyltransferase Tip60, is located at one 

of the conserved PRD helices. This residue forms a salt bridge with E2895, which belongs to 

the C-lobe of the kinase domain (Figure 21 D)293. Neutralization of positive charge would 

directly affect this salt bridge and could lead to a larger scale rearrangement potentially 

resulting in kinase activation.  

Initial models suggested that dissociation of ATM/Tel1 into monomers is required for 

enzymatic activation294. There is evidence supporting the existence of ATM monomers in vitro 

and in vivo173,257,276. However, in the light of dimeric ATM/Tel1 structures, monomerization 

seems unlikely as it is energetically unfavorable due to the large and hydrophobic dimer 

interface (Section 2.1 Figure 5)255,280. Structures of asymmetric dimers for human ATM and 

scTel1 have been solved showing distorted PRD and, therefore, are proposed to be an active 

form of dimer280,284. Thus, dimer-to-monomer transition might be unnecessary to activate 

ATM/Tel1 kinase. A low-resolution cryo-EM structure of monomeric human ATM is 

available, but it does not show any major conformational changes that would shield 

hydrophobic dimer interface and explain an active monomer state282. 
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Figure 21. Auto-inhibition and activation mechanisms of ATM kinase. A, structure of C-

terminal portion of human ATM kinase in KU-55933 (cyan) inhibitor bound state. Inset, 

detailed view of the superimposed substrate-bound (UPF1 substrate in green) SMG1 (PDB ID 

6Z3R; gray) and KU-55933-bound ATM (color) kinase domain. Substrate-mimicking Q2971 

of PRD (magenta) and its hydrogen bonds (red dotted lines) to the kinase C-lobe residues 

T2902 and P2901 are indicated. B, comparison of active (PDB: 6BCU) and inactive (PDB: 

6BCX) mTOR structures with activation, catalytic and glycine-rich loops highlighted. C, 

comparison of active (PDB: 7K0Y) and inactive (PDB: 7K1N) DNA-PKcs structures with 

activation, catalytic and glycine-rich loops highlighted. D, structure of C-terminal portion of 

human ATM kinase in KU-55933 (cyan) inhibitor bound state. Inset, interaction between 

K3016, which gets acetylated during ATM activation, and E2995.  

 

3.8 Inhibitors of ATM in cancer treatment  

 

It has been revealed that inhibition of ATM activity increases sensitivity of different tumors to 

anti-cancer therapies that induce DNA double-strand breaks, for instance, radio- and chemo-

therapy, and targeted therapies, like ATR and PARP inhibition233,295–297. Despite the targeting 

of ATM being a promising strategy for cancer treatment, identification of novel inhibitors was 

limited to library screens due to a lack of high-resolution human ATM structure. We obtained 

three high-resolution human ATM structures with inhibitors (KU-55933 and M4076) and 

ATPS bound in the active site. These structures revealed ATP-bound state of the active site 

as well as binding mechanisms of two different classes of ATP-competitive small-molecule 

inhibitors. 

M4076 is a novel, sub-nanomolar potent and selective ATM kinase inhibitor. In comparison to 

other ATM inhibitors that are currently in phase I clinical trials, like AZD0156 (IC50 = 0.58 

nM) and AZD1390 (IC50 = 0.78 nM), M4076 shows an even higher potency with IC50 of 0.2 

nM241,242. M4076 was developed in the absence of high-resolution ATM structures, but now 

having this information the high potency of M4076 can be explained. One of the most 

prominent features is an extensive π–π and amide–π stacking interactions between the M4076 

and W2769 in the hinge region of ATM (Figure 22 A). This interaction is not present in the 

complex with a less potent KU-55933 inhibitor (Figure 22 B). In addition, binding of M4076 

shifts the position of C2770, at the hinge region, towards the inhibitor. This movement of the 

hinge is observed in the ATPS-bound active site, but not with KU-55933 (Figure 22 A-C). 

Combination of additional contacts that M4076 makes with ATM, when compared with KU-

55933, explains the 35-fold stronger enzymatic potency of M4076. Additionally, the 

comparison of a high-resolution structure of ATM with M4076 bound in the active site and 

structures of other PIKKs led to explanation of the inhibitor selectivity (Section 2.2 Figure 4 

A-C)287,289,298. Members of PIKK family and PI3K isoforms have a highly conserved kinase 

domain, especially the active site299. However, some sequence differences are present and they 
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include residues, which are in direct contact with M4076 (Section 2.2 Figure 4 D). One of the 

most significant differences is a substitution of A2693 in ATM with much bulkier residues in 

ATR, DNA-PKcs, mTOR and PI3Ks, explaining the observed selectivity of M4076 towards 

ATM. Future structure-based drug design of specific ATM active site inhibitors can further 

explore these subtle differences.  

An emerging alternative to ATP-mimicking kinase active site inhibitors are conformational 

inhibitors that specifically bind to the inactive state of the kinase and lock it300,301. An advantage 

of conformational inhibitors is that they target less conserved sites of the kinase and, therefore, 

can provide a high selectivity towards a specific target. In order to use this approach and design 

a conformational inhibitor, kinase structures in both active and inactive form are needed. 

Currently, high-resolution structure of active human ATM kinase is missing, but previously 

observed asymmetric dimer structures hint to conformational changes associated with 

activation280,282. In addition, comparing structures of other PIKKs, mTOR and DNA-PKcs, in 

their active and inactive forms reveal consistent structural rearrangements within kinase 

domain (Figure 21 B, C)285,286. Hence, solving the high-resolution structure of human ATM in 

its active conformation and identification of conformational changes involved in activation 

would allow structure-based design of conformational inhibitors that could provide an even 

better specificity and less off-target effects.  
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Figure 22. Structural characterization of two different classes of ATM inhibitors. A, 

structure of the M4076 inhibitor at the kinase active site at resolution of 3.0 Å (contoured at 

0.038). Side chains of inhibitor-proximal residues and interactions are shown. Hydrogen bonds 

are indicated by red dotted lines and π-stacking interactions are highlighted as black dotted 

lines. The kinase activation loop is shown in red. B, structure of the KU-55933 inhibitor at the 

kinase active site at resolution of 2.8 Å (contoured at 0.032). Side chains of inhibitor-proximal 

residues and interactions are shown. Hydrogen bonds are indicated by red dotted lines. C, 

structure of ATPS at the kinase active site at resolution of 2.8 Å. Side chains of ATPS-

proximal residues are indicated.  
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