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I

Introduction

Obesity is regarded as a primary health threat in the 21st century. It affects not only
the quality of life on physiological basis, but also psychologically and economically,
irrespective of cultural, financial or ethnic background [1]. The number of overweight
(body mass index, BMI ≥ 25 kg/m²) and obese (BMI > 30 kg/m²) humans in
industrial and emerging countries has been rising for years with a total of 650 million
adults and more than 124 million children globally being obese in 2016 [2]. With the
recent trend continuing, an estimated 57.8% of the world’s adult population could
be overweight or obese by the year 2030 [3]. Simultaneously to this development,
the incidences of obesity-associated diseases like type 2 diabetes mellitus,
arteriosclerosis with increased risk for cardiovascular complications such as heart
attack and stroke, susceptibility to infection and depression are continuously
increasing [4-8]. The elevated risk of developing these chronic diseases is primarily
due to obesity-associated metabolic changes which, when occurring together, are
referred to as metabolic syndrome (i.e., combined occurrence of cardiovascular risk
factors characterised by inter alia visceral obesity, insulin resistance ± glucose
intolerance, dyslipidaemia, hypertension and a pro-inflammatory state on local
(i.e., adipose tissue) and systemic level, which also increase the risk for
development of type 2 diabetes mellitus) [4-6, 9, 10]. These changes are much more
correlated to the regional adipose tissue distribution than the total fat mass [11, 12].
Especially accumulation of visceral adipose tissue enhances the risk of metabolic
alterations, whereas subcutaneous fat tissue in the gluteofemoral region even
seems to have protective functions [9, 13, 14]. Transplantation experiments have
shown that this difference is based on intrinsic properties of the adipose tissue
depots [15]. It is considered that the adaptability of the adipose tissue to the positive
energy balance at the cellular level plays a major role [16]. Adipocyte hyperplasia is
suggested to be important for the maintenance of physiological tissue function,
whereas hypertrophy, as it occurs mainly in visceral adipocytes, may lead to
dysfunctional fat cells [15, 16]. These findings probably also explain the higher
susceptibility of visceral adipocytes to cell death compared to subcutaneous
adipocytes [16]. In order to investigate factors relevant for the pathogenesis and
treatment of obesity and obesity-associated diseases, several animal models are
used in translational obesity research [17]. In addition to the classic rodent models
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(e.g., mice, rats), large animal models (e.g., pigs) have been developed in recent
years that more adequately reflect the changes occurring in human patients [18,
19]. Adequate methods for quantitative morphological analysis of adipose tissue
samples obtained from these animal models are of great importance to gain
valuable insights in pathogenesis relevant quantitative morphological alterations on
adipocyte level. Crucial morphological parameters, such as the volume, mean
volume and number of adipocytes in a specific adipose tissue depot, can be
analysed by light microscopy in histological 2D sections of adipose tissue samples.
Design-based quantitative stereological analysis methods are considered the gold
standard for quantitative morphological analyses in histological tissue sections and
allow the unbiased estimation of all morphological structural parameters
(i.e., volumes, surfaces, lengths and numbers) of cells and other tissue structures
of interest in representative and adequately processed tissue samples [20-23]. The
determination of, for example, mean volumes and numbers of cells allow the
differentiation of hypertrophic and hyperplastic growth patterns [24, 25]. Although
morphological changes of adipocytes, as for instance in volume, play a key role in
the pathogenesis of obesity and associated diseases such as the metabolic
syndrome, there are so far only a few studies on adipocytes using quantitative
stereological methods, as they may involve complex and time-consuming
procedures with regard to tissue sampling (i.e., strict sampling designs), tissue
processing (i.e., plastic embedding, generation of thin (serial) sections) and analysis
(e.g., physical disector) [26-29]. In contrast, novel 3D imaging methods such as
(laser) light sheet fluorescence microscopy (LSFM) of optically cleared
(i.e., transparent) tissue samples allow for a much faster and partially automated
analysis of the three-dimensional morphology of biological tissues [30, 31]. Optically
cleared tissue samples are directly, i.e., without physical sectioning, imaged in 3D
using a (laser) light sheet fluorescence microscope. Visualization of complex
structures, such as the vascular network of murine fat tissue depots or microvessels
in whole murine brains, have already been demonstrated using LSFM [32, 33]. In
addition to direct 3D visualisation, quantitative morphological parameters of tissue
samples can be directly evaluated by digital 3D image analysis, which has already
been successfully applied for counting murine kidney glomeruli, analysing the
distribution and interaction of immune cells with Aspergillus fumigatus in lungs of
mice and determining the volume and surface of fish gill lamellae, for instance [30,
2
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34-36]. 3D image analysis could therefore also significantly simplify the
determination of adipocyte volumes and numbers compared to the aforementioned
2D section-based unbiased quantitative stereological analysis methods.
The present study addresses the applicability of LSFM-based quantitative
morphological analyses for the unbiased determination of morphological adipocyte
parameters in subcutaneous and visceral adipose tissue depots of a recently
established porcine model of diet-induced obesity [37] (see Section II Objective of
the present work). The results of this work were published in the journal “PLoS
One” in 2021 (see also Section IV Publication) [38]. The obtained data provide
valuable insights into the type (i.e., hyperplasia, hypertrophy, or both) and the extent
of volume increase in each adipose tissue depot. Furthermore, the analyses provide
important information about the differences in the size distribution of adipocytes
within the depots, as well as the mean and maximum individual fat cell volumes in
lean and obese pigs in the subcutaneous and visceral fat depot.

3
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II Objective of the present work
The present study was designed to evaluate the suitability of laser light sheet
fluorescence microscopy (LSFM) as a new and elegant tool for the unbiased and
comparable determination of adipocyte volumes and numbers to characterise
obesity-related alterations of adipocyte growth patterns in representatively sampled
subcutaneous and visceral adipose tissue depots of a recently established porcine
diet-induced obesity model [37]. Unbiased quantitative stereological analyses,
which represent the gold standard for estimation of quantitative morphological
parameters in histological tissue sections [20-22] were independently performed on
adipose tissue specimen of the same animals and fat tissue depots to verify the
accuracy of the results obtained by the LSFM analysis. In future studies, LSFMbased analyses might allow for the comprehensive characterisation of adipocyte
morphology and, in combination with other analysis techniques such as multi-omics,
help to relate obesity-associated morphological adipocyte alterations to potentially
concomitant alterations in adipocyte function, all in all contributing to a better
understanding of the pathogenesis of obesity and obesity-associated (metabolic)
alterations.
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1

Anthropometric measurements of obesity in humans

The accumulation of an abnormal or excessive amount of adipose tissue that may
impair the health of the affected individual is defined as overweight or obesity,
respectively [2]. The body mass index (BMI) is used worldwide to classify the
nutritional status of humans [39]. The weight in kilograms of an individual is divided
by its height in meters squared [40]. According to the definition of the world health
organization (WHO), adults with a BMI ≥ 25 kg/m² are considered to be overweight,
whereas a BMI of 30 kg/m² or higher is defined as obesity [2]. Children and
adolescents between two and 18 years of age are excluded from this index [40]. Its
easy-to-use calculation and the possibility of making comparisons at population
level due to the non-inclusion of age, gender and other factors make the BMI an
international standard method. However, it is this superficial calculation basis that
limits its power and renders the BMI only a rough guidance [2, 41]. In patients with
an increased (e.g., athletes) or decreased (e.g., elderly with sarcopenia) lean body
mass the BMI is of low accuracy [2, 42]. Additionally, this index also does not take
adipose tissue distribution into account, although it has a much higher impact on the
development of obesity-associated diseases as the total fat mass [11]. Furthermore,
there are also differences between individual ethnic groups. Comparing the
occurrence of metabolic disorders in different ethnic groups, for the identical
prevalence the BMI is 30 kg/m² for Caucasians, 24.5 kg/m² for Chinese Americans
and 23.3 kg/m² for South Asians [43]. In 2000, the WHO criteria for overweight and
obesity were therefore redefined for the Asia-Pacific region as BMI ≥ 23 kg/m² and
≥ 25 kg/m², respectively [44].
In addition to the BMI, other anthropomorphic measures that better reflect the
distribution and total amount of adipose tissue have been established [41]. Waist
circumference (WC) is also commonly used in clinical praxis as it is easy to
determine and seen as a valuable parameter for both adipose tissue distribution and
associated dysfunction. Compared to the WC, the waist-to-height-ratio (WHtR) is
less correlated to insulin concentration and only a few studies have examined its
potential yet [42]. In 2011, Bergman et al. [45] introduced the body adiposity index
(BAI), which includes hip circumference and height. It is supposed to directly
estimate the percentage of body fat of individuals without adjustments for sex or age
5
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[45, 46]. However, gender independence was questioned by a recent study in which
BAI correlated positively with glucose and insulin concentrations only in men [42].
The visceral adiposity index (VAI), calculated from anthropometric (WC, BMI) and
metabolic (high density lipoprotein (HDL) cholesterol and triglyceride concentration)
parameters, is strongly correlated with serum glucose concentrations and the
visceral adipose tissue amount and could be a useful tool in detection of
cardiometabolic risk factors once cut-off values are established [42].

2
2.1

Adipose tissue
Adipose tissue morphology

In general, there are three types of adipose tissue. The white adipose tissue (WAT)
is organized in different depots, which can be subdivided into two major anatomic
regions: subcutaneous adipose tissue and visceral (i.e., subserous) adipose tissue.
The porcine WAT is of pure white colour, whereas in other animal species and
humans the colour ranges from white to white-yellowish, depending on the amount
of exogenous lipophilic pigments (e.g., carotenoids) accumulated in the fat tissue
[47-49]. The WAT contains mature adipocytes, blood vessels, noradrenergic fibres,
fibroblasts, preadipocytes and immune cells (e.g., macrophages) [50]. In WAT
adipocytes, the lipids form a single droplet (“unilocular”), which occupies almost the
entire intracellular space, ousting the cell organelles and the nucleus to the rim of
the cell. This gives the adipocytes a “seal ring” appearance in tissue sections [47,
50, 51]. A dense capillary network, which is essential for the rapid supply of stored
energy (see Chapter 2.2.1) and the function of adipose tissue as an endocrine
organ (see Chapter 2.2.2), surrounds each fat cell. The WAT has several metabolic
functions, including fast storage and mobilization of lipids, thermoregulation and fluid
balance, as well as mechanical functions (structural fat) in for example kidney
(capsula adiposa), eye (retrobulbar fat pad) and bone marrow [47, 50].
Besides the WAT there is the brown adipose tissue (BAT). It is characterised by a
variety of different sized lipid droplets (“multilocular”) and a high amount of
mitochondria in the cytoplasm of the adipocytes, which are on average smaller
compared to the WAT [50]. The high content of cytochrome in the mitochondria of
the fat cells and the high vascularization of the tissue are responsible for its brownish
colour. The BAT is mainly found in birds and rodents (e.g., in the shoulder girdle),
but can also account for up to 5% of body fat in new-born mammals and 1% of body
6
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weight in neonate humans [47, 50]. In contrast to small mammals such as rodents,
brown adipocytes in large mammals lose their unique ultrastructural and molecular
properties during childhood, which is why BAT cannot be found in adult individuals
[50]. In humans, BAT was long assumed to be absent in adults as well, until in 2009,
metabolically active BAT was demonstrated in a majority of adults (primarily in
supraclavicular, para-aortic, and retroperitoneal fat depots) [52-58]. The main
function of the brown adipose tissue is energy storage primarily for non-shivering
thermogenesis (NST). The mitochondrial uncoupling protein 1 (UCP1), which is
exclusively expressed in the BAT, responds to adrenergic stimulation and uncouples
the proton transit across the inner mitochondrial membrane from adenosine
triphosphate (ATP) synthesis by acting as an ion channel to allow protons to reenter the mitochondrial matrix (which would otherwise pass through ATP-synthase).
Thus, the energy stored in the proton motor force is not used to produce ATP but is
released as heat [50, 59-61]. In humans, stimulation of BAT (e.g., by repeated cold
exposure) is discussed as a possible therapy for obesity and diabetes, as it seems
to be associated with a high metabolic activity (e.g., 50 g of BAT could account for
as much as 20% of daily resting energy expenditure in adults, when maximally
stimulated) and improved metabolic parameters such as insulin sensitivity [16, 52,
53, 61, 62]. In contrast to many large mammals and humans, the UCP1 is
inactivated in pigs due to gene deletion of exons 3 to 5, an event that occurred about
20 million years ago [63-66]. This results in poor thermoregulation, especially in
piglets, an increased susceptibility to cold and, consequently, increased neonatal
mortality, in many but not all pig species [63, 65, 66]. Wild boars, for example, build
thermoprotective nests for birth, which is unique among the ungulates [65, 67].
Additionally, Nowack et al. (2019) showed that, next to shivering, muscle NST plays
an important role in thermoregulation of wild boar piglets [67]. The ATP hydrolysis
of the sarco(endo)plasmic reticulum Ca2+ ATPase 1a (SERCA1a), which transports
Ca2+ ions from the cytosol into the sarcoplasmic reticulum, is uncoupled from the
actual transmembrane transport of Ca2+ by the regulatory protein sarcolipin (SLN)
[67-69]. This results in Ca2+ ions being released back into the cytosol by SERCA1a
(so-called slippage), and the energy generated by ATP hydrolysis is completely
released as heat, as no transport of Ca2+ ions takes place [67, 70, 71]. However, Lin
et al. (2017) demonstrated, that piglets of cold-adapted pig species such as the
Tibetan pig and the Min pig are able to control their body temperature independent
7
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of shivering and muscle NST [64]. Following cold exposures, these piglets are able
to recruit beige fat cells (i.e., a third type of fat cells/tissue, see also below) in the
subcutaneous WAT, which express increased levels of uncoupling protein 3
(UCP3). This protein is also associated with an elevated uncoupled cellular
respiration, indicating an UCP3 induced, UCP1 independent thermogenesis in these
piglets. In contrast, piglets of cold-sensitive Bama pigs, for instance, are not able to
recruit this type of fat cells [64, 66]. Of note, the gene expression of UCP1 can be
restored in pigs by genetically engineering to test effects of the protein on
metabolism in obesity and diabetes research (see Chapter 4.2), as well as to
enhance animal welfare and reduce economic loss in agricultural production, for
example [61, 72].
The third type of fat is called beige or “brite” (i.e., brown in white) adipose tissue. It
refers to UCP1 expressing, thermogenetic active adipocytes, which appear in
localizations characteristic for WAT [73]. This process is called “browning” of WAT
and can be caused by long-term cold exposure, ẞ3-adrenergic stimulation
(mimicking the thermogenic effects of cold) or chronic PPARγ activation [60, 74-76].
In humans and mice, beige adipocytes display an intermediate morphology, varying
between unilocular and multilocular, and have either energy storage or UCP1
induced thermogenetic function. Both the morphology and the function are
depending on the environmental conditions (e.g., a predominantly thermogenetic
phenotype in cold environment) [73, 76-78]. In certain pig species, such as the
Tibetan pig, beige adipocytes perform UCP3 dependent thermogenesis, as
described above [64].
2.2
2.2.1

Function of white adipose tissue
Lipid storage (lipogenesis) and mobilization (lipolysis)

The main function of the white adipose tissue is the storage of excess energy in
form of triacylglycerides (lipogenesis), which can be mobilized (lipolysis) again in
times of need (e.g., hunger, sleep or long-term physical strain) [79].
In times of sufficient energy supply, WAT-adipocytes store fat, which is mostly
derived from blood circulation, in form of triacylglycerides (TAGs) in a cytosolic lipid
droplet, a process referred to as lipogenesis [80]. Free fatty acids (FFAs) can enter
the adipocyte via fatty acid transporters (e.g., CD36), whereas TAGs must first be
broken down into fatty acids and glycerol by lipoprotein lipase (LPL), a membrane8
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bound enzyme in adipocytes and capillary endothelium. After uptake into the
adipocyte, fatty acids are again synthesized to TAGs through esterification. An
additional source of stored lipids is the de novo synthesis in adipocytes [81, 82].
Since most of the stored fat is derived from the blood, LPL represents a key regulator
of fat accumulation [81, 83]. Insulin stimulates the activity of the enzyme, whereas
catecholamines, growth hormone (GH) and testosterone (in male) reduce it [83-87].
Along with induction of LPL, insulin also enhances the secretion of acylationstimulating protein (ASP), which upregulates the TAG re-esterification in the
adipocyte to prevent accumulation of FFAs in the microcirculation after TAGs are
broken down via the LPL [83]. Overall, insulin is the only hormone that promotes
lipogenesis and fat storage. Besides the induction of LPL, it promotes the uptake of
glucose into the adipocyte, which is needed to synthesize TAGs. Lipogenesis is
inhibited by catecholamines [88].
There are differences in fat storage between distinct adipose tissue depots, which
are further enhanced in obesity [89]. Subcutaneous and visceral adipose tissue
together store about 50% of dietary fat in sedentary adults [89-91]. Dietary fats are
stored more efficiently in visceral than in subcutaneous adipose tissue depots in
men, but vice versa in women [12, 83, 91]. They store more fat in subcutaneous fat
depots than men do, especially in lower-body obesity (i.e., gluteofemoral region)
[89, 92, 93].
Mobilization of stored lipids (lipolysis) takes place at the surface of the lipid droplet
[94]. In case of energy deficiency, the rate-limiting enzyme hormone-sensitive lipase
(HSL) of the adipocytes is activated to degrade TAGs and subsequently supply
especially liver, heart, skeletal muscles and kidneys with FFAs for ẞ-oxidation and
glycerine for glycolysis or gluconeogenesis (liver) [80, 88].
Lipolysis is promoted by catecholamines. They increase the level of cyclic
adenosine monophosphate (cAMP) and thus activate the HSL. In the opposite
direction, insulin lowers the amount of cAMP, thereby deactivating the enzyme [80,
88]. However, the antilipolytic effect of insulin is weakened with increasing size of
the subcutaneous and visceral adipocytes, as they become insulin resistant (see
Chapter 2.4) [89, 95]. In line with this, diet and exercise, which lead to a reduction
in fat cell size, have a positive effect on the regulation of lipolysis via insulin, whereas
liposuction was reported to not significantly impact the insulin sensitivity in adipose
9
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tissue, liver or skeletal muscle, since it only reduces the total number of
subcutaneous adipocytes with no changes in the visceral adipose tissue mass or
the size of the remaining adipocytes [89, 96-98]. Exercise additionally was
demonstrated to upregulate lipolysis in the subcutaneous adipose tissue [89, 99].
Overall,

visceral

adipocytes

demonstrate

a

higher

sensitivity

towards

catecholamine-induced lipolysis and are less sensitive to the antilipolytic effect of
insulin, as compared to subcutaneous adipocytes [83, 100, 101]. Furthermore,
Jepson et al. (1992) [102] showed that intermediate lipid metabolites, such as oleid
acid and oleyl coenzyme A (CoA), also function as lipolysis regulators by inhibiting
the HSL activity [80, 102]. Additionally, pro-inflammatory cytokines, such as
interleukin-6 (IL-6) and tumour necrosis factor-α (TNF-α), stimulate lipolysis, the
latter may further provoke adipocyte insulin resistance. The secretion of these
cytokines from macrophages and adipocytes is promoted by the low-grade
inflammation in the adipose tissue of obese individuals (see Chapter 3.2) [80, 103105].
Reaching the adipocyte expansion limit and/or dysregulation of lipolysis can lead to
accumulation of FFAs and their toxic metabolites in ectopic tissues (i.e., lipotoxicity,
lipid-derived metabolic alterations) such as skeletal muscle, liver or heart, causing
a local inflammatory reaction as well as systemic insulin resistance (inter alia due to
ectopic pancreatic fat impairing ẞ-cell function) and an increased risk of type 2
diabetes mellitus (see Chapter 3.2) [80, 106-110].
2.2.2

Adipose tissue as endocrine organ

Until the discovery of leptin by Friedman’s group in the 1990s, adipose tissue was
thought to serve only as energy storage [79, 111-113]. However, the tissue has been
revealed as an endocrine organ, secreting a variety of endocrine active proteins
(adipokines), such as leptin, adiponectin, TNF-α and IL-6, thereby influencing not
only the adipose tissue itself, but also whole-body metabolism and insulin sensitivity
[79, 114, 115].
Leptin is a peptide hormone encoded by the gene OBS (obese), which is mainly
expressed in adipocytes [113, 114]. It reduces food intake mainly via interaction with
neurons located in the mediobasal hypothalamus (hence also known as "satiety
hormone") and plays an important role in regulating energy and fat metabolism in
humans and mammals [109, 116]. In human obesity, high levels of leptin are
10
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characteristic, which may be explained by the increased secretion (up to seven
times higher in obese compared to lean individuals) of leptin from large adipocytes
[114, 117, 118]. The absence of the hormone's physiological effects (i.e., reduction
in food intake and weight loss) suggests leptin resistance in obese individuals [114,
119]. Metabolically relevant tissues, such as skeletal muscle, are suggested to be
primarily affected by leptin resistance, which can ultimately lead to impaired
regulation of fatty acid metabolism. The important mediator of leptin resistance in
skeletal muscle is the suppressor of cytokine signalling 3 (SOCS3), which blocks 5'
adenosine monophosphate-activated protein kinase (AMPK) signalling [114, 120123]. The underlying mechanisms of central leptin resistance are not known yet.
One possible explanation might be an altered transport through the blood-brain
barrier, which was demonstrated in mice and seems to be reversible with weight
loss [119, 124, 125].
Adiponectin is produced exclusively in the adipose tissue [126, 127]. In humans, the
plasma concentration is negatively correlated with fat mass, i.e., with increasing
obesity, adiponectin levels are reduced [114, 128]. Adiponectin has a positive
impact on total body insulin sensitivity. In line with this, low serum levels are
associated with type 2 diabetes mellitus [114, 126, 129]. In mice, adiponectin
stimulates fatty acid oxidation in the adipose tissue and skeletal muscle via AMPK
signalling, thereby reducing the amount of FFAs in these tissues [114, 126, 129132]. Activation of AMPK improves the insulin sensitivity in murine muscle cells in
vitro through reduction of inhibitory serine phosphorylation of insulin receptor
substrate-1 (IRS-1) [114, 133]. Adiponectin also has an anti-inflammatory effect. It
suppresses the secretion of pro-inflammatory cytokines such as TNF-α and IL-6 in
adipocytes and macrophages and promotes the release of the anti-inflammatory
cytokine interleukin-10 (IL-10) by macrophages [134-137]. In addition, it shifts
macrophage polarization from pro-inflammatory classically activated (M1)
macrophages to anti-inflammatory alternatively activated (M2) macrophages and
inhibits differentiation of myeloid progenitor cells [134, 138, 139].
Adipose tissue derived TNF-α is primarily produced by adipose tissue macrophages
(ATMs). Due to an increased infiltration of macrophages in the fat tissue during
obesity (see Chapter 3.2), TNF-α levels are elevated in an obese state [114, 140].
This cytokine has a negative impact on insulin action in adipose tissue and
11
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hepatocytes through molecular mechanisms such as upregulation of SOCS3
expression and activation of c-Jun-N-terminal kinase (JNK), leading to inhibition of
IRS-1 [114, 141-143]. Furthermore, TNF-α was demonstrated to stimulate lipolysis
and reduces the hepatic and skeletal muscle fatty acid oxidation. The subsequent
accumulation of FFAs and toxic bioactive lipids (e.g., diacylglycerol) can also inhibit
the function of IRS-1 and thus reduce insulin sensitivity in these organs (see
Chapter 2.2.1) [114, 144-149].
Approximately 10% - 35% of plasma IL-6 concentration derives from white adipose
tissue, where it is mainly produced by cells of the stromal vascular fraction (SVF,
i.e., cells in the aqueous fraction after experimental enzymatic digestion of adipose
tissue, such as preadipocytes, lymphocytes and macrophages). Adipocytes
themselves only account for about 10% of total IL-6 production in the fat tissue [150153]. In obese individuals, Fried et al. (1998) demonstrated a 3-fold higher
production of IL-6 in visceral adipose tissue, compared to subcutaneous fat tissue
[153]. Similar to TNF-α, IL-6 inhibits the insulin signalling pathway in adipose tissue
and liver by upregulating the expression of SOCS3 in obese individuals [114, 154156].
2.3

Adipogenesis, transdifferentiation and dedifferentiation of adipocytes

The adipogenesis of brown and white adipose tissue takes place at different times
in life. BAT develops already in utero, reaching its maximum around birth, whereas
WAT mainly grows post-natal and gradually increasing its size over time [74, 157,
158]. This is partly because new-born humans and many new-born large mammals
rely on heat production from non-shivering thermogenesis (see Chapter 2.1), which
takes place in the BAT under energy expenditure especially in the initial hours after
birth [59, 60, 74, 158]. White adipocytes, on the other hand, are specialised in storing
energy in form of triglycerides, which can be mobilised as free fatty acids in times of
need (see Chapter 2.2.1) [60, 74, 158, 159].
Both white and brown mature adipocytes develop from pluripotent (i.e., not yet
determined to a certain tissue type) mesenchymal stem cells (MSCs) located in the
vascular stroma of adipose tissue as well as in the bone marrow [160-163]. Although
both adipose tissue types originate from the mesenchyme, they develop from two
different MSC lineages. White adipocytes originate from Myf5-negative precursor
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cells, brown adipocytes from Myf5-expressing myogenic precursor cells, which also
hold the potential to differentiate into myocytes [74, 164].
The adipogenesis can be divided in two well-defined phases. The first, commitment
or determination phase, is activated by signals, which in vivo have not been
identified yet, and restricts the stem cell to the adipocyte lineage, ultimately leading
to the conversion of the MSCs into white or brown preadipocytes. This cell type is
morphologically undistinguishable from the MSC but has lost its potential to
differentiate into other cells (e.g., myocytes, chondrocytes, osteocytes) [157, 160163].
In vitro, pluripotent C3H10T1/2 cells have been used as a reliable MSC model to
study adipogenesis. They can be activated by factors such as bone morphogenetic
proteins (BMP4, BMP2) and wingless-related integration site (Wnt; additionally
inhibiting the differentiation phase), whereas the expression of Hh (hedgehog) is
inhibitory, although its role in adipogenesis is not well-defined yet [161, 163, 165168].
In the following terminal differentiation phase, the preadipocyte adopts
characteristics of a mature white (e.g., single, almost cell-filling lipid droplet) or
brown (e.g., multiple lipid droplets, high number of mitochondria) adipocyte and
acquires the ability to transport and synthesize lipids, to secrete specific proteins,
obtains its insulin sensitivity and produce adaptive heat, respectively [50, 60, 157].
This process is similar in both WAT and BAT and is regulated by a number of
different transcription factors, with peroxisome proliferator-activated receptor-γ
(PPARγ) and CCAAT-enhancer-binding proteins (C/EBPs) like C/EBPα playing a
central part [157, 169]. While C/EBPα plays a major role in the differentiation of
WAT, BAT development is independent of its expression [74, 157, 158, 170]. Here,
PR domain-containing protein-16 (PRDM16) appears to be the main regulator that
initiates the commitment to the brown fat cell lineage [60, 74, 158, 164, 171, 172].
This zinc-finger protein can simultaneously promote the induction of genes for the
"brown" phenotype (i.e., genes associated with mitochondrial biogenesis, oxidative
phosphorylation, and oxidation of lipids) and suppress corresponding genes of WAT
by interacting with either peroxisome proliferator-activated receptor gamma
coactivator 1-alpha/beta (PGC-1α/ẞ) or C-terminal-binding proteins (CtBPs),
respectively [74, 158, 172].
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Gold standard for investigating the second phase in culture is the murine 3T3-L1
preadipocyte cell line. The exposure of G1-growth-arrested preadipocytes with
adipogenetic inducers like fetal bovine serum (FBS), insulin-like growth factor 1
(IGF1; insulin is also possible, but IGF1 induces in much lower concentrations) and
dexamethasone, causes the preadipocytes to re-enter the cell cycle about 16 to
20 hours later and undergo one or two rounds of mitosis (mitotic clonal expansion),
a necessary step in differentiation [157, 163, 169]. After the cells exit the cell cycle,
they change from fibroblastic to adipocyte morphology and acquire functions of
mature adipocytes. White fat cells start to accumulate triacylglycerides (TAGs),
which is accompanied by an increased expression of enzymes for fatty acid and
TAG biosynthesis [163, 173]. Brown fat cells express high amounts of UCP1
(i.e., thermogenin), the central mediator for non-shivering thermogenesis in humans
and a variety of animals, except pigs (see Chapter 2.1) [59, 60, 63, 65, 74].
The origin of beige adipocytes has not yet been completely clarified. Some theories
suggest that they derive from transdifferentiation of white adipocytes, with a socalled "paucilocular" adipocyte (i.e., UCP1 positive, distribution of lipid droplets
intermediate between brown and white adipocytes) being an intermediate form [74,
174].

Furthermore,

ẞ3-adrenergic

stimulation

is

believed

to

induce

transdifferentiation of white fat cells in the inguinal WAT, but differentiation of Myf5negative progenitor cells in the epididymal WAT of mice [74, 175]. Either way, beige
adipocytes do not originate from the same MSC lineage as “classic” brown
adipocytes, but from progenitor cells similar to those of white fat cells [66, 74, 164].
Transdifferentiation of white adipocytes can also be observed in pathological
conditions such as breast cancer, where cancer cell neighbouring adipocytes
transdifferentiate to cancer-associated fibroblasts (CAFs) and subsequently
promote tumour progression [176-178].
In a process known as dedifferentiation, mature white adipocytes, as well as other
cell types (e.g., Schwann cells), can convert back into less differentiated cells of
their respective lineage [177, 179]. The preadipocytes can re-enter the cell cycle,
proliferate and finally re-differentiate into mature adipocytes [176]. Dedifferentiation
occurs physiologically for example during late pregnancy in the mammary gland,
where the adipose tissue gives way to the epithelium. In the course of the involution
of the mammary gland after lactation, preadipocytes re-differentiate into mature
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adipocytes [176, 177, 180]. The mechanisms that drive dedifferentiation are not well
characterised, yet. Modulators that also control adipogenesis, such as PPARγ and
Wnt, may play a role [176, 177].
2.4

White adipose tissue remodelling in obesity

A constantly positive energy balance poses great challenges to the adaptability of
adipocytes. To provide storage capacity for the increased amount of lipids, adipose
tissue can enlarge its volume by increasing the number of adipocytes (hyperplasia)
and/or their volume (hypertrophy) [181].
In a study on subcutaneous adipose tissue of 764 individuals, Arner et al. (2010)
[182] defined hypertrophic adipose tissue by a morphologic parameter based on the
diﬀerence between the measured adipocyte volume (mean value calculated from
the diameter of isolated adipocytes using formulas of Hirsch and Gallian (1968)
[183]) and the expected adipocyte volume (based on a curve-linear relationship
between adipocyte volume and total body fat mass) [109, 181, 182]. If the adipocyte
volume was larger than expected, the value was positive and the adipose tissue
was classified as hypertrophic; if the value was negative (i.e., the volume was
smaller than expected), the adipose tissue was classified as hyperplastic.
Pronounced hyperplasia or hypertrophy was indicated by large absolute values. In
addition, they demonstrated that the number of adipocytes (determined by dividing
the total amount of body fat by the mean adipocyte weight, which in turn was
calculated from fat cell diameter) and the adipocyte volume were negatively
correlated, and 70% fewer adipocytes were generated per year in hypertrophic than
in hyperplastic subcutaneous adipose tissue [109, 182].
To maintain tissue function, the remodelling processes are accompanied by
numerical and/or functional changes in various stromal vascular cells. In their
entirety, these events are summarized as adipose tissue remodelling [79]. Adipocyte
hyperplasia seems to result in a healthy expansion of fat tissue by evenly distributing
the excess lipids to newly differentiated fat cells, whereas adipocyte hypertrophy
ultimately leads to dysfunctional adipocytes promoting an unhealthy tissue
expansion [29, 109, 184]. For example, adipocytes reaching their expansion limit
(which is determined by the extracellular matrix) become lipid-overloaded and
insulin resistant (due to impaired trafficking of glucose transporter 4 (GLUT4) to the
plasma membrane) [109, 185-188]. Additional alterations which can occur in the
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course of an unhealthy adipose tissue expansion are disturbed adipogenesis,
mitochondrial dysfunction, and disturbed cytokine secretion, which lead to local and
systemic inflammation [109, 189]. Furthermore, studies on murine and human
adipose tissue indicate that the increased size of adipocytes, as well as changes in
the microenvironment of the fat tissue (i.e., mechanical and oxidative stress,
hypoxia), initiate adipocyte apoptosis [11, 186, 190-192].
Knittle et al. (1979) analysed the growth of adipose tissue in children and
adolescents [193]. For this purpose, they determined the cell size (defined as lipid
content in µg per cell) in the subcutaneous fat of 288 children between four and 18
years of age using the method described by Hirsch and Gallian (1968) [183] and
estimated the total number of fat cells from the total body fat (body weight minus
lean body mass) and the mean fat cell size [193]. The authors of the study concluded
from the collected findings that adipose tissue expands in children and adolescents
mainly due to an increase in adipocyte number, with obese individuals developing
significantly more fat cells than lean individuals. However, especially in children
between six months and one year of age, there is also an increase in fat cell size up
to almost adult levels, which decreases to previous levels between one and two
years of age [193]. Early studies suggested that in human adults, adipose tissue
solely expands via increase in fat cell size (except in severe obesity) [194-196].
Currently it is believed that, in humans, both types of remodelling mechanisms occur
and depend on the adipose tissue depot.
Hypertrophy occurs mainly in the visceral depot (VAT), whereas the subcutaneous
adipose tissue depot (SAT) increases its volume mainly through hyperplasia [15,
16]. For example, Joe et al. (2009) showed that following a high-fat diet, C57BL/6
mice demonstrate a significantly higher increase in adipocyte diameters in visceral
adipose tissue compared to the respective subcutaneous fat depots [15]. They
suggested that the difference in adipose tissue expansion might be caused by a
higher number of progenitor cells (determined via limiting dilusion analysis) in the
SAT compared to the VAT [15]. The increased number of dysfunctional adipocytes
in the visceral adipose tissue depot may also explain its association with an
increased risk of obesity-associated diseases [15]. However, adipogenesis in SAT
seems to be impaired in chronic states of obesity, enabling the adipose tissue depot
to only minimally counteract the metabolic alterations by de novo adipogenesis
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[197]. In contrast, VAT is suggested to have a higher hyperplastic capacity
compared to SAT [16]. This has been observed in “AdipoChaser” mice, which
reacted to positive energy balance with hypertrophic VAT within four weeks,
followed by adipocyte hyperplasia after two months. Subcutaneous adipose tissues,
however, demonstrated only a negligible amount of adipogenesis [197].
Both Spalding et al. (2008) [181] and Andersson et al. (2014) [198] demonstrated
that in case of severe weight loss (induced by bariatric surgery), however,
subcutaneous and visceral fat depots demonstrate a decrease in adipocyte size
(mean cell volume, calculated from the diameter of isolated adipocytes), whereas
the number of fat cells (division of total amount of body fat by the mean adipocyte
weight calculated from fat cell diameter) remains constant [181, 198]. Observations
on rats and humans suggest, that subsequent regain of weight occurs mainly
through refilling of mature adipocytes and only partly due to an increase in fat cell
number [185, 199-201].
Obesity also promotes senescence of the adipose tissue, which physiologically only
occurs in old age [202]. In the latter, this irreversible process is activated, among
other things, by the fact that the telomeres (i.e., repetitive nucleotide sequence at
the end of linear chromosomes) become shorter with each cell division due to a lack
of telomerase activity. This triggers a DNA damage reaction, which in turn activates
the tumour suppressor protein p53 and its downstream transcriptional target, the
cyclin-dependent kinase inhibitor p21CIP1/WAF1, which subsequently leads to cell
cycle arrest and insulin resistance [202-204]. The expression of p53 is also
increased in adipose tissue of obese individuals, promoting adipocyte senescence
[202, 203, 205]. Visceral adipose tissue seems more affected than subcutaneous
adipose tissue. Characteristics of senescent adipose tissue include impaired lipid
metabolism, inflammation, insulin resistance and a so-called senescent-associated
secretory phenotype (SASP) (i.e., secretion of high levels of inflammatory cytokines,
growth factors, and matrix-remodelling proteases), which ultimately contribute to the
progression of adipose tissue dysfunction [202].
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3
3.1

Metabolic syndrome
Definition and prevalence of the metabolic syndrome

The metabolic syndrome (MetS), also known as syndrome X, insulin resistance
syndrome, and hypertriglyceridemic waist, refers to the combined occurrence of
various metabolic alterations within an individual that increases the risk of
cardiovascular diseases (CVD) and type 2 diabetes mellitus (T2D) [4, 5, 206]. How
much this risk increases depends on the alterations occurring simultaneously and
the additional individual risk factors of the affected human [4]. The metabolic
alterations include glucose intolerance, insulin resistance (IR), central obesity,
hypertension and atherogenic dyslipidaemia (including elevated serum triglycerides
and reduced HDL cholesterol) [4, 206]. These components seem to have an additive
effect, which elevates the risk for T2D and CVD the more components occur
together [5]. Although the MetS was already described in the 1920s, there has long
been no uniform set of criteria (i.e., which alterations must occur in combination and
how they are defined). It was not until 1998 that the WHO took the initiative to
develop a uniform and internationally recognized definition, which will be adapted
according to the current state of knowledge. In terms of the essential components
(glucose

intolerance,

insulin

resistance,

central

obesity,

hypertension,

dyslipidaemia), it agrees with the definitions that the National Cholesterol Education
Program’s Adult Treatment Panel III (NCEP/ATP III) and the European Group for
the Study of Insulin Resistance (EGIR) postulated shortly afterwards. In detail,
however, the definitions differ in terms of cut-off points and the combination of the
individual components [206]. According the WHO criteria, for diagnosis of MetS the
presence of impaired glucose tolerance, type 2 diabetes mellitus and/or insulin
resistance and two additional risk factors is required [207]. The EGIR definition also
requires insulin resistance plus two additional risk factors, whereas the
NCEP/ATP III definition does not necessarily imply the diagnosis of IR, but more
generally requires the presence of three out of five factors as diagnostic criteria
[206]. In 2003, the American Association of Clinical Endocrinology (AACE) proposed
another definition. They suggested elevated triglycerides, reduced HDL cholesterol,
elevated blood pressure, and elevated fasting glucose as the identifying criteria.
Although central obesity is a major risk factor for both T2D and CVD, it is not
mentioned as a criterion [206]. In contrast to the previously mentioned definitions,
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no fixed number of existing criteria is specified here, but left to clinical judgment [4].
In 2005, the International Diabetes Federation (IDF) published a modified version of
the NCEP/ATP III definitions. In this version, the presence of abdominal obesity
rather than IR is required (together with two other components), as they are strongly
correlated, and IR is much more laborious to measure. In contrast to the other
definitions, the threshold values for abdominal obesity are specified for different
ethnic groups. The list of required additional components is the same as in the
NCEP/ATP III version [4]. In the same year, the National Heart, Lung and Blood
Institute (NHLBI) in collaboration with the American Heart Association (AHA) also
presented a set of criteria. It retains the ATP III criteria except for a few minor
changes [4]. A detailed summary of the different criteria is provided in Table 1.
Although the introduction of a set of criteria facilitates diagnosis, the variety of
different definitions still makes it difficult to compare prevalence for the metabolic
syndrome across countries or even research groups [206]. As a result, the global
prevalence of the metabolic syndrome varies between 20% and 45% and is
expected to reach 53% until 2035 [41, 208]. In addition to the set of criteria used,
the prevalence of the MetS also depends highly on the age of an individual. In Iran,
for example, the prevalence is <10% for both men and women aged 20-29 years
but increases to 38% and 67%, respectively, in individuals aged 60-69 years. Similar
findings were observed in the French and US population [206, 209, 210]. Even
within the same age range, the prevalence varies in both men and women. For
example, in studies using the NCEP/ATPIII criteria, prevalence of 8% to 20% in men
and 7% to 43% in women was reported for age 20 and higher [206, 211].
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3.2

Pathogenesis of the metabolic syndrome

The aetiology of the metabolic syndrome is manifold [206]. Major underlying risk
factors are physical inactivity and a diet high in carbohydrates and fat, since they
contribute to two of the essential components of the MetS, central obesity and
insulin resistance [5]. The pathogenesis linking obesity with the metabolic alterations
defining the metabolic syndrome are complex.
The adipose tissue is the main organ to store excess energy in form of neutral fats
[79]. Especially in chronic obesity, alterations in the adipose tissue remodelling may
occur, which can lead to disturbed adipogenesis and may also have an effect on the
endocrine function of the adipose tissue, resulting in altered adipokine secretion
and, consequently, in local and systemic inflammation as well as local and systemic
insulin resistance (see Chapters 2.2.2 and 2.4) [79, 189, 212]. Additional
characteristics of dysfunctional adipose tissue might be insufficient angiogenesis,
hypoxia and fibrosis [213-217].
In hypertrophic adipose tissue, the adipokine secretion changes from a balanced
level

of

anti-inflammatory

(adiponectin)

and

pro-inflammatory

adipokines

(e.g., leptin) to a predominantly pro-inflammatory one [218-222]. This shift is
mediated through a variety of mechanisms. Maury et al. (2010), for example,
demonstrated an elevated responsiveness of in vitro cultured omental adipocytes of
obese subjects to TNF-α (in vivo secreted by the SVF), which was mediated by an
upregulation of tumour necrosis factor receptor 1 (TNFR1), followed by an increased
activity of nuclear factor-kappa B (NF-κB), and in turn an increased production of
different pro-inflammatory adipokines [223]. Additionally, Adiponectin mRNA
expression is downregulated in adipocytes with endoplasmic reticulum (ER) stress
caused by hypoxia, as Hosogai et al. (2007) demonstrated in 3T3-L1 adipocytes
[221]. Macrophage infiltration also plays a crucial role in the development of a
predominantly pro-inflammatory phenotype and is further described below [140,
223].
The pro-inflammatory cytokines can alter the insulin signalling in adipose tissue and
liver via inhibition of IRS-1 (see Chapter 2.2.2), which subsequently leads to local
and systemic IR [109, 143, 156]. Furthermore, they can recruit additional immune
cells to the adipose tissue and thus stimulate local inflammation [189]. Leptin, for
example, can directly increase the production of mediators such as TNF-α, IL-6,
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interleukin-8 (IL-8) and monocyte chemoattractant protein1 (MCP1) in resident
ATMs, which recruit T-cells and macrophages (up to 40% of the SVF of VAT in
obese individuals, compared to 10% - 15% in VAT of lean individuals) and thus
promote, and subsequently sustain, a local and systemic inflammation [140, 189,
218, 224]. These macrophages originate mainly from monocytes circulating in the
blood, which differentiate into M1 ATMs once they arrive in the adipose tissue [140,
189, 225]. They similarly secrete pro-inflammatory cytokines that maintain the
adipose tissue inflammation, as well as chemokines that again recruit new
macrophages [109]. The degree of macrophage infiltration is significantly and
positively correlated with the average adipocyte cross-sectional area in murine and
human white adipose tissue (WAT) as shown by Weisberg et al. [140] in 2003 [140,
226]. In mice and human, most macrophages are found in areas of adipocyte death
(see Chapter 2.4), where they surround the dead cells (so-called crown-like
structures, CLS) to phagocyte cell remnants, especially the possibly cytotoxic lipid
droplet [225, 227]. It is assumed that the chronic inflammation is sustained by the
macrophages' clearing up processes [226, 227]. However, the clearance of the
adipocyte remnants by ATMs is (at least initially) important for adipose tissue
remodelling and differentiation of new adipocytes [225, 227]. Furthermore, the dead
adipocytes contribute to the local tissue inflammation by activating the immune
system via direct recruitment and/or activation of macrophages, or the release of
damage-associated molecular patterns (DAMPs), such as high mobility group box
1 (HMGB1), for example [190, 227, 228].
Besides their pro-inflammatory effect, TNF-α and IL-6 are also involved in the
downregulation of GLUT4, the main insulin-responsive glucose transporter in
adipocytes. Together with impaired insulin signalling via inhibition of IRS-1, this
results in reduced insulin-stimulated glucose transport and metabolism in adipose
tissue [115, 154, 212]. Consequently, basal lipolysis is increased since insulin
cannot exert its anti-lipolytic effect [229, 230]. Besides this, TNF-α itself can
stimulate lipolysis via reduction of HSL- and perilipin expression [146, 147, 231,
232]. The latter, a protein coating the intracellular lipid droplet, regulates the
accessibility for HSL to the surface of the droplet [94, 231, 232]. These mechanisms
all in all result in hyperinsulinemia, hyperglycaemia, and hyperlipidaemia [229, 230].
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Following increased lipolysis in hypertrophic adipocytes, large amounts of FFAs are
released into the circulation, which can trigger various inflammatory signalling
pathways in both adipocytes and macrophages [109, 233]. For example, FFAs bind
to Toll-like receptor 2 of inter alia adipocytes and macrophages, leading to the
activation of NF-κB and JNK signalling pathways [109, 223, 234-237]. This in turn
increases the synthesis and secretion of many chemokines (e.g., MCP1) in
adipocytes, as well as inhibitory serine phosphorylation of IRS-1, all in all
contributing to proinﬂammatory macrophage inﬁltration and IR [109, 235, 236].
Furthermore, local hypoxia due to reduced capillary density, as shown by Pasarica
et al. (2009) [238], which determined the number of capillaries per millimetre
adipose tissue section area in human abdominal fat, or an increased oxygen
consumption (due to uncoupled respiration) by the hypertrophic adipocytes can
trigger local adipose tissue inflammation [109, 238, 239]. Subsequently, hypoxia
inducible factor-1α (HIF-1α) is activated, which stimulates inter alia expression of
pro-inflammatory cytokines in macrophages [109, 239, 240].
It is important to note that the localization of adipose tissue plays a central role in its
metabolic effects. Especially increased storage of lipids in visceral adipose tissue
depots seems to be closely related to IR, T2D and CVD. The underlying causes
have not yet been clarified. Increased lipolysis activity or the secretion of factors
particularly affecting insulin sensitivity could potentially be involved [212].
In conclusion, the major trigger of obesity-associated complications lies in the
alteration of adipose tissue plasticity, which is followed by an inadequate response
of the adipose tissue depots to the energy overflow and subsequently to systemic
metabolic alterations [109].
3.3

Diagnosis and therapy of the metabolic syndrome

The clinical symptoms of the metabolic syndrome highly depend on the combination
of components that occur in each affected individual, which can make it difficult to
detect the syndrome at an early stage. The diagnosis is based on the definition
criteria mentioned in Table 1 (see Chapter 3.1). The ATP III criteria (and their
variations) are suited for clinical practice, whereas the initial WHO definition is
primarily suitable for scientific purposes [206].

23

Scientific background
The treatment of the metabolic syndrome is multifactorial [241]. The first-line
therapeutic goal in individuals with MetS is to treat all abnormal metabolic
components and thus reduce the risk for diabetes and CVD, if not already present
[4, 242]. Due to their additive effect, the therapy of one or two of the components
could already have a positive effect [5]. Pharmacotherapy is used when metabolic
alterations

such

as

high

levels

of

HDL

cholesterol,

hypertension

and

hyperglycaemia are not reversible through lifestyle changes alone or require
immediate treatment [4, 242].
The long-term therapeutic goal, which is also the most important preventive
measure, consists primarily in the reduction of the underlying metabolic risk factors,
above all obesity, since the metabolic syndrome almost never manifests without
some degree of obesity and effective weight loss improves all metabolic
disturbances. A healthy diet (inter alia reduced saturated fats, cholesterol and salt,
increased amount of fruits, vegetables and whole grains), more physical activity and
an early and long-lasting reduction in adipose tissue mass (especially in visceral fat
depots) can help to control obesity and the complications associated with it,
including insulin resistance [4, 206, 242]. The importance of an early therapy and
prevention is also reflected in the fact that over 75% of obese children stay obese
in adulthood whereas only 10% of normal weight become obese later in life [181].
3.4

Metabolically healthy obese

Although the changes on adipocyte level occur in every obese individual, impaired
adipose tissue remodelling does not appear homogeneously, and obesity will not
necessarily cause insulin resistance and an increased risk for metabolic
complications [109]. A subgroup of about 10 - 30% of obese individuals is currently
referred to as “metabolically healthy obese” (MHO) [243]. Despite increased
subcutaneous adipose tissue depots, they exhibit insulin sensitivity, reduced
adipose tissue inflammation, reduced visceral adipose tissue expansion, as well as
normal physiology and hormone profiles [109, 244]. However, the factors that
compose this rather healthy phenotype are yet to identify. For this reason, there is
currently no uniform definition of this subtype, which together with other factors such
as lifestyle, sex and age leads to considerable variations in the prevalence of MHO
[41, 243, 244]. In European obese individuals the prevalence of MHO is higher in
women than in men [243]. This might be explained by the differences in adipose
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tissue distribution between both sexes. Although women often have a higher
proportion of total and/or subcutaneous fat compared to men, they still have less of
the visceral fat associated with metabolic risk factors [244]. One of the most
important factors for the higher levels of insulin sensitivity of MHOs compared to
obese individuals seems to be the small share of VAT in their total body fat. Since
hypertrophic adipocytes have a negative influence on insulin sensitivity (see
Chapter 2.4), investigating volume and number of adipocytes in different adipose
tissue depots may be critical in explaining the higher insulin sensitivity observed in
MHOs [245]. In addition, an early onset of obesity may lead to a number of
compensatory metabolic adjustments that allow for normal insulin sensitivity [245].
Although this subgroup displays a (temporarily) healthy metabolism, other obesityassociated co-morbidities like osteoarthritis, respiratory diseases and psychological
abnormalities are still present and may reduce the quality of life [9]. According to
long-term studies, however, this metabolic state seems to be only a transient
condition [109, 246]. About one third of MHO individuals develop diabetes and
cardiovascular diseases over time [247]. Compared to metabolically unhealthy
obese, MHOs are on average younger and have less abdominal adiposity [248].
Following Appleton et al. (2013), MHOs of younger age with lower central adiposity
show about the same degree of risk to develop diabetes or cardiovascular diseases
compared to metabolically healthy normal weight individuals over a period of five to
ten years [247]. In general, metabolically healthy obese individuals have an
intermediate risk for developing obesity-associated diseases between metabolically
healthy normal weight and unhealthy obese individuals [245, 248, 249]. This obesity
“phenotype” is therefore not as healthy as its name suggests and should not be
considered a harmless condition [9, 248]. One of the most common therapeutic
approaches against obesity, weight-loss intervention, does not appear to improve
individual metabolic risk factors in MHOs, but in some cases has rather a
paradoxical effect [243]. This includes declined energy expenditure and increased
symptoms of depression, which can ultimately lead to weight regain [248, 250].
However, "weight-loss" is a very general term regarding the different adipose tissue
depots possibly affected by it. Since not all fat tissue depots have negative effects
on the metabolism (e.g., subcutaneous adipose tissue), a targeted fat loss towards
a more beneficial fat distribution would be a possible approach [248]. Understanding
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the underlying causes of the MHO phenotype can help to gain valuable insights into
the pathophysiology of obesity-related diseases [243].
3.5

Metabolically obese normal-weight

In contrast to MHOs, there are non-obese individuals (i.e., individuals with normal
weight and BMI) who have metabolic disorders that are characteristic for obesity
[245]. These metabolically obese normal-weight (MONW) individuals (also referred
to as metabolically abnormal normal-weight individuals or normal-weight obesity)
show

increased

levels

of

visceral

adipose

tissue,

insulin

resistance,

hyperinsulinemia and dyslipidaemia which may result in an increased risk for type 2
diabetes mellitus and cardiovascular disease [245, 251]. The factors leading to this
increased risk profile have not yet been clarified, but abnormal distribution of body
fat seems to play an important role in these individuals [245].
However, since MONW individuals generally appear healthy due to their normal BMI
and young age, metabolic disorders and CVD are frequently undetected, usually
being diagnosed only after several years. Therefore, early detection and treatment
of the metabolic alterations could prevent an exacerbation of symptoms [245].

4

Animal models of obesity and obesity-associated alterations

The aim of translational medicine is to translate discoveries of fundamental research
into clinical application, whether for prevention, diagnosis or therapy [252]. For a
long time, a wide variety of animal models were used for this purpose. The animal
species used in experimental models in obesity research range from rodents to
larger animals such as pigs, each of them with individual advantages and
disadvantages. Since the development of obesity is a multifactorial process in
which, among other things, a large number of different genes are involved, animal
models in obesity research can be divided into two major categories [253]. On the
one hand, genetically modified animals, and on the other hand, animals that have
been exposed solely to an obesity-enhancing environment, for example,
high-calorie diet leading to diet-induced obesity (DIO) [253]. The latter are believed
to reflect more precisely the obesity-associated changes in humans [17, 253, 254].

26

Scientific background
4.1

Rodent models of obesity and obesity-associated alterations

Traditionally, obesity research has primarily used rodent models to study disease
mechanisms and to treat obesity-associated alterations [253]. The short
reproduction intervals of the species used (i.e., mice, rats) resulting in high numbers
of offspring, the availability of a large number of genetically modified strains, the
relatively short duration of the experiments and the cost-effective animal husbandry
are among the reasons for this [17, 255].
The db/db-mouse has become well known as a monogenetic (i.e., a causal mutation
linked to one gene) model for obesity, dyslipidaemia and type 2 diabetes mellitus.
Animals of this model display a spontaneous autosomal recessive mutation
(sequence insertion) in the gene for the hypothalamic receptor of the satiety
hormone leptin (Lepr), which leads to leptin resistance and in consequence to high
levels of the hormone itself, since there is no impaired synthesis [17, 253, 256, 257].
Phenotypically, they resemble the ob/ob-mouse, in which leptin synthesis is
prematurely terminated due to a spontaneous mutation in the leptin gene (Obs),
resulting in a hormone deficiency, but they show more severe hyperglycaemia. The
db/db-mouse is also characterised by hyperphagia, reduced energy expenditure,
decreased linear growth due to growth hormone deficiency, infertility and insulin
resistance, which leads inter alia to early-onset morbid obesity and type 2 diabetes
mellitus [17, 253]. At cellular level, db/db-mice have approximately 11 times larger
adipocyte section areas in subcutaneous and visceral adipose tissue compared to
wild-type mice, with subcutaneous adipocytes appearing to be considerably larger
than visceral ones. Both depots also show changes at the ultrastructural adipocyte
level (e.g., thinning of the cytoplasmic rim, cholesterol crystals) which are highly
suggestive of cellular stress [226].
Another murine model for leptin receptor deficiency is the genetically engineered
s/s-mouse [253]. To generate this model, Bates et al. (2003) used homologous gene
targeting to exchange the gene for the leptin receptor, which physiologically
encodes the amino acid tyrosine at position 1138 (Tyr1138), with an allele that
encodes serine (Ser1138) instead. The translated leptin receptor is normally
expressed but unable to activate the transcription factor signal transducer and
activator of transcription 3 (STAT3), which primarily mediates the effect of leptin on
energy homeostasis. However, other leptin signals are correctly mediated by the
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receptor, making the s/s-mouse a more specific model for leptin receptor defects
[258]. Homozygous (s/s) mice of this model demonstrate hyperphagia, insulin
resistance and obesity, but in contrast to the db/db-mouse, they are fertile and
develop a physiological body length as well as less hyperglycaemia [253, 258].
Sprague-Dawley rats are used as an DIO/polygenetic model of obesity. They
develop, as most other animals, an obese phenotype when exposed to a high-fat
diet [253]. In a semi-quantitative analysis of histological adipose tissue sections,
Rojas et al. (2018) showed an increase in section profile size of subcutaneous fat
cells compared to adipocytes of retroperitoneal and gonadal adipose tissue [259].
Marques et al. (2016) demonstrated an increase in adipocyte section profile areas
in mesenteric adipose tissue in a quantitative analysis using ImageJ software [260].
Generally, there is a significant variation in phenotypes in outbred strains of Sprague
Dawley rats due to different breeding histories, which makes comparison and
generalization of results obtained in this DIO-model difficult [261, 262]. Although
most of the characteristics of the metabolic syndrome (e.g., insulin resistance,
dyslipidaemia and hypertension) could be observed in these animals, there are
studies that demonstrated an obese phenotype in rats of this model, but only slight
obesity-associated changes, thus resembling rather the phenotype of metabolically
healthy obese humans [259-261].
However, due to low life expectancy and numerous anatomical and physiological
differences to humans, classic laboratory rodent models are often unable to
adequately reflect the full spectrum of disease-associated changes occurring in
humans [18, 19].
The rodent models described here represent only a small selection of monogenetic
and DIO/polygenetic models of obesity and obesity-associated alterations. For
further examples, the interested reader is referred to Kleinert et al. (2018) [263], Lutz
and Woods (2012) [253], Panchal and Brown (2011) [264], and Tschöp and Heiman
(2001) [265].
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4.2

Porcine models of obesity and obesity-associated alterations

Pigs serve as important large animal models of human biology [18, 266]. They
demonstrate

high

similarities

to

humans

in

anatomy

(e.g., organ

size,

gastrointestinal anatomy), physiology (e.g., omnivore, human-like food choice,
eating behaviour and digestion), metabolism (e.g., lipoprotein metabolism) and
pathology (e.g., obesity associated with insulin resistance, dyslipidaemia and
atherosclerotic lesions) [17, 18, 61, 267]. Especially the resemblances in feeding
behaviour and digestion make it possible to study the effects of a diet on the
metabolism in pigs [267]. However, it should be noted that the response to dietary
interventions also depends on the genetic background [61]. Ossabaw pigs, for
example, develop significantly more pronounced forms of metabolic syndrome than
Yucatan pigs on a high-fat diet [268]. These pigs represent the feral descendants of
domestic pigs abandoned by sailors on Ossabaw Island (Georgia, USA) about half
a millennium ago, which over time regained a "thrifty genotype" due to the more
meagre food supply and increased physical activity in their new environment. Today,
this causes Ossabaw pigs to be prone to obesity when put on a high-calorie diet in
combination with low physical activity [61, 269, 270]. Early sexual maturity, all
season breeding, multiple offspring and a short generation interval additionally
qualifies pigs as large animal models in translational medicine [18].
Advanced techniques for genetic engineering of pigs, including clustered regularly
interspaced

short

palindromic

repeats/CRISPR-associated

(CRISPR/Cas)

technology, can be used to create porcine models for studying specific mechanisms
of disease processes [19, 61]. For example, pigs with a restored UCP1 expression
are used as animal models in obesity and diabetes research. The UCP1 knock-in
(KI) pigs show, among others, changes in the thermogenesis and adipocyte
metabolism, as well as signs of increased lipolysis [61, 72].
Besides the genetically modified models, porcine DIO models are of great
importance. Pigs, like humans, are omnivorous and ingest their food discontinuously
throughout the day, making it easy to generate a metabolism mimicking "Western
lifestyle" with a variety of different diets. For example, a diet rich in energy combined
with saturated fats and carbohydrates such as fructose can trigger characteristics
of the metabolic syndrome in pigs [61].
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Such a DIO-“minipig model” of the metabolic syndrome has recently been
developed by Renner et al. (2018) [37]. These Göttingen minipigs (GM) were fed an
experimental diet (high-fat/high-energy; HFHE) over a period of 70 weeks, which
they were offered ad libitum for the final 15 weeks. At the end of the trial, the
HFHE-fed minipigs (aged 3 years) had more than doubled their body weight
compared to restrictively fed, age-matched control pigs, thus developed a
pronounced obesity in subcutaneous and visceral adipose tissue depots, and
furthermore showed metabolic changes (i.e., increased plasma cholesterol,
triglyceride and free fatty acid levels, impaired glucose tolerance and insulin
resistance) that are regularly observed in humans in the context of the metabolic
syndrome. In addition, the obese minipigs displayed multifocal, marked adipose
tissue necrosis and severe inflammatory alterations, which occurred in the visceral
fat tissue depots, but were not observed in the subcutaneous adipose tissue. At the
level of light microscopy, there was no histomorphological evidence of adipose
tissue inflammation or necrosis in the subcutaneous and visceral depots of lean
pigs, nor in the subcutaneous fat depots of obese pigs. In contrast, the
morphological findings in the visceral fat depots of the obese animals ranged from
focal acute necrosis of single fat cells to large areas of extensive adipocyte necrosis
and massive chronic inflammatory cell infiltration (inter alia macrophages,
lymphocytes and plasma cells). Of particular notice was the drastic increase of the
adipocyte section profile areas in these depots compared to the ones in the
subcutaneous depots as well as compared to the section profile areas in both SAT
and VAT of lean GM [37].
The porcine models described here represent only a small selection of monogenetic
and DIO/polygenetic models of obesity and obesity-associated alterations. For
further examples, the interested reader is referred to Renner et al. (2020) [61] and
Kleinert et al. (2018) [263].
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5

Methods for determination of adipocyte sizes/volumes and
adipocyte numbers

Changes in the regional distribution of adipose tissue (especially increase in visceral
fat tissue) as well as in the morphology of adipocytes (hyperplasia and/or
hypertrophy) during weight gain play a major role in the development of obesityassociated diseases [109]. The detection of even the most subtle variations in, for
example adipocyte volume or number, is therefore of fundamental importance in
translational research.
A wide spectrum of techniques has been described in the last decades to quantify
different adipocyte parameters [20, 21, 29, 183, 271-274]. The methods differ
regarding the preparation of the tissue samples and the analysis method used.
5.1
5.1.1

Analysis of isolated adipocytes
Isolation of adipocytes

Isolated fat cells can be obtained by incubating fat tissue samples with collagenase
[271]. Subsequently, the suspension is centrifuged, resulting in an adipocyte fraction
in the top of the centrifuge tube, or the cells in the suspension are fixed with
glutaraldehyde followed by the separation of adipocytes via filtration through a nylon
screen [183, 272, 275]. The collagenase method is a gentle method to extract fat
cells from the tissue [29]. However, centrifugation, mesh separation and
collagenase digestion might cause fat cell damage [183, 271]. The latter affects
especially hypertrophic adipocytes, whose large lipid droplet makes the cell fragile,
possibly resulting in breakage of the cell and release of triglycerides [29, 183].
Isolated fat cells can also be obtained without prior collagenase digestion of the
tissue by fixing fat pieces in osmium tetroxide. Subsequently, the suspension is
filtered through a nylon net, larger pieces are carefully rubbed by hand first. The
advantage of this method, compared to the use of collagenases, is that it is
appropriate for all cell sizes [183]. Disadvantages are the high toxicity of osmium
tetroxide and the fact that it may cause cell swelling, which can lead to a possible
overestimation of the cell size [183, 271, 274].
It should be noted that adipocytes, despite their icosahedral/tetracaidecahedronic
shape in histological sections, adopt an approximately spherical shape when
isolated, which might be hard to distinguish from lipid droplets [183, 276, 277].
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5.1.2

Analysis of sizes/volumes and numbers of isolated adipocytes

The number of isolated fat cells can be counted using a haemocytometer [272]. The
diameters of isolated adipocytes can be determined either manually using a
microscope equipped with a scale or from images of the individual fat cells using a
software [183, 272, 274, 276]. Advantages and disadvantages of these methods are
summarized in Chapter 5.2.
The Coulter Counter represents a method to determine both the number and the
size of unfixed or fixed isolated adipocytes [183, 274]. The cells pass through a
capillary opening, which changes the electrical resistance between two electrodes.
Thus, the number of fat cells per unit volume can be determined [183].
Subsequently, the adipocyte volume can be achieved. Hirsch and Gallian (1968),
for example, calculated the average adipocyte size (µg lipid/cell) by dividing lipid
weight of a comparable sample by the adipocyte number [183]. Maroni et al. (1990)
multiplied the midpoint of previously set channels by the number of adipocytes
contained therein to determine the mean cell diameter [274]. With the Coulter
Counter it is possible to evaluate large numbers of cells (up to 10.000) with a wide
size spectrum (about 20 µm to 300 µm in diameter). However, it is debated whether
cell debris can bias the results for small adipocytes (i.e., false positive
measurements) [29].
A more recent approach to analyse isolated adipocytes is flow cytometry [273, 278].
Here, a detector measures the scattered light or fluorescence signal of individual
cells passing a laser beam [279]. The forward scatter (FSC) provides information
about the relative size of cells, the side scatter (SSC) about the granularity of the
cell [278, 279]. In addition to a rapid evaluation of large quantities of adipocytes,
flow cytometry allows for sorting adipocytes (up to 250 µm in diameter) of the same
sample by size and for detection of fat cell sub-populations in adipose tissue depots
such as UCP1 expressing adipocytes in WAT [29, 278, 280]. Disadvantages of flow
cytometry are the high acquisition costs and the need for specialised staff [271].
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5.2

Morphometric analysis of adipocyte profiles in histological sections of
adipose tissue samples

One of the most common methods for generating adipose tissue sections is paraffin
embedding, sectioning, and haematoxylin-eosin (HE)-staining of fat tissue samples
[281, 282]. Major advantages are the easy and swift feasibility, and the applicability
of various tissue staining methods [282]. However, paraffin embedding causes a
profound, irregular, and inconsistent tissue shrinkage, which negatively affects
quantitative morphological analysis of dimensional parameters [282, 283].
Further techniques are frozen sectioning or plastic embedding (e.g., in
glycolmethacrylate/methylmethacrylate; GMA/MMA) [38, 281, 282]. Frozen sections
are faster to prepare than paraffin sections and are particularly suitable for
immunohistochemical staining [282]. Moreover, unlike paraffin sections, they
display virtually no shrinkage in the X-Y plane [20]. Plastic embedding also causes
only little tissue shrinkage compared to paraffin embedding. Additionally, it allows
for the generation of thin (serial) sections. Disadvantages are the increased time
required to produce the sections and the fact that immunohistochemistry protocols
often don’t work satisfactorily in sections of plastic embedded medium due to poor
antibody penetration. Immunohistochemical labelling of cells on the surface of the
sections, however, can be achieved using special techniques [20, 282].
For a long time, histological sections were only subjected to qualitative evaluation.
It is based on the human visual system, which is very skilled at recognising patterns
(e.g., inflammatory infiltrates), but has difficulties in assessing quantitative
properties, such as differences in size or density of structures [284, 285]. In this
context, de Groot et al. (2005) [286] showed that pathologists were unable to detect
a significant reduction in total hippocampal neuron number of more than 30% in
qualitative histological examinations of murine brain sections [286, 287]. It is
generally assumed that, depending on the tissue, a deviation of at least 25-40%
must occur in order to be recognised by the examiner [20, 21, 287]. Furthermore,
the solely qualitative and semi-quantitative (i.e., classification of changes into
degrees of severity) observations are difficult to reproduce due to their subjectivity
and vary strongly between different examiners [284, 285, 288, 289]. For objective
and reproducible detection of quantitative morphological changes (not visible to the
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naked eye), which may be subtle but pathogenesis-relevant, it is therefore essential
to carry out measurements using quantitative morphological methods [21, 285, 287].
Planimetric methods (i.e., 2D morphometric analysis of histological section profiles)
are often used for determination of e.g., mean adipocyte section diameters/-areas
and numbers of cell section profiles per area unit of the histological tissue section.
These two-dimensional morphometric parameters can be obtained quickly and with
little effort either manually using a microscope equipped with a ruler or via different
semiautomated image analysis softwares, such as ImageJ [271, 290-292].
However, when analysing 2D histological sections to determine 3D parameters such
as volumes or numbers of particles (such as cells), each three-dimensional tissue
sample is reduced to a two-dimensional tissue section, causing a loss of
dimensional information [293, 294]. This means that each structure with the
dimension n is represented in the tissue section by an image with n-1 dimensions
(e.g., volumes become profiles, lines become points, numbers are no longer
represented) [284, 293]. In addition, tissue shrinkage may occur, whose extent
depends on the tissue, its processing and the respective embedding medium [20,
282, 283, 295]. As mentioned above, analysing these two-dimensional sections with
common histological methods generates prompt results with little effort. However,
these methods often neglect important structural properties of the examined tissue
(anisotropy, i.e., uneven distribution of shape, size, distribution and orientation of
cells within the respective tissue) and the embedding-related tissue shrinkage [23,
294]. Results such as the cell numbers and -areas/diameters obtained from twodimensional histomorphometric measurements of cell section profiles are neither
equivalent nor directly related to cell volumes and numbers [21, 284, 296]. For
example, the size of the section profile area of an adipocyte not only depends on its
volume but also on the orientation of section plane cutting through it [23, 285]. Larger
particles do also have a higher probability of being sectioned more than once when
generating histological sections of a sample, which will lead to an overestimation of
total cell numbers in the tissue when counting cell section profiles [296]. Additionally,
it is not possible to derive individual cell volumes or cell size distributions in the
respective reference compartment from two-dimensional morphometric parameters
obtained in single histological sections [297].
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5.3

Quantitative stereological analyses of histological adipose tissue
sections

Stereology is defined as a set of methods that allows for obtaining information about
3D structures (such as cells) based on their 2D projections in (histological) sections
[284, 298, 299]. As opposed to morphometry (i.e., measurement of morphological
structures), which is always a quantitative, but not necessarily a three-dimensional
analysis, stereological analyses are always three-dimensional, but can be both
quantitative and qualitative (e.g., 3D-reconstruction of an object from serial
sections) [284, 285].
Model-based quantitative stereological methods are based on a priori assumptions
on, for example, the shape and size of structures in the respective reference
compartment, as well as their shape- and size distribution [284, 293, 298]. For
example, the shape of cells might be assumed as spheres or rotational ellipsoids.
Although model-based quantitative stereological methods may yield estimates that
are very close to reality they can also differ significantly from the actual structure
and are therefore considered inherently biased [284].
In contrast, the application of design-based stereology, which is solely dependent
on a correct sampling design and without assumptions about e.g., shape, size and
size distribution of structures, allows for the unbiased determination of all
quantitative

morphological

parameters

of

three-dimensional

structures

in

histological sections of representative and adequately processed tissue samples
and is considered gold standard for quantitative morphological analyses in
histological tissue sections [20-23, 294].
Design-based quantitative stereological analysis methods are based on statistical
sampling principles and stochastic geometry that guarantee unbiased estimation of
three-dimensional quantitative parameters in two-dimensional tissue sections with
statistically defined and tolerable error probabilities [23, 300]. The methods include
inter alia the application of (systematic) random sampling techniques and, if
shrinkage-sensitive parameters (e.g., numerical volume density) are of interest, the
determination of the embedding related tissue shrinkage ahead of the estimation of
relevant parameters with distinct stereological test systems and probes, all in all
allowing for an accurate and precise quantification and comparison of even subtle
structural alterations in the tissue that are not visible to the naked eye [20, 23, 293].
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Random sampling designs imply the sampling from strictly randomly chosen
locations in the reference compartment. This guarantees that each location has the
same, random chance to be actually sampled and is therefore representative of the
entire reference compartment [20, 21, 23, 301]. Of note, it is not necessary to know
about the size, shape, orientation, or spatial distribution of the structures of interest
within the reference compartment when using these sampling strategies [302]. The
so-called systematic uniform random (SUR) sampling (a form of random sampling
design) additionally significantly improves the efficiency (i.e., required minimum of
samples) of tissue sampling (see Supplemental Figure S1 of publication) [21, 301].
Unbiased quantitative stereological analyses require the application of these
(systematic) random sampling designs not only when sampling tissue specimen, but
also on each subsequent sampling level (i.e., from tissue sample to fields of view)
[21].
To counteract the above-mentioned loss of dimensional information, each
parameter is analysed with a specific stereological probe. The dimensions of the
parameter and the probe used must add up to at least three. Volumes, for example,
which have three dimensions are therefore determined with points, as they have no
dimension, whereas the number, a dimensionless quantity, can only be determined
in a test volume (e.g., physical disector) [23, 294]. This ensures that the 3D tissue
space is represented in the results. Furthermore, stereological probes are always
positioned at random onto the sections to guarantee a random interaction with the
structure of interest [23]. In order to estimate certain quantitative stereological
parameters, namely length and surface area densities of anisotropic structures, the
section plane orientation must be randomised as well, since these structures have
a preferred direction in the 3D tissue leading to the influence of section plane
orientation on the section profile [20, 23, 28, 285]. For example, isotropic uniform
random (IUR) sections, i.e., section planes randomised in all three dimensions of
space, are adequate for the determination of virtually all quantitative stereological
parameters including surfaces and lengths [20, 21, 283, 285, 303]. Commonly used
methods for generation of IUR sections include the “orientator” [304, 305], where
the orientation of the section plane is randomized relative to the tissue sample and
the “isector” [306], where the position of the tissue sample is randomized relative to
the position of the section plane [283, 303-306]. Also suitable are vertical uniform
random (VUR) sections, which are randomised around a fixed vertical axis
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determined by the experimentator [283, 303]. They are preferred for tissues with
layered structures and natural surfaces (e.g., skin, stomach, urinary bladder),
because there is no complete loss of orientation as is the case with IUR sections.
VUR sections can be used to estimate the same parameters possible in IUR
sections except for lengths, which require section plane randomisation in all three
dimensions of space [21, 283, 285, 303, 307].
The results obtained in quantitative stereological analyses are estimates of density
values such as volume- and numerical volume densities, i.e., the proportional
volume and number of structures within the respective reference compartment
(e.g., the organ or tissue compartment). However, drawing conclusions directly from
relative stereological parameters may be misleading (so called “reference trap”
[308]), since it ignores the fact that not only quantitative changes of the structure of
interest but also of the reference compartment influence the relative value. For
example, an increase or decrease in the volume of the reference compartment alone
may change the relative value and thus suggest a quantitative change of the
structure of interest, even though it has remained constant. Conversely, a
concordant change in the volume of the target structure and reference compartment
may lead to a constant relative value and thus "hide" a quantitative change of the
structure of interest [23, 28, 285, 308]. Therefore, the relative values must be
translated into absolute values (i.e., multiplication of the relative values with total
volume of the corresponding reference compartment) for final evaluation [23, 28,
308]. An exception is the fractionator, as this method allows for the determination of
the total number of structures of interest (e.g., adipocytes) without prior estimation
of the numerical volume density and thus is independent of tissue shrinkage [21,
309].
The major advantage of unbiased quantitative stereological analysis is the ability to
accurately estimate relevant morphological cell parameters. However, the
application of these methods remains complex and time intense. Due to the strict
sampling design stereological methods cannot be applied retrospectively, i.e., if the
tissue of interest has already been sampled in another way, and therefore require
detailed planning beforehand [23, 28, 297].
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Design-based quantitative stereological analysis methods have already been
applied occasionally in adipose tissue research. Cuéllar et al. (2005), for example,
estimated quantitative stereological parameters (volume density/numerical volume
density/mean volume of adipocytes in fat tissue) in biopsies of human fat autografts
to analyse their survival rate [26]. In 2006, Aslan et al. analysed the effect of a highfat diet on quantitative parameters of murine omental adipocytes using quantitative
stereological analysis methods including the physical disector [27]. In her doctoral
thesis, Dr. Lina Nagel (2013) determined the mean adipocyte volume in different fat
tissue depots of lean and obese male neutered felines to gain initial insights into
possible depot-specific growth patterns that may be related to obesity-associated
diseases in cats [310].
5.3.1

Determination of the total volume of adipose tissue depots

A direct method for determining the total volume of adipose tissue depots (i.e., the
reference compartment) is to measure the liquid displaced by the submerged
adipose tissue (Archimedes' principle) [311]. However, using this method for
measuring comparatively large porcine adipose tissue depots is very cumbersome
and requires correspondingly large experimental equipment [283]. Furthermore, this
method requires a very precise preparation, as any structures/tissues that are not
adipose tissue will falsify the measurement result [28].
More conveniently, the total volume of adipose tissue depots can be determined by
means of the respective weight and density of the fat tissue [28, 303, 311]. The latter
can be determined using the submersion method described by Scherle in 1970,
which is based on the liquid displacement of a submerged sample (Archimedes'
principle) [311]. The adipose tissue density is calculated from the weight of the
submerged fat tissue sample and its volume, which is again calculated from the
weight of the liquid displaced by the submerged tissue and its density [28, 303, 311].
Similar to direct volumetry via Archimedes' principle, this method also requires very
precise preparation in order to prevent falsification of the measurement results [28].
A stereological approach to determine total adipose tissue depot volumes is the
Cavalieri principle [28, 283, 303]. The adipose tissue depot is sectioned exhaustively
in parallel equidistant (i.e., equal section thickness t) serial sections starting at
random point in the first interval of t. Subsequently, each adipose tissue slab is
consistently placed on the same side (i.e., all on left or right side) and the area of
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each section profile is measured by point counting, i.e., by superimposing a crossgrid and counting the points hitting the section profile of the adipose tissue slabs
(each point is associated with an area, which is defined by the size of the grid and
the number of crosses). The estimated total adipose tissue depot volume is
calculated by multiplying the sum of the section profile areas with the mean
thickness of the fat tissue slabs [28, 283]. The Cavalieri principle is also applicable
to CT/MRI sectional images of fat tissue depots [303].
5.3.2

Determination of embedding-related tissue shrinkage

When processing tissue samples for histological examination (and for LSFM
analysis, see Chapter 5.4.2), tissue shrinkage may occur, particularly due to fixation
and embedding (i.e., embedding-related tissue shrinkage), the extent of which can
be expressed as linear tissue shrinkage factor fs [282, 283, 298].
To determine the extent of tissue shrinkage occurring during fixation of the sample,
the volume of the sample before and after fixation can be measured by Archimedes'
principle (see Chapter 5.3.1) [312].
For estimation of embedding-related tissue shrinkage, the area of the section
surface is determined before and again after embedding of the tissue sample by
point

counting

(see

Chapter

5.3.1)

or

planimetric

measurements

(see

Supplemental Figure S3 of publication). It is important to measure the first
complete tissue section possible, i.e., as soon as the tissue border is completely
visible, since the sample might change its shape further into sectioning [283, 300].
Alternatively, the volume of the sample prior and post embedding can be determined
by the weight and density of the sample, and the principle of Cavalieri, respectively
(see Chapter 5.3.1) [34, 300]. This is especially useful, when determination of
section areas prior embedding is not possible due to the architecture of the sample,
as it applies to fish gills for example [34].
The linear tissue shrinkage factor is calculated from the section profile areas
respectively volumes of the tissue samples after embedding and the corresponding
section profile areas respectively volumes of the same tissue samples before
embedding [283, 299].
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5.3.3

Determination of volume density and total volume of adipocytes in adipose
tissue depots

The volume density and the deduced total volume of adipocytes in adipose tissue
depots can be estimated from the fractional area density of fat cell section profile
areas and the section area of the tissue sample in representative SUR-sampled
specimen (principle of Delesse) [21, 313]. The volume density of adipocytes in the
respective adipose tissue depot can efficiently be determined by point counting
using adequately spaced cross grids superimposed on the respective sections. The
total volume of adipocytes in the adipose tissue depot is calculated by multiplying
the volume density of adipocytes in the respective adipose tissue depot with the
total volume of the fat depot (see Supplemental Figure S2 of publication) [23].
Since the volume density is a dimensionless parameter it is therefore independent
of embedding-related tissue shrinkage and can conveniently be estimated using
standard paraffin sections, as well as in cryo-sections (given a presumed equal
shrinkage of adipocytes and non-adipocyte tissue compartments, i.e., no differential
shrinkage) [282, 298].
5.3.4

Determination of numerical volume density and total number of adipocytes
in adipose tissue depots

The numerical volume density and the deduced total number of adipocytes in
adipose tissue depots have to be estimated in a three-dimensional test system, such
as the disector, since the dimensions of the parameter (number = 0) and the probe
(volume = 3) used must add up to at least three [23, 314]. In the physical disector,
two consecutive parallel (physically separate) sections (reference and look up
section) and an unbiased counting frame form the three-dimensional test field. For
generation of thin serial sections with constant section thickness, plastic resin is the
embedding medium of choice, avoiding the irregular and inconsistent tissue
shrinkage occurring during paraffin embedding and enabling for exact measurement
of factual section thickness [20, 282, 315]. Additionally, thinner sections can be
achieved compared to paraffin embedding, which reduces bias due to
overprojection (“Holmes effect”) and allows for physical disectors with low disector
heights to quantify small objects, such as cell nuclei [20, 285, 315]. To estimate the
numerical volume density of adipocytes in the respective fat tissue depot and
following this determine the absolute numbers of adipocytes in the respective
adipose tissue depot, a counting frame of known area is superimposed at random
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on SUR-sampled fields of view (FOV) in the reference section and unique tissue
structures (e.g., adipocyte nuclei), which appear here but not in the corresponding
FOV in the look up section are counted (Q-) (see Figure 6 of publication). This
ensures that every particle is counted only once and prevents overrepresentation of
(large) cells [23, 309]. To double the efficiency, the counting process can be
repeated with interchanged roles of the reference- and look-up section [309, 316].
Dividing the counted number of adipocyte nuclei with the disector volume provides
an estimate of the numerical volume density of adipocytes in the respective adipose
tissue depot, which subsequently must be corrected for embedding-related tissue
shrinkage (see Chapter 5.3.2) [21, 23, 298, 309]. The disector volume is calculated
by multiplying the area of the adipose tissue (i.e., reference compartment)
superimposed by the counting frame (determined by point counting) with the
disector height h (i.e., distance between the reference and look up section) [21, 23,
309]. The latter should be less than the height of the object to be counted and is
considered optimal at around 1/3 to 1/4 of the linear orthogonal projection of the
counted particles [20, 314, 315]. The knowledge of the factual section thickness is
essential for the determination of the disector height and thus the accuracy of the
physical disector, as it often deviates from the nominal section thickness (i.e., the
section thickness set at the microtome). The factual section thickness can be
determined by orthogonal re-embedding [317-319] or, more practicable, by spectral
reflectance measurement [315]. The total number of adipocytes in the adipose
tissue depot is determined by multiplying the numerical volume density of the
adipocytes in the respective adipose tissue depot with the total volume of the
reference compartment (i.e., the total volume of the fat depot) [21, 23, 309].
The optical disector is based on the same principle. However, instead of using two
physically separate sections, a thin focal plane (< 1 µm) is moved a known distance
(i.e., disector height) through one thick section and particles, such as cell nuclei, are
counted as soon as they come into focus [23, 309]. The use of a single section
entails that neither elaborate serial sections nor a laborious search for
corresponding fields of view in the look up section are necessary, making the
method fast and easy to use. Additionally, the higher section thickness allows the
three-dimensional cell structure to be viewed. However, with increasing section
thickness a complete stain penetration, required to clearly identify the tissue
components, becomes more difficult [23]. Since part of the cells can be extracted
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during sectioning (known as “lost caps”), guard zones at the top and bottom of the
section have to be excluded from analysis [23, 282, 320].
The physical/optical disector method is often combined with fractionator sampling
(also known as physical/optical fractionator), which allows for a direct determination
of the number of structures in the reference compartment (i.e., without prior
determination of the numerical volume density) independent of embedding-related
tissue shrinkage and section thickness [23, 309, 315, 321]. Here, the total number
of the structure of interest is determined in a sample with known sample fraction and
subsequently multiplied by the inverse of the sampling fraction to estimate the total
number of the structure of interest in the reference compartment (i.e., determination
of the volume of the reference compartment is not necessary) [23, 309, 321].
5.3.5

Determination of mean adipocyte volumes

The mean volume of adipocytes in an adipose tissue depot can be calculated by
dividing the volume density of adipocytes in the respective adipose tissue depot by
the shrinkage corrected numerical volume density of the adipocytes in the adipose
tissue depot.
The point sampled intercept estimator can be used to directly estimate the volume
weighted (i.e., the probability of a cell being sampled depends on its volume) mean
volume in single IUR or VUR sections (i.e., no disector is required). Isotropic lines
with uniform random points are superimposed on the tissue sections and cells hit by
a point are sampled. Subsequently, the distance between the two intersections of
the line passing through that point and the cell boundary is determined and used to
calculate the mean volume [20, 21, 321].
Further unbiased quantitative stereological estimators for mean particle volume,
such as the nucleator and the planar rotator, are described in detail elsewhere [322,
323].
5.3.6

Determination of individual adipocyte volumes

The determination of individual adipocyte volumes can be performed following the
principle of Cavalieri [20, 21, 301]. The embedded adipose tissue sample is
sectioned exhaustively in parallel equidistant serial sections starting at random point
in the first interval of t. Subsequently, section profile areas of a previously sampled
individual adipocyte are measured by superimposing a cross-grid and counting the
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points hitting the section profile of the adipocyte or by planimetric measurements.
The evaluation of 10 to 15 sections is sufficient for accurate estimation of the
individual volume. The individual adipocyte volume is calculated by multiplying the
sum of the section profile areas with the average distance between them
(i.e., section thickness times section interval) [20, 21, 23, 301]. A major drawback of
this method is the requirement of a large number of serial sections, especially when
analysing large cells, such as adipocytes. Additionally, the identification and
analysis of each adipocyte section profile is quite cumbersome.
Another way to determine individual cell volumes is the optical vertical/isotropic
rotator [20, 324]. This method is performed on either vertical or isotropic sections
and the cells are sampled using the optical disector [309, 324]. The estimate is
based on intersections between a 3D line grid and the boundary of the cell [324].
For more detailed information the interested reader is referred to Tandrup et al.
(1997) [324]. A major advantage of this method is the possibility to obtain the size
distribution of the examined cells [20].
5.4

Light sheet fluorescence microscopy (LSFM) of optically cleared
adipose tissue samples

Laser light sheet fluorescence microscopy (LSFM) is a deep tissue imaging
technique which is usually performed on optically cleared tissue samples without
physical sectioning, allowing also for whole organ imaging [31]. It provides the
opportunity to three-dimensionally visualize functional structures in their biological
environment [325]. Optical tissue clearing reduces the impairment caused by strong
light absorption and scattering occurring in such thick tissue samples. By means of
different processing steps, the refractive index (RI, dimensionless number that
describes the ratio of the wavelength of light in a vacuum to the wavelength of light
in the respective material/medium and is dependent on the frequency of the light
[326]) of the tissue and that of the surrounding medium are homogenized, rendering
the sample clear (see Chapter 5.4.1). Afterwards a thin light sheet of adjustable
wavelength illuminates the sample from the side, whereupon fluorescent signals
emerge from the sample (e.g., autofluorescence, fluorescence labelled antibodies)
and are captured by a digital camera (see Chapter 5.4.2). In contrast to other
fluorescence-based optical section methods, such as confocal laser scanning
microscopy (CLSM) or two-photon microscopy (2PM), which provide only a very
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limited FOV, in LSFM the entire (optical) section plane is available [31]. Besides
generating digital 2D sections with high imaging rates, LSFM also allows for a digital
three-dimensional reconstruction of the sample with micrometre resolution [30].
Originally invented by Siedentopf and Zsigmondy in 1903 [327] for the visualization
and size determination of gold particles, light sheet microscopy has been
undergoing several technical developments in the past decades and LSFM now
makes it possible to gain a better understanding of the tissue morphology and
address questions, that can only be solved in comprehensive 3D-images of relevant
functional structures, organs or intact specimens [31, 327]. For example, Chi et al.
(2018) used LSFM imaging and digital image analysis to study beige adipose tissue
biogenesis and quantify the sympathetic neurite density in murine subcutaneous
and visceral adipose tissue depots [328]. Furthermore, in 2020, Kennel et al.
performed a 3D reconstruction of the entire vascular network inside inguinal fat pads
of C57BL/6J mice using LSFM [32]. Most recently, Geng et al. (2021) combined
laser light sheet fluorescence microscopy and deep learning (i.e., convolutional
neural network, CNN) to identify and analyse macrophage microenvironment in
crown-like structures in reconstructed 3D images of VAT of lean and obese C57BL/6
mice. The CNN was used for identification and segmentation of CLS in the 3D
images, whereas their size and number were determined using a digital image
analysis software [329].
5.4.1

Optical tissue clearing

The opaque structure of almost every biological tissue is a limiting factor in
microscopy in general, especially in deep-tissue imaging. The various tissue
constituents absorb (e.g., haemoglobin and myoglobin) and scatter (e.g., fibres with
high refractive index surrounded by interstitial fluid with low refractive index) the light
impinging on the sample, which leads to a reduced light penetration and following
this a limited imaging depth [31, 325]. Both effects occur simultaneously and are
depending on the wavelength. Although a near-infrared (NIR) wavelength can
reduce absorption and scattering of light, optical tissue clearing is far more effective,
rendering a large specimen highly transparent. This makes a combination of LSFM
and tissue clearing methods inevitable. The basic principle in the various clearing
protocols is to remove interfering tissue constituents, homogenize the refractive
index and thereby preserve the three-dimensional tissue structure as well as already
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present fluorophores [31]. There exist a variety of different tissue clearing protocols,
which can be divided into three groups.
The organic solvent-based clearing methods require an initial dehydration and lipid
solvation, followed by a RI adjustment using an organic clearing agent with
approximately the same RI as the treated tissue [31, 326]. No specific clearing
device is needed, and the tissue must be ex vivo immunolabeled ahead of clearing
[31]. Examples of this group are the BABB (benzyl alcohol/benzyl benzoate) [330]
protocol and a modified version of it, the 3DISCO (3D imaging of solvent-cleared
organs) [325, 331-333] protocol [31]. The latter leads to an improved tissue
transparency and a better preservation of fluorescent proteins. Since most of these
proteins require an aqueous medium to continue to fluoresce, samples whose
endogenous fluorescence needs to be visualized must be imaged quickly due to the
dehydration step [31]. The protocols are easy to use, simple to reproduce, can be
combined with various labelling methods (e.g., transgenic expression of
fluorophores or antibody labelling) and has been successfully applied to various
rodent organs [31, 332]. Disadvantages of these protocols are the high toxicity of
some of the solvents, a considerable degree of clearing-associated tissue shrinkage
during the dehydration (see Chapter 5.4.2), and the possible quenching of signals
from fluorescent proteins [326, 334, 335].
The second group are the aqueous-based clearing methods. The aqueous phase
of the sample is replaced with water-soluble compounds (e.g., fructose) whose RI
is above 1.45 to increase the refractive index of the aqueous phase within the tissue
[31]. Examples are the FRUIT [336] and SeeDB (see deep brain) [337] protocols
[31]. In almost all protocols lipids are preserved, which allows for lipid targeting [31].
Exceptions are Scale [338] and CUBIC (clear, unobstructed brain imaging cocktails
and computational analysis) [339, 340], which use urea and detergents to adjust RI
[31]. The application of these protocols is simple, but the degree of transparency is
limited [31].
The hydrogel-based protocols represent the third group. Biological tissues are
chemically transformed into stable hydrogel tissue hybrids thereby maintaining the
protein arrangement. The lipids are removed either passively (i.e., incubation in
detergent solution) or actively (i.e., electrophoresis). Since this method does not
affect RI, it must be adjusted in a further step [31]. Examples of this group are the
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CLARITY (cleared lipid-extracted acryl-hybridized rigid immunostaining/in situ
hybridization-compatible tissue hydrogel) [341] and PACT (passive clarity
technique) [342] protocols [31].
For a comprehensive overview of various clearing methods in terms of the duration
of the clearing process, the clearing-associated tissue shrinkage, the possible
toxicity of the chemicals used, and the degree of antibody penetration for
immunolabelling, the interested reader is referred to the excellent reviews by
Gómez-Gaviro et al. (2020) [335], Ueda et al. (2020) [343], Feuchtinger et al. (2016)
[31], and Richardson and Lichtman (2015) [326].
5.4.2

Principle of LSFM of optically cleared tissue samples

The LSFM allows for two- and three-dimensional visualization of whole tissue
samples up to the size of several cm³. Once the tissue sample is optically cleared
(see Figure 2 of publication), a light sheet of adjustable wavelength illuminates a
plane of a few micrometre thickness (~ 5µm) through the entire sample (i.e., the
focus plane) [31]. The light sheet is usually generated by a laser (light amplification
by stimulated emission of radiation) and a cylindrical lens and illuminates the sample
either from one side or from two opposite sides (see Figure 3 of publication). The
latter is especially useful in larger samples, as the overlapping light sheets
compensate for the gradual decrease of the laser light [332]. The light excites the
fluorophores within the focus plane and the emitting light is detected perpendicular
to the illumination axis by a camera and by means of a linked computer system [31].
The lateral image resolution is determined by the numerical aperture (NA) of the
imaging objective lens alone. The axial resolution is additionally influenced by the
thickness of the light sheet with thinner light sheets improving the axial resolution
[344, 345]. Since only the focus plane is illuminated, the photo-bleaching of
fluorophores as well as the scattering effect are reduced to a minimum [332]. A
pinhole as used in CLSM or 2PM to exclude fluorescence outside the focal plane is
therefore not necessary in LSFM [31, 346]. The fluorescence signals can originate
from the autofluorescence of the tissue components, from in vivo administered
fluorescent-labelled substances, the expression of fluorescent reporter molecules
or from fluorescence-labelled primary and/or secondary antibodies [31].
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By moving the tissue sample through the light sheet along the vertical axis in defined
z-increments, a series of section planes, each individually and exclusively
illuminated, is generated [31, 332]. This so-called z-stack can be converted into a
digital 3D image of the tissue sample via digital 3D reconstruction (including 3D
volume rendering) (see Figures 1 + 4, and Supplemental Video S1 of publication).
The reconstructed digital 3D image can be viewed and further analysed, using
suitable software tools, which can also include tools for morphometric
measurements of individual cells based on pixel/voxel analyses [31, 347]. The
“magic wand” tool (arivis Vision4D), for example, allows for the rapid analysis of
various morphometric cell parameters, such as the individual cell volume and
surface area [347].
The precise determination of object volumes (e.g., individual adipocyte volumes)
depends on the accurate reconstruction of the 3D image from the z-stacks (i.e., the
digital reconstruction must precisely reflect the volume of the imaged object).
Variations between the nominal and factual z-step size (i.e., an untrue vertical
scaling) and imaging artifacts may cause distortion of object shapes and their
corresponding volumes in the reconstructed 3D images [348]. Differences between
the refractive indices (RI) of the sample and the surrounding medium
(clearing/mounting medium), the RIs of the surrounding medium and the objective
(e.g., watery solution and oil immersion objective), as well as between different lens
elements inside a fluorescence microscope result in spherical aberration (SA),
leading to the aforementioned imaging artifacts [348]. Lens-induced spherical
aberration occurs when peripheral and central lens parts do not converge the light
at the same point [348]. SA caused by an RI mismatch affects the imaging in three
different ways: dim and blurry images due to non-converging of the light rays at the
image plane, shifting of the nominal focus position due to refraction of rays
increasingly entering from peripherally, and distortion of the z-axis due to nonuniform movement of the objective (or stage) and the focal plane resulting in
artificially elongated (RI immersion medium > RI sample) or compressed (RI
immersion medium < RI sample) 3D images [348].
Possible shape and volume distortions can be avoided using appropriate technical
equipment, such as SA-corrected optical components and precisely adjusted
instrument settings (e.g., correct calibration of z-step height). Additionally, the use
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of dipping caps for air objectives and immersion media with an RI similar to the RI
of the cleared tissue sample prevent the development of SA due to RI-mismatch. If
it is not possible to completely avoid an RI-mismatch, the 3D images have to be
corrected for axial distortion [348]. For more detailed information on the calculation
of correction factors the interested reader is referred to Diel et al. (2020) [348].
Additionally, processing-induced alterations of the tissue volume must be
considered to obtain unbiased analysis results [28, 282]. For instance, many optical
tissue clearing protocols (especially organic solvent-based ones), can cause
different extents of tissue shrinkage [326, 349, 350]. 3DISCO clearing, for example,
can lead to a considerably large shrinkage of the cleared tissue samples of up to
50% [334]. In contrast, organic solvent-based iDISCO+ (immunolabeling-enabled
3D imaging of solvent-cleared organs) [351] protocol, and the non-toxic solventbased ECi (ethyl cinnamate) [35] protocol were reported to cause only little tissue
shrinkage, whereas organic solvent-based AdipoClear [352] and aqueous-based
SeeDB [337] were found to not cause any clearing-associated tissue shrinkage [35,
334, 335, 337, 349, 351]. The extend of tissue shrinkage can be quantified by
determining the volume of the samples both before and after the clearing procedure
using the submersion method (see Chapter 5.3.2) [34, 283, 303, 311].
Subsequently, the corresponding linear tissue shrinkage factor can be estimated
and used to correct shrinkage-sensitive quantitative morphological parameters,
such as individual cell volumes [283, 298, 299].
The 3D visualization and determination of object volumes and other quantitative
parameters via digital image analyses are also influenced by the general handling
of the tissue samples, especially in tissues with soft consistency such as adipose
tissue. Effects that influence the cell or tissue structure, such as compression or
mechanical distortion of the material, should be strictly avoided during the entire
course of the experiment (from sample collection to the actual analysis) by generally
handling the tissue specimens very carefully.
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Supporting Information

S1 Fig. Systematic uniform random (SUR) sampling for generation of representative adipose
tissue samples for downstream quantitative morphological analyses. SUR sampling represents
an effective method for generation of representative samples for quantitative stereological analysis
(1, 2), i.e., every location within the tissue depot has the same chance to be sampled. In order to
generate SUR samples, the whole adipose tissue depot is cut into parallel equidistant slices of
approximately 2 cm thickness. All tissue slabs are uniformly laid on either their right or their left side
and are then superimposed with an appropriately sized cross grid printed on a plastic transparency.
The first sampling location is randomly chosen, whereas all subsequent samples are systematically
taken at a previously determined interval (2-5). The outermost left lower cross of the grid is placed
over a random point (•) out of the tissue. All crosses hitting the adipose tissue are counted. In the
present example, starting on the left side and counting each piece of fat clockwise, 103 crosses hit
the tissue. For demonstration, these crosses are numbered and highlighted in green colour. In the
present example, six sampling positions are to be sampled. Therefore, every 17th position where a
cross hits the adipose tissue is sampled (103 / 6 ≈ 17). The first sampling position is determined
randomly in the first interval (1 to 17). This is done using a random number table. In the present
example, the position of the 12th cross (N°12) hitting the tissue is randomly sampled as the first
sampling site. Next, the position of every seventeenth cross hitting the tissue is systematically
sampled. In the present example, these are the positions N°29, 46, 63, 80, and 97 (marked by a
circle). The corresponding tissue locations can be tagged by slightly raising the transparency and
placing a small piece of clean, blank confetti paper on the surface of the adipose tissue slice using a
pair of tweezers. The tissue samples are excised, using a sharp blade. The transparencies may be
cleaned, dried, and reused.
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S2 Fig. Determination of the volume density and total volume of adipocytes in adipose tissue
depots. The volume density of adipocytes in the adipose tissue (i.e., the proportion of the volume of
adipocytes in the adipose tissue volume) and the deduced total volume of adipocytes in a defined
adipose tissue depot can be estimated from the fractional area density of fat cell section profiles and
the total adipose tissue section area in unbiased sections of the sample (principle of Delesse) (6).
The volume density of adipocytes in the adipose tissue (VV(AC/ATD)) can efficiently be determined by
point counting, using adequately spaced cross grids superimposed on the respective sections. The
total volume of adipocytes in an adipose tissue depot (V(AC,ATD)) is calculated by multiplying the
volume density with the total volume of the fat depot (V(AC,ATD) = VV(AC/ATD) x V(ATD)). To obtain unbiased
estimates of the volume density with acceptable error probabilities, the specimens must be SUR
sampled, an adequate number of microscopic fields of views (FOV) on appropriate magnification
must be examined and an adequate number of points hitting the reference compartment (i.e.,
adipose tissue) has to be counted. Since the volume density is a dimensionless parameter it is
therefore independent of embedding related tissue shrinkage and can conveniently be estimated
using standard paraffin sections (assuming equal effects of embedding related shrinkage on
adipocytes and other cell types or structural components in the adipose tissue). Using paraffin
sections also allows for determination of volume densities of immunohistochemically detectable
tissue structures in adipose tissue sections, such as e.g., lymphocytes, macrophages, blood
capillaries or nerves. In a given experiment the appropriate number of test points can be read of a
nomogram published by Weibel (7, 8). For volume density of adipocytes within the adipose tissue
ranging from 85-95%, counting of ~100 points hitting the adipose tissue in all analyzed fields of view
in all examined sections per case is sufficient to obtain an estimate with an expected relative probable
error of <5% of the mean VV(AC/ATD) (8). In A-C, the single analysis steps of the estimation of VV(AC/ATD)
are schematically illustrated. A. Slide with a hematoxylin eosin stained GMA/MMA section of a SUR
sampled adipose tissue specimen (for shape-stability and better contrast, the adipose tissue
specimen was casted in blackened agar prior to embedding in GMA/MMA). Two pieces of liver tissue
were co-embedded for orientation. B. Systematic uniform random sampling of fields of view (FOV)
for subsequent analysis (indicated by red boxes). C. Microscopic view of a sampled FOV (left). An
adequately spaced cross grid is superimposed over each FOV (right). Every cross is equal to certain
(but not necessarily known) area, indicated as dashed squares surrounding the four central crosses.
To determine the fractional area density of adipocyte section profiles in the adipose tissue, the
number of crosses hitting the reference compartment (i.e., the adipose tissue) and the number of
crosses hitting adipocyte section profiles are counted. In this example, all 36 crosses hit the reference
compartment, 34 of them hit adipocyte section profiles (green crosses) and the two remaining ones
hit connective tissue (black crosses). The volume density of adipocytes in the adipose tissue depot
is calculated from the quotient of the cumulative number of points hitting adipocyte section profiles
and the cumulative number of points hitting adipose tissue section profiles in all examined FOVs of
all analyzed sections and tissue samples per case (VV(AC/ATD) = AA(AC/ATD) = ∑Pt(AC) / ∑Pt(ADT ATD); here:
34/36 = 0.94 ≙ 94.%). D. Cross counting rules. A cross is counted only if the upper right inner corner
of the vertical and horizontal lines (arrow) covers the section profile of the tissue structure of interest.

82

Publication

S3 Fig. Estimation and correction of embedding related tissue shrinkage. In paraffin, the most
commonly used histological embedding medium, embedding related tissue shrinkage is irregular,
inconsistent, and generally high, which makes prediction, monitoring and correction of embedding
related tissue shrinkage impossible (3, 4, 9-11). Thus, other embedding media causing lower and
homogenous tissue shrinkage such as glycolmethacrylate/methylmethacrylate (GMA/MMA) and
diglycidyl ether (Epon) are preferred in distinct quantitative stereological analysis approaches for
estimation of shrinkage sensitive morphological parameters (12), such as the physical disector (5,
13, 14) for determination of numerical volume densities of adipocytes in a defined adipose tissue
depot. The extend of embedding related adipose tissue shrinkage, expressed as the linear tissue
shrinkage factor fs (3, 15) can be determined from the area of the section surface prior to (A), and
after (C) embedding (AS). A. Scan of a formalin-fixed adipose tissue sample embedded in blackened
agar (for contrast and shape stability of the sample). The section area A (marked with green dashed
line) of the fat tissue can directly be determined by planimetric measurement, using a commercially
available morphometry system. B. The same adipose tissue sample after embedding in GMA/MMA.
(The asterisk marks a small stone used as a ballast during the embedding procedure). C. The first
complete histological section cut from the GMA/MMA block is stained with hematoxylin and eosin
(HE). The section area AS (marked with a red dashed line) of the adipose tissue sample, now after
embedding related tissue shrinkage, is again determined. The linear tissue shrinkage factor fs is
calculated as fs = √(AS/A). Bars = 5 mm.
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S4 Fig. Control of correct LSFM-image (pixel/voxel-size) scaling/calibration for realistic object
shape- and volume-rendering in digital 3D LSFM image reconstructions. Fluorescencelabelled, spherical, smooth, polystyrene (RI: 1.59) microbeads with a defined diameter of 99.9 ± 1.8
µm (i.e., similar to the size of adipocytes) are used as shape- and volume standards. The beads are
shape- and volume stable (i.e., not shrinking) and resistant to organic and aqueous solvents. The
microbeads are immobilized by embedding in agar. The agar block is subsequently fixed, optically
cleared (3DISCO), imaged in BABB medium (RI: 1.56) and analyzed, using exactly the same LSFMinstrument-, image-acquisition-, and analysis-settings, as used for analysis of adipose tissue
samples. Volume measurement results obtained by analysis of digital LSFM-images/3D-image
reconstructions are then compared to the “true” volumes of the spherical microbeads, calculated
from their physical diameters (V=(4/3)*π*r³). A. Light microscopic image of microbeads. The beads
display uniform spherical shapes and sizes. B. Microbead section profiles in 2D optical digital LSFMimages acquired at (Ex/Em) 520/40 nm / 585/40 nm. The “cloudy” fluorescence signals around the
beads are derived from flakes in the agar-embedding medium. B, C. The measured diameter of the
equatorial (middle) section profile of the microbead (100 µm) corresponds with its physical diameter,
thus confirming the correctness of the (automatically) set pixel-size scaling in x- and y-direction. D,
E. 3D image reconstructions of microbeads generated from a z-stack of 2D fluorescence images with
a z-step size of 5 µm. The reconstructed bead images have a uniform spherical shape and size. D.
3D image reconstruction of a single microbead. E. 3D image reconstruction of agar-embedded
microbeads. In all three directions of space (x-y plane, x-z plane and y-z plane), the equatorial
microbead image planes display a circular contour, visually confirming the realistic rendering of the
spherical shape of the microbeads without artificial distortion (compression or elongation) in zdirection. The correctness of the (automatically) set pixel-size scaling in z-direction (i.e., the z-step
height) is additionally confirmed by the mean microbead volume measured in the LSFM-images (534
± 14 x10³ µm³) that is virtually equal to the mean “true” physical volume (522 ± 28 x10³ µm³) of the
microbeads (<5% difference, p < 0.3).

S5 Fig. Demonstration of the principal similarity of the morphology of adipocytes in
histological sections and LSFM-images from murine and porcine subcutaneous adipose
tissue samples. FFPE: Formalin-fixed and paraffin-embedded tissue section; HE: Hematoxylin and
eosin-staining. LSFM: Light sheet fluorescence microscopy; AF: Autofluorescence detection at
585/40 nm wavelength (excitation range: 520/40 nm). Bar = 100 µm.
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S1 video. LSFM 3D reconstruction of a 3DISCO cleared porcine subcutaneous adipose tissue
sample. Autofluorescence signals of (adipocyte) cell membranes are visualized in gray color (please
note that the adipose tissue sample shown here was not post stained with eosin to increase
autofluorescence). Rotating 3D-view and virtual 2D-optical section planes of the adipose tissue
sample [0:00-0:28 sec]. An individual adipocyte within the sample is highlighted in green color [0:290:43 sec].

Explanatory note. The original S1 video file (MP4) can be downloaded from:
https://doi.org/10.1371/journal.pone.0248594.s006. Here, a timeline series (A-N) of
screenshots taken from the video is shown. A. Title. B-F. Rotating image of a 3D
reconstructed adipose tissue sample (C) with a (virtual) section plane moving
through the sample (D-F). Adipocyte cell membranes appear as grey lines. G-M.
3D-view of an individual adipocyte (highlighted in green color). A virtual section
plane moves through the rotating sample, allowing to view the adipocyte shape from
all directions. N. Credits and additional information.
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Step-by-step protocol for unbiased sampling
and volume analysis of adipocytes in 3D LSFM image reconstructions,
using the arivis Vision4D imaging and analysis software
This protocol describes the generation of 3D LSFM image reconstructions from z-stacks of 2D LSFMimages of cleared adipose tissue samples using the arivis Vision4D (arivis, Germany) imaging and
analysis software (I), as well as unbiased sampling of adipocytes with the disector method (II), and
the direct 3D digital image analysis of individual adipocyte volumes with the “Magic Wand” tool (III).
For practical exercise, a training dataset (Supporting Information S2 file) from the present study
[containing 181 2D-LSFM-z-stack-images acquired in a 3DISCO-cleared, eosin-stained, s.c. adipose
tissue sample of an obese Göttingen minipig at Ex/Em: 520/40nm/585/40nm with a z-step height of
5 µm] can be downloaded from: doi:10.5061/dryad.8gtht76nt.
[The present protocol is only intended to serve as a supporting information protocol describing the application
of methods featured in the corresponding publication by Theobalt et al. (2021). The protocol is neither an
officially authorized publication of the arivis AG, nor does any of the authors have any commercial association
with this company. For more detailed information on the applicability of the software, computer-system
requirements, or available trial versions, the interested reader is referred to the arivis Vision4D homepage
(https://www.arivis.com/en/), and the arivis Vision4D operation manual and video-tutorials
(https://imaging.arivis.com/en/imaging-science/arivis-vision4d-video-tutorials).]

I. Generation of 3D LSFM image reconstructions of cleared adipose tissue
samples
I.1) Open the arivis Vision4D imaging and analysis software (version 3.0 or higher).
I.2) Drag-drop the folder with the 2D LSFM z-stack images to the opened arivis Vision4D window.
An “Import files – Assume same structure for all files?”-window will pop up. Klick “Yes”. Then
a “Import files –Select import destination”-window will open. Choose “New File”, select folder
and file name and klick “OK” (During import of the training dataset, an “Import files –Select
import scenario and destination”-window will open. Choose the “images as planes” scenario
as well as “New File”, select folder and file name and klick “OK”). A pop-up window will
appear, showing the progress of image import. The software will create an SIS file (as well
as a corresponding “metadata” and “objects” file) from each imported z-stack. By doubleclicking on the SIS file, the imported dataset can be re-opened in the last saved setting (if
the corresponding “metadata” and “objects” files are present in the same folder) without
having to import the z-stack again.
I.3) After the image z-stack is loaded, a 2D view of the median image plane will appear
(Screenshot 1A). Use the “Zoom to Fit” button (encircled in red) to display the entire image
on the screen. Image properties (gamma-correction, contrast. brightness, color-channels,
etc.) can be changed using the controllers/sliders displayed in the windows on the right side
of the screen. The image plane displayed in the left screen window is set using the slider
(red arrow) in the “Navigator” window (black arrow). In the presented example, fluorescence
signals (of adipocyte membranes) are displayed in the grey-color channel (one channel) in
the AUTO-intensity mode (red arrow). By default, the medial image plane of the z-stack
(here: N° 147) is displayed.
Usually, the correct pixel size-scaling is automatically directly acquired from the metadata of
the imported LSFM-image z-stack file. Using the training dataset S2 file, the correct pixelscaling might, however, be reset to the default value of 1 µm in each direction of space.
Therefore, the correct pixel size scaling for this dataset must be controlled in advance
(Screenshot 1B). This is done by clicking on the “Data” button and then selecting “Pixel
Size” in the pull-down menu (red arows). Enter the correct pixel sizes for the training dataset
S2 file (X: 755,112 nm, Y: 755,112 nm and Z: 5) and klick on “Change pixel size” (arrow).
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Screenshot 1.
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II. Unbiased sampling of adipocytes in 3D LSFM images with the disector
method
For measurement of individual cell volumes, adipocytes are unbiasedly sampled in the 3D LSFM
image of the adipose tissue sample, using the disector method. This sampling design warrants that
the selection of adipocytes is not biased by their volume (size), shape, or orientation (i.e., that the
adipocyte volume measurement results are not biased). The principle of the disector method is
extensively explained in the main paper.

Screenshot 2.
II.1) Select the split-screen modus (encircled in red) for parallel display of two different section
planes (Screenshot 2). To display both images in the same size, select each window and
press the “Zoom to Fit” button (see I.3, Screenshot 1A).
II.2) Select a random section plane as the disector reference section plane (random sampling
can be performed, using a random number table from an internet-random number
generator). This section plane should be sampled from the middle of the z-stack (i.e., in a
range starting from approximately 40 section planes after the first, and 40 section planes
before the last section plane of the image z-stack) to warrant that all section planes of the
sampled adipocytes are completely present within the image set. Here, section plane N° 159
(black arrow) is sampled as the reference section plane (right screen window, the darker
grey-blue color of the window frame indicates that this window is currently active).
II.3) Then switch to the left screen window (i.e., the second section plane window) and
systematically determine the disector look-up section plane considering the applicable
disector height (i.e., the distance between the reference- and the disector look-up section
plane). The disector height should be approximately 1/3rd of the minimal linear orthogonal
projection of the measured objects (i.e., 1/3rd of the minimal adipocyte diameter – here, a
disector height of 50 µm was chosen, referring to 10 section planes with an average single
section thickness (i.e., z-step height) of 5 µm), and section plane N° 149 was sampled as
disector look-up section plane (black arrow). Use the slider in the “Navigator” window (red
arrow) to move to the determined disector look-up section image plane.
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Screenshot 3.
II.4) Optionally (if not performed in paraffin sections) the area density of adipocytes in the adipose
tissue can be determined by point-counting for estimation of the volume density of
adipocytes in the adipose tissue. Since the arivis Vision4D imaging and analysis software
does not provide a tool for superimposing cross grids, a screenshot of the image of the
disector-look-up section is copied into another software-application (e.g., Microsoft
PowerPoint) and superimposed with a grid of equally spaced test points/crosses
(Screenshot 3). The number of crosses hitting adipocyte section profiles (green) are
counted (points are counted, if the upper right corner of a cross hits the structure of interest,
i.e., an adipocyte cross section profile) and this number is related to the total number of
crosses hitting the adipose tissue (here, crosses hitting non-adipocyte cross sections within
the adipose tissue, such as connective tissue strands, are displayed in red color). Here, 46
crosses of a 7x7 (49) point cross grid hit adipocyte cross section profiles.
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Screenshot 4.
II.5) Select the “Magic Wand” tool (encircled in red, Screenshot 4) in the disector look up section
image plane (N° 149, left screen side). Select the “Magic Wand” tool properties “Dark
Objects” and a “Tolerance” of 10% (respectively of another appropriate tolerance level – use
the same tolerance level for analysis of all images in all cases of a study). Move the mouse
cursor over an adipocyte cross section profile (a square region of interest is shown around
the mouse cursor and a preview of the section profile detected by the “Magic Wand” tool is
displayed in a bluish color when hovering over it with the “Magic Wand” tool) and klick inside
the black (unstained) center of the cell section profile (encircled in red).
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Screenshot 5.
II.6) The “Magic Wand” tool will automatically recognize the outer boundaries of the adipocyte
cell membrane and label the adipocyte cell section profile areas in all image section levels
of that single adipocyte with an individual color, i.e., the profile of the adipocyte tagged in
section plane N° 149 will automatically be tagged in the same color in section plane N° 159
(Screenshot 5) on right screen side (as well as in all other section planes).

Screenshot 6.
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II.7) Tag all adipocyte cross section profiles present in the look up section plane (section plane
N° 149, Screenshot 6). Adipocytes also sectioned in the reference section plane (image
plane N° 159) will automatically appear labeled in the corresponding color. Some adipocyte
cross section profiles might apparently remain unlabeled (encircled in red) in the look up
section plane (here: plane N° 149) although being tagged with the “Magic Wand” tool
(Screenshot 6). By moving the slider of the “Navigator” window it can be controlled if the
corresponding cell sections are correctly identified and labelled in upper/lower image section
levels. Screenshot 7 shows image section plane N° 139, where the cell section profiles of
adipocytes which were apparently not labelled in section plane N° 149, are correctly labelled
(encircled in red).

Screenshot 7.
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Screenshot 8.
II.8) When all adipocyte cross section profiles present in the look up section plane are tagged
with the “Magic Wand” tool take a screenshot, copy it into another software-application (e.g.,
Microsoft PowerPoint), and superimpose an unbiased counting frame (of known area) over
a random location of the look up section plane (left screen side). Then also superimpose a
second, equally sized unbiased counting frames over the corresponding location of the
reference section (right screen side). [The arivis Vision4D imaging and analysis software
does not provide a tool for superimposing unbiased counting frames]. Here, the area of the
unbiased counting frame is 1165 x 1165 µm² (only relevant if numerical volume densities of
adipocytes in the adipose tissue are determined with the disector method). Adipocytes
present in the reference section plane but not in the look-up section plane are sampled with
the unbiased counting frame (indicated by asterisks), using the (green) “inclusion lines” and
(red) “exclusion lines” (Screenshot 8).
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Screenshot 9.
II.9) Move back to the arivis-window. Select the “Show Objects Table” button (encircled in red)
and mark and delete all so-far tagged “Magic Wand Objects” (see III.3, Screenshot 11).
Then again use the “Magic Wand” tool (arrow) to tag the section profiles of the adipocytes in
the disector reference section plane sampled with the unbiased counting frame (indicated by
asterisks in II.8, Screenshot 8) in the previous step. For better visualization, the unbiased
counting frame is also superimposed here. In the present disector, 21 adipocytes are
sampled.
______________________________________________________________________________

III. Direct 3D digital image analysis of individual adipocyte volumes
The “Magic Wand” tool is used to directly analyze volumes and other quantitative morphological
parameters of the sampled adipocytes. To monitor the correct labelling/tagging of individual
adipocytes (i.e., to verify that the analyzed cells are adipocytes, and that only individual adipocytes
are analyzed), cells tagged with the “Magic Wand” tool can be inspected in the 3D view of the imaged
tissue sample.
III.1)With the reference section plane being active, select the 3D image display (red circle, red
arrow in detail enlargement) to view the sampled adipocytes in 3D (Screenshot 10, A). Tick
“Objects” and select “Surface” (red circle) for the display of 3D objects (1). Move the slider
of the control row (2) down to see the “4D Clipping” panel (Screenshot 10, B, 3).
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Screenshot 10.

96

Publication
III.2)To view individual adipocytes tagged with the “Magic Wand”-tool in 3D, select adipocytes to
be displayed in the 3D view from the “Objects Table” (III.3, Screenshot 11). In Screenshot
10 B, the adipocyte (tagged in red color) sampled in the 2D view in Screenshot 9 is
displayed in the 3D-view. For better visualization, use the “4D Clipping” panel (3) to display
a digital clipping plane through the tissue sample, using the indicated settings (red arrows).
The position of the clipping plane can be varied, using the “Position”-slider. The 3D image of
the adipocyte (i.e., the “Magic Wand Object”) can be freely rotated and viewed from different
perspectives. Use this tool to control the completeness of the 3D-labelling of the adipocyte
in relation to its cell membrane boundaries (compare to Supporting Information S1 video).
Control any sampled adipocytes in this way.

Screenshot 11.
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III.3)For selection and analysis of morphometric parameters of unbiasedly sampled adipocytes
tagged with the “Magic Wand” tool (i.e., “Magic Wand Objects”) klick the “Show Objects
Table” button (encircled in red, Screenshot 11). The “Objects Table” (inset) shows all “Magic
Wand Objects” (titled as “Magic Wand Segments”) with their associated morphometric
measurement results. The analyzed morphometric parameters can be selected from the
“Feature Columns” menu (black arrow). In the present example, the parameters of “Volume”
(red arrow) and “Surface” were selected (inset). Tagged adipocytes (i.e., “Magic Wand
Objects”) can be selected (or deleted) individually in the “Objects Table”, as groups, or all.
Selected “Magic Wand Objects” are correspondingly displayed in the 2D/3D viewer(s), as
set in the “Visibility”-window (inset, red arrows). The analysis results can be exported from
the “Objects Table” menu (e.g., to Microsoft EXCEL), using the “Im/Export”-function (black
arrow).
S1 file. Step-by-step protocol for disector sampling and volume analysis of adipocytes with
the arivis Vision4D imaging and analysis software. The protocol describes the generation of 3D
image-reconstructions from z-stacks of 2D LSFM-images of cleared adipose tissue samples using
the arivis Vision4D imaging and analysis software, the subsequent unbiased sampling of adipocytes
with the disector method, and direct 3D digital image analysis of individual adipocyte volumes.
S2 file. Exemplary LSFM-dataset. Downloadable from: doi:10.5061/dryad.8gtht76nt. For
practical exercise, a z-stack of 181 2D-LSFM-image files from the present study can be downloaded
from the URL provided in the paper on the publishers homepage. LSFM images were acquired from
a 3DISCO-cleared, eosin-stained, subcutaneous adipose tissue sample of an obese Göttingen
minipig, exactly as described in the “Materials and Methods” section (Ex/Em: 520/40nm/585/40nm;
z-step size = 5 µm).

Literature
1.
Howard CV, Reed MG. Unbiased Stereology. 2 ed. Coleraine, UK: QTP Publications; 2005.
278 p.
2.
Gundersen HJ, Jensen EB. The efficiency of systematic sampling in stereology and its
prediction. J Microsc. 1987;147(Pt 3):229-63.
3.
Albl B, Haesner S, Braun-Reichhart C, Streckel E, Renner S, Seeliger F, et al. Tissue
sampling guides for porcine biomedical models. Toxicol Pathol. 2016;44(3):414-20.
4.
Blutke A, Wanke R. Sampling strategies and processing of biobank tissue samples from
porcine biomedical models. J Vis Exp. 2018(133).
5.
Howard CV, Reed MG. Unbiased Stereology. 2 ed. Coleraine, UK: QTP Publications; 2005.
6.
Delesse MA. Procédé mécanique pour déterminer la composition des roches. C R Acad Sci
Paris 1847;25:544-5.
7.
Weibel ER. Stereological methods. I. Practical methods for biologicalmorphometry. London:
Academic Press; 1979.
8.
Weibel ER. Stereological Methods II. Theoretical foundations. London: Academic Press;
1980.
9.
Dorph-Petersen KA, Nyengaard JR, Gundersen HJ. Tissue shrinkage and unbiased
stereological estimation of particle number and size. J Microsc. 2001;204(Pt 3):232-46.
10.
Gundersen HJG, Mirabile R, Brown D, Boyce RW. Stereological principles and sampling
procedures for toxicologic pathologists. In: Haschek WMea, editor. Haschek and Rousseaux´s
Handbook of Toxicologic Pathology London: Academic Press. INC.; 2013. p. 215-86.
11.
Tschanz S, Schneider JP, Knudsen L. Design-based stereology: Planning, volumetry and
sampling are crucial steps for a successful study. Ann Anat. 2014;196(1):3-11.
12.
Blutke A, Schneider MR, Wolf E, Wanke R. Growth hormone (GH)-transgenic insulin-like
growth factor 1 (IGF1)-deficient mice allow dissociation of excess GH and IGF1 effects on glomerular
and tubular growth. Physiol Rep. 2016;4(5):e12709.
13.
Matenaers C, Popper B, Rieger A, Wanke R, Blutke A. Practicable methods for histological
section thickness measurement in quantitative stereological analyses. PLoS One.
2018;13(2):e0192879.
14.
Sterio DC. The unbiased estimation of number and sizes of arbitrary particles using the
disector. J Microsc. 1984;134(Pt 2):127-36.
15.
Mattfeld T. Stereologische Methoden in der Pathologie. Doerr W, Leonhardt H, editors.
Stuttgart-New York: Georg Thieme Verlag; 1990.

98

Discussion

V Discussion
The present work was designed to test whether quantitative morphological analyses
based on laser light sheet fluorescence microscopy (LSFM) allow for an objective
quantification and characterisation of obesity-associated changes of adipocyte
morphology and growth patterns in subcutaneous and visceral adipose tissue
depots of an established porcine large animal model of diet-induced obesity [37].
The results of the LSFM-based quantitative morphological analyses were verified
using design-based quantitative stereological analysis methods, which represent
the gold standard for estimation of quantitative morphological parameters in
histological tissue sections [20-22].
Obesity is currently regarded as one of the most important health threats worldwide
[1]. In parallel with the increase in the number of obese people, diseases such as
T2D and CVD are rising, primarily due to obesity-associated metabolic alterations.
If several cardiovascular risk factors occur simultaneously (inter alia visceral obesity,
insulin resistance, dyslipidaemia and a proinflammatory profile), it is referred to as
metabolic syndrome [2, 5].
In humans, metabolic alterations correlate rather with the adipose tissue distribution
than the total fat mass [11, 12]. In line with this, subcutaneous and visceral adipose
tissue depots seem to respond differently to constant energy surplus [16]. Especially
an increase in visceral adipose tissue alongside with adipose tissue inflammation is
considered to play a key role in the pathogenesis of the (human) MetS [9, 109]. A
possible explanation for these inter-depot differences might be adipose tissue depot
specific growth patterns [16]. Hyperplasia, which mainly occurs in the subcutaneous
adipose tissue seems to result in a healthy expansion of fat tissue, whereas
hypertrophy may cause cellular stress when reaching the expansion limit, ultimately
leading to dysfunctional adipocytes [29, 109, 184, 186].
In translational medicine, a variety of animal models, ranging from rodents to large
animals such as pigs, are used [253]. Traditionally, rodents are used in most
translational obesity studies [253]. The advantages of a short reproductive interval,
simple and inexpensive husbandry and the availability of a large number of
genetically different strains are offset by the low life expectancy and large
anatomical and physiological differences to humans, which limit the ability of these
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models to adequately reflect the full spectrum of obesity-associated changes
occurring in human adipose tissue and metabolism [17-19, 255]. Porcine models,
however, demonstrate much higher similarities to humans in inter alia
gastrointestinal anatomy, eating behaviour, and metabolic regulation compared to
rodents and can be reproduced comparatively easily due to inter alia all season
breeding and multiple offspring [17, 18, 61, 267]. Especially pigs with diet-induced
obesity are thought to better reflect the obese state in humans compared to
monogenetic models such as the db/db mouse, since obesity is a multifactorial
disease [17, 253, 254]. Total sequencing of the of pig- and Göttingen minipig
genome additionally enables for research in genomics, proteomics and
metabolomics. However, the use of porcine models is also associated with higher
general costs, more elaborate husbandry and lower acceptance in the population
compared to rodents [267].
Taking advantage of the beneficial characteristics of porcine models, a recently
established DIO Göttingen minipig model [37] was used in the present work to
characterise obesity-associated morphological changes on adipocyte level in
subcutaneous and visceral adipose tissue depots. Animals of this model develop a
pronounced obesity in both adipose tissue depots, as well as metabolic alterations
such as an altered lipid profile and insulin resistance that are also observed in the
human MetS [37]. Additionally, these obese minipigs display histomorphologically
manifest multifocal adipose tissue inflammation in the visceral adipose tissue, which
has also been observed in obese human with MetS and murine DIO models [37,
89].
Especially adipocyte cell size seems to play an important role in the pathogenesis
of the inflammatory alterations, which contribute to the development of the metabolic
syndrome [9, 15, 29, 184]. Thus, adequate methods for quantitative morphological
analysis of adipose tissue samples are of great importance to gain valuable insights
in the pathogenesis of relevant quantitative morphological alterations in adipocyte
growth patterns.
For the analysis of quantitative morphological adipocyte parameters, several
different approaches are possible. Methods such as the Coulter Counter or flow
cytometry to determine adipocyte volumes and numbers are performed on isolated
fat cells [183, 273, 274, 278]. The liberation of the fat cells from the adipose tissue
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can be easily achieved by, for example, enzyme digestion or osmium tetroxide [183,
271]. However, rupture, especially of large, fragile adipocytes, or swelling of fat cells
may occur, which lead to biased results in subsequent analyses [29, 183, 271, 274,
280]. Furthermore, isolated fat cells in solution display a different shape
(approximately spherical) than adipocytes observed in histological sections
(icosahedral/tetracaidecahedronic) from adipose tissue samples [183, 276].
In addition to the examination of isolated fat cells, adipocyte section profiles in
histological tissue sections are quantitatively analysed in a large number of
(translational) obesity studies on human and animal adipose tissue. This can be
performed precisely and quickly using manual or software-assisted (e.g., ImageJ)
planimetric analysis methods [271]. Two-dimensional quantitative morphometric
parameters obtained by these analyses, such as mean adipocyte section
area/diameter or the number of adipocyte section profiles per section area, are used
to describe possible (pathogenesis-relevant) alterations in adipocyte morphology.
However, relevant 3D adipocyte parameters such as mean volumes and numbers
are neither equivalent to these 2D parameters nor can they be directly deduced from
them [21, 284, 296]. It is also not possible to derive information about individual
adipocyte volumes or fat cell size distributions in the respective reference
compartment from two-dimensional morphometric parameters obtained in single
histological sections [297]. For example, the orientation of the section plane to
anisotropic structures influences the shape and size of the corresponding section
profiles [23, 285]. Additionally, the larger the volume of a tissue structure, the greater
the probability that it will be hit by an arbitrarily oriented section plane, which can
lead to an overrepresentation of large section profiles in the histological section
[296]. The generation of histological tissue sections is also accompanied by a
dimensional reduction (3D to 2D) and thus a loss of information [284, 293, 294]. In
addition, embedding-related tissue shrinkage may occur [282]. Therefore, an
unbiased determination of the 3D fat cell parameters mean adipocyte volume and
total adipocyte number needed to characterise the obesity-associated adipocyte
growth pattern (i.e., hypertrophy and/or hyperplasia), as well as individual adipocyte
volume, is not possible by measurement of two-dimensional quantitative
morphometric parameters (e.g., areas of adipocyte section profiles) in single
histological sections [20, 21, 285, 296, 297].
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To obtain these parameters, unbiased, design-based quantitative stereological
methods are required, which represent the gold standard for quantitative
morphological analyses in histological tissue sections [20, 21, 284, 293, 298]. In
contrast to model-based quantitative stereology, which is based on assumptions
about inter alia the shape, orientation and distribution of tissue structures of interest
and is therefore principally considered biased, design-based quantitative stereology
solely relies on statistical sampling principles and stochastic geometry that
guarantee unbiased estimation of three-dimensional quantitative parameters in twodimensional tissue sections with statistically defined and tolerable error probabilities
[20, 23, 300]. The application of (systematic) random sampling designs on each
sampling level, which guarantees that every sampled tissue specimen/-section, field
of view etc. is a representative of the reference compartment, is a key prerequisite
for unbiased quantitative stereological analyses [20, 21, 23, 301].
The three-dimensional morphological parameters determined by quantitative
stereological analyses are estimates of their corresponding density values such as
volume- and numerical volume densities (i.e., the proportional volume and number
of structures within the respective reference compartment) [23, 28]. Different
stereological probes ensure unbiased analyses despite the loss of dimensional
information that occurs when a two-dimensional tissue section is generated from a
three-dimensional tissue sample [293, 294]. Volume densities can be determined in
single two-dimensional tissue sections using points as stereological probe, whereas
the estimation of mean volumes and numerical volume densities requires threedimensional stereological probes (e.g., physical disector) as well as consideration
of embedding related tissue shrinkage [20, 21, 293]. To guarantee a random
interaction with the structure of interest, all stereological probes must be placed at
random onto the histological tissue sections and when determining surfaces areaand lengths densities, the section plane orientation must be randomised as well [20,
23, 28, 285]. Since all quantitative stereological parameters can be estimated in IUR
sections, it might be beneficial to prepare such sections irrespective of the actual
quantitative stereological parameter in question, as this enables subsequent
analyses of additional IUR or VUR section dependent parameters [20, 21, 305]. The
estimated relative values must be corrected for embedding-related tissue shrinkage
(in case of shrinkage-sensitive parameters) and multiplied with the total volume of
the corresponding reference compartment (except for fractionator designs) to obtain
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unbiased absolute values, thereby avoiding the reference trap [20, 28, 285, 308].
To unbiasedly determine individual cell volumes following the principle of Cavalieri,
analyses of cell section profile areas in exhaustive parallel equidistant serial
sections are required. In the case of unilocular adipocytes, for example, which are
comparatively large cells, a high number of serial sections would be needed [21, 23,
301]. Together with the identification of corresponding cell section profiles becoming
increasingly difficult with higher vertical distances between two examined sections,
this quantitative stereological analysis method is quite time consuming and
laborious.
In the present work, subcutaneous and visceral adipose tissue depot samples of the
DIO minipig model were analysed to characterise obesity-associated depot-specific
quantitative morphological alterations. The samples required for unbiased
quantitative stereological analysis and LSFM-based analysis, respectively, of
adipocyte volumes, numbers, and mean volumes were SUR-sampled to ensure the
unbiasedness and comparability of the results obtained by both analysis methods.
Since in adipose tissue differential shrinkage is irrelevant, volume densities of
adipocytes are independent of the extent of embedding-related tissue shrinkage and
were determined with little effort in arbitrarily oriented paraffin sections of the SURsampled fat tissue specimens using point counting. Importantly, the analysis of this
parameter can also be performed, for example, on sections of plastic embedded
(adipose) tissue samples or even in digital two-dimensional optical LSFM sections.
Quantitative stereological analyses of the numerical volume density of the
adipocytes in the respective depots as well as the mean adipocyte volume were
performed in GMA/MMA sections. This embedding method was chosen, because it
allows for the preparation of very thin histological sections and results only in a low,
uniform, reproducible and, above all, precisely determinable tissue shrinkage [20,
282, 315]. Adipocytes analysed by unbiased quantitative stereology (and LSFM
analysis) were sampled using the physical disector method [21, 314] to guarantee
an unbiased, number weighted sampling. Subsequently, the same stereological tool
was used to determine the numerical volume density of adipocytes in the respective
adipose tissue depots. Compared to other methods, such as fractionator designs,
the physical disector is considered technically complex and time-consuming,
however, in this study it was found absolutely suitable, at least subjectively [20, 21].
The thin tissue sections generated for the physical disector allow for complete stain
103

Discussion
penetration, which is required to clearly identify all tissue components, and reduce
bias due to overprojection effects [20, 23]. Additionally, the sampling or counting of
adipocytes with this method was subjectively found easier and more reliable, as it is
strictly decided by the presence/absence of their cell nuclei section profile in the
reference respectively lookup section and not, as for example with the optical
disector, whether particles are clearly focused or not (i.e., in or out of the focal
plane). For accurate estimation of mean particle volume and number using the
physical disector, precise knowledge of the section thickness (for calculating the
disector volume) and the embedding-related tissue shrinkage is essential [303, 315].
Therefore, the factual section thickness of the GMA/MMA sections was determined
by means of reflectometric measurement analysis [315]. The embedding-related
tissue shrinkage, which was determined using established volumetric measurement
methods [283, 303], displayed a low standard deviation between individual samples,
confirming the uniform extent of three-dimensional GMA/MMA embedding-related
tissue shrinkage. The mean volume was calculated from the volume density of
adipocytes per adipose tissue depot and the shrinkage corrected numerical volume
density of adipocytes per adipose tissue depot. All estimated relative values were
multiplied with the total volume of the respective adipose tissue depot to obtain the
corresponding absolute values and avoid the reference trap [20, 28, 285, 308].
The unbiased quantitative stereological analysis methods, which have been applied
in the present study, allow for an accurate estimation of relevant morphological
parameters such as (fat) cell volumes and numbers. However, their application
remains complex and time consuming. Furthermore, the application of strict
sampling designs throughout the entire examination and the almost always (except
for fractionator designs) required knowledge of the total volume of the tissue/organ
analysed (i.e., the reference compartment) render the retrospective application of
stereological methods on arbitrarily sampled specimen impossible [23, 28, 285,
297].
3D (laser) light sheet fluorescence microscopy (LSFM) of optically cleared adipose
tissue samples might be a simple, fast, and elegant alternative. Its applicability for
quantitative morphological analyses of optically cleared adipose tissue samples was
therefore comparatively tested in the present work. As unbiased quantitative
stereological analysis techniques represent the gold standard for estimation of
104

Discussion
quantitative morphological parameters in histological tissue sections, they were
used to verify the results of the LSFM-based quantitative morphological analyses
[20-22]. Both analysis methods were performed on SUR-sampled adipose tissue
specimen from identical adipose tissue depots of the same pigs. This way, the
comparability of the results of LSFM-based quantitative morphologic analyses of
cleared adipose tissue samples and unbiased quantitative stereological methods
was guaranteed.
For LSFM-based quantitative morphologic analyses, the fat tissue samples of the
subcutaneous and visceral adipose tissue depots were optically cleared using the
3DISCO protocol [325]. With this technique, tissue samples up to several cm³ can
be cleared, which become firm and dimensionally stable, but still easy to cut.
Especially the dimensional stability of the cleared adipose tissue samples was a
decisive factor in the choice of this clearing protocol. In contrast to other solventbased clearing protocols, such as iDISCO+ or Adipo-Clear, a considerable tissue
shrinkage is associated with the clearing and staining procedure of the 3DISCO
protocol [334, 351, 352]. In the present work, the clearing and staining-associated
tissue shrinkage was determined using appropriate volumetric measurement
methods, and interestingly corresponded approximately the GMA/MMA embeddingrelated tissue shrinkage of the adipose tissue samples. However, for quantitative
morphological analyses of adipose tissue samples, other tissue clearing protocols
such as Adipo-Clear and iDISCO+ might represent a suitable alternative and have
already been successfully used to clear and subsequently image adipose tissue
samples [334, 351, 352].
Individual adipocyte volumes were determined by automatic digital image analysis
in three-dimensional reconstructions of the optically cleared fat tissue samples. This
method relies on the distinguishability of cell membrane (auto)fluorescence signals
and the unstained (i.e., optically empty) centre of the cell. Since the number of
voxels within the centre of the fat cell is used to calculate the volume of the individual
adipocyte, continuous cell membrane fluorescence signals are therefore essential
[347]. Following 3DISCO clearing, the adipocyte cell membranes showed a variably
strong autofluorescence at a wavelength of 520/40 nm (excitation range) and 585/40
nm (emission range). However, the cell membrane fluorescence signals of individual
adipocytes were often not completely detectable, i.e., interrupted, causing
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neighbouring cells to be recognised as one single cell, which would falsify the
individual cell volume. Therefore, the adipose tissue samples were stained with
eosin following 3DISCO clearing to enhance the autofluorescence signal of the cell
membrane, which resulted in a reliable and sufficiently strong cell membrane
labelling. Other methods for fluorescence-labelling of adipocyte membranes, such
as the use of fluorescence-labelled antibodies, would have been far more elaborate,
time and cost-intense. As the LSFM-analysis approach aims for an easy, fast and
reliable detection of continuously labelled adipocyte cell membranes in cleared
adipose tissue samples, the eosin-enhanced autofluorescence of adipocyte
membranes was considered more than sufficient. The samples were imaged at
585/40 nm wavelength (emission range), with a 0.63-10 magnification and a vertical
resolution (i.e., z-step height) of 5 µm. The three-dimensional digital reconstruction
of the imaged samples was carried out using the arivis Vision 4D software [347].
Although fat cells were only identified by the autofluorescence signal of their cell
membrane and were therefore only distinguished from other tissue structures
(e.g., connective tissue, vessels, other cell types) by their characteristic shape,
incorrect identification was ruled out by visualising questionable structures in 3D.
In LSFM (and 3D fluorescence microscopy in general), the accurate determination
of individual adipocyte volumes (and object volumes in general) requires an
accurate reconstruction of the 3D image from the z-stacks (i.e., the digital
reconstruction must precisely reflect the volume of the imaged object). A
nonconformity between the nominal and factual z-step size and imaging artifacts
due to spherical aberration may cause distortion of object shapes and their
corresponding volumes in the reconstructed 3D images, which can be prevented by
the use of appropriate technical equipment and a precise adjustment of the
instrument settings [348]. Such precautions were also taken in the present work.
For the objective, an optimized dipping cap was used, and the same medium was
used as clearing solvent and submersion medium to avoid imaging artifacts caused
by spherical aberration [326, 348]. Additionally, the z-step advance, the instrument
settings as well as the image scaling were strictly controlled. The accuracy of the
reconstructed 3D images of the adipose tissue samples and thus the correctness of
the measurement results (i.e., the successful prevention of volumetric measurement
errors) was confirmed using fluorescent labelled, spherical polystyrene beads with
a defined size (comparable to the size/volume of the analysed adipocytes), which
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were immobilized in agar, fixed in 4% neutrally buffered formaldehyde solution,
subjected to 3DISCO clearing and subsequently imaged and volumetric analysed
with the identical LSFM settings as the fat tissue samples. The diameters and
volumes of the test objects determined in the digital z-stack images and the
corresponding 3D reconstruction matched precisely the “true” values of the
polystyrene beads (see Supplemental Figure S4 of publication). To ensure
accuracy and reproducibility of measurement results, quantitative morphological
analyses should in general be performed on identically prepared tissue samples,
the same LSFM instruments and analysis settings should be used, and the accuracy
of the reconstructed 3D images should be validated (e.g., using standardized test
objects as - to our knowledge - first described in the present study for LSFM-based
quantitative morphologic analyses of cleared adipose tissue samples). With regard
to the comparability and reproducibility of such studies in different laboratories, it
must be borne in mind that there are currently no standardised LSFM platforms,
i.e., they differ inter alia in terms of equipment and configuration. Therefore, in
quantitative morphological studies using LSFM, all relevant technical details should
be provided accurately, which was done accordingly in the present publication.
For the LSFM-based analysis of adipocyte volumes and numbers in subcutaneous
and visceral adipose tissue samples of the porcine DIO model, the same
stereological probe (i.e., physical disector in SUR-sampled FOV) as in the unbiased
quantitative stereological analysis approach was applied to ensure an unbiased
measurement of these fat cell parameters. The resulting shrinkage corrected fat cell
volumes and numbers were compared to the results of the unbiased stereological
analysis in GMA/MMA adipose tissue sections. The measurement data were
virtually equal, which proved that LSFM-based analyses are suitable for the
accurate and unbiased determination of relevant quantitative morphological
adipocyte parameters.
The LSFM-based analysis of adipose tissue samples was overall, i.e., from tissue
clearing to digital quantitative morphological analysis, found to be significantly less
complex and time-consuming than unbiased quantitative stereological analyses in
two-dimensional histological tissue sections using the physical disector (including
elaborate tissue processing and analysis steps). The sampling and subsequent
counting of the adipocytes with the disector method, for example, was, at least
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subjectively, a lot easier to carry out in the virtual three-dimensional adipose tissue
and more reliable than in physical disector section pairs. Most strikingly, LSFMbased analysis additionally allowed for a fast and efficient unbiased determination
of individual adipocyte volumes. This is a considerable advantage, as the
determination of this parameter in two-dimensional adipose tissue sections is only
possible with an almost unjustifiable technical effort. As a result, the size distribution
of adipocytes in different adipose tissue depots, which may not cause a net change
in mean adipocyte volume, can now be determined for the first time in intact adipose
tissue samples. This can help to identify, for example, adipocyte subpopulations
with different growth patterns that may contribute to the metabolic changes
associated with obesity [29].
Göttingen minipigs of the DIO model showed a strong obesity-associated volume
increase of both subcutaneous and visceral adipose tissue depots, which was
objectively attributed to depot-specific growth reaction patterns of adipocytes by the
results of the present work. In the subcutaneous adipose tissue depot of the obese
minipigs, a balanced proportion of adipocyte hyperplasia and hypertrophy occurred,
whereas the increase in visceral adipose tissue in these animals was the result of a
disproportionate increase in mean fat cell volume with hardly any appreciable
increase in the total number of adipocytes. The massive enlargement of visceral
adipocytes might explain the multifocal adipose tissue inflammation exclusively
occurring in this adipose tissue depot. Reaching the expansion limit may cause
cellular stress and might expose the enlarged adipocytes to an increased shear
stress [29, 184, 186, 353, 354]. As a consequence, altered adipokine secretion
might occur, contributing to a pro-inflammatory milieu in the adipose tissue [29].
Increased inflammatory response in hypertrophic adipose tissue has already been
associated in previous studies with the expression of inflammatory genes and
increased secretion of pro-inflammatory adipokines with a concomitant decrease in
the secretion of anti-inflammatory adipokines [221, 222, 355, 356]. Additionally,
hypertrophic adipocytes become insulin resistant, which reduces the antilipolytic
effect of insulin, resulting in an increased lipolysis [89, 95].
Interestingly, the metabolism and pro-inflammatory properties of increased
proportions of small fat cells with impaired adipogenesis and/or terminal
differentiation are altered in obesity as well [357-359]. In lean and obese minipigs of
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the DIO model, there was no noteworthy variation in the relative size distribution
patterns of subcutaneous or visceral adipocytes, which indicated a mainly
homogenous, hypertrophy-mediated increase of the volume of individual visceral fat
cells during the development of obesity. In the subcutaneous adipose tissue of
obese pigs, however, an equilibrated hyperplastic and hypertrophic growth of fat
cells maintained the normal distribution of individual subcutaneous adipocyte
volumes. These results clearly demonstrate that despite significant changes in
either (fat) cell volumes or (fat) cell numbers, there is not always an altered size
distribution, or vice versa.
It is important to mention, that although the present work describes an LSFMapproach for quantitative morphological adipocyte volume and number analysis in
a porcine DIO-model, this method is principally also possible in murine or human
adipose tissue samples but requires an adaption of the used (SUR)-sampling
regime to the respective volume of the examined adipose tissue depots and the
corresponding numbers of sampled tissue locations. Moreover, the 3DISCO
clearing protocol used in the present study does not preclude subsequent tissuebased analyses such as histology or mass spectrometry imaging [30].
In conclusion, analyses based on laser light sheet fluorescence microscopy were
found to be a fashionable and efficient approach for unbiased determination of
(individual) adipocyte volumes and numbers. In future studies, LSFM offers the
possibility to comprehensively characterise adipocyte morphology by analysing
additional

qualitative

and

quantitative

morphological

fat

cell

parameters

(e.g., shape, surface, and isotropy), which might also be relevant for adipocyte
(dys)function in obesity. The potential to combine the described LSFM approach
with various specific fluorescence markers may further allow for the selective
visualization and quantitative analysis of distinct cell (sub)populations in different
adipose tissue depots, such as brown/beige adipocytes or inflammatory cells.
Complementing the obtained quantitative morphological adipocyte parameters with
functional data from transcript profiling, proteomic, lipidomic or metabolomic
analyses and/or clinical outcomes could further help to relate obesity-associated
morphological adipocyte alterations to potentially concomitant alterations in
adipocyte function, thereby significantly increasing the effectiveness of a study.
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VI Summary
Worldwide, the prevalence of overweight and obesity has been rising for years.
Alongside with obesity, different obesity-associated diseases, like type 2 diabetes
mellitus, cardiovascular diseases and depression are continuously increasing. The
elevated risk of developing these chronic diseases is primarily caused by obesityassociated metabolic alterations which, when occurring together, are referred to as
metabolic syndrome. These changes are much more correlated to the regional
adipose tissue distribution than the total fat mass. Especially accumulation of
visceral adipose tissue enhances the risk of metabolic alterations. Different growth
patterns of the adipocytes seem to play a causal role in the development of
metabolic alterations associated with individual adipose tissue depots. Therefore,
an objective assessment of adipocyte volumes and numbers in different fat tissue
depots

is

essential

to

characterise

obesity-associated

histomorphological

alterations in the adipose tissue and to evaluate the efficacies of experimental
medicinal or dietetic interventions.
Although two-dimensional section-based quantitative stereological analyses allow
for the unbiased estimation of relevant three-dimensional parameters of adipocyte
morphology and are currently considered the gold standard, they often involve
elaborate tissue processing and analysis procedures. Therefore, the present work
was designed to evaluate the applicability of laser light sheet fluorescence
microscopy (LSFM)-based quantitative morphological analyses of optical cleared
adipose tissue samples as an efficient alternative to quantitative stereological
analyses (specifically the physical disector method) to objectively quantify and
characterise obesity-related growth patterns and alterations of the adipocyte
morphology in subcutaneous and visceral adipose tissue depots of an established
porcine large-animal model of diet-induced obesity. The results of this work were
published in the journal PLoS One in 2021 [38].
The measurement data obtained by LSFM-based quantitative morphological
analysis did not significantly differ from the corresponding estimates determined by
quantitative stereological analysis techniques performed on adipose tissue
specimen SUR-sampled from the same adipose tissue depots of the identical pigs.
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The key findings of adipose tissue morphology in DIO-Göttingen minipigs were:


Subcutaneous and visceral adipose tissue depots showed depot-specific
adipocyte growth reaction patterns



Subcutaneous adipocytes displayed a comparatively balanced ratio of
hyperplastic and hypertrophic volume increase



Visceral adipocytes displayed mainly hypertrophic volume increase, with
negligibly presence of hyperplasia



Relative size-distribution patterns of individual adipocytes in both depots did
not vary between lean and obese Göttingen minipigs

The LSFM-based analysis of optically cleared subcutaneous and visceral adipose
tissue samples has been found to be considerably less complex and timeconsuming than 2D section-based unbiased quantitative stereological analyses by
the physical disector method. The results thus obtained significantly contribute to
the characterisation of the porcine DIO-model. A particularly noteworthy advantage
of the LSFM-based analysis is the possibility to unbiasedly determine individual
adipocyte volumes with significantly less technical effort compared to the
determination of this parameter in (serial) 2D tissue sections. Knowledge of the
individual adipocyte volume now enables to determine not only changes in mean
adipocyte volume, but also in the size distribution of fat cells in different adipose
tissue depots and thus detect distinct, possibly pathogenesis-relevant adipocyte
subpopulations. Furthermore, samples optically cleared for LSFM analyses can be
(re-)embedded in, for example, paraffin and subjected to other tissue-based
analyses such as immunohistochemistry or mass spectrometry imaging.
In conclusion, the expeditious acquisition of unbiased pathogenetically relevant
morphological key parameters of adipocytes using LSFM-based analyses can
significantly contribute to increase the effectiveness of future studies on translational
obesity models or in human tissue samples, respectively.
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VII Zusammenfassung
Die Prävalenz von Übergewicht und Obesitas steigt weltweit seit Jahren an. In
Assoziation mit Obesitas nehmen verschiedene Erkrankungen wie Diabetes
mellitus Typ 2, Herz-Kreislauf-Erkrankungen und Depressionen kontinuierlich zu.
Das erhöhte Risiko, diese chronischen Krankheiten zu erleiden, wird vor allem durch
Obesitas-assoziierte Stoffwechselveränderungen verursacht, die, wenn sie
gemeinsam auftreten, als Metabolisches Syndrom bezeichnet werden. Diese
Veränderungen sind viel stärker mit der regionalen Fettgewebeverteilung korreliert
als mit der Gesamtfettmasse. Insbesondere die Akkumulation von viszeralem
Fettgewebe erhöht das Risiko für metabolische Veränderungen. Unterschiedliche
Wachstumsmuster der Adipozyten scheinen eine wesentliche Rolle bei der
Entstehung der Stoffwechselveränderungen zu spielen, die mit einzelnen
Fettgewebedepots assoziiert sind. Daher ist eine objektive Bewertung der
Adipozytenvolumina und -zahlen in verschiedenen Fettgewebedepots unerlässlich,
um die mit Obesitas in Zusammenhang stehenden histomorphologischen
Veränderungen im Fettgewebe zu charakterisieren und die Wirksamkeit
experimenteller medikamentöser oder diätetischer Interventionen zu bewerten.
Obwohl

auf

2D-Schnitten

basierende

quantitativ-stereologische

Analysen

erwartungstreue Schätzungen relevanter 3D-Parameter der Fettzellmorphologie
ermöglichen und derzeit als Goldstandard gelten, beinhalten sie oft komplexe und
zeitaufwändige Gewebeaufbereitungs- und Analyseschritte. Daher wurde in der
vorliegenden Arbeit die Eignung von auf Laser-Lichtblattfluoreszenzmikroskopie
(LSFM) basierenden quantitativ-morphologischen Analysen an optisch geklärten
Fettgewebeproben als eine effiziente Alternative zu quantitativ-stereologischen
Analysen (konkret dem physikalischen Disektor) evaluiert, um Adipositas-bedingte
Wachstumsmuster und Veränderungen der Fettzellmorphologie in verschiedenen
Fettgewebedepots eines etablierten porzinen Großtiermodells für diätinduzierte
Obesitas objektiv zu quantifizieren und charakterisieren. Die Ergebnisse dieser
Arbeit wurden 2021 in der Zeitschrift PLoS One veröffentlicht [38].
Die mittels LSFM-basierten quantitativ-morphologischen Analysen gewonnenen
Messwerte sind nicht signifikant unterschiedlich zu den entsprechenden
Schätzwerten, die mit quantitativ-stereologischen Analysen an systematisch zufällig
gewonnenen Fettgewebeproben derselben Depots und Schweine ermittelt wurden.
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Die Hauptbefunde der Fettgewebsmorphologie bei DIO-Göttinger Minischweinen
waren:


Subkutane und viszerale Fettgewebedepots zeigten Depot-spezifische
Fettzellwachstumsmuster



Subkutane

Adipozyten

zeigten

ein

vergleichsweise

ausgewogenes

Verhältnis von hyperplastischem und hypertrophem Wachstum


Viszerale

Adipozyten

zeigten

hauptsächlich

eine

hypertrophe

Volumenzunahme mit zu vernachlässigender Hyperplasie


Relative Größenverteilungsmuster individueller Adipozyten in beiden Depots
unterschieden sich nicht zwischen normalgewichtigen und adipösen
Göttinger Minischweinen

Die LSFM-basierte Analyse von optisch geklärten subkutanen und viszeralen
Fettgewebeproben erwies sich als erheblich unkomplizierter und weniger
zeitaufwändig als die auf 2D-Schnitten basierende erwartungstreue quantitativstereologische Analyse mit der physikalischen Disektormethode. Die so
gewonnenen Ergebnisse tragen wesentlich zur Charakterisierung des porzinen
DIO-Modells bei. Ein besonders hervorzuhebender Vorteil der LSFM-basierten
Analyse ist die Möglichkeit, individuelle Adipozytenvolumina mit deutlich weniger
technischem Aufwand erwartungstreu zu ermitteln als im Vergleich zur Bestimmung
dieses Parameters in (seriellen) 2D-Gewebeschnitten. Die Kenntnis des
individuellen Fettzellvolumens ermöglicht es nun, nicht nur Veränderungen des
mittleren Adipozytenvolumens, sondern auch der Größenverteilung der Fettzellen
in verschiedenen Fettgewebedepots festzustellen und so unterschiedliche,
möglicherweise Pathogenese-relevante Fettzellsubpopulationen zu erkennen.
Darüber hinaus können die für LSFM Analysen optisch gereinigten Proben z. B. in
Paraffin (wieder) eingebettet und anderen gewebebasierten Analysen wie
Immunhistochemie oder bildgebender Massenspektrometrie unterzogen werden.
Abschließend ist hervorzuheben, dass die zügige Erfassung erwartungstreuer,
pathogenetisch relevanter morphologischer Schlüsselparameter von Adipozyten
mittels LSFM-basierter Analysen wesentlich dazu beitragen kann, die Effektivität
zukünftiger Studien an translationalen Adipositasmodellen bzw. an menschlichen
Gewebeproben zu erhöhen.
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