Molecular Mechanisms for
Mechanostability in Biomolecular
Complexes
Constantin Schöler
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Zusammenfassung
In der vorliegenden Arbeit wurden die zugrunde liegenden molekularen Mechanismen für mechanische Stabilität von biomolekularen Komplexen untersucht. Als Modellsystem wurde dabei
ein Rezeptor-Ligand-Komplex verwendet, der für die stabile jedoch reversible Bindung von
bakteriellen Zellen an Zellulosefasern verantwortlich ist. Die Möglichkeit, solche Bindungen
aufzubauen, ist in der Natur von essentieller Bedeutung. Mechanische Stabilität ist vonnöten um
selbst unter widrigen Bedingungen intermolekulare Bindungen aufrechtzuerhalten. Gleichermaßen müssen solche Bindungen reversibel sein, um es Mikroorganismen zu ermöglichen, sich
dynamisch an veränderte externe Bedingungen anzupassen. Die Physik solcher intermolekularer Bindungen beruht auf der Kombination einiger weniger fundamentaler Wechselwirkungen
(z.B. Elektrostatik oder van-der-Waals Kräfte) mit einer Vielzahl molekularer Konformationen.
Im Rahmen dieser Arbeit wurden Einzelmolekülkraftspektroskopieexperimente sowie Molekulardynamiksimulationen (in Zusammenarbeit mit der Gruppe von Prof. Klaus Schulten an der
University of Illinois) durchgeführt um eben diese Physik besser zu verstehen.
Mittels Einzelmolekülkraftspektroskopie wurde zunächst die mechanische Stabilität des
Modellsystems bei Belastung in seiner nativen Geometrie untersucht. Die gemessenen Kräfte
fielen dabei in einen Kraftbereich, der dem von kovalenten Bindungen nahe kommt. Weiter
wurde durch Molekulardynamiksimulationen festgestellt, dass sich die intermolekulare Kontaktfläche der beiden Bindungspartner durch Umordnung der Aminosäurenseitenketten an der
Bindungsstelle unter Last vergrößert, und damit die Interaktion verstärkt wird. Im Folgenden
wurde sowohl experimentell als auch mittels Simulationen die Abhängigkeit der mechanischen
Stabilität des Systems von der Belastungsgeometrie untersucht. Bei nicht nativer Belastung
trat dabei ein zusätzlicher Dissoziationspfad auf, bei dem wesentlich geringere Abrisskräfte
gemessen wurden. Um die dafür verantwortlichen Mechanismen besser zu verstehen, wurde
ein Verfahren zur Visualisierung der Pfade entwickelt, entlang denen sich externe Kräfte durch
einen molekularen Komplex ausbreiten. Hierzu wurde eine Kombination von thermodynamischer Fluktuationstheorie mit netzwerkbasierter Korrelationsanalyse verwendet. Mit diesem
Verfahren konnte gezeigt werden, dass sich im Falle erhöhter mechanischer Stabilität die Kraft
an der Bindungsstelle lokal auf Pfaden senkrecht zur Belastungsachse ausbreitet und somit
einen vergleichsweise kleinen Energiebetrag für die Dissoziation leisten kann.
In einem gesonderten Projekt wurde eine Analysemethode zur Korrektur experimenteller
Kraftspektroskopiedatensätze entwickelt. Experimentell werden oftmals Rezeptor-LigandKomplexe als spezifischer Zuganker zur Entfaltung von Proteindomänen eingesetzt. Falls die
Wahrscheinlichkeitsverteilungen der Entfaltungs- bzw. Abrisskräfte dabei überlappen, können
statistische Artefakte auftreten. Die vorgestellte Methode ermöglicht es, die experimentell
gewonnenen, verfälschten Verteilungen mathematisch zu entfalten und damit unverfälschte
Parameter der zugrundeliegenden Energielandschaften zu extrahieren. Dabei ist die Methode
unabhängig vom verwendeten Modell zur Beschreibung der Entfaltungs- bzw. Abrissverteilungen.
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Preface
A multitude of biological processes rely on the formation of stable, yet reversible intermolecular
bonds. The physics of such bonds are governed by a combination of elementary interactions,
such as electrostatics or van-der-Waals interactions, and a multitude of molecular conformations.
A particular interesting family of intermolecular bonds are those that need to resist mechanical
forces in their native function. This occurs in various cell adhesion processes like leukocyte
tethering to vascular surfaces [1], platelet binding to von Willebrand factor at sites of vascular
injuries [2, 3], or bacterial cell adhesion to cellulosic food sources [4, 5]. These bonds need to
be reversible to allow for dynamic assembly and disassembly of molecular structures to adapt
to changing environmental conditions. Additionally, they need to be able to resist mechanical
forces that can, for example, be exerted by shear flow gradients in turbulent environments. The
former is reflected in common place biochemical affinities (i.e., moderate dissociation rates at
equilibrium), while the latter is captured by elevated dissociation forces along selected reaction
coordinates. The main objective of this thesis was to understand the molecular mechanisms
responsible for mechanical stability in biomolecular complexes at the single molecule level.
While bulk methods relying on ensemble averaging provide information on the overall dynamics
of intermolecular bonds, single molecule manipulation techniques provide unparalleled insight
into the free energy landscapes governing unfolding of protein domains or the dissociation of
molecular complexes. To this end, a receptor ligand complex involved in the adhesion of the
ruminal bacterium Ruminococcus flavefaciens to cellulose fibers was used as model system. The
complex is part of the bacterium’s cellulosome [6], an intricate extracellular machinery designed
to efficiently degrade cellulose enzymatically. The assembly, disassembly, and anchoring of
cellulosomes is governed by non-covalent, highly specific cohesin dockerin interactions. In
its native function, the type III cohesin dockerin system investigated here anchors a bacterial
host cell to its cellulosic food sources and is expected to be subjected to mechanical forces in
vivo. The mechanics of this system were assessed through a combination of single molecule
force spectroscopy experiments and steered molecular dynamics simulations (performed in
collaboration with the group of Prof. Klaus Schulten at the University of Illinois).
Chapters 1 and 2 serve as an introduction to the techniques used in this work. Chapter
1, which was based on a recently published review article, provides a detailed introduction
to the field of single molecule force spectroscopy, including surface immobilization strategies
and theoretical background. The basic concepts of molecular dynamics simulations and special
analysis procedures thereof are outlined in Chapter 2.
The main results of this thesis are presented in Chapters 3-5. The results part of this thesis
is self contained, i.e., every Chapter is accompanied by its own materials and methods section
and should be accessible without knowledge of the prior chapters. The mechanical stability of
the model system in its native geometry was investigated both experimentally and through
simulations in Chapter 3. Experimentally, it was found that the system resists mechanical
forces that fall in a range approaching the stability of covalent bonds. Simulations then revealed
that the origin of this exceptional mechanostability is an increase in the intermolecular contact
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area achieved through rearrangement of amino acid side chains at the binding interface. The
study presented in Chapter 4 sought to then identify how an external force is propagated
through a molecular structure. To this end, the dependence of the pulling geometry on the
mechanical stability of our model system was tested. Therein, it was found that, when stressed
in a non-native geometry, an additional unbinding pathway emerged, that was characterized by
much lower dissociation forces. Moreover, a novel analysis technique for molecular dynamics
trajectories was developed that allows to visualize force propagation pathways. This was
achieved through a combination of thermodynamic fluctuation theory and network based
correlation analysis. This approach revealed that in cases of elevated mechanical stability the
system is able to locally direct the external force across the binding interface at angles with
large normal components to the unbinding axis. This results in a lower energy contribution to
the dissociation process when compared to a propagation along the unbinding axis.
In Chapter 5, an analysis protocol for experimental force spectroscopy data to correct
for a statistical biasing effect was developed. This effect may occur when receptor ligand
complexes are used as specific handles to study the unfolding of protein domains. More
specifically, biasing occurs if the distributions of forces associated with domain unfolding and
receptor ligand dissociation exhibit a finite overlap. In this case, the experimentally observed
distributions need to be deconvolved to extract correct parameters of the underlying free energy
landscapes through relevant theoretical models. The analysis protocol presented in Chapter
5 is independent of the theoretical model used to describe the distributions of unfolding and
unbinding forces.
The results presented in this thesis were published in form of four peer-reviewed publications:
1. Wolfgang Ott?, Markus A. Jobst?, Constantin Schoeler?, Hermann E. Gaub, and Michael A.
Nash, ”Single-molecule force spectroscopy on polyproteins and receptor-ligand
complexes: the current toolbox”, Journal of Structural Biology (2016),
DOI: 10.1016/j.jsb.2016.02.011.
?contributed equally to this work
2. Constantin Schoeler?, Klara H. Malinowska?, Rafael C. Bernardi, Lukas F. Milles, Markus
A. Jobst, Ellis Durner, Wolfgang Ott, Daniel B. Fried, Edward A. Bayer, Klaus Schulten,
Hermann E. Gaub, and Michael A. Nash, ”Ultrastable cellulosome-adhesion complex
tightens under load”, Nature Communications 5, 5635 (2014), DOI:10.1038/ncomms6635
?contributed equally to this work
3. Constantin Schoeler?, Rafael C. Bernardi?, Klara H. Malinowska, Ellis Durner, Wolfgang
Ott, Edward A. Bayer, Klaus Schulten, Michael A. Nash, and Hermann E. Gaub, ”Mapping
Mechanical Force Propagation through Biomolecular Complexes”, Nano Letters
15, 7370-7376 (2015), DOI: 10.1021/acs.nanolett.5b02727
?contributed equally to this work
4. Constantin Schoeler, Tobias Verdorfer, Hermann E. Gaub, and Michael A. Nash, ”Biasing
effects of receptor-ligand complexes on protein-unfolding statistics”, Physical
Review E 94, 042412 (2016), DOI: 10.1103/PhysRevE.94.042412
I have further contributed to two peer-reviewed publications, which have not been included as
main results of this thesis:
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5. Markus A. Jobst?, Constantin Schoeler?, Klara H. Malinowska, and Michael A. Nash, ”Investigating Receptor-ligand Systems of the Cellulosome with AFM-based Singlemolecule Force Spectroscopy”, Journal of Visualized Experiments 82, e50950 (2013),
DOI: 10.3791/50950
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Part I
Introduction

Chapter

1

AFM based single molecule force
spectroscopy
Summary

Single-molecule force spectroscopy sheds light onto the free energy landscapes governing
protein folding and molecular recognition. Since only a single molecule or single molecular complex is probed at any given point in time, the technique is capable of identifying low-probability
conformations within a large ensemble of possibilities. It furthermore allows choosing certain
unbinding pathways through careful selection of the anchor points at which the force acts on
the protein or molecular complex. This introduction, partly published as a review article, focuses
on recent innovations in construct design, site-specific bioconjugation, measurement techniques, instrumental advances, and data analysis methods for improving workflow, throughput,
and data yield of atomic force microscopy based single molecule force spectroscopy experiments. Current trends that are highlighted include customized fingerprint domains, peptide
tags for site-specific covalent surface attachment, and polyproteins that are formed through
mechanostable receptor-ligand interactions. Recent methods to improve measurement stability,
signal-to-noise ratio, and force precision are presented, and theoretical considerations, analysis
methods, and algorithms for analyzing large numbers of force-extension curves are further
discussed. The various innovations identified here will serve as a starting point to researchers
in the field looking for opportunities to push the limits of the technique further.

1.1

Introduction

The atomic force microscope [8] was initially developed as an imaging technique in air or low
temperature and ultra high vacuum conditions. Shortly after, measurements in biologically
relevant conditions became possible when the AFM was combined with fluid cells and optical
lever detection, i.e. the amplification of cantilever motion by a detection laser beam (Fig.
Parts of this chapter were published by Ott et al. [7] (Schoeler, C shared first author) in the Journal of Structural
Biology and adapted with permission from Elsevier Inc. Copyright ©2016 Elsevier Inc.
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1.1A) [9]. The early 1990s then saw an explosion of the bio-AFM field, which opened the
door to high-resolution imaging of proteins and cell surfaces under near-native conditions
[10–12]. Shortly thereafter came the realization that individual proteins and DNA molecules,
or single receptor-ligand complexes, could be probed with the help of nano- to microscale force
transducers (e.g., cantilevers, optically trapped beads, magnetically trapped beads) [13–18]. It
was furthermore discovered that natural polyproteins (e.g., Titin) with repetitive multi-domain
structures provided regularly repeating saw-tooth like features in force extension data [19].
Artificial (i.e., recombinant) polyproteins quickly came into fashion as internal molecular
controls for investigating mechanical properties of protein domains of interest. Since then,
engineering of polyproteins has provided a wealth of information about mechanostable motifs
in protein folds [20–22], directional dependence of protein mechanostability [23–26], and
modulation of mechanostability by molecular recognition [27].
Today, force spectroscopy and bio-AFM in general are well established as standard tools
in the nanobiosciences, and are regularly used for investigating cell adhesion and cell surface
properties [28–32], interrogating membrane proteins [33–36], and measuring mechanical
properties of proteins [37–41], polysaccharides [42, 43] and DNA [44]. Recent studies have
already begun to characterize membrane proteins in vivo by probing their response to external
forces on native living cells [45, 46]. There are a number of review articles that thoroughly
cover the field from the early years [47–58].
Despite the high level of interest and well-developed method of AFM-SMFS (single molecule
force spectroscopy), there have remained several limitations to the technique that prevent
researchers from fully taking advantage of mechano-phenotyping of molecules and cell surfaces.
Specifically, low experimental throughput and low yield of interpretable single-molecule interaction curves have both hampered the widespread adoption of the method, and its application
for studying a large number of proteins. The purpose of this introduction is to highlight recent
developments in bioconjugate chemistry, instrumentation, and data processing/algorithms
which aim at improving the design process, yield, measurement quality and throughput of
AFM-SMFS experiments.

1.2

Unfolding fingerprints

To avoid multiple interactions and unspecific adhesion events and ultimately favor single
molecule interactions, low surface immobilization densities are usually applied in AFM-SMFS.
Consequently, in typical experiments, many thousand force-extension curves are recorded,
but only a fraction of these curves contain useable data that describe the behavior of a single
molecule. Typically, the majority of curves (∼ 80−99 %), by design, contain no interaction, while
some contain a multiplicity of interactions that are difficult to interpret, or unspecific adhesion
events as measurement artifacts. The experimenter is left searching for a needle in a haystack,
looking for single-molecule interactions among a vast excess of uninterpretable force-extension
curves. In order to filter the data efficiently, the SMFS community has identified a broad range
of proteins that can be used as specific identifiers in unfolding traces. We refer to these domains
as ”fingerprints” because they provide a unique unfolding step or ”contour-length increment”
of defined length that can be used as a filter during data processing. These fingerprint domains
are typically globular protein domains with unfolding forces and length increments varying
across a large range. This ability to choose the length increments and unfolding forces of the
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fingerprint domains has enabled the design of custom fusion proteins with well-controlled
unfolding behaviors. Recent surveys of mechanical properties of different protein domains are
provided by Sulkowska and Cieplak [59] and Hoffmann and Dougan [49].

1.3

Receptor ligand SMFS

Protein-protein and protein-small molecule interactions have also been widely analyzed with
SMFS. Reports of receptor-ligand SMFS include measurements on biotin-avidin [15, 16, 60–
63], antigen-antibody interactions [64–66] along with several other protein-protein or small
molecule interactions [50, 67, 68].
One limitation in the standard method of receptor-ligand SMFS is that the signal lacks singlemolecule specificity. Depending on the proteins involved and the experimental conditions (i.e.,
blocking/passivation steps), and since typically no fingerprint molecules are used, it can be
difficult to differentiate non-specific interactions from specific protein-protein recognition. A
second limitation of many receptor-ligand SMFS experiments is that pulling geometry is not
strictly controlled. While in a standard polyprotein experiment, the pulling is applied strictly
between the N- and C-termini of each domain, coupling of receptors and ligands to AFM tips
and substrates is often done through amide linkages formed between amine groups on the
proteins and activated NHS-ester groups on the surface or cantilever. This implicates a diversity
of pulling geometries which are not strictly controlled, resulting in rupture force distributions
that are smeared out or otherwise distorted.

1.4

Receptor ligand SMFS with fingerprints

Our group has worked on improving the technique for receptor-ligand SMFS out of sheer
necessity (Fig. 1.1). We were interested in studying a family of receptor-ligand proteins
(i.e., Cohesin-Dockerin, Coh-Doc) involved in carbohydrate recognition and degradation by
anaerobic bacteria [5, 69–73]. These protein receptor-ligand complexes are responsible for
building up large extracellular networks of structural scaffold proteins and enzymes. They are
linked into these structural networks in well-defined and known orientations (e.g., N-terminal or
C-terminal anchoring points). It is important to note that when pulling apart a receptor-ligand
complex consisting of two proteins, there are four possible terminal pulling configurations
(i.e., N-N’, N-C’, C-N’, C-C’) (Fig. 1.1B). Many of the Coh-Doc complexes we are interested in
possess a clear ”physiological” pulling configuration found in nature, and ”non-physiological”
or ”non-native” configurations. To understand their natural mechanical adaptations giving rise
to their remarkable assembly strategy, we sought to characterize the mechanical stability of
these receptor-ligand complexes in both their native and non-native loading configurations.
We found a way to ensure specific interactions by basically combining two previously separate
modes of AFM-SMFS (i.e., on polyproteins and receptor-ligand complexes). We fused the Coh
and Doc domains separately to different fingerprint domains, and recombinantly produced
each construct as a single fusion protein. The fingerprints serve two purposes:
1. they provide site-specific attachment sites through engineered cysteine residues or
peptide ligation tags (see below) to strictly control loading geometry;
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A

Photodiode
[Force]

C

Laser beam

Cantilever

PEG
stretching

Possible pulling geometries

Protein 1
unfolding

Protein 2
Complex
unfolding dissociation

C-N’, N-C’, C-C’, N-N’

C
Receptor

N

N’
Ligand

ΔLc3
Force [pN]

B

[Extension]

ΔLc2
ΔLc1

C’
Extension [nm]

Figure 1.1: Configuration for performing receptor-ligand SMFS with [poly]protein fingerprints. (A) Schematic of
the measurement setup. The change of force is detected via the differential signal of the laser beam deflection on a
quadrant photodiode. (B) For a protein complex consisting of two domains, 4 terminal pulling configurations are
possible (N-N’, N-C’, C-N’, C-C’). (C) Fingerprints (brown and blue) are site-specifically and covalently attached to
the cantilever and surface. Receptor (orange) and ligand (yellow) form a stable receptor-ligand complex. Note that
the fingerprints can be individual sub-domains, or repetitive polyproteins in their own right. Shown is a typical
force-extension trace showing unfolding of the fingerprints, followed by rupture of the receptor ligand complex.
In order to observe unfolding of the fingerprints in sufficient numbers, their most probable unfolding force should
lie well below the most probable rupture force of the complex for the given loading rate.
Reprinted from Ott et al. [7] with permission from Elsevier. Copyright ©2016 Elsevier Inc.
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2. they provide predetermined increments in contour length which allows us to filter the
datasets for specific single-molecule interactions [5, 69–73].
This configuration yields several advantages: We now have the ability to study mechanical
stability of receptor-ligand pairs and unfolding of individual domains (i.e., the fingerprints)
in a single-experiment with high yield and specificity, eliminating measurement artifacts.
We also have a systematic and straightforward way to probe effects of pulling geometry on
receptor-ligand unbinding, and to compare native and non-native pulling configurations. The
gene design (i.e., N- or C-terminal fingerprint domains) directly reflects the conformation to be
investigated. Furthermore, a specific protein domain of interest can now easily be fused to a
mechanostable Coh-Doc receptor-ligand pair for characterization. Depending on the expected
domain unfolding forces, an appropriately fitting protein receptor-ligand pair can be chosen
from a wide range of well-characterized molecules (Table 1.1). We note that this table does
not include every receptor-ligand probed by AFM. For an extensive list of receptor-ligands
that were explored with AFM, see Lee et al. [50]. Currently, the mechanically most stable
receptor-ligand pair is a Coh-Doc type III complex derived from the ruminal bacterium R.
flavefaciens, with loading-rate dependent rupture forces between 600 to 800 pN [5, 72]. Another
interaction in a similar force range range is the trimeric titin-telethonin complex described by
Bertz et al. [74].
When designing such combined protein unfolding - receptor ligand dissociation experiments, special care has to be taken when selecting the appropriate fingerprint domains:
• In AFM single molecule force spectroscopy experiments, the cantilever sided fingerprint
should be able to refold on the timescale of a pulling cycle or the fingerprint will be lost
due to a limited number of molecular anchors on the cantilever.
• The distributions of fingerprint unfolding forces should fall in a force range such that
receptor ligand dissociation occurs only after all fingerprints have unfolded, i.e. there
is no significant overlap between the distributions of forces associated with fingerprint
unfolding and complex rupture.
If the latter criterion is not fulfilled, a successful experimental pulling cycle, i.e. a single
receptor ligand connection is established and mechanically dissociated, can have multiple
possible outcomes. For a receptor ligand system with one fingerprint, this situation is shown in
Fig. 1.2. In this scenario, the complex can either dissociate after fingerprint unfolding (Fig. 1.2,
upper path) or with the fingerprint intact (Fig. 1.2, lower path). Since fingerprint unfolding is
imposed as a selection criterion during data analysis, all events of the latter type are discarded.
This results in a downwards shift of the distribution of fingerprint unfolding forces, and depending on the pulling protocol - an upwards shift of the observed complex rupture forces. In
other words, the experimentally observed distributions for fingerprint unfolding and complex
rupture are mutually biased. This effect has first been used qualitatively by Jobst et al. [69]
(see Appendix E) to unambiguously identify two binding modes with different mechanical
stability in a type I cohesin dockerin system. In Chapter 5, a theoretical framework to extract
unbiased parameters of the underlying free energy landscapes governing fingerprint unfolding
or complex rupture from biased experimental data is presented and validated using a Monte
Carlo approach. The calculations are independent of the specific model used to theoretically
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Table 1.1: Overview of selected receptor-ligand pairs usable as specific handles for protein-based SMFS experiments. Rupture forces depend on immobilization sites for surface conjugation. Note that rupture forces can also
vary depending on probe spring constants and loading rates. Abbreviations: NHS: N-Hydroxysuccinimide; PEG:
poly(ethylene glycol); Mal: Maleimide; Cys: Cysteine; CoA: Coenzyme A; SFP: 4-phosphopantetheinyl transferase;
ybbR-tag: Peptide sequence DSLEFIASKLA; LF: Low force unbinding path; HF: High force unbinding path. For
the column ‘immobilization method’, the terminology X (Y) Z means: molecule X is attached to Z mediated by
enzyme Y.
Adapted from Ott et al. [7] with permission from Elsevier. Copyright ©2016 Elsevier Inc.
Sizes [kDa]

Dissociation
force [pN]

Immobilization
method

Attachment
(N/C)

References

Coh: Doc I

15.4/8.3

122.5 ± 18.5

C:C

Stahl et al. [73]

Coh: Doc III

21.6/26.2

606 ± 54

NHSPEG5000Mal/Cys
NHSPEG5000Mal/Cys
NHSPEG5000Mal/CoA (SFP)
ybbR
NHSPEG5000Mal/CoA (SFP)
ybbR
Gold-Cys
Biotinylated
BSA
BSA/NHSbiotin
Biotinylated
BSA
Pulldown via
NI-NTA
NHSPEG5000Mal/Cys
NHSPEG5000Mal/CoA (SFP)
ybbR
NHSPEG5000Mal/Cys
NHS-PEG6000

N:C

Schoeler et al. [72]

Protein
dles

han-

111 ± 30 (LF)

597 ± 67 (HF)

NiNTA: HIS6
Avidin: biotin

0.2/0.8
66 − 69/0.2

153 ± 57
160 ± 20

StrepTagII:
streptavidin
Streptavidin:
biotin
Calmodulin:
CBP
StepTagII:
monostreptactin

1.1/52.8

253 ± 20

52.8/0.2

200

16.7/1.1

16.5 ± 1.8

1.1/58.4

116

AntiGCN4 sFv:
GCN4(7P14P)

26.7/4.0

70

Antidigoxigenin:
digoxigenin

170/0.4

40

46

C:C

n.a.
n.a.

Verbelen et al. [75]
Florin et al. [60]

n.a.

Wong et al. [76]

n.a.

Rico and Moy [62]

n.a.

Junker and Rief [77]

C:C

Baumann et al. [78]

N:C

N:C

Morfill et al. [65]

n.a.

Neuert et al. [79]

1.4 Receptor ligand SMFS with fingerprints

Fingerprint
unfolds

9

Complex
ruptures

Fingerprint
intact,
complex
ruptures
Figure 1.2: Schematic of possible outcomes for receptor ligand dissociation with a single fingerprint and overlapping distributions for unfolding and complex dissociation. Analyzable data show fingerprint unfolding followed
by complex rupture (upper path). Due to the overlapping distributions for unfolding and rupture, complex rupture
with intact fingerprint is also possible (lower path).
Adapted from Schoeler et al. [80] with permission from the American Physical Society. Copyright ©2016 American
Physical Society.
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describe the distributions of forces associated with fingerprint domain unfolding and receptor
ligand dissociation.

1.5 Site-specific bioconjugation

1.5

11

Site-specific bioconjugation

Many polyprotein experiments rely on non-specific adsorption of polyproteins onto surfaces
(e.g., mica, gold). Receptor-ligand AFM-SMFS, however, requires covalent immobilization of the
two binding partners to the cantilever and surface in order to avoid clogging of the molecules on
the cantilever tip. Site-specific (i.e., residue specific) conjugation methods provide strict control
over the pulling geometry and will result in higher accuracy, precision and reproducibility,
compared to conjugation methods resulting in a multiplicity of possible linkage sites (e.g.,
amine-targeting). Fig. 1.3 provides an overview of established surface chemistry strategies. The
two linkage strategies applied in this work are listed below.

1.5.1

Cysteines

Cysteines are relatively rare in proteins, making them attractive as a point mutation residue. The
thiol side chain of cysteine is nucleophilic, and will spontaneously react with maleimide leaving
groups at neutral pH. It can be used to site-specifically attach proteins to poly ethylene glycol
(PEG) coated surfaces for receptor-ligand AFM-SMFS. Alternatively, engineered cysteines can
also be used as oligomerization sites to create disulfide-linked polyproteins, as was done for
green fluorescent protein (GFP) [81]. However, cysteine/thiol-based protein conjugation has a
number of drawbacks, including the tendency of cysteine-modified proteins to multimerize and
ultimately aggregate over time, and incompatibility with proteins displaying cysteines on their
surfaces in their wild-type form. Hence several other conjugation strategies were developed to
overcome this challenge. Most of the newer techniques rely on N- or C-terminal attachment
sites because the length of the requisite peptide tags or fusion domains makes inclusion into
internal sites of a folded protein domain more challenging.

1.5.2

ybbR/SFP

The ybbR-Tag is an 11 amino acid protein sequence that is enzymatically linked to coenzyme A
(CoA) by 4’-Phosphopantetheinyl Transferase (Sfp) enzyme [82–84]. The ybbR-tag has been
shown to be N- and C-terminally active. The tag can also be internally incorporated, if permitted
by the structure of the protein, however, proper folding is not guaranteed and must be evaluated
on a case-by-case basis.

1.5.3

Surface chemistry

The standard protein immobilization approach used for the experimental part of this thesis
follows the protocol described by Zimmermann et al. [85]. Amino-silanized glass slides and
cantilevers are functionalized with a hetero-bifunctional poly(ethylene glycol) (PEG) polymer
with an N-hydroxysuccinimide group and a maleimide group at opposing ends. PEG coating
provides a passivated surface that resists nonspecific protein adhesion, reducing background
and artifacts during measurement. The entropic elasticity behavior of PEG (i.e., persistence
length) is similar, although not equal to that of protein backbones, making it a suitable choice
for surface conjugation in AFM-SMFS, without interfering too strongly with data interpretation.
The maleimide group can then either be modified with CoA containing an inherent thiol
group to proceed with ybbR/SFP chemistry, or alternatively directly be reacted with a protein
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Coupling strategies

Reagents
SFP enzymemediated

Protein or peptide
with lysine

EDC/
[Sulfo]NHS

Carboxy-PEG-thiol

Non-specific
deposition
of polyprotein

Unspecific conjugation
Protein, peptide with
ybbR tag

Protein with
halo tag

Coenzyme A (thiol)

Thiol-PEG4chloroalkane

Protein or peptide
with cysteine

Gold / thiol
immobilization

Gold surface

Protein with
hAGT/SNAP Tag

Maleimide-PEG-NHS

Benzylguanine-PEG-amine

Amine
coupling

Carbodiimide

NH2

Gold or mica
surface

Site-specific conjugation

NH2

NH2

Aminosilane on glass

COOH

COOH COOH

Carboxysilane on glass

Figure 1.3: Surface chemistry and bioconjugation strategies for single-molecule force spectroscopy. The diagram
is by no means exhaustive and is roughly divided into site-specific conjugation methods that provide a single
anchoring point for proteins to surfaces/cantilevers (right), and unspecific conjugation methods that provide a
heterogeneity of loading configurations (i.e., a multiplicity of pulling points) (left).
Reprinted from Ott et al. [7] with permission from Elsevier. Copyright ©2016 Elsevier Inc.

domain displaying a reduced cysteine residue. The PEG incubation can be modified or extended
depending on the requirements of the linker and the end group.

1.6

Advances in measurement techniques

Current advances in measurement resolution, instrument stability and accessible dynamic
ranges open up new opportunities for measurements of biomolecules. Here we highlight recent
innovations aimed at improving quality and precision of AFM-SMFS measurements.

1.6.1

Time resolution in force spectroscopy

In general, the timescales relevant for protein un-/folding and the corresponding timescale
for thermally induced crossing of energy barriers are not fully detectable by common SMFS
techniques, which typically resolve slower than 50 µs. Early on, the importance of developing high-speed AFM imaging and force spectroscopy through miniaturization of cantilevers
with high resonance frequencies and low viscous drag coefficients was appreciated [86, 87].
Nonetheless, only recent studies were able to overcome timescale limitations to observe, for
example, extraordinarily slow protein misfolding transitions (∼ 0.5 ms) using optical tweezers
[88]. Furthermore, advanced statistical methods extended optical tweezers SMFS time resolution to the ∼ 10 µs range [89], and optimization of AFM cantilevers for SMFS has pushed the
limit toward resolution on the microsecond timescale [90]. These developments allow experimentally accessible ranges to approach the lower limits of fast folding transition dynamics
[91, 92], resolving short-lived intermediate states and yielding important insights into other
fast conformational dynamics.

1.6 Advances in measurement techniques

1.6.2

13

Bridging the timescale gap to steered molecular dynamics simulations

Recently, experimental measurements were brought into proximity [72, 93, 94] or even overlap
[95] with all atom steered molecular dynamics (SMD) simulations. Depending on the size and
thus complexity of the simulated system, it has so far been possible to achieve SMD simulation
timescales in the nanosecond to mid-microsecond range [96–98]. Rico et al. [99]developed a
high speed force spectroscopy AFM based on an Ando-type high speed imaging AFM [100], with
a high resonance frequency (600 kHz) miniature multilayer piezoelectric actuator (calibrated
before each experiment and run in open loop mode), and a short cantilever with a high
resonance frequency (550 kHz in liquid), and low viscous damping. This system was used to
record protein unfolding data at extremely high speeds. To reduce hydrodynamic drag, the
sample surface was tilted against the direction of the movement. With these improvements and
data acquisition in the megahertz range, they were able to record meaningful and interpretable
data at pulling speeds of up to 4000 µm s−1 , which is about 2 to 3 orders of magnitude faster
than conventional methods and starts overlapping with the range of SMD simulations [99].
Despite these successes, care must be taken because underdamped or ”ringing” cantilevers like
the ones used here are not in agreement with the basic assumptions of the traditional SMFS
framework, but can be overcome by custom cantilever optimization procedures at the cost of
time resolution [90].

1.6.3

Long-term stability and force precision

Sophisticated measurements of complex biological systems or single molecules often require
extraordinarily stable low-drift instruments, capable of continuous long-term data acquisition
to gain sufficient and reliable statistics. Active stabilization techniques were developed to
enable routine long-term stability and angstrom scale precision at room temperature for optical
trap setups: differential sample position was measured and regulated with two independently
stabilized and megahertz modulated lasers, backscattered on sample and probe, and recorded
separately on a single photodiode using lock-in amplifiers [101]. This method is deemed
applicable to surface-based and dual-beam optical traps, magnetic tweezers, AFM setups and
optical microscopy, including super-resolution techniques.
AFM cantilever long-term stability and force precision can be increased even further
by partially removing the reflective gold coating from the cantilever to dramatically reduce
cantilever bending caused by the bimetallic effect [102]. Stability and precision improvements,
which still retain high measurement bandwidths, enable and improve on picoscale force and
sub-nanoscale motion measurements of molecular properties and dynamics in various biological
systems. These may include groundbreaking investigations like the observation of single RNA
polymerase base pair stepping [103, 104], base pair unwinding of helicases [105] and prion
misfolding pathways [88, 106]. More details on long-term stability measurements and force
precision are covered in a recent review of Edwards and Perkins [107].
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Processing of data set
Contour length
transformation

Force [pN]

Contour
length

ii
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Distance [nm]

Contour length [nm]
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iii
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Figure 1.4: Assembly of contour length histograms for screening AFM-SMFS datasets. (A) Force-extension traces
are transformed into contour length space using an appropriate polymer elasticity model. The choice of the model
depends on the force range in focus. Typical elasticity models for this purpose include the worm-like chain (WLC)
at low force (< 150 pN), and the quantum-mechanically corrected freely rotating chain model (QM-FRC) at high
force (< 150 pN). (B) Following transformation, the data are plotted in force-contour length space (ii). Force and
contour length thresholds are applied and the data are histogrammed (projected onto contour length axis) with
an appropriate bin width, i.e. nanometer scale, to obtain the diagram in (iii). Each trace analyzed this way can
be searched for a specific contour length increment (distance between two peaks in the probability density vs.
contour length plot) corresponding to one of the fingerprints. To obtain a master histogram describing all the
observed increments in a dataset, individual histograms reflecting a specific unfolding pathway are aligned by
cross-correlation and offsetting along the contour-length axis (iv).
Reprinted from Ott et al. [7] with permission from Elsevier. Copyright ©2016 Elsevier Inc.

1.7
1.7.1

Theory and data analysis
The data analysis problem

Technical advances that greatly increase the throughput of AFM-SMFS measurements have
made automated data analysis protocols an essential requirement. In practice, researchers face
the problem of extracting meaningful single molecule signal from large datasets that contain an
abundance of unusable data. The use of well-defined fingerprint domains with known unfolding
patterns facilitates this procedure greatly. To avoid tedious and time-consuming manual sorting
of thousands of data traces, and potential introduction of bias into the data analysis procedure,
algorithms which identify the fingerprint unfolding length increments and classify the data
correspondingly have been developed and implemented with success [69, 108–110].

1.7.2

Polymer elasticity models and contour length transformations

Single molecule force measurements generally gain access to a protein’s extension x under a
given force. The stochastic nature of domain unfolding or complex dissociation under force
as well as the non-linear elastic behavior of the polymer backbone chain makes analysis in
force-extension space difficult. The same unfolding event is observed over a range of different
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positions in force-extension curves for multiple measurement cycles as shown in Fig. 1.4B i.
From a physicist’s point of view, mechanical stretching of an unfolded protein domain is
described by polymer elasticity models such as the worm-like chain (WLC) [111], the freely
jointed chain (FJC) [112], or the freely rotating chain (FRC) model [113]. These models contain
the free contour length L of the polymer, including surface tethers and unfolded protein
backbone, as a parameter. The free contour length is simply the length of the polypeptide
along the contour of the biopolymer chain, given a specific folding state (e.g., Fig. 1.4A). Under
a set of physically relevant constraints (L, x, F > 0, x < L), these elasticity models provide
one-to-one mappings from force-extension space into force-contour length space. The models
can be solved for the contour length parameter [71, 110], yielding an expression for the contour
length as a function of force and extension L (F , x ). This function can be used to transform
force-extension traces from constant speed or force clamp/ramp experiments into contour
length space (Fig. 1.4B ii). The calculated contour length then can be binned (Fig. 1.4B iii),
aligned, and subsequently averaged to precisely locate energy barriers (Fig. 1.4B iv) along
a protein’s unfolding pathway, and to classify data sets based on unfolding patterns. This
idea was first proposed by Puchner et al. [110] and has been successfully applied in multiple
AFM-SMFS studies [5, 69–71, 73, 114].
The WLC model accurately describes a protein’s stretching response for forces up to approximately 200 pN. While many protein unfolding or dissociation events take place well within
this force regime, some interactions like titin Ig domain unfolding [115], cohesin unfolding
[116], dissociation of skeletal muscle titin-telethonin bonds [74] or dissociation of cellulosomal
adhesion complexes [5, 72] exhibit much higher unfolding or rupture forces. To adequately
describe the elastic response of polymers in such high force regimes, models beyond the standard WLC are required. To address this shortcoming, Hugel et al. [117] developed quantum
mechanical corrections for polymer elasticity models to account for polypeptide backbone
stretching at high forces. These corrections can be applied to obtain the contour length at zero
force L 0 [110].
Livadaru et al. [113] proposed a more sophisticated model exhibiting three distinct regimes
for a protein’s stretching response as a function of the applied force F . It considers bonds of
length b, connected by a fixed angle γ . The torsional angles are not restricted. The stretching
behavior is then given by:
Fa
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where a = b (1−cos γ ) cos γ is the Kuhn length, and p = b | ln(cos2γ )| is the effective persistence
2
length. For AFM based SMFS, however, mainly the medium to high force regimes are relevant.
The medium force regime of protein stretching, roughly between 10 pN − 125 pN, exhibits
classical WLC stretching behavior, whereas the high force regime shows the behavior of a
discrete chain, where the stretching response is independent of the persistence length. This
model is most suitable for studying high force interactions, especially when combined with the
aforementioned quantum mechanical corrections for backbone stretching. It has been used to
analyze SMFS experiments described in Chapters 3 and 4.
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Theoretical framework

The theoretical framework for single molecule force spectroscopy relies on seminal work of
Bell [118] and was independently established by Evans and Ritchie [119] and Izrailev et al.
[120] and published in the same issue of the Biophysical Journal. Protein unfolding or receptor
ligand dissociation is modeled as diffusive crossing of a free energy barrier with height ∆G
and distance to the barrier ∆x, which is modulated by an external force. Assuming first order
kinetics, and a monotonically increasing external force, the distribution of unfolding or rupture
forces is given by:
*
k (F )
p (F ) =
exp ..−
F˙ (F )
,

ZF

k (F 0 ) +/
(1.2)
/
F˙ (F 0 )
0
where k (F ) is the force dependent off rate of the system, and F˙ (F ) is the force loading rate.
In this picture the distribution of forces is solely defined by these two quantities, where k (F )
is defined by the underlying free energy landscape and F˙ (F ) is dictated by the experimental
setup. Note that the force loading rate needs to be sufficiently slow such that intramolecular
relaxation occurs much faster than the force induced barrier crossing for this fundamentally
kinetic approach to remain valid [121, 122]. In the Bell [118] picture, the zero force off-rate
!
∆G
k 0 = ν 0 exp
(1.3)
k BT
dF 0

where ν 0 is the microscopic attempt frequency, is exponentially amplified under force and the
distance to the free energy barrier remains constant:
!
F ∆x
k (F ) = k 0 exp
(1.4)
k BT
This constant barrier position model leads to an analytical expression for the distribution of
unfolding or unbinding forces if a constant loading rate F˙ (F ) = F˙ is assumed:
!
!#
"
k0
∆x
k 0k BT
∆x
p (F ) =
exp
F−
exp
F −1
(1.5)
k BT
k BT
F˙
∆x F˙
In this model, the most probable rupture force can be found by formally setting
and solving for F :
!
k BT
∆x F˙
hF i =
ln
∆x
k 0k BT

d
dF p

(F ) = 0
(1.6)

Eq. (1.6) predicts a linear dependence of the most probable rupture force on the loading rate
and is commonly referred to as the Bell-Evans formula. While this model is still widely used in
the field of single molecule force spectroscopy, it has certain shortcomings which have been
addressed in a number of theoretical works. Most prominently, the constant barrier position
model assumes that the height of the energy barrier is reduced by −Fx, while its location ∆x
remains constant. Realistically, the distance to the transition state moves closer to the bound
state as the energy landscape is tilted by the external force. Dudko et al. [123] have extended
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this phenomenological picture by applying the Kramers theory [124] to different free energy
landscapes to obtain a more sophisticated expression for the force dependent off-rate:
k (F ) = k 0



1


 ν1 
∆G
ν
F
∆x
νF ∆x  ν −1
*1 − 1 −
+
1−
exp 
∆G
∆G
 k BT ,
-

(1.7)

The model parameter ν defines the single-well free-energy surface model used in the Kramers
approach (ν = 23 for linear-cubic and ν = 21 for cusp free-energy surface). For ν = 1 and
∆G → ∞ independent of ν , the phenomenological model (Eqs. (1.4) and (1.5)) is recovered.
Eq. (1.7) can in a next step be used in Eq. (1.2) to obtain the full distribution of forces for the
constant loading rate case:
"
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This result then yields an asymptotic expression for the mean rupture force hF i =
as a function of the loading rate [123, 125]:
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where γ = 0.577... is the Euler-Mascheroni constant. This non-linear dependence of the
mean rupture force on the logarithm of the loading rate has been observed in a number of
experimental studies (for a list of such data sets see Friddle et al. [122]). The Dudko-HummerSzabo model has for example been used to analyze high speed AFM data bridging the gap
between experiments and molecular dynamics simulations [95] and in Chapter 4 to analyze
joint experimental and computational studies. It has to be noted that the assumption of a
constant loading rate F˙ common to the aforementioned theoretical concepts is experimentally
only realized in a force ramp protocol [126]. However, velocity clamp, i.e. constant speed
measurements, is the experimentally more common pulling protocol. In constant speed pulling,
the force loading rate usually becomes a function of the applied force due to the presence of
molecular linkers with non-linear elasticity. The force dependent loading rate F˙ (F ) can be
calculated by applying a simple force balance:
v
1 ∂x
= +
F˙ k ∂F

(1.10)

where v, k, and x (F ) are the pulling speed, the spring constant of the harmonic pulling device,
and the force dependent extension of the linker, respectively. Eq. (1.10) can be used to obtain
an expression for F˙ (F ) by accounting for molecular linkers using an appropriate polymer
elasticity model. Dudko et al. [121] used Eq. (1.10) to derive the force dependent loading rate
for a worm-like chain linker (Eq. (4) in ref. [121]). For forces beyond the WLC regime, Eq.
(1.1) can be used to obtain an analogue expression given the high force stretching response
proposed by Livadaru et al. [113].
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Figure 1.5: Schematic depiction of an (un)folding energy landscape. The bound state of a protein receptor-ligand
complex can be thought of as a Brownian particle confined to a complex multidimensional energy landscape.
At equilibrium, the system can escape the bound state driven by thermal fluctuations. This escape can occur
along any pathway on the energy landscape. When measuring the thermal off-rate with bulk assays such as
surface plasmon resonance biosensors, a weighted average of all thermally accessible pathways is obtained. In
a single-molecule pulling experiment, however, a small subset of pathways is selected, which is defined by the
projection of the energy landscape onto the pulling coordinate as illustrated by paths 1-3. Caution is required
when comparing data obtained from single molecule techniques with bulk data. In cases where SMFS probes a
steep pathway with a high free energy barrier, the fitted zero-force off rate may greatly differ from values obtained
by bulk techniques. Path 4 illustrates the thermal escape (4b) versus the forced pathway across an additional
energy barrier (4a) by the AFM cantilever.
Reprinted from Ott et al. [7] with permission from Elsevier. Copyright ©2016 Elsevier Inc.

Although in both bulk and single molecule force measurements at common loading rates,
the unbinding process is thermally driven, caution is required when comparing their results.
At unbiased equilibrium, all thermally accessible pathways from the bound state are sampled
and the off rate is consequently measured as a weighted average. Single molecule force
measurements, however, select only a small subset of these pathways due to the defined pulling
geometry, as illustrated by paths 1-3 in Fig. 1.5. In cases where the energy landscape is highly
asymmetric and the pulling experiment probes a steep pathway, the off rates obtained from
single molecule vs. bulk measurements might differ greatly (see Fig. 1.5, paths 4a vs 4b). This
behavior is reflected in common place biochemical affinities vs. exceptional mechanical strength
along these unbinding pathways and is further discussed in Chapter 3.

1.8 Outlook
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Outlook

In the future, there remain several technical challenges that need to be addressed. One of the
limitations of AFM is that it covers a relatively high force range, yet there exist a multitude of
biological interactions in the low-force regime that are of interest. Further technical advances
in instrument design, cantilever fabrication, and feedback control might further improve force
resolution and thereby enable such experiments. A second area for improvement involves sample throughput and parallel screening. With the development of more elaborate, sophisticated
and well defined surface immobilization strategies and protein handles, significant gains in
throughput can be envisioned. Innovations of the chemistry in combination with efficient data
analysis protocols and state of the art instrumentation may pave the way towards in depth
study of complex, multi-domain protein systems.
These advances in experimental design and throughput would greatly benefit from refined
theoretical frameworks that account for parameters such as cantilever stiffness and dampening
whilst maintaining analytical tractability. Consequently, with improved methodology we
anticipate the community will be able to address an even wider range of questions about
mechanical adaptations of proteins and protein complexes in the future.
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Chapter

2

Molecular Dynamics Simulations
2.1

Introduction

Molecular dynamics simulations provide a means to study the dynamics of molecular systems
in silico. The dynamic evolution of a structure, e.g. from x-ray crystallography, is obtained by
solving Newton’s equation of motion for all atoms of the system
mi r̈i = −

∂
∂
U (r1 , r2 ...rN ) = − U (R)
∂ri
∂ri

(2.1)

where mi and ri are the mass and position of atom i, respectively, and U (R) is the potential
energy of the system, which is dependent on the positions of all atoms in the system. In practice,
Eq. (2.1) is numerically integrated using Verlet’s algorithm [127]. This method considers a
Taylor expansion of an atomic position ri (t ) with a time step δt forward and backward in time:
1
ri (t + δt ) ≈ ri (t ) + ṙi (t ) δt + r̈i (t ) δt 2
2
1
ri (t − δt ) ≈ ri (t ) − ṙi (t ) δt + r̈i (t ) δt 2
2

(2.2)
(2.3)

Addition of Eqs. (2.2) and (2.3) and reordering yields a recursive formula for the time evolution
of the system:
ri (t + δt ) ≈ 2ri (t ) − ri (t − δt ) + r̈i δt 2
(2.4)
Initially, every atom is assigned a random initial velocity ṙi drawn from a Maxwell-Boltzmann
distribution:
s
!3
!
m
mv 2
2
f (v) = 4πv
exp −
(2.5)
2πk BT
2k BT
and Eq. (2.2) is used to perform the first integration step.
Eq. (2.1) states that the entire dynamics of the system is described by the energy function
U (R), which is captured in so called force fields in molecular dynamics calculations. These force
fields, including the most commonly used CHARMM [128] field, combine a set of heuristic terms
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describing bonded interactions and terms depicting non-bonded interactions, i.e. van-der-Waals
and electrostatic interactions:
X
X
U (R) =
k b (b − b0 ) 2 +
kθ (θ − θ 0 ) 2
bonds

+

X

angles

kϕ (1 + cos (nϕ + δ )) +

+

kω (ω − ω0 ) 2
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X
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2
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! 12
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 R
qi q j
R min,ij 6 
min,ij

+
+
ϵ
−2

rij
 4πϵ0ϵM rij
 rij
non-bonded 
X

(2.6)

The first term in Eq. (2.6) describes oscillations of two bonded atoms about an equilibrium
bond length b0 with force constant k b . The second term describes bending oscillations of
three bonded atoms about their equilibrium bond angle θ 0 with an angular force constant kθ .
The third term accounts for dihedrals (or torsional rotations) with dihedral angle ϕ and force
constant kϕ , respectively, and multiplicity n and phase shift δ . The forth term describes out of
plane bending with an out of plane angle ω − ω0 with a corresponding force constant kω . The
Urey-Bradley term introduces a virtual bond between the first and third atom that are bonded
to a middle atom (think between the hydrogens in a water molecule). It is used on a case by
case basis, like the impropers term, to optimize force field predictions to data from vibrational
spectra [128]. Non-bonded interactions, namely van-der-Waals and electrostatic interactions,
are represented by a 12-6 Lennard-Jones and coulomb potential, respectively.
Molecular dynamics simulations have been referred to as a computational microscope
[129] since they provide insight into dynamic processes with atomistic detail, especially when
combined with structural information from experiments such as cryo electron microscopy
(EM) data. With the rise of supercomputers, impressive results have been achieved in recent
years. In 2006, Jayachandran et al. [130] reported the first all atom simulation of a complete
folding trajectory of the villin headpiece, a 36-residue α-helical protein. Only a few years
later, combined cryo EM and molecular dynamics studies were able to resolve a full atomistic
model of the mature human immunodeficiency virus-1 (HIV-1) capsid [131] and show how the
antibiotic erythromycin allosterically introduces translation arrest at bacterial ribosomes [132].
A comprehensive overview of molecular dynamics studies of macromolecular systems was
recently given by Perilla et al. [133].

2.2

Steered molecular dynamics

Steered molecular dynamics expand the computational toolbox by adding external forces to
molecular dynamics simulations. While in SMD the force protocol applied to a system is in
principle arbitrary, the most commonly used methods are constant velocity (CV) and constant
force (CF) pulling, since they are the most frequently used methods in experimental single
molecule force spectroscopy. Among the first reports of SMD were simulated unbinding studies
of biotin streptavidin [134] and biotin avidin [120]. Especially when combined with pulling data
from experiments, steered molecular dynamics can reveal unbinding or unfolding mechanisms
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with unparalleled detail. In Chapter 3, single molecule force spectroscopy and steered molecular
dynamics were combined to investigate the exceptional mechanostability of a cellulosomal
receptor ligand complex from the ruminal bacterium Ruminococcus flavefaciens.

2.3

Force propagation analysis

In Chapter 4 the type III cohesin dockerin complex studied in Chapter 3 was used as model
system to investigate the directional dependence of receptor ligand unbinding and to analyze
the paths along which an external force propagates through a molecular system. To this end,
a new analysis protocol for molecular dynamics trajectories was established that combines
thermodynamic fluctuation theory and tools from network based correlation analysis. A basic
result from thermodynamic fluctuation theory relates the correlation of fluctuations of atoms i
and j and the force Fi on atom i [135, 136]:
D

E
∂rj
∆ri ∆rTj = k BT
∂Fi

(2.7)

where ∆ri = ri (t ) − hri (t )i, and ri is the position of atom i. Eq. (2.7) supports an intuitive
result: Two atoms i and j will move in a correlated fashion due to an external force, if the
interaction potential between them is strong. Under such an external force, soft degrees of
freedom are expected to be ”stretched out” and the dynamics of the system are determined
by stiff paths through the molecule, i.e. force will propagate through a molecular structure
along these stiff paths. In chapter 4, a simple toy model of atoms of identical mass connected
by harmonic springs of different stiffnesses was used to validate this picture (Fig. 2.1A). The
NAMD [137] SMD [120] CV software package was used to pull on one of the green atoms
(Fig. 2.1B, arrow) while the second green atom (Fig. 2.1B, anchor) was fixed. The resulting
molecular dynamics trajectory was used to calculate a correlation matrix Cij based on the
Pearson correlation coefficient. The elements from this matrix were then used to weight the
connections between the atoms in the toy model (Fig. 2.1). The Pearson correlation coefficient
Cij is given by:
D
E
∆ri (t ) · ∆rj (t )
(2.8)
Cij = D
ED
E 1
2
2 2
∆ri (t ) ∆rj (t )
Combining Eqs. (2.7) and (2.8) yields:
Cij = k BT Tr

∂rj D 2 E D 2 E − 21
· ∆ri (t ) ∆rj (t )
∂Fi

(2.9)

Assuming an arbitrary potential Ui (r) of atom i, a Taylor expansion around the minimum (set
to be at zero w.l.o.g.) yields:
1
Ui (r) = 0 + rTi ∇U (0) + rTi H (0) ri + ...
| {z } 2

(2.10)

=0

where H (0) is the Hessian matrix evaluated at the potential minimum. Assuming Schwarz’
theorem holds for Ui (r), H (0) is a symmetric matrix and therefore has real eigenvalues and
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Figure 2.1: Force Propagation Analysis - toy model. (A) Simulated pattern of atoms depicted by spheres. Connecting lines between atoms represent harmonic springs with different stiffnesses (red: k, blue: 5k, yellow: 7.5k,
black: 10k). The green atom was fixed (anchor), while a second green atom was withdrawn at constant speed
(arrow). Black and yellow atoms and their adjacent springs where introduced to maintain the general shape of the
pattern. (B) Deformed sphere pattern at the end of the simulation. (C) Edges between nodes are weighted by the
corresponding correlation matrix elements. (D) The path with highest correlation of motion is shown in red.
Figure and caption adapted from Schoeler et al. [72] with permission from the American Chemical Society.
Copyright ©2015 American Chemical Society
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orthonormal eigenvectors. Hence, a change to the eigenbasis of H (0) is a rotation of the
coordinate system. In this new basis the Hessian is diagonal:
kx 0 0 0
*
H (0) → H (0) = . 0 ky 0 0 +/
0 kz 0 ,0
0

This yields a simple expression for the second order term in Eq. (2.10):

1
1
Ui (r0 ) = r0T H 0 (0) r0 =
kx 0 x 02 + ky 0y 02 + kz 0 z 02
2
2
Now we inspect the right hand side of equation (2.9):
h∆ri2 (t )i = hri2 (t ) − 2ri (t ) hri (t )i + hri (t )i2 i

(2.11)

(2.12)
(2.13)

In the harmonic approximation of the potential of atom i, hri (t )i = 0, and therefore h∆ri (t ) 2 i =
hri2 (t )i. In the basis of H 0 (0) this becomes:
hr0i2 (t )i = hxi0 (t ) 2 + yi0 (t ) 2 + zi0 (t ) 2 i = hxi0 (t ) 2 i + hyi0 (t ) 2 i + hzi0 (t ) 2 i

(2.14)

Applying the equipartition theorem to this result yields:
hxi0 (t ) 2 i =
And therefore:
h∆ri0

k BT
kx0 i

(2.15)

!
1
1
k BT
1
(t ) i = k BT 0 + 0 + 0 = 0
kxi kyi kzi
ki,eff
2

(2.16)

Plugging this result into Eq. (2.9), one finds:
1

−
−1
∂rj * k BT + 2 
Cij = k BT Tr
h∆rj (t ) 2 i 2
· 0
∂Fi , ki,eff Repeating the above steps for atom j yields the final result:
−1

−1

(2.17)

∂rj * k BT + 2 * k BT + 2
Cij = k BT Tr
· 0
(2.18)
0
∂Fi , ki,eff
- , k j,eff ∂rj q 0
0
(2.19)
= Tr
· ki,eff · k j,eff
∂Fi
These calculations illustrate how the Pearson correlation coefficient is indeed a suitable measure
for the identification of stiff, force bearing pathways through a biomolecular structure. For the
toy model, the path of highest correlation was identified using dynamical network analysis
[138], and expectedly turned out to be the path connected by the stiffest springs (Fig. 2.1).
The same methodology was then applied to the cohesin dockerin model system to study
force propagation pathways and their implications for mechanostability in different pulling
geometries. The results of this study are summarized in Chapter 4. In brief, it was found that
this system locally directs mechanical force across the binding interface at favorable angles in
cases where exceptional mechanostability is observed, as shown in a detailed and schematic
representation in Fig. 2.2. Whether this is a mechanism unique to cellulosomal receptor ligand
complexes or a more general mechanism for mechanostability will remain a question for further
research.
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A

Pulling axis

B

90°

Figure 2.2: Force Propagation Analysis - model cohesin dockerin system. (A) Network paths for the loaded
cohesin dockerin system. The thickness of the orange tube represents the number of suboptimal correlation paths
passing between two nodes. (B) Schematic model of force propagation across the Coh:Doc binding interface. Force
takes a path across the binding interface with large normal components to the unbinding axis.
Figure and caption adapted from Schoeler et al. [72] with permission from the American Chemical Society.
Copyright ©2015 American Chemical Society
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Results

Chapter

3

Mechanics of an ultrastable cellulosome
adhesion complex
Summary
Challenging environments have guided nature in the development of ultrastable protein complexes. Specialized bacteria produce discrete multi-component protein networks called cellulosomes to effectively digest lignocellulosic biomass. While network assembly is enabled by
protein interactions with commonplace affinities, we show that certain cellulosomal receptorligand interactions exhibit extreme resistance to applied force. Here, we characterized the
ligand-receptor complex responsible for substrate anchoring in the Ruminococcus flavefaciens cellulosome using single-molecule force spectroscopy and steered molecular dynamics
simulations. The complex withstands forces of 600-750 pN, situating it among the strongest
bimolecular interactions reported, equivalent to half the mechanical strength of a covalent
bond. Our findings demonstrate force activation and inter-domain stabilization of the complex,
and suggest that certain network components serve as mechanical effectors for maintaining
network integrity. This detailed understanding of cellulosomal network components can help
in the development of biocatalysts for production of fuels and chemicals from renewable
plant-derived biomass.

3.1

Introduction

Cellulosomes are protein networks designed by nature to degrade lignocellulosic biomass
[139]. These networks comprise intricate assemblies of conserved subunits including catalytic
domains, scaffold proteins, carbohydrate binding modules (CBMs), cohesins (Cohs), dockerins
(Docs), and X-modules (XMods) of unknown function. Coh:Doc pairs form complexes with high
affinity and specificity [140], and provide connectivity to a myriad of cellulosomal networks
with varying Coh-Doc network topology [141–143]. The most intricate cellulosome known
This Chapter was published by Schoeler et al. [5] in Nature Communications under a Creative Commons
CC-BY license
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to date is produced by Ruminococcus flavefaciens [144, 145] and contains several primary and
secondary scaffolds along with over 220 dockerin-bearing protein subunits [146].
The importance of cellulolytic enzymes for the production of renewable fuels and chemicals from biomass has highlighted an urgent need for improved fundamental understanding
of how cellulosomal networks achieve their impressive catalytic activity [147]. Two of the
mechanisms known to increase the catalytic activity of cellulosomes are proximity and targeting effects [148]. Proximity refers to the high local concentration of enzymes afforded by
incorporation into nanoscale networks, while targeting refers to specific binding of cellulosomes to substrates. Protein scaffolds and CBM domains are both critical in this context as
they mediate interactions between comparatively large bacterial cells and cellulose particles.
Since many cellulosomal habitats (e.g., cow rumen) exhibit strong flow gradients, shear forces
will accordingly stress bridging scaffold components mechanically in vivo. Protein modules
located at stressed positions within these networks should therefore be preselected for high
mechanostability. However, thus far very few studies on the mechanics of carbohydrate-active
proteins or cellulosomal network components have been reported[149].
In the present study we sought to identify cellulosomal network junctions with maximal
mechanical stability. We chose an XMod-Doc:Coh complex responsible for maintaining bacterial
adhesion to cellulose in the rumen. The complex links the Ruminococcus flavefaciens cell wall
to the cellulose substrate via two CBM domains located at the N-terminus of the CttA scaffold,
as shown in Fig. 3.1a. The crystal structure of the complex solved by X-ray crystallography
[4] is shown in Fig. 3.1b. XMod-Doc tandem dyads such as this one are a common feature
in cellulosomal networks. Bulk biochemical assays on XMod-Docs have demonstrated that
XMods improve Doc solubility and increase biochemical affinity of Doc:Coh complex formation
[150]. Crystallographic studies conducted on XMod-Doc:Coh complexes have revealed direct
contacts between XMods and their adjacent dockerins [4, 151]. Additionally, many XMods
(e.g., PDB 2B59, 1EHX, 3PDD) have high β-strand content and fold with N- and C-termini at
opposite ends of the molecule, suggestive of robust mechanical clamp motifs at work [152, 153].
These observations are all suggestive of a mechanical role for XMods.
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Figure 3.1: System overview. (a) Schematic of selected components of the R. flavefaciens cellulosome. The
investigated XMod-Doc:Coh complex responsible for maintaining bacterial adhesion to cellulose is highlighted in
orange. (b) Crystal structure of the XMod-Doc:Coh complex. Ca2+ ions are shown as orange spheres. (c) Depiction
of experimental pulling configuration I, with CBM-Coh attached to the cantilever tip and Xyn-XMod-Doc attached
to the glass surface.
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Results

We performed single molecule force spectroscopy (SMFS) experiments with an atomic force
miscroscope (AFM) to probe the mechanical dissociation of XMod-Doc:Coh. Xylanase (Xyn) and
CBM fusion domains on the XMod-Doc and Coh modules, respectively, provided identifiable
unfolding patterns permitting screening of large datasets of force-distance curves [71, 154].
Engineered cysteines and/or peptide tags on the CBM and Xyn marker domains were used to
covalently immobilize the binding partners in a site-specific manner to an AFM cantilever or
cover glass via poly(ethylene glycol) (PEG) linkers. The pulling configuration with Coh-CBM
immobilized on the cantilever is referred to as configuration I, as shown in Fig 3.1c. The reverse
configuration with Coh-CBM on the cover glass is referred to as configuration II. In a typical
experimental run we collected about 50,000 force extension traces from a single cantilever.
We note that the molecules immobilized on the cantilever and glass surfaces were stable over
thousands of pulling cycles.
We sorted the data by first searching for contour length increments that matched our
specific xylanase and CBM fingerprint domains. After identifying these specific traces (Fig.
3.2a), we measured the loading rate dependency of the final Doc:Coh ruptures based on bond
history. To assign protein subdomains to the observed unfolding patterns, we transformed the
data into contour length space using a freely rotating chain model with quantum mechanical
corrections for peptide backbone stretching (QM-FRC, Supplementary Note 2, Supplementary
Fig. 3.5) [113, 117]. The fit parameter-free QM-FRC model describes protein stretching at forces
greater than 200 pN more accurately than the commonly used worm-like chain (WLC) model
[110, 113]. The resulting contour length histogram is shown in Fig. 3.2b. Peak-to-peak distances
in the histogram represent contour length increments of unfolded protein domains. Assuming
a length per stretched amino acid of 0.365 nm and accounting for the folded length of each
subdomain, we compared the observed increments to the polypeptide lengths of individual
subdomains of the Xyn-XMod-Doc and Coh-CBM fusion proteins. Details on contour length
estimates and domain assignments are shown in Supplementary Table 3.1.
Unfolding patterns in configuration I showed PEG stretching followed by a three-peaked
Xyn fingerprint (Fig. 3.2a, top trace, green), which added 90 nm of contour length to the system.
Xyn unfolding was followed by CBM unfolding at ∼ 150 pN with 55 nm of contour length added.
Finally, the XMod-Doc:Coh complex dissociated at an ultra-high rupture force of ∼ 600 pN.
The loading rate dependence of the final rupture event for curves of subtype 1 is plotted in Fig.
3.2c (blue). The measured complex rupture force distributions are shown in Fig. 3.6.
Less frequently (35-40% of traces) we observed a two-step dissociation process wherein the
XMod unfolded prior to Doc:Coh rupture as shown in Fig. 3.2a, (middle trace, orange). In these
cases, the final dissociation exhibited a much lower rupture force (∼ 300 pN) than the preceding
XMod unfolding peak, indicating the strengthening effect of XMod was lost, and XMod was no
longer able to protect the complex from dissociation at high force. The loading rate dependency
of Doc:Coh rupture occurring immediately following XMod unfolding is shown in Fig. 3.2c
(gray).
In configuration II (Fig. 3.2a, bottom trace), with the Xyn-XMod-Doc attached to the
cantilever, the xylanase fingerprint was lost after the first few force extension traces acquired in
the dataset. This indicated the Xyn domain did not refold within the timescale of the experiment
once unfolded, consistent with prior work[71, 154]. CBM and XMod unfolding events were
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Figure 3.2: Experimental SMFS unfolding traces. (a) Unfolding fingerprints from pulling configuration I (curves 1
& 2) and configuration II (curve 3). The QM-FRC model (dashed lines) was used to estimate the contour lengths
of the unfolded modules. (b) Contour length histogram obtained from 127 force extension traces (Config. I).
The peak-to-peak increments correspond to Xyn, CBM and XMod amino acid sequence lengths. (c) Dynamic
force spectra for the final Doc:Coh complex rupture peaks obtained from 2122 force-extension traces. The blue
points show Doc:Coh ruptures that occurred with an intact XMod, while gray points show ruptures immediately
following XMod unfolding. Black circles and diamonds represent the most probable rupture force/loading rate
obtained by Gaussian fitting at each pulling speed. Error bars are ±1 standard deviation. Dashed lines are least
squares fits to the Bell-Evans model.

34

3. Mechanics of an ultrastable cellulosome adhesion complex

observed repeatedly throughout the series of acquired force traces in both configurations I and
II, indicating these domains were able to refold while attached to the cantilever over the course
of the experiment.
We employed the Bell-Evans model[155] (Supplementary Note 3) to analyze the final rupture
of the complex through the effective distance to the transition state (∆x) and the natural off-rate
(ko f f ). The fits to the model yielded values of ∆x = 0.13 nm and k off = 7.3 × 10−7 s−1 for an
intact Xmod, and ∆x = 0.19 nm and k off = 4.7 × 10−4 s−1 for the ”shielded” rupture following
XMod unfolding (Fig. 3.2c). These values indicate that the distance to the transition state is
increased following XMod unfolding, reflecting an overall softening of the binding interface.
Distances to the transition state observed for other receptor-ligand pairs are typically on
the order of ∼ 0.7 nm [154]. The extremely short ∆x of 0.13 nm observed here suggests that
mechanical unbinding for this complex is highly coordinated. We further analyzed the unfolding
of XMod in the Bell-Evans picture and found values of ∆x = 0.15 nm and k off = 2.6 × 10−6 s−1 .
The loading rate dependence for this unfolding event is shown in Fig. 3.7.
The exceptionally high rupture forces measured experimentally (Fig. 3.2) are hugely disproportionate to the XMod-Doc:Coh biochemical affinity, which at K D ∼ 20 nM [4] is comparable
to typical antibody-antigen interactions. Antibody-antigen interactions, however, will rupture
at only ∼ 60 pN at similar loading rates [156], while bimolecular complexes found in muscle
exposed to mechanical loading in vivo will rupture at ∼ 140 pN [157]. Trimeric titin-telethonin
complexes also found in muscle exhibit unfolding forces around 700 pN[74] while Ig domains
from cardiac titin will unfold at ∼ 200 pN [158]. The XMod-Doc:Coh ruptures reported here
fell in a range from 600 pN − 750 pN at loading rates ranging from 10 nN s−1 − 100 nN s−1 . At
around half the rupture force of a covalent gold-thiol bond [159], these bimolecular protein
rupture forces are, to the best of our knowledge, among the highest of their kind ever reported.
The covalent bonds in this system are primarily peptide bonds in the proteins and C-C and
C-O bonds in the PEG linkers. These are significantly more mechanically stable than the
quoted gold-thiol bond rupture force (∼ 1.2 nN) [160] and fall in a rupture force range > 2.5 nN
at similar loading rates. Therefore, breakage of covalent linkages under our experimental
conditions is highly unlikely. We note that the high mechanostability observed here is not the
result of fusing the proteins to the CBM or Xyl domains. The covalent linkages and pulling
geometry are consistent with the WT complex and its dissociation pathway. In vivo, the Coh is
anchored to the peptidoglycan cell wall through its C-terminal sortase motif. The XMod-Doc
is attached to the cellulose substrate through two N-terminal CBM domains. By pulling the
XMod-Doc from through an N-terminal Xyl fusion domain, and the Coh through a C-terminal
CBM, we established an experimental pulling geometry that matches loading of the complex
in vivo. This pulling geometry was also used in all simulations. The discontinuity between its
commonplace biochemical affinity and remarkable resistance to applied force illustrates how
this complex is primed for mechanical stability, and highlights differences in the unbinding
pathway between dissociation at equilibrium and dissociation induced mechanically along a
defined pulling coordinate.
To elucidate the molecular mechanisms at play that enable this extreme mechanostability,
we carried out all-atom SMD simulations. The Xyn and CBM domains were not modeled in
order to keep the simulated system small and reduce the usage of computational resources. This
approximation was reasonable since we have no indication that these domains significantly
affect the XMod-Doc:Coh binding strength [161]. After equilibrating the crystal structure [4],
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Figure 3.3: Analysis of binding interface and catch bond mechanism from SMD. (a) Surface plots for the main
interacting residues of Coh (left) and Doc (right). Hydrophobic residues are shown in gray, polar residues in green,
and negative and positive residues in red and blue, respectively. Both Coh and Doc exhibit a hydrophobic patch in
the center of the binding surface that is surrounded by polar and charged residues. (b) Rearrangement of binding
residues of Coh (blue) and Doc (red) under force. Following mechanical loading, an interdigitated complex is
formed that resembles teeth of a zipper. (c,d) Surface contact area of interacting residues of Coh (c) and Doc (d) in
the absence and presence of force. Residues forming prevalent hydrogen bonds are indicated with stars. (e) Total
contact surface area of Coh and Doc in unloaded and loaded conformations.

the N-terminus of XMod-Doc was harmonically restrained while the C-terminus of Coh was
pulled away at constant speed. The force applied to the harmonic pulling spring was stored
at each time-step. We tested pulling speeds of 0.25, 0.625 and 1.25 A ns−1 , and note that the
slowest simulated pulling speed was ∼4,000 times faster than our fastest experimental pulling
speed of 6.4 µm s−1 . This difference is considered not to affect the force profile, but it is known
to account for the scale difference in force measured by SMD and AFM [134, 162].
SMD results showed the force increased with distance until the complex ruptured for all
simulations. At the slowest pulling speed of 0.25 A ns−1 the rupture occurred at a peak force
of ∼ 900 pN, as shown in Supplementary Fig. 3.8 and Supplemental Movie 1. We analyzed
the progression and prevalence of hydrogen bonded contacts between the XMod-Doc and
Coh domains to identify key residues in contact throughout the entire rupture process and
particularly immediately prior to rupture. These residues are presented in Fig. 3.3a, c, d and
Supplementary Figs. 3.9 and 3.10. The simulation results clearly reproduced key hydrogen
bonding contacts previously identified[4] as important for Doc:Coh recognition (Supplementary
Fig. 3.9).
The main interacting residues are shown in Fig. 3.3a and b. Both Coh and Doc exhibit
a binding interface consisting of a hydrophobic center (gray) surrounded by a ring of polar
(green) and charged residues (blue, positive; red, negative). This residue pattern suggests the
hydrophilic side chains protect the interior hydrophobic core from attack by water molecules,
compensating for the flat binding interface that lacks a deep pocket. The geometry suggests a
penalty to unbinding that stabilizes the bound state. Further, we analyzed the contact surface
areas of interacting residues (Fig. 3.3b-e). The total contact area was found to increase due
to rearrangement of the interacting residues when the complex is mechanically stressed, as
shown in Fig. 3.3e and Movie S2. Doc residues in the simulated binding interface clamped
down on Coh residues upon mechanical loading, resulting in increased stability and decreased
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accessibility of water into the hydrophobic core of the bound complex (Fig. 3.3b). These results
suggest that a catch bond mechanism is responsible for the remarkable stability [163] under
force and provide a molecular mechanism which the XMod-Doc:Coh complex uses to summon
mechanical strength when needed, while still allowing relatively fast assembly and disassembly
of the complex at equilibrium. The residues that increase most in contact area (Fig. 3.33c, d)
present promising candidates for future mutagenesis studies.
Among the 223 Doc sequences from Ruminococcus flavefaciens, 6 subfamilies have been
explicitly identified using bioinformatics approaches [146]. The XMod-Doc investigated here
belongs to the 40-member Doc family 4a. A conserved feature of these Doc modules is the
presence of 3 sequence inserts that interrupt the conserved duplicated F-hand motif Doc
structure. In our system, these Doc sequence inserts make direct contacts with XMod in the
crystallized complex (Fig. 3.1), and suggest an interaction between XMod and Doc that could
potentially propagate to the Doc:Coh binding interface. To test this, an independent simulation
was performed to unfold XMod (Fig. 3.4). The harmonic restraint was moved to the C-terminus
of XMod so that force was applied from the N- to C-terminus of XMod only, while leaving Doc
and Coh unrestrained. The results (Fig. 3.4b) showed XMod unfolded at forces slightly higher
than but similar to the Xmod-Doc:Coh complex rupture force determined from the standard
simulation at the same pulling speed. This suggested XMod unfolding prior to Doc:Coh rupture
was not probable, but could be observed on occasion due to the stochastic nature of domain
unfolding. This was consistent with experiments where XMod unfolding was observed in
∼ 35 % − 40 % of traces. Furthermore, analysis of the H-bonding between Doc and XMod (Fig.
3.4d, red) indicated loss of contact as Xmod unfolded, dominated by contact loss between the 3
Doc insert sequences and XMod. Interestingly, XMod unfolding clearly led to a decrease in
H-bonding between Doc and Coh at a later stage (∼ 200 ns) well after XMod had lost most of its
contact with Doc, even though no force was being applied across the Doc:Coh binding interface.
This provided evidence for direct stabilization of the Doc:Coh binding interface by XMod. As
shown in Fig. 3.4e, the root mean squared deviation (RMSD) of Doc increased throughout the
simulation as XMod unfolded. Coh RMSD remained stable until it started to lose H-bonds with
Doc. Taken together this suggests that as XMod unfolded, Coh and Doc became more mobile
and lost interaction strength, potentially explaining the increase in ∆x from 0.13 nm − 0.19 nm
upon unfolding of XMod in the experimental datasets. Apparently the XMod is able to directly
stabilize the Doc:Coh interface, presumably through contact with Doc insert sequences that
then propagate this stabilizing effect to the Doc:Coh binding interface.
In summary, we investigated an ultrastable XMod-Doc:Coh complex involved in bacterial
adhesion to cellulose. While previously the role of XMod functioning in tandem XMod-Doc
dyads was unclear [4, 151], we show that XMod serves as a mechanical stabilizer and forceshielding effector subdomain in the ultrastable ligand-receptor complex. The Doc:Coh complex
presented here exhibits one of the most mechanically robust protein-protein interactions
reported thus far, and points towards new mechanically-stable artificial multi-component
biocatalysts for industrial applications, including production of second-generation biofuels.
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moving the harmonic restraint to the C terminus of XMod while the N terminus was moved at 0.625 A ns−1 . (a)
Surface representation of XMod-Doc:Coh complex with Doc insert sequences. Coh is shown in blue, Doc in red
and green (inserts), and XMod in yellow. (b) Force time trace of XMod unfolding. The domain starts to unfold
in several substeps starting at ∼ 400 pN. Snapshots at different time steps are labelled I-V and are shown in (c).
(d) Average number of hydrogen bonds between Doc:Coh (black) and XMod-Doc (red). XMod-Doc contact is
dominated by the insert sequences 1–3. (e) Root mean squared deviation (RMSD) of Doc (black) and Coh (red).

3.3
3.3.1

Methods
Site directed mutagenesis

Site-Directed Mutagenesis of Ruminococcus flavefaciens strain FD1 Chimeric Cellulosomal
Proteins. A pET28a vector containing the previously cloned R. flavefaciens CohE from ScaE
fused to cellulose-binding module 3a (CBM3a) from C. thermocellum, and a pET28a vector
containing the previously cloned R. flavefaciens XMod-Doc from the CttA scaffoldin fused to
the XynT6 xylanase from Geobacillus stearothermophilus [4] were subjected to QuikChange
mutagenesis [164] to install the following mutations: A2C in the CBM and T129C in the xylanase, respectively.
For the construction of the native configuration of the CohE-CBM A2C fusion protein Gibson Assembly [165] was used. For further analysis CohE-CBM A2C was modified with a
QuikChange PCR [166] to replace the two cysteins (C2 and C63) in the protein with alanine
and serine (C2A and C63S). All mutagenesis products were confirmed by DNA sequencing
analysis.
The XynT6-XDoc T129C was constructed using the following primers:
5’-acaaggaaggtaagccaatggttaatgaatgcgatccagtgaaacgtgaac-3’
5’-gttcacgtttcactggatcgcattcattaaccattggcttaccttccttgt-3’
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The CBM-CohE A2C was constructed using the following primers:
5’-ttaactttaagaaggagatataccatgtgcaatacaccggtatcaggcaatttgaag-3’
5’-cttcaaattgcctgataccggtgtattgcacatggtatatctccttcttaaagttaa-3’
The CohE-CBM C2A C63S was constructed using the following phosphorylated primers:
5’-ccgaatgccatggccaatacaccgg-3’
5’-cagaccttctggagtgaccatgctgc-3’

3.3.2

Expression and purification of cysteine-mutated Xyn-XMod-Doc

The T129C Xyn-XMod-Doc protein was expressed in E. coli BL21 cells in kanamycin-containing
media that also contained 2 mM calcium chloride, overnight at 16 ◦C. After harvesting, cells
were lysed using sonication. The lysate was then pelleted, and the supernatant fluids were
applied to a Ni-NTA column and washed with TBS buffer containing 20 mM imidazole and
2 mM calcium chloride. The bound protein was eluted using TBS buffer containing 250 mM
imidazole and 2 mM calcium chloride. The solution was dialyzed with TBS to remove the
imidazole, and then concentrated using an Amicon centrifugal filter device and stored in 50 %
(v/v) glycerol at ∼ 20 ◦C. The concentrations of the protein stock solutions were determined to
be ∼ 5 mg mL−1 by absorption spectrophotometry.

3.3.3

Expression and purification of Coh-CBM and mutated Coh-CBM
C2A C63S

The Coh-CBM C2A, C63S fusion protein was expressed in E. coli BL21(DE3) RIPL in kanamycin
and chloramphenicole containing ZYM-5052 media [167] overnight at 22◦ C. After harvesting,
cells were lysed using sonication. The lysate was then pelleted, and the supernatant fluids
were applied to a Ni-NTA column and washed with TBS buffer. The bound protein was eluted
using TBS buffer containing 200 mM imidazole. Imidazole was removed with a polyacrylamide
gravity flow column. The protein solution was concentrated with an Amicon centrifugal filter
device and stored in 50% (v/v) glycerol at −80◦ C. The concentrations of the protein stock
solutions were determined to be 5 mg/mL by absorption spectrophotometry.

3.3.4

Sample preparation

Cantilevers and cover glasses were functionalized according to previously published protocols
[71, 85]. Briefly, cantilevers and cover glasses were cleaned by UV-ozone treatment and piranha
solution, respectively. Levers and glasses were silanized using (3-aminopropyl)-dimethylethoxysilane (APDMES) to introduce surface amine groups. Amine groups on the cantilevers
and cover glasses were subsequently conjugated to a 5 kDa NHS-PEG-Mal linker in sodium
borate buffer. Disulfide-linked dimers of the Xyl-XMod-Doc proteins were reduced for 2 hours
at room temperature using a TCEP disulfide reducing bead slurry. The protein/bead mixture was
rinsed with TBS measurement buffer, centrifuged at 850 rcf for 3 minutes, and the supernatant
was collected with a micropipette. Reduced proteins were diluted with measurement buffer
(1:3 (v/v) for cantilevers, and 1:1 (v/v) for cover glasses), and applied to PEGylated cantilevers
and cover glasses for 1 h. Both cantilevers and cover glasses were then rinsed with TBS to
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remove unbound proteins, and stored under TBS prior to force spectroscopy measurements.
Site specific immobilization of the Coh-CBM-ybbR fusion proteins to previously PEGylated
cantilevers or coverglasses was carried out according to previously published protocols [168].
Briefly, PEGylated cantilevers or coverglasses were incubated with Coenzyme A (CoA) (20 mM)
stored in coupling buffer for 1h at room temperature. Levers or surfaces were then rinsed with
TBS to remove unbound CoA. Coh-CBM-ybbR fusion proteins were then covalently linked to
the CoA surfaces or levers by incubating with Sfp phosphopantetheinyl transferase for 2 hours
at room temperature. Finally, surfaces or levers were subjected to a final rinse with TBS and
stored under TBS prior to measurement.

3.3.5

Single molecule force spectroscopy measurements

SMFS measurements were performed on a custom built AFM [169] controlled by an MFP-3D
controller from Asylum Research running custom written Igor Pro (Wavemetrics) software.
Cantilever spring constants were calibrated using the thermal noise / equipartition method
[170]. The cantilever was brought into contact with the surface and withdrawn at constant speed
ranging from 0.2 µm s−1 − 6.4 µm s−1 . An x-y stage was actuated after each force-extension
trace to expose the molecules on the cantilever to a new molecule at a different surface location
with each trace. Typically 20,000–50,000 force-extension curves were obtained with a single
cantilever in an experimental run of 18-24 hours. A low molecular density on the surface
was used to avoid formation of multiple bonds. While the raw datasets contained a majority
of unusable curves due to lack of interactions or nonspecific adhesion of molecules to the
cantilever tip, select curves showed single molecule interactions. We filtered the data using a
combination of automated data processing and manual classification by searching for contour
length increments that matched the lengths of our specific protein fingerprint domains: the
xylanase (∼ 89 nm) and the CBM (∼ 56 nm). After identifying these specific traces, we measured
the loading rate dependency of the final Doc:Coh ruptures based on bond history.

3.3.6

Data analysis

Data were analyzed using slight modifications to previously published protocols [71, 110, 154].
Force extension traces were transformed into contour length space using the QM-FRC model
with bonds of length b = 0.11 nm connected by a fixed angle γ = 41° and assembled into
barrier position histograms using cross-correlation. Detailed description of the contour length
transformation can be found in the Supplementary Information and Supplementary Figure 3.5.
For the loading rate analysis, the loading rate at the point of rupture was extracted by
applying a line fit to the force vs. time trace in the immediate vicinity prior to the rupture peak.
The loading rate was determined from the slope of the fit. The most probable rupture forces
and loading rates were determined by applying Gaussian fits to histograms of rupture forces
and loading rates at each pulling speed.

3.3.7

Molecular dynamics simulations

The structure of the XMod-Doc:Coh complex had been solved by means of X-ray crystallography
at 1.97 A resolution and is available at the protein data bank (PDB:4IU3). A protonation analysis
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performed in VMD[171] did not suggest any extra protonation and all the amino acid residues
were simulated with standard protonation states. The system was then solvated, keeping also
the water molecules present in the crystal structure, and the net charge of the protein and
the calcium ions was neutralized using sodium atoms as counter-ions, which were randomly
arranged in the solvent. Two other systems, based on the aforementioned one, were created
using a similar salt concentration to the one used in the experiments (75 mM of NaCl). This
additional salt caused little or no change in SMD results.
The MD simulations in the present study were performed employing the NAMD molecular
dynamics package [137, 172]. The CHARMM36 force field [128, 173] along with the TIP3
water model [174] was used to describe all systems. The simulations were done assuming
periodic boundary conditions in the NpT ensemble with temperature maintained at 300 K
using Langevin dynamics for pressure, kept at 1 bar, and temperature coupling. A distance
cut-off of 11.0 A was applied to short-range, non-bonded interactions, whereas long-range
electrostatic interactions were treated using the particle-mesh Ewald (PME) [175] method. The
equations of motion were integrated using the r-RESPA multiple time step scheme [137] to
update the van der Waals interactions every two steps and electrostatic interactions every four
steps. The time step of integration was chosen to be 2 fs for all simulations performed. Prior to
the MD simulations all the systems were submitted to an energy minimization protocol for
1000 steps. The first two nanoseconds of the simulations served to equilibrate systems before
the production runs that varied from 40 ns − 200 ns in the ten different simulations that were
carried out. The equilibration step consisted of 500 ps of simulation where the protein backbone
was restrained and 1.5 ns where the system was completely free and no restriction or force was
applied. During the equilibration the initial temperature was set to zero and was constantly
increased by 1 K every 100 MD steps until the desired temperature (300 K) was reached.
To characterize the coupling between dockerin and cohesin we performed steered molecular
dynamics (SMD) simulations [120] of constant velocity stretching (SMD-CV protocol) employing 3 different pulling speeds: 1.25 A ns−1 , 0.625 A ns−1 , and 0.25 A ns−1 . In all simulations, SMD
was employed by restraining the position of one end of the XMod-Doc domain harmonically
(center of mass of ASN5), and moving a second restraint point, at the end of the Coh domain
(center of mass of GLY210), with constant velocity in the desired direction. The procedure is
equivalent to attaching one end of a harmonic spring to the end of a domain and pulling on the
other end of the spring. The force applied to the harmonic spring is then monitored during
the time of the molecular dynamics simulation. The pulling point was moved with constant
velocity along the z-axis and due to the single anchoring point and the single pulling point the
system is quickly aligned along the z-axis. Due to the flexibility of the linkers this approach
reproduces the experimental setup. All analyses of MD trajectories were carried out employing
VMD [171] and its plugins. Secondary structures were assigned using the Timeline plugin,
which employs STRIDE criteria [176]. Hydrogen bonds were assigned based on two geometric
criteria for every trajectory frame saved: first, distances between acceptor and hydrogen should
be less than 3.5 A; second, the angle between hydrogen-donor-acceptor should be smaller than
30°. Surface contact areas of interacting residues were calculated employing Volarea [177]
implemented in VMD. The area is calculated using a probe radius defined as an in silico rolling
spherical probe that is screened around the area of the dockerin exposed to the cohesin and
the also the cohesin area exposed to the dockerin.
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Figure 3.5: Assembly of contour length histograms. a Force-extension traces are transformed into contour length
space using a QM-corrected FRC model with parameters γ = 41°, and b = 0.11 nm. b In force-contour length
space, force and contour length thresholds are applied and the data are histogrammed with a bin width of 1 nm to
obtain the histogram in c. To obtain a master histogram, individual histograms reflecting a specific unfolding
pathway are cross-correlated and aligned by offsetting by the maximum correlation value.
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Figure 3.6: Complex rupture force histograms for pulling speeds ranging from 100 nm s−1 to 6400 nm s−1 . Pulling
speeds are indicated next to the histograms. Only traces with an intact XMod were taken into account (no XMod
unfolding observed, corresponding to Fig. 3.2, trace 1). At the slowest pulling speed data suggest the presence of a
lower rupture force population.
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Figure 3.7: Dynamic force spectrum for XMod unfolding obtained from 654 force-extension traces. The gray
points show single XMod unfolding events. Black circles represent the most probable rupture forces and loading
rates obtained by Gaussian fitting at each pulling speed. Error bars are ±1 standard deviation. The dashed line is a
least squares fit to the Bell-Evans model that yielded ∆x = 0.15 nm and k off = 2.6 × 10−6 s−1 .

Figure 3.8: Force distance trace obtained by SMD at a pulling speed of 0.25 A ns−1 . Force values at each time step
are shown in gray, with average force calculated every 200 ps in black. The inset is a snapshot of the XMod-Doc:Coh
complex immediately prior to rupture. XMod is shown in yellow, Doc in red and Coh in blue.

3. Mechanics of an ultrastable cellulosome adhesion complex
44

Residue number
Amino acid
Ca-binding loops & Doc inserts
Coh-binding, H-bonds
Coh-binding, hydrophobic
Coh-binding, electrostatic
Contacting Xmod
Non-bonded (NB) contacts
4IU3 equilibrated

Residue number
Amino acid
Ca-binding loops & Doc inserts
Coh-binding, H-bonds
Coh-binding, hydrophobic
Coh-binding, electrostatic
Contacting Xmod
Non-bonded (NB) contacts
4IU3 equilibrated

Ca-binding loop 1
2+

Ca

Calcium binding
H-bonding
Hydrophobic
Electrostatic

Helix 1

NB contactNB contact

Helix 3

Insert 1

Helix 4

Helix 2

Helix 5

Contacting Xmod

123 124 125 126 127 128 129 130 131 132 133 134 135 136 137 138 139 140 141 142 143 144 145 146 147 148 149 150 151 152 153 154 155 156 157 158 159 160 161 162 163 164 165 166 167 168 169 170 171 172 173 174 175 176 177 178 179 180
G
D
T
D
L
N
N
I
V
D
G
R
D
A
T
A
T
L
T
Y
Y A
A
T
S
T
D
G
K
D
A
T
T
V
A
L
S
P
S
T
L
V
G
G
N
P
E
S
V
Y
D
D
F
S
A
F
L
S

Contacting Xmod
NB contact

Ca-binding loop 2
2+

Ca

Calcium binding

Insert 2

Calcium binding

Hydrophobic

H-bonding

Electrostatic

Insert 3

Contacting Xmod

181 182 183 184 185 186 187 188 189 190 191 192 193 194 195 196 197 198 199 200 201 202 203 204 205 206 207 208 209 210 211 212 213 214 215 216 217 218 219 220 221 222 223 224 225 226 227 228 229 230 231 232 233 234 235 236 237 238 239 240
D
V
K
V
D
A
G
K
E
L
T
R
F
A
K
K
A
E
R
L
I D
G
R
D
A
S
S
I
L
T
F
Y
T
K
S
S
V
D
Q
Y
K
D
M
A
A
N
E
P
N
K
L
W D
I
V
T
G
D
A

Contacting Xmod
NB contact

Figure 3.9: Amino acid sequence and secondary structure elements of the Ruminococcus flavefaciens dockerin module. The table includes interactions with the Coh
and XMod domains identified in the PDB code 4IU3 crystal structure, PDBsum[178] and MD simulations.
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Figure 3.10: Hydrogen bond contacts between XMod-Doc (yellow and red surface, respectively) and Coh (blue
surface). The residues that have hydrogen bonds lasting for more than 10 % of the simulation time are represented
in a glossy surface. In the bottom of the figure the five most prevalent hydrogen bond interactions are presented.
The letter S or B indicate if the respective interaction is made by the amino acid side chain or backbone.
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Supplementary tables
Module
No. amino acids, NA
Folded length, L F [nm]
Expected increment, ∆LE [nm]
Observed increment, [nm]

Xylanase CBM X-module
260 (378)
159
117
6
2
7
89
56
36
90 ± 4
55 ± 3
34 ± 2

Cohesin
205
2
72
−

Dockerin
119
2
42
−

Table 3.1: Domain assignment of observed contour length increments. The expected contour length increment
(∆L E ) for each protein domain was calculated according to ∆L E = N A · 0.365 nm−L F , where L F is the folded length,
N A is the number of amino acids, and 0.365 nm [179] is the length per stretched amino acid. L F was measured for
Xyn, CBM, and XDoc:Coh from PDB structures 1R85, 1NBC, and 4IU3, respectively. For the Xyn domain, only
amino acids located C-terminal of the C129 mutation which served as attachment point are considered. Errors for
the observed increments were determined from Gaussian fits to the combined contour length histogram shown in
Fig. 3.2b.

Supplementary notes
Supplementary note 1: QM-FRC model for polymer elasticity
The freely rotating chain model [113] considers bonds of length b, connected by a fixed angle γ .
The torsional angles are not restricted. The stretching behavior in the FRC picture is given by
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γ

where a = b (1−cos γ ) cos γ is the Kuhn length, and p = b | ln(cos2γ )| is the effective persistence
2
length in the FRC picture.
To account for backbone elasticity of the polypeptide chain at high force, quantum mechanical ab-initio calculations can be used to obtain the unloaded contour length at zero force. A
polynomial approximation to these calculations can be used to obtain the unloaded contour
length at zero force L 0 :
!
!2
L
L
F = γ1
− 1 + γ2
−1
(3.2)
L0
L0
where the γ 1 = 27.4 nN, and γ 2 = 109.8 nN are the elastic coefficients reported for polypeptides
[117].
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Supplementary note 2: Bell-Evans model for mechanically induced receptor ligand dissociation
The Bell-Evans model was used to estimate the distance to the transition state (∆x) and the
natural off-rate (k off ) of individual rupture events:
hF i =

k BT
∆x · F˙
ln
∆x
k offk BT

(3.3)

where k B is Boltzmann’s constant, T is the temperature and F˙ is the loading rate at the point of
rupture.

Supplementary methods
Materials
Silicon nitride cantilevers (Biolever mini, BL-AC40TS-C2, Olympus Corporation) with a nominal spring constant of 100 pN/nm (25 kHz resonance frequency in water) were used. Circular
coverglasses, 2.4 cm in diameter, were obtained from Menzel Gläser (Braunschweig, Germany).
3-Aminopropyl dimethyl ethoxysilane (APDMES) was purchased from ABCR GmbH (Karlsruhe, Germany). NHS-PEG-Maleimide (5 kDa) was purchased from Rapp Polymer (Tübingen,
Germany). Immobilized TCEP Disulfide Reducing Gel was obtained from Thermo Scientific
(Pittsburgh, PA). The following standard chemicals were obtained from Carl Roth (Karlsruhe,
Germany) and used as received: tris(hydroxymethyl)aminomethane (TRIS, >99% p.a.), CaCl2
(>99% p.a.), sodium borate (>99.8% p.a), NaCl (>99.5% p.a.), ethanol (>99% p.a.), and toluene
(>99.5% p.a.). Borate buffer was 150 mM, pH 8.5. The measurement buffer for force spectroscopy
was Tris-buffered saline (TBS, 25 mM TRIS, 75 mM NaCl, pH 7.2) supplemented with CaCl2 to a
final concentration of 1 mM. All buffers were filtered through a sterile 0.2 µm polyethersulfone
membrane filter (Nalgene, Rochester, NY, USA) prior to use.

Protein sequences
Sequences of protein constructs used in this work are listed here. Domains as well as engineered
tags and residues are color-coded.
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Chapter

4

Mapping mechanical force propagation
through biomolecular complexes
Summary

Here we employed single-molecule force spectroscopy with an atomic force microscope (AFM)
and steered molecular dynamics (SMD) simulations to reveal force propagation pathways
through a mechanically ultrastable multi-domain cellulosome protein complex. We demonstrate
a new combination of network-based correlation analysis supported by AFM directional pulling
experiments, which allowed us to visualize stiff and soft paths through the protein complex along
which force was transmitted. The results implicate specific force-propagation architectures
non-parallel to the pulling axis that are advantageous for achieving high dissociation forces.

4.1

Introduction

Mechanical forces play a fundamental role in biological systems. Cells are able to sense and
respond to mechanical cues in their environment by, for example, modulating gene expression
patterns [180], reshaping the extracellular matrix [181], or exhibiting differential biochemical activities [182]. At the molecular level, these behaviors are governed by mechanically
active proteins. Such proteins are able to sense and respond to force by undergoing conformational changes [183], exposing cryptic binding sequences [184], acting synergistically with ion
channels [162], or modulating their function in a variety of ways [185–187].
Experimental methods including AFM single-molecule force spectroscopy (SMFS) allow
direct measurement of molecular mechanical properties. These studies have demonstrated the
importance of the shear topology involving parallel breakage of hydrogen bonds in providing
mechanical stability to protein folds [19, 188]. Many globular domains and protein complexes
also exhibit a directional dependence in unfolding mechanics, consisting of stiff and soft axes
[23–25, 189–192]. Pulling geometry can be defined by controlling the positions of the chemical
This Chapter was published by Schoeler et al. [72] in Nano Letters and adapted with permission from the
American Chemical Society. Copyright ©2015 American Chemical Society
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linkages between protein monomer units through a variety of bioconjugate techniques.
Primary sequences of mechanically active proteins are extremely diverse, essentially rendering them undetectable by conventional bioinformatics approaches. Yet, another computational
approach, namely molecular dynamics (MD), allow sampling of structural conformations of
large and frequently mechanostable protein complexes [193, 194]. Analysis of these conformations from MD trajectories have recently led to the development of network-based correlation
methods for investigating signal transmission and allosteric regulation in proteins [195–197].
In network models, local correlations of positional fluctuations in a protein are represented as a
web of inter-residue connections. Within such a network, the behavior of nodes that are highly
correlated and within close physical proximity can be analyzed to obtain the shortest path
between two network nodes (i.e., amino acids). This analysis helps to identify which connecting
residues are most important for intramolecular communication [197–199]. Examination of
multiple pathways, also known as suboptimal paths, within an acceptable deviation from the
optimal path helps to detect the web of nodes critical for transmission of information.
Among MD methods, steered molecular dynamics (SMD) simulations, in which external
forces are used to explore the response and function of proteins, have become a powerful tool
especially when combined with SMFS [162]. SMD has been successfully employed in a wide
range of biological systems, from the investigation of protein mechanotransduction [184, 200],
to permeability of membrane channels [201, 202], and the characterization of protein-receptor
interactions [5]. SMD simulations have also been used to study force propagation through
proteins by employing force distribution analysis (FDA) [203, 204]. In FDA, all pair-wise forces,
which are usually calculated in MD simulations, are stored in N × N matrices, where N is the
number of atoms [205]. These pair-wise forces can then be used to assess a protein’s response to
a mechanical or allosteric signal [206]. In the FDA approach, atoms under mechanical strain are
identified by subtracting forces of both loaded and unloaded states for each pair of interacting
atoms [204]. However, to achieve a sufficient signal to noise ratio, FDA will often require
exhaustive sampling of the conformational space [205, 207]. FDA therefore, requires more
computational resources than usual SMD studies, which are frequently already computationally
demanding. There is therefore a clear need for new analysis methods that enable visualization
of force propagation pathways from a single SMD trajectory.
Here we implemented a novel combination of SMD, network-based correlation analysis,
and thermodynamic fluctuation theory, supported by AFM-SMFS experiments to study force
propagation through a protein complex subjected to different pulling geometries. We chose
an ultrastable receptor-ligand interaction as a model system because of its remarkably high
mechanical stability [5], which effectively improves the signal-to-noise ratio. This complex
consists of two interacting protein domains called cohesin (Coh) and dockerin (Doc) that
maintain bacterial adhesion of Ruminococcus flavefaciens (Rf) to cellulosic substrates. Doc is
found within the same polypeptide chain as a stabilizing ancillary domain called X-module
(XMod), located N-terminally of Doc. Based on its position with the Rf cellulosomal network,
Coh is mechanically anchored in vivo at its C-terminal end to the cell surface. Our prior work
demonstrated that, when force is applied to the complex in the native configuration (i.e., Cterminal Coh, N-terminal XMod-Doc anchor points), the complex is extremely stable, exhibiting
high rupture forces of 600 pN − 750 pN at loading rates from 1 nN s−1 − 100 nN s−1 [5]. Since
the bulk equilibrium affinity of the complex is an unremarkable 20 nM [4], we hypothesized
that the high mechanostability was explained by a catch bond mechanism. AFM rupture force
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data and SMD simulations supported this prediction, where it was observed that the contact
surface area of the two proteins increased as mechanical force was applied.
To characterize the mechanisms behind Coh:Doc high stability, here we additionally pulled
the complex apart in a non-native configuration (i.e., N-terminal Coh, N-terminal XMod-Doc
anchor points). In the non-native pulling configuration, we found that the complex dissociated
along two competing pathways with very different mechanical characteristics.
Our new dynamic network analysis protocol reveals how different mechanical behaviors
are attributable to differences in the direction of force transmission across the binding interface.
Together, the experiments and simulations depict a simple physical mechanism for achieving
high complex rupture forces: the complex directs force along pathways orthogonal to the
pulling axis.

4.2

Single molecule pulling experiments and SMD

For SMFS experiments, XMod-Doc was produced as a fusion protein with an N-terminal
Xylanase (Xyn) domain. Coh was produced as either an N- or C-terminal fusion domain
with a carbohydrate binding module (CBM). These fusion domains were used for site specific
immobilization to a glass surface and AFM cantilever to achieve the two loading configurations
shown in Fig. 4.1A and further served as marker domains with known unfolding length
increments to validate single-molecule interactions and sort SMFS data traces [110].
For the native pulling configuration found in vivo, the CBM and XMod-Doc are loaded
from their C- and N-termini, respectively (Fig. 4.1A). A representative unbinding trace for the
native pulling configuration is shown in Fig. 4.1B. We measured the loading rate dependence of
complex rupture using both experimental and SMD datasets (unbinding trace from SMD shown
in Fig. 4.3A), and plotted them on a combined dynamic force spectrum (Fig. 4.1E). The linear Bell
model produced fit parameters for the effective distance to the transition state ∆x = 0.13 nm,
and the zero-force off rate k off = 7.3 × 10−7 s−1 . Both experimental and simulation data were
well described by a single Bell expression, despite the differences in loading rates between
experiments and simulation. This observation suggests that the application of force does not
significantly change ∆x for this particular configuration.
To test the influence of pulling geometry on mechanical stability, we performed SMFS
and SMD on the system where Coh was pulled from the opposite terminus (i.e., non-native
N-terminus, cf. Fig. 4.1A). Unlike the native pulling geometry, this configuration exhibited two
clearly distinct unbinding pathways that were characterized by different force ranges (high or
low) at which the complex dissociated. We refer to these pathways as non-native high force
(HF) (Fig. 4.1C) and non-native low force (LF) (Fig. 4.1D).
AFM data traces classified as non-native HF showed similar characteristics as those in the
native pulling configuration (cf. Fig. 4.1B,C,F). The non-native LF traces, however, exhibited a
markedly different unfolding behavior (Fig. 4.1D). Xyn unfolding (highlighted in orange) was
regularly observed, but CBM unfolding was only very rarely observed. The complex usually did
not withstand forces high enough to unfold CBM when rupturing along the non-native LF path.
Among non-native LF curves, we regularly found an additional contour length increment of
17 nm − 19 nm consistent with unfolding of ∼ 60 amino acids located at the N-terminus of Coh.
This unfolding occurred immediately following Xyn unfolding (Fig. 4.1D, red), or alternatively
prior to Xyn unfolding, or with a substep (Supporting Fig. 4.5). Taken together, it appears that
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Figure 4.1: Single molecule force spectroscopy and steered molecular dynamics of XMod-Doc:Coh in two pulling
configurations. (A) Crystal structure of the XMod-Doc:Coh complex (PDB 4IU3) with orange spheres marking the
termini where force was applied. (B) Experimental unfolding trace for the native pulling configuration at a pulling
speed of 1600 nm s−1 . The inset shows a schematic of the pulling geometry. Unfolding signatures of the Xyn and
CBM marker domains are marked in orange and green, respectively. (C) Experimental unfolding trace for the
non-native high force class obtained at a pulling speed of 700 nm s−1 . (D) Experimental unfolding trace for the
non-native low force class obtained at a pulling speed of 700 nm s−1 . The additional 17 nm − 19 nm contour length
increment attributed to N-terminal Coh unfolding is shown in red. (E) Dynamic force spectrum for XMod-Doc:Coh
unbinding in the native geometry obtained from experiment and simulations. Gray points and squares represent
the rupture force/loading rate pairs obtained from experiment and simulation, respectively. Black circles represent
the most probable rupture force/loading rate obtained from Gaussian fits to the experimental data at 6 pulling
speeds. The black square shows the mean rupture force and loading rate for the simulated rupture events. (F)
Rupture force histograms obtained at a pulling speed of 800 nm s−1 for the native (gray, n = 46) and non-native
high force class (red, n = 48). Fitted probability densities p (F ) are shown as solid black and red lines. Data for
both pulling configurations were obtained with the same cantilever to minimize calibration errors. (G) Dynamic
force spectrum for XMod-Doc:Coh unbinding in the non-native low force class obtained from experiments and
simulation. The same representation as in (E) is used. (H, I, J) Unloaded and loaded surface contact areas for the
different pulling geometries ((H) native, (I) non-native high force class, (J) non-native low force class)
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partial Coh unfolding from the N-terminus destabilizes the complex, causing lower rupture
forces (Fig. 4.1G).
The experimental rupture forces from the non-native HF class were indistinguishable from
those arising in the native configuration. To confirm this, we performed additional measurements where both Coh configurations were alternately probed with the same Xyn-XMod-Doc
functionalized cantilever (Supporting Fig. 4.6), eliminating inaccuracies introduced through
multiple cantilever calibration. Most probable rupture forces at a pulling speed of 800 nm s−1
of 606 pN and 597 pN for the native configuration and non-native HF class respectively were
determined in the Bell Evans model (Fig. 4.1F, Supporting Eq. 4.4), demonstrating that the
native and non-native HF classes are experimentally indistinguishable.
For the LF class, we analyzed the final complex rupture event and plotted the combined
dynamic force spectrum (Fig. 4.1G). Here, simulated and experimentally observed data were
not well described by a single Bell expression. In such cases non-linear models have been
developed to obtain kinetic and energetic information from dynamic force spectra [122, 123]. To
fit the combined data, we used the non-linear Dudko-Hummer-Szabo (DHS) model (Supporting
Eq. 4.5) and obtained values of ∆x = 0.42 nm and k off = 0.005 s−1 . The DHS model further
provides the free energy difference ∆G between the bound state and the transition state as
a fit parameter, which was found to be ∆G = 129 k BT . The model fit produced a distance to
transition that was much longer than observed for the native configuration. Independent SMD
simulations for the non-native pulling configuration were found to also lead to HF and LF
unbinding scenarios (see below, Fig. 4.4A and D, respectively).
The differential solvent contact area was calculated from SMD simulations to estimate the
inter-molecular contact area in the Doc:Coh complex. In the native configuration, the simulated
Doc:Coh contact area increased by 14% and 9% for Coh and Doc, respectively (Fig. 4.1H). For the
non-native HF class, the contact area increased by 11% and 12% for Coh and Doc, respectively
(Fig. 4.1I). In the non-native LF class, the contact area increased by only 7% for Coh, and
decreased by 3% for Doc (Fig. 4.1J). Evidently, an increased surface contact area for Doc in the
native and non-native HF pathways correlated with high mechanostability of the system.

4.3

Force propagation theory - a simple model

To further understand the observed unbinding pathways, we sought to identify paths through
the molecule along which the externally applied load propagates. From thermodynamic fluctuation theory [135, 136], it is known that the correlation of fluctuations of atoms i and j and the
force Fi on atom i are related through:
D

E
∂rj
∆ri ∆rTj = kBT
∂Fi

(4.1)

where ∆ri = ri (t ) − hri (t )i and ri is the position of atom i. The derivative on the right hand
side of Eq. (4.1) states that neighboring atoms i and j will move with high correlation due to
an external force Fi acting on atom i Dif the coupling
between them is strong. Hence, a given
E
T
element of a correlation matrix Mij = ∆ri ∆rj will be large in the case of a strong interaction
potential between i and j. When force is propagated through a molecule, soft degrees of freedom
will be stretched out along the path of force propagation, while stiff degrees become more
important for the dynamics of the system.
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Figure 4.2: Network analysis test simulation. (A) Simulated pattern of atoms depicted by spheres. Connecting
lines between atoms represent harmonic springs with different stiffnesses (red: k, blue: 5k, yellow: 7.5k, black: 10k).
The green atom was fixed (anchor), while a second green atom was withdrawn at constant speed (arrow). Black
and yellow atoms and their adjacent springs where introduced to maintain the general shape of the pattern. (B)
Deformed sphere pattern at the end of the simulation. (C) Edges between nodes are weighted by the corresponding
correlation matrix elements. (D) The path with highest correlation of motion is shown in red.

Consequently, paths with high correlation of motion describe the paths along which force
propagates through the system. To illustrate this behavior for a toy system, we employed
the NAMD [137] SMD [120] constant velocity protocol to a test pattern of identical spheres
connected with harmonic springs of different stiffness (Fig. 4.2A). The position of one sphere
was fixed during the simulation while another sphere on the opposite side of the structure was
withdrawn at constant velocity. The strained structure at the end of the simulation is shown in
Fig. 4.2B. We assigned weights to the lines between spheres according to the Pearson correlation
coefficient Cij (Supporting Eq. 4.6) between those network nodes (Fig. 4.2C). The Pearson
correlation coefficient differs from the left hand side of Eq. (4.1) by a normalization factor
D
ED
E − 1
∆ri2 (t ) ∆r2j (t ) 2 and was chosen to make our analysis mathematically more tractable.
For a detailed discussion on this choice of correlation measure, see Supporting Information.
In a harmonic potential approximation, the equipartition theorem can be applied to this
normalization factor resulting in the following expression for Cij :
∂rj q
Cij = Tr
· ki,eff · k j,eff
∂Fi

(4.2)


 −1
where ki,eff = k1x + k1y + k1z
and kxi is the curvature of the potential on atom i in the x
i
i
i
direction. For a full derivation, see Supporting Information. Eq. (4.2) illustrates how Pearson
correlation is a suitable measure to identify the stiff paths in our simple model. We then used
dynamical network analysis[138] to find the path of highest correlation (Fig. 4.2D). As expected
from Eq. (4.1), we found this path to be the one connected by the stiff springs.
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Figure 4.3: Force propagation through XMod-Doc:Coh in the native pulling configuration. (A) Unbinding trace
of XMod-Doc:Coh obtained from SMD at a pulling speed of 0.25 A ns−1 . The full trajectory is shown in gray. The
black line represents a moving average with a box size of 500 steps. The highlighted red areas denote the windows
where dynamic networks and contact areas were calculated. (B) Network paths for the unloaded system. The
thickness of the orange tube represents the number of suboptimal correlation paths passing between two nodes.
(C) Network paths for the loaded system. A detailed 2D representation of the pathway, highlighting the amino
acids present in the pathway, is shown in Fig. 4.9. (D) Schematic model of force propagation across the Coh:Doc
binding interface. Force takes a path across the binding interface with large normal components to the unbinding
axis.

4.4

Force propagation through XMod-Doc Coh complex

The simple pattern of spheres validated our general approach of using local correlations to
identify load-bearing pathways through networks. We next employed dynamical network
analysis to understand force propagation through the XMod-Doc:Coh complex.
The dynamic networks for the native configuration (unloaded and loaded) are shown in Fig.
4.3B and C, respectively. While the network shows multiple suboptimal paths in the unloaded
scenario, the loaded case exhibits a well defined main path along which force propagates
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Figure 4.4: Force propagation through XMod-Doc:Coh in the non-native pulling configuration. (A) Unbinding
trace of XMod-Doc:Coh in the non-native pulling configuration obtained from SMD at a pulling speed of 0.25 A ns−1 .
The full trajectory is shown in gray, the black line represents a moving average with a box size of 500. Note
that this computational pulling experiment revealed a high-force behavior. (B) Network pathways calculated
from dynamical network analysis for the non-native HF trajectory. A detailed 2D representation of the pathway,
presenting amino acid identification, is shown in Supporting Fig 4.10. (C) Schematic model of force propagation
across the Coh:Doc binding interface. Force takes a path across the binding interface with large normal components
to the unbinding axis. (D) Unbinding trace of XMod-Doc:Coh in the non-native pulling configuration obtained
from SMD at a pulling speed of 0.25 A ns−1 . The full trajectory is shown in gray, the black line represents a moving
average with a box size of 500. This computational pulling experiment revealed partial Coh unfolding that led to
LF behavior. (E) Network pathways for the non-native LF scenario. A detailed 2D representation of the pathway,
presenting amino acid identification, is shown in Supporting Fig. 4.11. (F) Schematic model of force propagation
across the Coh:Doc binding interface. Unlike in both HF scenarios, force propagates across the binding interface
mostly along the unbinding axis.

through the system. Interestingly, in the loaded configuration, force propagates through both
binding helices of Doc, which results in a force path with large normal components to the
unbinding axis close to the binding interface as illustrated in Fig. 4.3D. It was shown for another
ultrastable protein, namely silk crystalline units, that curving force paths distribute tension
through the entire system [204]. A strategy that assumes an indirect path would therefore
allow the system to have more time to absorb the tension from the applied force. The result
here supports the view that directing the force along a path with significant perpendicular
components to the pulling axis leads to high mechanical stability. In a simple mechanical
picture, a certain amount of mechanical work dW = F · ds is required to separate the two
binding interfaces by a distance ∆z and break the interaction. In this simplified picture, ds
points along the unbinding axis, whereas the force F is locally largely perpendicular to this
direction. Consequently, a larger force is required to break the interaction than in a scenario
where the force path would point along the unbinding axis.
To validate this picture, we repeated the same analysis for the non-native HF and non-
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native LF pathways. The HF simulation (Fig. 4.4A) exhibited only a small stretching of the
flexible N-terminal region of Coh and complex dissociation at approximately 800 pN and a
pulling distance around 10 nm. However, the LF case shown in Fig. 4.4D exhibited a stepwise
N-terminal Coh unfolding, dissociating at a force of about 480 pN at a pulling distance of about
25 nm. This behavior confirmed our assignment of the experimentally observed 17 nm − 19 nm
contour length increment to Coh unfolding up to residue 62 in PDB 4IU3.
While the experimental data did not show a detectable difference between the native
configuration and the non-native HF class, the propagation of force takes place along a different
pathway (Fig. 4.4B). For N-terminal Coh pulling, helix 3 of Doc is not involved in the propagation
of force as it is for the native geometry. In the native configuration, force propagated through
the center of Coh, while for non-native HF the path is shifted towards the side of the molecule.
Despite these differences, there is a common feature between the native and non-native HF
pathways. At the binding interface, the pathway again shows pronounced normal components
to the unbinding axis (cf. Fig.4.4C), suggesting that this feature is indeed responsible for the
exceptional mechanical strength observed for these two unbinding pathways.
Fig. 4.4E shows the force propagation pathway for the non-native LF class prior to rupture.
Due to the unfolding of the N-terminal Coh segment, the propagation of force is shifted even
further away from the central portion of Coh than for the non-native HF class. Interestingly,
force is propagated through the small helical segment of Coh (ALA167-GLN179), a portion of
the molecule that is not involved in force propagation for any of the other analyzed trajectories.
Unlike in the aforementioned scenarios, there is no pronounced tendency for normal force
components at the binding interface for the non-native LF class. In fact, the force is propagated
along a path largely parallel to the pulling axis (cf. Fig. 4.4F). In cases where force propagation
occurs parallel to the pulling axis, as in Fig. 4.4E, low mechanical stability was observed.
The aforementioned force propagation architecture along with the effect of increasing
contact surface area upon mechanical loading combine for elevated mechanostability of the
system. In cases where we observed an N-terminal Coh unfolding of 62 amino acids in the
non-native geometry, the system was no longer able to summon this mechanism, causing
dissociation at much lower forces.
Previously, our groups have reported on a family of mechanically stable protein ligand
receptor complexes that are key building blocks of cellulosomes [5, 70, 71, 154], the multienzyme complexes used by select anaerobic bacteria to digest lignocellulose. However, the
molecular origins of the stability of these complexes remained largely unclear. An initial clue
was obtained when, in a previous work, we were able to show that contact surface area of
the two proteins increased as mechanical force was applied [5]. In a different study [208],
coarse-grained MD simulations showed much smaller rupture forces at similar loading rates
both for native and non-native pulling than we report here. This disagreement is likely due
to the inability of the coarse-grained model to capture the rearrangement of amino acid side
chains observed here. As we demonstrated, force propagation calculation from network-based
correlation analysis helped in investigating the dramatic effect on the mechanical stability of
the Doc:Coh interaction when different pulling geometries are applied. Our methodological
approach, to the best of our knowledge, has never been applied even though network analysis
of SMD trajectories was performed before to probe the mechanism of allosteric regulation in
imidazole glycerol phosphate synthase [209].
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Conclusion

In summary, for both unbinding cases where we observed high mechanostability, we found
that across the binding interface, force propagated along paths with strong normal components
to the pulling direction. Such a behavior was not observed for the non-native LF class, where,
presumably due to N-terminal Coh unfolding, the system was no longer able to direct the
force across the binding interface at high angles. From these findings, we conclude that the
ultrastable complex formed by Coh and Doc achieves its remarkable mechanostability by
actively directing an externally applied force toward an unfavorable angle of attack at the
binding interface, consequently requiring more force to achieve a given amount of separation
along the pulling direction. Our results show that this mechanically stable complex uses an
architecture that exploits simple geometrical and physical concepts from Newtonian mechanics
to achieve high stability against external forces. The analytical framework derived here provides
a basis for developing a deeper understanding of the functioning of various mechanoactive
proteins that are crucial for physiologically relevant processes such as mechanotransduction,
cellular mechanosensing, and pathogenesis. Additionally, it could provide a design platform
for development of artificial mechanoactive systems with applications as tissue engineering
scaffolds or components in engineered nanomaterials.

4.6

Materials and methods

4.6.1

Site directed mutagenesis

We performed site-directed mutagenesis of Ruminococcus flavefaciens strain FD1 chimeric
cellulosomal proteins. A pET28a vector containing the previously cloned R. flavefaciens CohE
from ScaE fused to cellulose-binding module 3a (CBM3a) from C. thermocellum, and a pET28a
vector containing the previously cloned R. flavefaciens XMod-Doc from the CttA scaffoldin fused
to the XynT6 xylanase from Geobacillus stearothermophilus [4] were subjected to QuikChange
mutagenesis to install the mutations described in the prior paper [5]. All mutagenesis products
were confirmed by DNA sequencing analysis.

4.6.2

Expression and purification of cysteine mutated Xyn-XMod-Doc

The Xyn(T129C)-XMod-Doc protein was expressed in E. coli BL21 cells in kanamycin-containing
media that also contained 2 mM calcium chloride, overnight at 16 ◦C. After harvesting, cells
were lysed using sonication. The lysate was then pelleted, and the supernatant fluids were
applied to a Ni-NTA column and washed with TBS buffer containing 20 mM imidazole and
2 mM calcium chloride. The bound protein was eluted using TBS buffer containing 250 mM
imidazole and 2 mM calcium chloride. The solution was dialyzed with TBS to remove the
imidazole, and then concentrated using an Amicon centrifugal filter device and stored in 50%
(v/v) glycerol at ∼ 20 ◦C. The concentrations of the protein stock solutions were determined to
be ∼ 5 mg mL−1 by absorption spectrophotometry.
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Expression and purification of Coh-CBM and mutated Coh-CBM
C63S

The Coh-CBM (C63S) fusion protein was expressed in E. coli BL21(DE3) RIPL in kanamycin
and chloramphenicole containing ZYM-5052 media [167] overnight at 22 ◦C. After harvesting,
cells were lysed using sonication. The lysate was then pelleted, and the supernatant fluids
were applied to a Ni-NTA column and washed with TBS buffer. The bound protein was eluted
using TBS buffer containing 200 mM imidazole. Imidazole was removed with a polyacrylamide
gravity flow column. The protein solution was concentrated with an Amicon centrifugal filter
device and stored in 50% (v/v) glycerol at −80 ◦C. The concentrations of the protein stock
solutions were determined to be ∼ 5 mg mL−1 mg/mL by absorption spectrophotometry.

4.6.4

Sample preparation

Cantilevers and cover glasses were functionalized according to previously published protocols
[71]. Briefly, cantilevers and cover glasses were cleaned by UV-ozone treatment and piranha
solution, respectively. Levers and glasses were silanized using (3-aminopropyl)-dimethylethoxysilane (APDMES) to introduce surface amine groups. Amine groups on the cantilevers
and cover glasses were subsequently conjugated to a 5 kDa NHS-PEG-Mal linker in sodium
borate buffer. Disulfide-linked dimers of the Xyl-XMod-Doc proteins were reduced for 2 hours
at room temperature using a TCEP disulfide reducing bead slurry. The protein/bead mixture was
rinsed with TBS measurement buffer, centrifuged at 850 rcf for 3 minutes, and the supernatant
was collected with a micropipette. Reduced proteins were diluted with measurement buffer
(1:3 (v/v) for cantilevers, and 1:1 (v/v) for cover glasses), and applied to PEGylated cantilevers
and cover glasses for 1 h. Both cantilevers and cover glasses were then rinsed with TBS to
remove unbound proteins, and stored under TBS prior to force spectroscopy measurements.
Site specific immobilization of the Coh-CBM-ybbR fusion proteins to PEGylated cantilevers
or coverglasses was carried out according to previously published protocols [168]. Briefly,
PEGylated cantilevers or coverglasses were incubated with Coenzyme A (CoA) (20 mM) stored
in coupling buffer for 1h at room temperature. Levers or surfaces were then rinsed with TBS
to remove unbound CoA. Coh-CBM-ybbR fusion proteins were then covalently linked to the
CoA surfaces or levers by incubating with Sfp phosphopantetheinyl transferase for 2 hours
at room temperature. Finally, surfaces or levers were subjected to a final rinse with TBS and
stored under TBS prior to measurement.

4.6.5

Single molecule force spectroscopy measurements

SMFS measurements were performed on a custom built AFM controlled by an MFP-3D controller
from Asylum Research running custom written Igor Pro (Wavemetrics) software. Cantilever
spring constants were calibrated using the thermal noise / equipartition method. The cantilever
was brought into contact with the surface and withdrawn at constant speed ranging from
0.2 µm s−1 − 6.4 µm s−1 . An x-y stage was actuated after each force-extension trace to expose
the molecules on the cantilever to a new molecule at a different surface location with each
trace. Typically 20,000–50,000 force-extension curves were obtained with a single cantilever in
an experimental run of 18-24 hours. A low molecular density on the surface was used to avoid
formation of multiple bonds. While the raw datasets contained a majority of unusable curves
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due to lack of interactions or nonspecific adhesion of molecules to the cantilever tip, select
curves showed single molecule interactions with CBM and Xyn unfolding length increments.
We sorted the data using a combination of automated data processing and manual classification
by searching for contour length increments that matched the lengths of our specific protein
fingerprint domains: the xylanase (∼ 89 nm) and the CBM (∼ 56 nm). After identifying these
specific traces, we measured the loading rate dependency of the final Doc:Coh ruptures based
on bond history.

4.6.6

Data analysis

Data were analyzed using slight modifications to previously published protocols [71, 110, 154].
Force extension traces were transformed into contour length space using the QM-FRC model
with bonds of length b = 0.11 nm connected by a fixed angle γ = 41° and and assembled into
barrier position histograms using cross-correlation. For the loading rate analysis, the loading
rate at the point of rupture was extracted by applying a line fit to the force vs. time trace in the
immediate vicinity prior to the rupture peak. The loading rate was determined from the slope
of the fit. The most probable rupture forces and loading rates were determined by applying
probability density fits to histograms of rupture forces and loading rates at each pulling speed.

4.6.7

Molecular dynamics simulations

Connecting dynamics to structural data from diverse experimental sources, molecular dynamics
simulations allow one to explore off-equilibrium properties of protein structure complexes
in unparalleled detail [193]. More specifically, molecular dynamics simulations have always
been viewed as a general sampling method for the study of conformational changes [194]. The
structure of the XMod-Doc:Coh complex had been solved by means of X-ray crystallography
at 1.97 A resolution and is available at the protein data bank (PDB:4IU3). The system was then
solvated and the net charge of the protein and the calcium ions was neutralized using sodium
atoms as counter-ions, which were randomly arranged in the solvent. Total system size was
approximately 580k atoms. The MD simulations in the present study were performed employing
the molecular dynamics package NAMD [137, 172]. The CHARMM36 force field [128, 173] along
with the TIP3 water model [174] was used to describe all systems. The simulations were carried
out assuming periodic boundary conditions in the NpT ensemble with temperature maintained
at 300 K using Langevin dynamics for pressure, kept at 1 bar, and temperature coupling. A
distance cut-off of 11.0 A was applied to short-range, non-bonded interactions, whereas longrange electrostatic interactions were treated using the particle-mesh Ewald (PME)[175] method.
The equations of motion were integrated using the r-RESPA multiple time step scheme [137] to
update the van der Waals interactions every two steps and electrostatic interactions every four
steps. The time step of integration was chosen to be 2 fs for all simulations performed. The first
two nanoseconds of the simulations served to equilibrate systems before the production runs,
which varied from 0.2 µs − 1.3 µs in the different simulations. To characterize the coupling
between dockerin and cohesin, we performed SMD simulations [120] of constant velocity
stretching (SMD-CV protocol) with pulling speed of 0.25 A ns−1 . In all simulations, SMD was
employed by restraining the position of one end of the XMod-Doc domain harmonically, and
moving a second restraint point, at the end of the Coh domain, with constant velocity in the
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desired direction. The procedure is equivalent to attaching one end of a harmonic spring to the
end of a domain and pulling on the other end of the spring. The force applied to the harmonic
pulling spring is then monitored during the time of the molecular dynamics simulation. All
analyses of MD trajectories were carried out employing VMD [171] and its plugins. Surface
contact areas of interacting residues were calculated employing Volarea [177] implemented
in VMD. The area is calculated using a probe radius defined as an in silico rolling sphere that
is scanned around the area of the dockerin exposed to the cohesin and also the cohesin area
exposed to the dockerin. The Network View plugin [210] on VMD [171] was employed to
perform dynamical network analysis. A network was defined as a set of nodes, all α-carbons,
with connecting edges. Edges connect pairs of nodes if corresponding monomers are in contact,
and 2 nonconsecutive monomers are said to be in contact if they fulfill a proximity criterion,
namely any heavy atoms (nonhydrogen) from the 2 monomers are within 4.5 A of each other
for at least 75% of the frames analyzed. As suggested by Sethi et al. [138], nearest neighbors in
sequence are not considered to be in contact as they lead to a number of trivial suboptimal paths.
The dynamical networks were constructed from 20 ns windows of the total trajectories sampled


every 400 ps. The probability of information transfer across an edge is set as wij = −loд | Cij | ,
where Cij is the correlation matrix calculated with Carma [211]. Using the Floyd-Warshall
algorithm, the suboptimal paths were then calculated. The tolerance value used for any path
to be included in the suboptimal path was −loд (0.5) = 0.69. To calculate the relevance of
off-diagonal terms in the correlation matrix we employed Carma to calculate a correlation
matrix where x, y, z components of each atom were considered independently.

4.7

Protein sequences

Sequences of protein constructs used in this work are listed here. Domains as well as engineered
tags and residues are color-coded.

4.7.1

HIS-Xyn(T128C)-XDoc

X-module
Dockerin type III
Xylanase
Linker or extra residues
M
R
N
F
P
E
I
E
H
D
D

S
Y
S
A
M
R
A
V
I
V
R

H
K
I
K
V
Y
G
E
Q
S
L

H
N
V
A
N
K
I
P
I
M
F

H
E
A
N
E
D
D
K
G
Y
K

H
F
E
G
C
D
Y
R
W
G
L

H H K N A D S Y A K K P H I S A L
T I G A A V E P Y Q L Q N E K D V
N V M K P I S I Q P E E G K F N F E
M D I R F H T L V W H S Q V P Q W F
D P V K R E Q N K Q L L L K R L E
I K Y W D V V N E V V G D D G K L
I K V A F Q A A R K Y G G D N I K L
T A L Y N L V K Q L K E E G V P I
P S E A E I E K T I N M F A A L G L
W P P R A Y P T Y D A I P K Q K F
Y E K L S D K I S N V T F W G I A

N
Q
Q
F
T
R
Y
D
D
L
D

A
M
A
L
H
N
M
G
N
D
N

P
L
D
D
I
S
N
I
Q
Q
H

Q
K
R
K
K
P
D
G
I
A
T

L
R
I
E
T
W
Y
H
T
A
W

D
H
V
G
I
Y
N
Q
E
R
L

Q
F
K
K
V
Q
T
S
L
Y
D

62
S
D
S
A
T
N
D
L
A
A

4. Force propagation through biomolecular complexes
R
A
A
V
A
A
G
V
K
A

A
P
V
L
E
T
R
G
K
N

4.7.2

D
F
K
H
L
L
D
G
A
E

V
V
T
T
T
K
A
N
E
P

Y
F
Q
V
F
D
T
P
R
N

Y
G
Y
Y
G
A
A
E
L
K

D A N G N V V V D P N A P Y A
P D Y K V K P A Y W A I I D H
V E I E S V D G F Y F N T E D K
N E G Y T G D D G V A V V L R E
D A T P A N T Y K A V E N K F D
E G N D A T V T V Y I G L K G
T L T Y Y A A T S T D G K D A T
S V Y D D F S A F L S D V K V D
I D G R D A S S I L T F Y T K S
L W D I V T G D A E E E

K
K
F
Y
Y
D
T
A
S

V
V
D
E
E
T
V
G
V

E
V
T
S
I
D
A
K
D

K
P
A
E
P
L
L
E
Q

G
N
Q
P
V
N
S
L
Y

K
T
I
V
Y
N
P
T
K

G
V
K
D
Y
I
S
R
D

K
T
K
I
N
V
T
F
M

R G M T Y D L D P K D G S S A A T
A D A A G Q T V T V E F K V S G A
E R L E V V A T K T G A Y A K K
N G N G V F V A S G A D D D F G A
A K A G D V Y P I D V A Y Q W D P
G K L M Q A Y F F T Q G I K S S S
Y A D G Y I A I K A G E P G S V V
P P A T T I P P S D D P N A M A N
N P S D T T N S I N P Q F K V T
R Y Y Y T V D G Q K D Q T F W S
I T S N V K G T F V K M S S S T
T L E P G A H V Q I Q G R F A K
K S A S Q F V E W D Q V T A Y L N
P R S R H H H H H H G S L E V L
A

K
E
G
D
S
N
P
T
N
D
N
N
G
F

P
G
A
G
K
P
S
P
T
H
N
D
V
Q

V
K
A
V
G
S
T
V
G
A
A
W
L
G

L
Y
L
M
D
T
Q
S
S
A
D
S
V
P

E
A
E
W
L
D
P
G
S
I
T
N
W
D

V
T
D
T
F
E
V
N
A
I
Y
Y
G
S

T
T
S
V
T
Y
T
L
I
G
L
T
K
L

N
G
F
I
D

S
Q
V
Q
Q

I
K
K
G
V

N
D
M
R
T

P
Q
S
F
A

Q
T
S
A
Y

F
F
S
K
L

Coh-CBM(C2A,C63S)-HIS-ybbR

CohIII
CBM (C2A, C63S)
ybbR-Tag
Linker or extra residues
M
K
G
S
E
D
L
T
K
D
S
E
Q
E
E

G
K
Y
L
L
N
V
P
V
L
N
I
S
P
F

T
V
H
A
K
K
K
P
E
S
G
S
N
G
I

4.7.3

A
F
I
K
V
D
A
A
F
K
S
F
D
E
A

L
D
Y
A
P
S
N
T
Y
L
Y
T
Y
L
S

T
T
W
E
A
A
A
T
N
T
N
G
S
K
K

D
A
D
N
D
Q
T
K
S
L
G
G
F
L
L

CBM(T2C)-Coh-HIS

CBM (T2C)
CohIII
Linker or extra residues
M
K
W
T
N

C
V
C
N
D

N
T
D
N
W

T
N
H
A
S

P
T
A
D
N

V S G N L K V E F Y N S N P S D T
G S S A I D L S K L T L R Y Y Y T V
A I I G S N G S Y N G I T S N V K G
T Y L E I S F T G G T L E P G A H V
Y T Q S N D Y S F K S A S Q F V E

T
D
T
Q
W

4.8 Supplementary material
N
P
S
K
Y
D
Q
I
E

G
A
S
V
A
F
W
K
P

4.8

V
T
A
S
K
G
D
S
L

L
T
A
G
K
A
P
S
E

V
I
T
A
G
D
S
S
H

W
P
K
E
A
G
K
N
H

G
P
P
G
A
V
G
P
H

63

K E P G G S V V P S T Q P V T T
S D D P N A M A L T D R G M T Y
V L E V T K K V F D T A A D A A G
K Y A T T G Y H I Y W D E R L E V
L E D S S L A K A E N N G N G V F
M W T V E L K V P A D A K A G D V
D L F T D N K D S A Q G K L M Q
S T D E Y L V K A N A T Y A D G
H H H

P
D
Q
V
V
Y
A
Y

P
L
T
A
A
P
Y
I

A
D
V
T
S
I
F
A

T
P
T
K
G
D
F
I

T
K
V
T
A
V
T
K

K
D
E
G
D
A
Q
A

P
G
F
A
D
Y
G
G

Supplementary material

The Pearson correlation matrices of the Xmod-Doc:Coh complex before and after applying force
in the native pulling configuration are presented in Supplementary Figure S3 and S4, respectively.
For the unloaded complex, movements within Doc domain are seen to be highly correlated,
while XMod is seen to be divided into two anti-correlated sub-domains, one comprising the
β-sheet fragment close to the N-terminus (residues 5-15 and 45-66) and the other constituting
the rest of the domain. Intra-domain correlations of Coh exhibit more a complex pattern to
which both secondary (anti-parallel β-strands and β-sheet at the binding interface) and tertiary
structure (vicinity of C- and N-termini) contribute. Some of the inter-domain correlations in
the complex originate from spatial vicinity and direct interactions, specifically at the Doc:Coh
binding interface and at XMod contacts with Doc inserts. However, coupling between distant
parts of the complex is also present. For example, fluctuations of the non-binding part of Coh
are correlated with the N-terminal part of XMod and strongly anti-correlated with Doc domain.

4.8.1

Constant barrier distance model

The constant barrier distance model [120], also referred to as the Bell-Evans model [212], is
commonly used to estimate the distance to the transition state ∆x and the natural off-rate k 0 of
mechanically induced receptor ligand dissociation from single-molecule force spectroscopy
experiments. It predicts that the most probable rupture force hF i is linearly dependent on the
logarithm of the force loading rate [120]:
hF (r )i =

kBT
∆x · r
ln
∆x
k 0kBT

(4.3)

where kB is Boltzmann’s constant, T is the temperature and r is the loading rate at the point of
rupture.
The probability density distribution of rupture forces at given loading rate r in this model
is given as[120]:
"
#
k0
∆x
k 0 · kBT  k∆xT F
p (F ) =
exp
F−
e B −1
r
kBT
∆x · r

(4.4)
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Dudko-Hummer-Szabo model

The Dudko-Hummer-Szabo (DHS)[123, 213] model describes a non-linear dependence for the
most probable rupture force on loading rate:
(
"
!# ν )
kBT
kBTk 0 k∆GT +γ
∆G
hF (r )i =
1−
ln
e B
ν ∆x
∆G
∆xr

(4.5)

where ∆G is the free energy of activation and γ = 0.577 is the Euler-Mascheroni constant.
The model parameter ν defines the single-well free-energy surface model used (ν = 23 for
linear-cubic and 12 for cusp free-energy. For ν = 1 and ∆G → ∞ independent of ν the Eqs. (4.3)
and (4.4) are recovered.

4.8.3

Pearson correlation and covariance matrix

Validation
An N × N matrix of Pearson correlation coefficients Cij (Supporting Eq. S4) was calculated from
each atom’s x, y, z position throughout the simulation trajectory, which inherently ignores
off-diagonal elements of the atomic 3 × 3 submatrices Dmn
ij from the full normalized 3N ×
3N covariance matrix (i.e., correlations along orthogonal axes are neglected, see Supporting
Eqs. (4.7) and (4.8)) and Supporting Fig 4.12.
Although this quasi-harmonic approximation is commonly employed in correlation analysis
[198, 209, 210, 214–216], it is not a priori justified for complicated biomolecular interactions
[217]. To validate the use of Pearson correlations, we therefore first analyzed independently
the contributions from diagonal and off-diagonal elements of each 3 x 3 covariance submatrix
for each pair of α-carbons within the structure (Fig. 4.13A and B). Both with and without
applied force, the off-diagonal elements roughly follow Gaussian distributions centered around
a correlation value of 0. Interestingly, as force was applied, the standard deviation of the
distribution of off-diagonal correlation values decreased from σunloaded = 0.45 to σloaded = 0.29.
This indicated a lesser influence of off-diagonal elements on the highly (anti-)correlated motion
within the system under force (see Supporting Discussion 3). The diagonal elements of the
sub-matrices that are used for calculating the Pearson correlation values showed a dramatically
different behavior. Both in the unloaded and loaded state, the resulting distributions were
strongly shifted towards highly correlated motion, and the shape of the distribution remained
mostly unchanged after application of force. Since our analysis relies on the identification of
paths of highest correlation through proximate residues, the quasi-harmonic approximation
implied by the use of Pearson correlation is justified, especially for suboptimal pathway analysis.
The resulting distributions of on- and off-diagonal matrix elements of each covariance submatrix
for the loaded configuration HF class (Fig. 4.14A) and LF class (Fig. 4.14B) exhibited the same
characteristics as previously described for the native configuration, with off-diagonal elements
showing symmetric correlations around zero and diagonal elements showing highly correlated
motions.
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Supplementary equations
The Pearson correlation coefficient Cij used in our dynamical network analysis protocol is
given by:
D
E
∆ri (t ) · ∆rj (t )
Cij = D
(4.6)
ED
E 1
2
2 2
∆ri (t ) ∆rj (t )
where ∆ri (t ) = ri (t ) − hri (t )i.
The full 3N × 3N covariance matrix Mij for atoms i and j consists of 3 × 3 submatrices of
the form:
xy
Mijxx Mij Mijxz
D
E
*
yx
yy
yz +
∆ri (t ) ∆rj (t )T = Mij = .. Mij Mij Mij //
(4.7)
zx M zy M zz
M
ij ij
, ij
The full normalized correlation matrix is calculated from Mij :
Dmn
ij

Mijmn

=q
Mijmm Mijnn

(4.8)

Consequently, the Pearson correlation coefficient is calculated as the trace of the normalized
3 × 3 submatrices (Cij = Tr Dij ).
Derivation of main text equation (4.1)
Eq. 4.1 from the main text reads:
D

E
∂rj
∆ri ∆rTj = k BT
∂Fi

(4.9)

Eqs. (4.1) and (4.6) can be combined:
Cij = k BT Tr

∂rj D 2 E D 2 E − 21
· ∆ri (t ) ∆rj (t )
∂Fi

(4.10)

For an arbitrary potential Ui (r) of atom i, a Taylor expansion around the potential minimum
(set to be at 0) yields:
1
(4.11)
Ui (r) = 0 + rTi ∇U (0) + rTi H (0) ri + ...
| {z } 2
=0

where H (0) is the Hessian matrix evaluated at the potential minimum. Assuming Schwarz’
theorem holds for Ui (r), H (0) is a symmetric matrix and therefore has real eigenvalues and
orthonormal eigenvectors. Hence, a change to the eigenbasis of H (0) is a rotation of the
coordinate system. In this new basis the Hessian is diagonal:
kx 0 0 0
*
H (0) → H (0) = . 0 ky 0 0 +/
0 kz 0 ,0
0

(4.12)
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This yields a simple expression for the second order term in Eq. (4.11):

1
1
kx 0 x 02 + ky 0y 02 + kz 0 z 02
Ui (r0 ) = r0T H 0 (0) r0 =
2
2

(4.13)

Now we inspect the normalization of Cij :
h∆ri2 (t )i = hri2 (t ) − 2ri (t ) hri (t )i + hri (t )i2 i

(4.14)

In the harmonic approximation of the potential of atom i, hri (t )i = 0, and therefore h∆ri (t ) 2 i =
hri2 (t )i. In the basis of H 0 (0) this becomes:
hr0i2 (t )i = hxi0 (t ) 2 + yi0 (t ) 2 + zi0 (t ) 2 i = hxi0 (t ) 2 i + hyi0 (t ) 2 i + hzi0 (t ) 2 i

(4.15)

Applying the equipartition theorem to this result yields:
hxi0 (t ) 2 i =
And therefore:
h∆ri0

k BT
kx0 i

(4.16)

!
1
1
1
k BT
(t ) i = k BT 0 + 0 + 0 = 0
kxi kyi kzi
ki,eff
2

(4.17)

Plugging this result into Eq. (4.10), one finds:
∂rj * k BT +
Cij = k BT Tr
· 0
∂Fi , ki,eff
-

− 12



h∆rj (t ) 2 i

 − 21

(4.18)

Repeating the above steps for atom j yields the final result:
−1

∂rj * kBT + 2
Cij = k BT Tr
· 0
∂Fi , ki,eff
∂rj q 0
0
· ki,eff · k j,eff
= Tr
∂Fi
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* kBT +
0
, k j,eff -

− 12

(4.19)
(4.20)
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Figure 4.5: SMFS of the non-native low force curve class. A Typical unfolding fingerprints. All traces showed
a characteristic Xyn fingerprint (blue). A 17 nm − 19 nm increment corresponding to partial N-terminal Coh
unfolding (orange) occurs either prior to Xyn unfolding (traces 1-4), or just before complex rupture (trace 5). It
was observed as a single event (traces 1,3 and 5) or showed substructure (traces 2 and 4). B Traces were grouped
and assembled into contour length histograms. One or more of the unassigned increments combined into a
17 nm − 19 nm increment.
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Figure 4.6: Comparing the native geometry with the non-native high force class. Two exclude uncertainties in
cantilever calibration when comparing the native geometry with the non-native HF class, we immobilized both
Coh-CBM (native) and CBM-Coh (non-native) on two spatially separated spots on a single cover glass. These
spots where then alternately probed with the same Xyn-XMod-Doc functionalized cantilever.
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Figure 4.7: Heat maps of the Pearson Correlation coefficient (Ci j ) of the unloaded Xmod-Doc:Coh complex.
α-helices and β-strands are highlighted with brown and orange rectangles, respectively. Black circles indicate
binding residues from the Coh and Doc binding interface.
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Figure 4.8: Heat maps of the Pearson Correlation coefficient (Ci j ) of the Xmod-Doc:Coh complex loaded with
force in the native pulling geometry. α-helices and β-strands are highlighted with brown and orange rectangles,
respectively. Black circles indicate binding residues from Coh and Doc binding interfaces and orange circles
represent residues on the force propagation path.
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Figure 4.9: Force propagation pathway through the loaded XMod-Doc:Coh complex in the native pulling geometry
(N-terminal pulling of Xmod-Doc, C-terminal pulling of Coh) obtained from dynamical network analysis. Residues
belonging to Xmod, Doc and Coh are colored in yellow, red and blue, respectively. Connecting lines between
residues represent edges identified in our Network Analysis protocol and constitute the suboptimal paths between
the pulling points. Edge thickness represents the number of suboptimal paths going through the edge.

Figure 4.10: Force propagation pathway through the loaded XMod-Doc:Coh complex in the non-native pulling geometry (N-terminal pulling of Xmod-Doc,
N-terminal pulling of Coh) showing high-force unbinding characteristics and no C-terminal Coh unfolding. Residues belonging to Xmod, Doc and Coh are colored
in yellow, red and blue, respectively. Connecting lines between residues represent edges identified in our Network Analysis protocol and constitute the suboptimal
paths between the pulling points. Edge thickness represents the number of suboptimal paths going through the edge.
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Figure 4.11: Force propagation pathway through the loaded XMod-Doc:Coh complex in the non-native pulling
geometry (N-terminal pulling of Xmod-Doc, N-terminal pulling of Coh) showing low-force unbinding characteristics and partial N-terminal Coh unfolding. Residues belonging to Xmod, Doc and Coh are colored in yellow, red
and blue, respectively. Connecting lines between residues represent edges identified in our Network Analysis
protocol and constitute the suboptimal paths between the pulling points. Edge thickness represents the number
of suboptimal paths going through the edge.
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Figure 4.12: Full unnormalized covariance Matrix Mi j for a five atom system from which the full normalized
covariance matrix is calculated according to Eq. (4.8). On- and off-diagonal elements from one of the atomic
submatrices are highlighted in yellow and blue, respectively.
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Figure 4.13: Histograms showing contributions of diagonal and off-diagonal terms of the full covariance matrix
elements fulfilling proximity criteria for A, the native unloaded, and B the native loaded, scenario.
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Figure 4.14: Histograms showing contributions of diagonal and off-diagonal terms of the full covariance matrix
elements fulfilling proximity criteria for A, the non-native HF, and B the non-native LF, scenario.
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Figure 4.15: Structure-aligned sequences of six crystallized cohesins. Residues on the force propagation path are
highlighted in yellow. Arrows indicate binding residues. Residue conservation is color-coded from blue - lack of
conservation, to red - residue fully conserved. Crystal structures used: 4IU3 ScaE Rf FD-1, 2ZF9 ScaE Rf strain 17,
4N2O CohG Rf FD-1, 1ANU CohC2 CipC Ct, 1TYJ CohA11 ScaA Bc, 2B59 SdbA Ct.
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Figure 4.16: Structure and sequence conservation of the force propagation pathway residues in Coh. CohE from
the ScaE cell anchoring protein, Rf FD-1 used in this work (PDB 4IU3) is highlighted in green. Highly homologous
structures of CohE from Rf strain 17 (PDB 2ZF9) and Coh G from Rf FD-1 (PDB 4A2O) are colored in orange and
yellow, respectively. Residues lying in the force propagation path are shown as sticks. XDoc from the CttA Rf
FD-1 scaffold used in this work is shown in gray.
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Biasing effects of receptor ligand complexes
on protein unfolding statistics
Summary
Protein receptor ligand pairs are increasingly used as specific molecular handles in single
molecule protein unfolding experiments. Further, known marker domains, also referred to as
fingerprints, provide unique unfolding signatures to identify specific single molecule interactions, when receptor ligand pairs themselves are investigated. We show here that in cases where
there is an overlap between the probability distributions associated with fingerprint domain
unfolding and receptor-ligand dissociation, the experimentally measured force distributions are
mutually biased. This biasing effect masks the true parameters of the underlying free energy
landscape. To address this, we present a model-free theoretical framework that corrects for the
biasing effect caused by such overlapping distributions.

5.1

Introduction

Mechanical forces play an important role in many biological systems. Refolding of individual
titin domains is believed to assist in muscle contraction [218], stretching forces expose cryptic
binding sites involved in focal adhesions [219], and mechanically stable receptor-ligand pairs
govern the assembly of large extracellular machineries and adhesion of bacterial cells to
their cellulosic carbon sources [5, 73]. Single molecule pulling experiments with atomic force
microscopes [7], optical tweezers [220], or magnetic tweezers [221] have become widely used
techniques to study such phenomena at the single molecule level.
Due to the stochastic nature of domain unfolding, typical AFM experiments record many
thousands of data traces to obtain statistically meaningful results from single molecule pulling
experiments. To unambiguously identify the unfolding signals of a given protein domain of
interest, or the dissociation of a receptor-ligand system under external load, the resulting
This Chapter was published by Schoeler et al. [80] in Physical Review E and adapted with permission from the
American Physical Society. Copyright ©2016 American Physical Society
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datasets need to be filtered and specific, single molecule interactions must be identified.
To accommodate this need, the community has developed an elegant strategy to achieve
high yields of specific curves: In this approach, protein domains of interest are fused to a
receptor complex that serves as a specific handle in pulling experiments. This improves curve
yields and data fidelity by providing a specific molecular interaction handle to ’grab’ the protein
of interest. Thereby, the unfolding of individual domains and the dissociation of a receptor
ligand complex can be studied in a single experiment [5, 69, 70, 73, 78]. Also, using a known
protein domain in the fusion construct provides a unique unfolding pattern that can be used to
identify specific traces, when receptor ligand unbinding itself is studied. These domains are
then referred to as fingerprint domains [7].
In order for a curve to be unambiguously identified as constituting specific signal, it needs to
exhibit unfolding of all included fingerprint domains plus a specific receptor ligand dissociation
event. Throughout this letter we will refer to domains fused to a receptor ligand complex as
fingerprint domains for both scenarios, namely protein unfolding studies using receptor ligand
complexes as specific handles, as well as unbinding studies of receptor-ligand complexes of
interest, which use fingerprint domains for assistance in data filtering. We discuss the statistical
effects that arise when the respective force distributions for fingerprint domain unfolding
and receptor ligand complex rupture exhibit a finite overlap. We quantitatively show how
the statistical overlap between these two distributions affects the experimentally observable
unfolding and rupture force distributions. We provide a framework for extracting kinetic and
energetic information from the experimentally observed distributions that are corrected for
the biasing effects arising from such overlaps in a model free fashion.

5.2

Theoretical framework

The standard theoretical framework treats protein unfolding or bond dissociation as thermally
driven escape over a free energy barrier that is modulated by an external force F [118–121].
This description leads to a general expression for the distribution of unfolding or rupture forces
in a pulling experiment:
*
k (F )
p (F ) =
exp ..−
F˙ (F )
,

ZF
0

dF 0

k (F 0 ) +/
/
F˙ (F 0 )
-

(5.1)

where k (F ) is the force dependent off rate of the system, and F˙ (F ) is the force loading rate. In
the simplest picture[119, 120], the force dependent off rate is given by[118]:
!
F ∆x
(5.2)
k (F ) = k 0 exp
k BT
where k 0 and ∆x are the zero force off rate and distance to the free energy barrier, respectively.
For a constant force loading rate F˙ , and an off rate from Eq. (5.2), the integral in Eq. (5.1) can
be solved analytically (Fig. 5.1A). Dudko et al. [123] have used the Kramers theory [124] to
obtain a more sophisticated expression for the force dependent off rate, which accounts for the
specific shape of the free energy landscape. This approach also provides an analytical solution
to Eq. (5.1) for a constant loading rate and includes the height of the free energy barrier ∆G as
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(b)
Fingerprint
unfolds

Complex
ruptures

Fingerprint
intact,
complex
ruptures

Figure 5.1: (A) Overlapping distributions of fingerprint unfolding (blue) and complex rupture (green) for a
constant loading rate F˙ = 200 pN s−1 with fingerprint ∆x = 0.4 nm, and k 0 = 0.005 s−1 and complex parameters
∆x = 0.35 nm, and k 0 = 0.001 s−1 obtained by integrating Eq. (5.1) using Eq. (5.2). (B) Schematic of possible
outcomes for the situation in (A). Analyzable data show fingerprint unfolding followed by complex rupture (upper
path). Due to the overlapping distributions for unfolding and rupture, complex rupture with intact fingerprint is
also possible (lower path).

an additional parameter. Over the years, more theoretical models describing the distributions
for domain unfolding and receptor ligand dissociation have been developed [117, 122, 222–225]
that can be applied to experimentally measured force distributions.
Since a constant force loading rate is required to obtain an analytical solution for the
distribution of forces in a pulling experiment, force ramp measurements [126, 226], where
the external force is ramped linearly, are an elegant technique to study protein unfolding and
receptor ligand dissociation. In an experiment where a receptor ligand system is used to probe
the unfolding behavior of a protein fingerprint domain of interest, care has to be taken when
analyzing the resulting unfolding or rupture force distributions. If the probability distributions
for fingerprint domain unfolding and complex rupture are disjunct, i.e. the complex ruptures
at forces well above those required for fingerprint unfolding, the measured distributions are
unbiased and can be readily analyzed using a desired form of Eq. (5.1). If those distributions
have a substantial overlap (Fig. 5.1A), however, biasing effects have to be taken into account.
To pass the data analysis filter a given curve is required to exhibit both fingerprint unfolding and complex rupture (Fig. 5.1B, upper path), i.e. the complex must not rupture prior
to fingerprint unfolding (Fig. 5.1B, lower path). Consequently, the resulting distribution of
fingerprint unfolding forces will be shifted downwards towards lower forces. By the same
logic, experimentally observed distributions for receptor-ligand complex rupture forces will be
truncated at the lower end and shifted upwards toward higher forces in a constant loading rate
experiment. This biasing effect has been used qualitatively by Jobst et al. [69] to unambiguously
identify a redundant dual binding mode in a receptor ligand complex.
Here we treat this biasing effect quantitatively and calculate these effects independent of
the model used in Eq. (5.1). For overlapping distributions of fingerprint, pf (F ) , and receptor
ligand complex, pc (F ), the biased distribution of the fingerprint, p?f (F ), can be calculated by
multiplying the original distribution with the cumulative probability for the bond to rupture at

80

5. Fingerprint biasing

higher forces and renormalizing:
R∞
pf (F ) dF 0 pc (F 0 )
F

p?f (F ) =

η

(5.3)

where η is a normalization constant. Since pc ( f ) is normalized, Eq. (5.3) can be rewritten:
RF
pf (F ) *1 − dF 0 pc (F 0 ) +
0
,
p?f (F ) =
η
pf (F ) (1 − P c (F ))
=
η

(5.4)
(5.5)

where Pc (F ) is the cumulative distribution function of the complex rupture forces. The normalization constant η can be calculated by integrating over the numerator in Eq. (5.5):
η =1−

Z∞

dF pf (F ) Pc (F )

(5.6)

0

Intuitively, the biased fingerprint distribution is normalized by the ratio of curves that exhibit
fingerprint unfolding vs. all rupture events. The above calculations apply for both constant
loading rate and constant speed measurements. By the same logic, the biased distribution of
observed complex ruptures for a constant loading rate can be calculated as:
p?c (F ) =

pc (F ) Pf (F )
η

(5.7)

Both biased distributions for fingerprint unfolding, p?f (F ), and complex ruptures, p?c (F ), are
normalized by the same yield parameter η since both distributions are extracted from the
same curves in a given data set. For a mathematical proof, see Appendix 5.6.1. We note that
the biasing effect on complex rupture in the constant speed case is more difficult to quantify.
Since the additional contour length released upon fingerprint unfolding is not immediately
compensated for by a feedback on the force signal, there is a pronounced drop in force associated
with fingerprint unfolding giving rise to the characteristic sawtooth pattern in force extension
traces. Ignoring the finite relaxation time of the harmonic pulling device, the force will drop
from F 1 = F (x, L) to F 2 = F (x, L + ∆L) where the former describes the (non-linear) elastic
behavior of the pulling device and potential linker molecules, and ∆L is the additional contour
length released upon fingerprint unfolding. Whether or not the observed complex distribution
is biased, depends on the value of pc (F 2 ). For pc (F 2 ) ≈ 0, no biasing will occur, whereas
pc (F 2 ) > 0 will cause a biasing effect. In practice, ∆L is usually large enough to ensure complex
distributions are unbiased in constant speed experiments, leaving a substantial bias only on
the observed fingerprint distribution. A strategy to implement our correction procedure for
the constant speed protocol is proposed in Appendix 5.6.2.
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Figure 5.2: Force ramp simulation with F˙ = 200 pN s−1 , complex ∆x c = 0.4 nm, k 0,c = 0.002 s−1 and fingerprint
∆x f = 0.4 nm, k 0,f = 0.005 s−1 (η = 0.71). Histograms of the simulated fingerprint unfolding forces and complex
ruptures are shown in blue and green, respectively. Dashed blue and green lines are the unbiased fingerprint
unfolding and complex rupture force distributions, respectively. Biased unfolding and complex rupture force
distributions for the fingerprint and complex calculated from Eqs. (5.5) and (5.7) are shown as solid blue and green
lines, respectively.
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Monte Carlo simulations

To validate our results, we used a Monte Carlo approach to simulate fingerprint domain unfolding in combination with receptor ligand dissociation in a constant loading rate protocol. Our
simulation routine is similar to the approach described in ref. [227] and uses the phenomenological model due to its analytical tractability. Briefly, we integrate Eq. (5.2) over a time step ∆t,
˙ to obtain probabilities pu and pr for fingerprint unfolding and complex
where F = F (t ) = Ft,
rupture, respectively. These probabilities are compared to independent random numbers n u
and n r between zero and unity. If pu < n u and pr < n r , fingerprint and complex remain intact
and the next iteration is started. If pu > nu and pr < nr the corresponding force is noted as the
fingerprint unfolding force and the next iteration is started with only the complex intact. The
simulation then continues until pr > n r and the corresponding force is noted as the complex
rupture force. If pu < n u and pr > n r or pu > n u and pr > n r , the complex ruptured prior to
fingerprint unfolding or at the same time, and an experimental curve would be unanalyzable
and filtered out during the data analysis procedure.
Results from a Monte Carlo simulation at constant loading rate F˙ = 200 pN s−1 with
overlapping distributions for fingerprint unfolding and complex rupture are shown in Fig. 5.2.
N = 10000 traces were simulated and the observed fingerprint domain unfolding forces and
receptor-ligand complex rupture forces were histogrammed. We only analyzed curves that
showed both fingerprint unfolding and complex rupture to mimic experimental conditions.
As expected, both fingerprint unfolding and complex rupture distributions (blue and green
histograms in Fig. 5.2) are shifted from the unbiased input distributions (shown as blue and green
dashed lines in Fig. 5.2). The biased results are well described by our theoretical predictions,
which are shown as green and blue and green solid lines in Fig. 5.2. To illustrate the potential
errors that can occur from not accounting for the fingerprint biasing effect, we used the
uncorrected distribution (Eq. (5.1)) to fit the biased fingerprint domain unfolding and complex
rupture histograms and compared the resulting fit parameters ∆x fit and k 0,fit with the unbiased
input parameters (Table 5.1). We found that for fingerprint domain unfolding, ∆x is hardly
affected, while k 0 is overestimated by 30 %. For complex rupture ∆x is overestimated by 29 %
due to the smaller width of the biased distribution, while k 0 is underestimated by over an order
of magnitude. If the unbiased parameters for the complex distribution are known from a control
experiment, our predicted biased distributions can be used to fit the experimental data to obtain
unbiased values for the fit parameters pertaining to the fingerprint or vice versa. Alternatively,
a global fitting procedure can be applied to both biased distributions for constant loading rate
data to obtain unbiased fit parameters without prior knowledge of either distribution. Using
this approach, we obtained global fit parameters that were within 6 % of the input parameters
Table 5.1: Input vs. fit parameters of simulation shown in Fig. 5.2. For these parameters, the yield parameter
equals η = 0.71. Initially, the simulated distributions were fit with the uncorrected distributions (k 0,fit and ∆x fit ). To
correct for the biasing effects, both fingerprint and complex data were fit with their respective biased distributions
(Eqs. 5.5 and 5.7) in a global fitting procedure to obtain the corrected parameters k 0,global and ∆x global .

Fingerprint
Complex

f g
k 0,in s−1

f g
k 0,fit s−1

f g
k 0,global s−1

∆x in [nm]

∆x fit [nm]

∆x global [nm]

5.0 × 10−3
2.0 × 10−3

(6.6 ± 0.2) × 10−3
(0.1 ± 0.1) × 10−3

(4.7 ± 0.4) × 10−3
(1.9 ± 0.2) × 10−3

0.40
0.40

0.40 ± 0.01
0.53 ± 0.01

0.40 ± 0.01
0.40 ± 0.01
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Complex

Fingerprint

Figure 5.3: Biasing of fingerprint unfolding and complex rupture forces as a function of the theoretical yield of
curves exhibiting fingerprint unfolding η. Data points show relative mean biased unfolding force hF ib / hF iub ,
fingerprint and complex data are shown in blue and green, respectively. For the fingerprint data, parameters were
held constant at ∆x f = 0.4 nm and k 0,f = 0.005 s−1 while the complex distribution was shifted by maintaining
∆x c = 0.4 nm and varying the off rate. For the complex data, ∆x c = 0.4 nm and k 0,c = 0.005 s−1 were held constant
and the fingerprint distribution was shifted by maintaining ∆x f = 0.4 nm and varying the off rate. Dashed lines
are predictions based on Eq. (5.9) and (5.10).

(cf., Table5.1).

5.4

Special case: equal potential widths

In Fig. 5.3 we quantify the magnitude of the biasing effect by numerically calculating the
relative mean biased unfolding
force ofR the fingerprint (blue symbols) and complex (green
R
∗
symbols) hF ib / hF iub = dF Fpf/c (F ) / dF Fpf/c (F ) as a function of the theoretical ratio of
curves exhibiting fingerprint unfolding prior to receptor-ligand complex rupture, η (Eq. (5.6).
For analytical tractability we chose the special case ∆x c = ∆x f . With this simplification we find
for the fingerprint:
!
BT k 0,f
k BTk 0,f
k BT k∆x
r
η
e f E1
(5.8)
hF ib =
∆x f
∆x frη

−γ 
where E 1 (x ) is the exponential integral. Using e x E 1 (x )  ln 1 + e x we can produce an
analytical approximation for the relative mean biased unfolding force for the aforementioned
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special case:


r ∆x f −γ
k 0,fk BT e η



ln 1 +
hF ib



hF iub
r ∆x f −γ
ln 1 + k0,fkBT e

(5.9)

where γ = 0.577... is the Euler-Mascheroni constant. The analogous result for the complex
reads:


r ∆x c −γ
(1
−
η)
e
ln
1
+
1−η
1
hF ib
k 0,ck BT


 −
(5.10)
η
hF iub η
ln 1 + r ∆x c e −γ
k 0,ck BT



k 0,c
k 0,f

 −1

For this special case Eq. (5.6) can be evaluated analytically yielding η = 1 +
. Eqs. (5.9)
and (5.10) (dashed lines in Fig. 5.3) agree very well with our numerical results over the loading
rate regime covered. Fig. 5.3 clearly shows that the biasing effect is more pronounced for small
loading rates, consistent with our theoretical predictions based on Eqs. (5.9) and (5.10). In cases
where data cannot be corrected for a potential biasing effect, e.g. due to low experimental
yields, the magnitude of the biasing effect can be minimized by increasing the loading rate in a
pulling experiment.

5.5

Conclusion

Our calculations provide a framework for analyzing single molecule force spectroscopy data
where receptor ligand systems are used as specific handles to study a fingerprint domain of
interest or vice versa. In such experiments, it is many times the case that the distributions of
fingerprint domain unfolding and complex rupture have a significant overlap (a few exemplary
cases can be found in refs. [3, 70, 73, 78] ). In this case biasing effects will occur and should be
considered in the analysis procedure. Our findings can be applied to both constant speed and
force ramp (constant loading rate) experimental protocols, however, it should be noted that
the biasing effect on complex unbinding is more complicated in the constant speed protocol,
due to the drop in force upon fingerprint unfolding dependent on the length of the unfolded
domain. Since the biasing effects are solely due to the statistical nature of domain unfolding
or complex unbinding, our results, specifically Eqs. (5.5) and (5.7), are valid regardless of the
specific model used in Eq. (5.1).

5.6
5.6.1

Appendix
Identity of yield parameter η in Eqs. (5.5) and (5.7)

As we state in the main text, the normalization parameter η is equal to the ratio of curves that
exhibit fingerprint unfolding vs. all rupture events. In other words a fraction 1 − η of all curves
will be ”missed” in an actual experiment, since they do not exhibit fingerprint unfolding and
would hence be discarded during data analysis. Consequently, both fingerprint and complex
distributions (which are obtained from the same curves) need to be normalized by the same
η to obtain probability distributions normalized to unity. Mathematically, one needs to show
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that:
1−

Z∞

dF pf (F ) P c (F ) = η =

dF pc (F ) Pf (F )

(5.11)

0

0

We use integration by parts and

Z∞

R

F
dF 0 p
0

rhs = Pc (F ) Pf (F )

(F 0 ) = P (F ) to evaluate the rhs of Eq. (5.11):
∞
0

Z∞
−

dF Pc (F ) pf (F )

(5.12)

0

Since P (0) = 0 and P (∞) = 1 this is equal to the lhs of Eq. (5.11).

5.6.2

Constant speed

As pointed out in the main text, the correction procedure for distributions obtained from
constant speed measurements is more involved. In this Appendix we discuss a strategy for
extracting unbiased parameters from fingerprint distributions for this pulling protocol. Due to
the non-linear elasticity of linker molecules (e.g. P(oly)E(thylene)G(lycol), spacers or unfolded
protein backbone), the force loading rate F˙ = F˙ (F ) becomes a function of the force and the
integral in Eq. (5.1) can no longer be evaluated analytically. In a standard pulling experiment,
a harmonic pulling device (e.g. AFM cantilever or optically trapped bead) is connected to
aforementioned linker molecules. By applying a force balance it can be shown that the force
loading rate is given by[121]:
v
1
∂x (F )
=
(5.13)
+
∂F
F˙ (F ) k h
where v is the pulling speed, k h is the spring constant of the harmonic pulling device, and
x (F ) is the force dependent extension of the linker. The biased distribution for fingerprint
unfolding p?f (F ) can be computed by numerically solving the integrals occurring in Eqs. (5.5)
and (5.6), using a model for the elastic response of the linker molecules such as the wormlike-chain model, freely rotating model or the composite model proposed by Livadaru et al.
[113] in Eq. (5.13). The choice of model should be made based upon the force regime in which
fingerprint unfolding and complex rupture are expected and the molecular linkers present in
an experimental setup need to be accounted for in these models via their contour length, L,
and elasticity, e.g. persistence length p. The force dependent loading rate for the worm-like
chain model has been derived as Eq. (4) in ref. [121].

5.6.3

Supplemental figures and tables

This Appendix contains contains two figures and one table that support the results of the main
text. Fig. 5.4 shows the results of a simulation with identical parameters as in Fig. 5.2, except
only N = 1000 traces were simulated to mimic a total number of curves more similar to average
experimental yields. The extracted fit parameters for this simulation are shown in Table 5.2.
We note that albeit an increase in uncertainties, the extracted parameters from our global
fitting procedure still reproduce the input parameters much better than those obtained from a
fit to the uncorrected distributions. Fig. 5.5 shows the results of Monte Carlo simulations at
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different loading rates ranging from F˙ = 20 pN s−1 to F˙ = 20 000 pN s−1 . Due to the different
potential widths ∆x c = 0.35 nm and ∆x f = 0.4 nm, the yield parameter η varies for the different
simulations.
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Figure 5.4: Force ramp simulation with F˙ = 200 pN s−1 , complex ∆x c = 0.4 nm, k 0,c = 0.002 s−1 and fingerprint
∆x f = 0.4 nm, k 0,f = 0.005 s−1 (η = 0.71), and simulated traces N = 1000. Histograms of the simulated fingerprint
unfolding forces and complex ruptures are shown in blue and green, respectively. Dashed blue and green lines are
the unbiased fingerprint unfolding and complex rupture force distributions, respectively. Biased unfolding and
complex rupture force distributions for the fingerprint and complex calculated from Eqs. (5.5) and (5.7) are shown
as solid blue and green lines, respectively.

Table 5.2: Input vs. fit parameters of simulation shown in Fig. 5.4. For these parameters, the yield parameter
equals η = 0.71. Initially, the simulated distributions were fit with the uncorrected distributions (k 0,fit and ∆x fit ). To
correct for the biasing effects, both fingerprint and complex data were fit with their respective biased distributions
(Eqs. 5.5 and 5.7) in a global fitting procedure to obtain the corrected parameters k 0,global and ∆x global .

Fingerprint
Complex

f g
k 0,in s−1

f g
k 0,fit s−1

f g
k 0,global s−1

∆x in [nm]

∆x fit [nm]

∆x global [nm]

5.0 × 10−3
2.0 × 10−3

(5.9 ± 1.2) × 10−3
(0.2 ± 0.1) × 10−3

(4.3 ± 1.5) × 10−3
(2.7 ± 1.3) × 10−3

0.40
0.40

0.41 ± 0.01
0.50 ± 0.02

0.41 ± 0.02
0.38 ± 0.02
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(a)

(b)

(c)

(d)

Figure 5.5: Force ramp simulation with complex ∆x c = 0.35 nm, k 0,c = 0.004 s−1 and fingerprint ∆x f = 0.4 nm,
k 0,f = 0.005 s−1 , and varying F˙ . Due to the different potential widths ∆x, the yield parameter η changes width the
loading rate. Panels (a)-(d) correspond to values of the loading rate and resulting yield parameter of F˙ = 20 pN s−1
and η = 0.70, F˙ = 200 pN s−1 and η = 0.75, F˙ = 2000 pN s−1 and η = 0.80, and F˙ = 20 000 pN s−1 and η = 0.85,
respectively. Histograms of the simulated fingerprint unfolding forces and complex ruptures are shown in blue
and green, respectively. Dashed blue and green lines are the unbiased fingerprint unfolding and complex rupture
force distributions, respectively. Biased unfolding and complex rupture force distributions for the fingerprint and
complex calculated from Eqs. (5.5) and (5.7) are shown as solid blue and green lines, respectively.
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Conclusion and Outlook
The central aim of this work was to shed light on the molecular mechanisms responsible for
mechanical stability in a model receptor ligand complex. This molecular system, namely a type
III cohesin dockerin complex, is responsible for anchoring a ruminal bacterium to cellulosic
substrates. Due to the turbulent environment of the rumen, it is expected to be subjected to
mechanical forces in its native function caused by shear flow gradients. When probed with
an atomic force microscope, it was found that this system is able to withstand force up to
∼ 700 pN at common experimental loading rates. These forces, which constitute about half the
mechanical strength of weak covalent bonds, make the system one of the strongest bimolecular
interactions described in literature.
Through a combination of single molecule force spectroscopy and steered molecular dynamics simulations it was found that the complex uses a combination of elaborate molecular
mechanisms to summon this exceptional mechanical strength. A subdomain adjacent to the
actual binding domain termed X module acts as a mechanical effector that actively stabilizes
the binding interface. The identification of this indirect stabilization effect is a prime example
for the power of single molecule manipulation techniques as it is hard to assess through bulk
assays. Moreover, the intermolecular contact area increases as the complex is subjected to
external forces. This is achieved through rearrangement of amino acid side chains at the
interface, which ultimately protects a common hydrophobic binding patch from attack through
solvent molecules. Building on these findings, a novel analysis method for molecular dynamics
trajectories was developed to highlight pathways along which external forces are propagated
through a molecular complex. This combination of thermodynamic fluctuation theory and
network based correlation analysis revealed, that external forces are propagated across the
binding interface along angles largely perpendicular to the unbinding direction. This results in
a lower net contribution to the amount of work needed to mechanically dissociate the complex.
This framework is expected to provide a platform for exciting future studies, as it remains
an open question whether the aforementioned mechanisms for mechanostability, especially
the ability to locally redirect external forces in favorable ways, is unique to the investigated
system or a more common mechanism. On a more practical note, the extreme mechanical
stability combined with easy recombinant expression make the investigated receptor ligand
complex a versatile tool for single molecule force spectroscopy applications. It can be used as
a molecular anchor to study the unfolding of weaker domains, minimizing potential biasing
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effects as discussed in Chapter 5. Further, applications in protein based single molecule cut and
paste [228] are conceivable.
Additionally, the theoretical framework depicted in Chapter 5 may help to accurately
characterize different mechanical stability in hard to discern dual binding modes as exhibited
by type I cohesin dockerin interactions (see Appendix E).
On a more general note, the results presented in this work highlight the great potential of
combined single molecule experiments and molecular dynamics simulations. With continuing technical advances on both the experimental and computational side (e.g., to bridge the
timescales between experiment and simulation), future studies will undoubtedly contribute to
a deeper understanding of the physical concepts governing complex biological functions.
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a b s t r a c t
Single-molecule force spectroscopy sheds light onto the free energy landscapes governing protein folding
and molecular recognition. Since only a single molecule or single molecular complex is probed at any
given point in time, the technique is capable of identifying low-probability conformations within a large
ensemble of possibilities. It furthermore allows choosing certain unbinding pathways through careful
selection of the points at which the force acts on the protein or molecular complex. This review focuses
on recent innovations in construct design, site-specific bioconjugation, measurement techniques, instrumental advances, and data analysis methods for improving workflow, throughput, and data yield of AFMbased single-molecule force spectroscopy experiments. Current trends that we highlight include customized fingerprint domains, peptide tags for site-specific covalent surface attachment, and polyproteins
that are formed through mechanostable receptor–ligand interactions. Recent methods to improve measurement stability, signal-to-noise ratio, and force precision are presented, and theoretical considerations, analysis methods, and algorithms for analyzing large numbers of force–extension curves are
further discussed. The various innovations identified here will serve as a starting point to researchers
in the field looking for opportunities to push the limits of the technique further.
Ó 2016 Elsevier Inc. All rights reserved.

1. Introduction
The field began in earnest with the introduction of fluid cells for
the (at that time) newly developed atomic force microscope (AFM)
(Drake et al., 1989). The early 1990s then saw an explosion of the
bio-AFM field, which opened the door to high-resolution imaging
of proteins and cell surfaces under near-native conditions (Müller
et al., 1995; Radmacher et al., 1996, 1992). Shortly thereafter came
the realization that individual proteins and DNA molecules, or single receptor–ligand complexes, could be probed with the help of
nano- to microscale force transducers (e.g., cantilevers, optically
trapped beads, magnetically trapped beads) (Block et al., 1990;
Florin et al., 1995; Lee et al., 1994a,b; Smith et al., 1992; Svoboda
et al., 1993). It was furthermore discovered that natural polyproteins (e.g., Titin) with repetitive multi-domain structures provided
regularly repeating saw-tooth like features in force extension data
(Rief et al., 1997a). Artificial (i.e., recombinant) polyproteins
quickly came into fashion as internal molecular controls for
⇑ Corresponding author.
1

E-mail address: michael.nash@lmu.de (M.A. Nash).
Theses authors contributed equally to this work.

investigating mechanical properties of protein domains of interest.
Since then, engineering of polyproteins has provided a wealth of
information about mechanostable motifs in protein folds
(Carrion-Vazquez et al., 1999; Oberhauser et al., 1998; Oesterhelt
et al., 2000), directional dependence of protein mechanostability
(Brockwell et al., 2003; Carrion-Vazquez et al., 2003; Dietz et al.,
2006; Kim et al., 2011), and modulation of mechanostability by
molecular recognition (Hu and Li, 2014).
Today, force spectroscopy and bio-AFM in general are well
established as standard tools in the nanobiosciences, and are regularly used for investigating cell adhesion and cell surface properties
(Helenius et al., 2008; Müller et al., 2009; Preiner et al., 2014;
Tsukasaki et al., 2007; Wildling et al., 2012), interrogating membrane proteins (Beedle et al., 2015b; Janovjak et al., 2004; Müller,
2008; Müller and Engel, 2007), and measuring mechanical properties of proteins (Beedle et al., 2015a; Bu et al., 2012; Cao et al.,
2011; del Rio et al., 2009; Geisler et al., 2010), polysaccharides
(Kocun et al., 2011; Rief et al., 1997b) and DNA (Albrecht et al.,
2003). Recent studies have already begun to characterize membrane proteins in vivo by probing their response to external forces
on native living cells (Alsteens et al., 2010; Pfreundschuh et al.,

http://dx.doi.org/10.1016/j.jsb.2016.02.011
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2015). There are a number of review articles that thoroughly cover
the field from the early years (Carvalho et al., 2013; Casuso et al.,
2011; Hoffmann and Dougan, 2012; Lee et al., 2007; Li and Cao,
2010; Marszalek and Dufrêne, 2012; Müller and Dufrêne, 2008;
Neuman and Nagy, 2008; Noy, 2011; Rief and Grubmüller, 2002;
Sirbuly et al., 2015; Woodside and Block, 2014).
Despite the high level of interest and well-developed method of
AFM-SMFS (Single Molecule Force Spectroscopy), there have
remained several limitations to the technique that prevent
researchers from fully taking advantage of mechano-phenotyping
of molecules and cell surfaces. Specifically, low experimental
throughput and low yield of useable single-molecule interaction
curves have both hampered the widespread adoption of the
method, and its application for studying a large number of proteins.
The purpose of this review is to highlight recent developments in
bioconjugate chemistry, instrumentation, and data processing/
algorithms which aim at improving the design process, yield, measurement quality and throughput of AFM-SMFS experiments.
2. Unfolding fingerprints
In typical AFM-SMFS experiments, many thousand force–extension curves are recorded, but only a fraction of these curves contain
useable data that describe the behavior of a single molecule. Typically, the majority of curves (80–99%) contain no interaction, a
multiplicity of interactions that are difficult to interpret, or unspecific adhesion events as measurement artifacts. The experimenter is
left searching for a needle in a haystack, looking for singlemolecule interactions among a vast excess of unusable force–
extension curves. In order to filter the data efficiently, the SMFS
community has identified a broad range of proteins that can be used
as specific identifiers in unfolding traces. We refer to these domains
as ‘fingerprints’ because they provide a unique unfolding step or
‘contour-length increment’ of defined length that can be used as a
filter during data processing. These fingerprint domains are typically
globular protein domains with individual unfolding forces and
length increments varying across a large range. This ability to choose
the length increments and unfolding forces of the fingerprint
domains has enabled the design of custom fusion proteins with
well-controlled unfolding behaviors. Recent surveys of mechanical
properties of different protein domains are provided by Sułkowska
and Cieplak (2007), Hoffmann and Dougan (2012).
3. Receptor–ligand SMFS
Protein–protein and protein-small molecule interactions have
been widely analyzed with SMFS. Reports of receptor–ligand SMFS
include measurements on biotin–avidin (Florin et al., 1994; Lee
et al., 1994a,b; Moy et al., 1994; Rico and Moy, 2007; Yuan et al.,
2000), antigen–antibody interactions (Hinterdorfer et al., 1996;
Morfill et al., 2007; Schwesinger et al., 2000) along with several
other protein–protein or small molecule interactions (Lee et al.,
2007; Mitchell et al., 2007; Schmidt et al., 2012).
One limitation in the standard method of receptor–ligand SMFS
is that the signal lacks single-molecule specificity. Depending on
the proteins involved and the experimental conditions (i.e., blocking/passivation steps), and since typically no fingerprint molecules
are used, it can be difficult to differentiate non-specific interactions
from specific protein-protein recognition. A second limitation of
many receptor–ligand SMFS experiments is that pulling geometry
is not strictly controlled. While in a standard polyprotein experiment, the force is applied strictly between the N- and C-termini
of each domain, coupling of receptors and ligands to AFM tips and
substrates is often done through amide linkages formed between
amine groups on the proteins and activated NHS-ester groups on

the surface or cantilever. This implicates a diversity of pulling
geometries which are not strictly controlled, resulting in rupture
force distributions that are smeared out or otherwise distorted.
4. Receptor–ligand SMFS with fingerprints
Our group has worked on improving the technique for receptor–ligand SMFS out of sheer necessity (Fig. 1). We were interested
in studying a family of receptor–ligand proteins (i.e., cohesin–
dockerin, Coh–Doc) involved in carbohydrate recognition and
degradation by anaerobic bacteria (Jobst et al., 2015, 2013; Otten
et al., 2014; Schoeler et al., 2015, 2014; Stahl et al., 2012). These
protein receptor–ligand complexes are responsible for building
up large extracellular networks of structural scaffold proteins
and enzymes. They are linked into these structural networks in
well-defined and known orientations (e.g., N-terminal or Cterminal anchoring points). It is important to note that when pulling apart a receptor–ligand complex consisting of two proteins,
there are four possible terminal pulling configurations (i.e., N-N0 ,
N-C0 , C-N0 , C-C0 ) (Fig. 1B). Many of the Coh–Doc complexes we
are interested in possess a clear ‘physiological’ pulling configuration found in nature, and ‘non-physiological’ or ‘non-native’ configurations. To understand their natural mechanical adaptations
giving rise to their remarkable assembly strategy, we sought to
characterize the mechanical stability of these receptor–ligand
complexes in both their native and non-native loading configurations. We found a way to ensure specific interactions by basically
combining two previously separate modes of AFM-SMFS (i.e., on
polyproteins and receptor–ligand complexes). We fused the Coh
and Doc domains separately to different fingerprint domains, and
recombinantly produced each construct as a single fusion protein.
The fingerprints serve two purposes: (1) they provide site-specific
attachment sites through engineered cysteine residues or peptide
ligation tags (see section 5) to strictly control loading geometry;
(2) they provide predetermined increments in contour length
which allows us to filter the datasets for specific single-molecule
interactions (Jobst et al., 2015, 2013; Otten et al., 2014; Schoeler
et al., 2015, 2014; Stahl et al., 2012).
This configuration yields several advantages: We now have the
ability to study mechanical stability of receptor–ligand pairs and
unfolding of individual domains (i.e., the fingerprints) in a singleexperiment with high yield and specificity, eliminating measurement artifacts. We also have a systematic and straightforward
way to probe effects of pulling geometry on receptor–ligand
unbinding, and to compare native and non-native pulling configurations. The gene design (i.e., N- or C-terminal fingerprint domains)
directly reflects the conformation to be investigated. Furthermore,
a specific protein domain of interest can now easily be fused to a
mechanostable Coh–Doc receptor–ligand pair for characterization.
Depending on the expected domain unfolding forces, an appropriately fitting protein receptor–ligand pair can be chosen from a
wide range of well-characterized molecules (Table 1). We note that
this table does not include every receptor–ligand probed by AFM.
For an extensive list of receptor–ligands that were explored with
AFM, see Lee et al. (2007). Currently, the mechanically most stable
receptor–ligand pair is a Coh–Doc type III complex derived from R.
flavefaciens, with loading-rate dependent rupture forces between
600 and 800 pN (Schoeler et al., 2015, 2014). Another interaction
in a similar force range is the trimeric titin–telethonin complex
described by Bertz et al. (2009).
5. Site-specific bioconjugation
Many polyprotein experiments rely on non-specific adsorption
of polyproteins onto surfaces (e.g., mica, gold). Receptor–ligand
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Fig. 1. Configuration for performing receptor–ligand SMFS with (poly)protein fingerprints. (A) Schematic of the measurement setup. The change of force is detected via the
differential signal of the laser beam deflection on a quadrant photodiode. (B) For a protein complex consisting of two domains, 4 terminal pulling configurations are possible
(N-N0 , N-C0 , C-N0 , C-C0 ). (C) Fingerprints (brown and blue) are site-specifically and covalently attached to the cantilever and surface. Receptor (orange) and ligand (yellow)
form a stable receptor–ligand complex. Note that the fingerprints can be individual sub-domains, or repetitive polyproteins in their own right. Shown is a typical forceextension trace with unfolding of the fingerprints, followed by rupture of the receptor ligand complex. In order to observe unfolding of the fingerprints in sufficient numbers,
their most probable unfolding force should lie well below the most probable rupture force of the complex for the given loading rate.

Table 1
Overview of selected receptor–ligand pairs usable as specific handles for protein-based SMFS experiments. Rupture forces depend on immobilization sites for surface conjugation.
Note that rupture forces can also vary depending on probe spring constants and loading rates. Abbreviations: NHS: N-hydroxysuccinimide; PEG: poly(ethylene glycol); Mal:
maleimide; Cys: cysteine; CoA: coenzyme A; SFP: 40 -phosphopantetheinyl transferase; ybbR-Tag: peptide sequence DSLEFIASKLA; LF: low force unbinding path; HF: high force
unbinding path. For the column ‘immobilization method’, the terminology X (Y) Z means: molecule X is attached to Z mediated by enzyme Y.
Protein handles Handle A:Handle B

Sizes (kDa)

Dissociation force (pN)

Immobilization method

Handle position (N/C)

References

Cohesin:dockerin I
Cohesin:dockerin III

15.4/8.3
21.6/26.2

Stahl et al. (2012)
Schoeler et al. (2015)
Schoeler et al. (2015)

0.2/0.8
66-69/0.2
1.1/52.8
52.8/0.2
16.7/1.1
1.1/58.4
26.7/4.0
170/0.4

n.a.
n.a.
n.a.
n.a.
n.a.
C:C
N:C
N:C
n.a.

Verbelen et al. (2007)
Florin et al. (1994)
Wong et al. (1999)
Rico and Moy (2007)
Junker and Rief (2009)
Baumann et al. (2015)

Anti-GCN4 sFv:GCN4(7P14P)
Anti-digoxigenin:digoxigenin

NHS-PEG5000-Mal/Cys
NHS-PEG5000-Mal/Cys
NHS-PEG5000-Mal/CoA (SFP) ybbR
NHS-PEG5000-Mal/CoA (SFP) ybbR
Gold-Cys
Biotinylated BSA
BSA/NHS-biotin
Biotinylated BSA
Pulldown via NI-NTA
NHS-PEG5000-Mal/Cys
NHS-PEG5000-Mal/CoA (SFP) ybbR
NHS-PEG5000-Mal/Cys
NHS-PEG6000

C:C
N:C
C:C

NiNTA:HIS6
Avidin:biotin
StrepTagII:streptavidin
Streptavidin:biotin
Calmodulin:CBP
StrepTagII:mono-streptactin

122 ± 18.5
606 ± 54
111 ± 30 (LF)
597 ± 67 (HF)
153 ± 57
160 ± 20
253 ± 20
200
16.5 ± 1.8
116
46
70
40

AFM-SMFS, however, requires covalent immobilization of the two
binding partners to the cantilever and surface, respectively, in
order to avoid clogging of the molecules on the cantilever tip.
Site-specific (i.e., residue specific) conjugation methods provide
strict control over the pulling geometry and result in higher accuracy, precision and reproducibility, compared to conjugation methods resulting in a multiplicity of possible linkage sites (e.g., aminetargeting). Fig. 2 provides an overview of established surface chemistry strategies.
Another advantage of our modular system is the ability to use
one construct (i.e., fingerprints with immobilization site) in all
desired biochemical or biophysical assays, since immobilization
relies on a PEG derivative, which is orthogonal to conventional
specific pull down methods. It is compatible with a wide range of
binding assays like Western Blotting, ITC, SPR, and ELISA.
The Ni-NTA:HIS6-tag interaction can be used as force probe as
well. This interaction has been employed as an adhesion sensor
by probing a cell surface containing His-tagged protein. Since the
His-tag is only located at one of the protein’s termini, the insertion

Morfill et al. (2007)
Neuert et al. (2006)

direction of the protein as well as it’s position can be detected
(Alsteens et al., 2013; Dupres et al., 2009; Pfreundschuh et al.,
2015). This technique is especially useful since the His-tag can be
used as a protein purification tag and simultaneously provides a
single-molecule force handle.
5.1. Cysteines
Cysteines are relatively rare in proteins, making them attractive
as a point mutation residue. The thiol side chain of cysteine is
nucleophilic, and will spontaneously react with maleimide leaving
groups at neutral pH. It can be used to site-specifically attach proteins to PEG coated surfaces for receptor–ligand AFM-SMFS. Alternatively, engineered cysteines can also be used as oligomerization
sites to create disulfide-linked polyproteins, as was done for green
fluorescent protein (GFP) (Dietz and Rief, 2006). However, cysteine/
thiol-based protein conjugation has some drawbacks, including the
tendency of cysteine-modified proteins to multimerize and ultimately aggregate over time, and incompatibility with proteins dis-
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Fig. 2. Surface chemistry and bioconjugation strategies for single-molecule force spectroscopy. The diagram is by no means exhaustive and is roughly divided into sitespecific conjugation methods that provide a single anchoring point for proteins to surfaces/cantilevers (right), and unspecific conjugation methods that provide a
heterogeneity of loading configurations (i.e., a multiplicity of pulling points) (left).

playing cysteines on their surfaces in their wild-type form. Hence
several other conjugation strategies were developed to overcome
this challenge. Most of the newer techniques rely on N- or Cterminal attachment sites because the length of the requisite peptide tags or fusion domains makes inclusion into internal sites of
a folded protein domain more challenging.

transferase (SFP) enzyme (Pippig et al., 2014; Yin et al., 2006; Yin
et al., 2005). Both ybbR-Tag and the SpyTag/Catcher system have
been shown to be N- and C-terminally active. Both tags can also
be inserted internally, if the structure of the protein allows it, however, proper folding is not guaranteed and must be evaluated on a
case-by-case basis.

5.2. HaloTag
5.6. Surface chemistry
The active site of the haloalkane dehydrogenase (HaloTag) has
been used to covalently immobilize proteins on chloroalkane surfaces. The unfolding forces of the HaloTag depend on its loading
geometry (N-terminus: 131 pN; C-terminus: 491 pN). The domain
provides an unfolding fingerprint of defined contour length, which
also depends on the pulling geometry (N: 66 nm, C: 26.5 nm) (Popa
et al., 2013).
5.3. hAGT/SNAP tag
The DNA repair protein O6-alkylguanine–DNA-alkyltransferase
(hAGT, SNAP-tag) binds benzylguanine covalently as a substrate,
which can be attached to glass surfaces via an aminopolyethylene glycol (Kufer et al., 2005). With 22 kDa, the SNAPtag is slightly smaller compared to the HaloTag (34 kDa).
5.4. SpyTag/Catcher
The versatile SpyTag/Catcher system can also be employed for
site-specific surface immobilization. The linkage between SpyTag
and Catcher is based on an internal protein interaction, which
forms an isopeptide (covalent) bond. Based on this observation,
the interaction was further developed and engineered, and now
consists of a 13 amino acid large SpyTag and the binding domain
Spy Catcher (Zakeri et al., 2012).
5.5. ybbR/SFP
The ybbR-Tag is an 11 amino acid protein sequence that is enzymatically linked to coenzyme A (CoA) by 40 -phosphopantetheinyl

Like the modular design of fingerprints and site-specific immobilization tags, surface chemistry can also be modularized to
improve workflow. We note that the type of surface chemistry goes
hand in hand with the design of the bioconjugation tags for protein
production. Our standard approach follows the protocol described
by Zimmermann et al. (2010): amino-silanized glass slides and
cantilevers are functionalized with a hetero-bifunctional poly
(ethylene glycol) (PEG) polymer with an N-hydroxysuccinimide
group and a maleimide group at opposing ends. PEG coating provides a passivated surface that resists nonspecific protein adhesion,
reducing background and artifacts during measurement. The
entropic elasticity behavior of PEG (i.e., persistence length) is similar, although not equal to that of protein backbones, making it a
suitable choice for surface conjugation in AFM-SMFS, without
interfering too strongly with data interpretation. The maleimide
group can then either be modified with CoA containing an inherent
thiol group to proceed with ybbR/SFP chemistry, or alternatively
directly be reacted with a protein domain displaying a reduced
cysteine residue. The PEG incubation can be modified or extended
depending on the requirements of the linker and the end group.

6. Advances in measurement techniques
Current advances in measurement resolution, instrument stability and accessible dynamic ranges open up new opportunities
for measurements of biomolecules. Here we highlight recent innovations aimed at improving quality and precision of AFM-SMFS
measurements.
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6.1. Improved time resolution
In general, the timescales relevant for protein un-/folding and
the corresponding timescale for thermally induced crossing of
energy barriers are not fully detectable by common SMFS techniques, which typically resolve slower than 50 ls. Early on, the
importance of developing high-speed AFM imaging and force spectroscopy through miniaturization of cantilevers with high resonance frequencies and low viscous drag coefficients was
appreciated (Viani et al., 1999a,b). Nonetheless, only recent studies
were able to overcome timescale limitations to observe, for example, extraordinarily slow protein misfolding transitions (0.5 ms)
using optical tweezers (Yu et al., 2015). Furthermore, advanced statistical methods extended optical tweezers SMFS time resolution
to the 10 ls range (Žoldák et al., 2013), and optimization of
AFM cantilevers for SMFS has pushed the limit toward resolution
on the microsecond timescale (Edwards et al., 2015). These developments allow experimentally accessible ranges to approach the
lower limits of fast folding transition dynamics (Chung et al.,
2012; Schuler and Hofmann, 2013), resolving short-lived intermediate states and yielding important insights into other fast conformational dynamics.
6.2. Bridging the timescale gap to steered molecular dynamics
simulations
Recently, experimental measurements were brought into proximity (Dong and Sahin, 2011; He et al., 2012; Schoeler et al., 2015)
or even overlap (Rico et al., 2013) with all atom steered molecular
dynamics (SMD) simulations. Depending on the size and thus complexity of the simulated system, it has so far been possible to
achieve SMD simulation timescales in the nanosecond to midmicrosecond range (Freddolino et al., 2008; Heymann and
Grubmüller, 2001; Lee et al., 2009). Rico et al. developed a high
speed force spectroscopy AFM based on an Ando-type high speed
imaging AFM (Ando et al., 2001), with a high resonance frequency
(600 kHz) miniature multilayer piezoelectric actuator (calibrated
before each experiment and run in open loop mode), and a short
cantilever with a high resonance frequency (550 kHz in liquid),
and low viscous damping. This system was used to record protein
unfolding data at extremely high speeds. To reduce hydrodynamic
drag, the sample surface was tilted against the direction of the
movement. With these improvements and data acquisition in the
megahertz range, they were able to record meaningful and interpretable data at pulling speeds of up to 4000 lm/s, which is about
2–3 orders of magnitude faster than conventional methods and
starts overlapping with the range of SMD simulations (Rico et al.,
2013). Despite these successes, care must be taken because underdamped or ‘ringing’ cantilevers like the ones used here are not in
agreement with the basic assumptions of the traditional SMFS
framework, but can be improved by custom cantilever optimization procedures at the cost of time resolution (Edwards et al.,
2015).
6.3. Long-term stability and force precision
Sophisticated measurements of complex biological systems or
single molecules often require extraordinarily stable low-drift
instruments, capable of continuous long-term data acquisition to
gain sufficient and reliable statistics. Active stabilization techniques were developed to enable routine long-term stability and
Ångstrom scale precision at room temperature for optical trap setups: differential sample position was measured and regulated with
two independently stabilized and MHz modulated lasers, backscattered on sample and probe, and recorded separately on a single
photodiode using lock-in amplifiers (Walder et al., 2015). This

5

method is deemed applicable to surface-based and dual-beam
optical traps, magnetic tweezers, AFM setups and optical microscopy, including super-resolution techniques.
AFM cantilever long-term stability and force precision can be
increased even further by partially removing the reflective gold
coating from the cantilever to dramatically reduce cantilever bending caused by the bimetallic effect (Churnside et al., 2012). Stability
and precision improvements, which still retain high measurement
bandwidths, enable and improve on picoscale force and subnanoscale motion measurements of molecular properties and
dynamics in various biological systems. These may include groundbreaking investigations like the observation of single RNA polymerase base pair stepping (Abbondanzieri et al., 2005; Zhou
et al., 2013), base pair unwinding of helicases (Cheng et al.,
2011) and prion misfolding pathways (Yu et al., 2015, 2012). More
details on long-term stability measurements and force precision
are covered in the recent review of Edwards and Perkins (2016).
6.4. Mapping molecular recognition events: multiparametric imaging
modes
The idea of mapping molecular recognition by simultaneously
measuring surface topography and force–extension data (‘force
volume mapping’ or ‘affinity imaging’) was introduced early
(Hinterdorfer et al., 1996; Ludwig et al., 1997), and refined to
remarkable temporal and spatial resolution. While these molecular
recognition imaging techniques turned out to be a valuable tool for
detecting and locating specific binding sites on surfaces, their
development
into
dynamic
recognition
force
imaging
(Hinterdorfer and Dufrêne, 2006; Raab et al., 1999; Zhang et al.,
2014) greatly increased temporal and spatial resolution, while still
yielding information about surface elasticity and adhesion, as well
as identifying biomolecules at the same time.
Multiparametric imaging modes can simultaneously detect
physical properties of the surface and forces exerted on specific
biomolecular binding sites. The AFM cantilever oscillates with
amplitudes around 100 nm at sub- or low kilohertz frequencies
to measure force–distance data, and simultaneously records image
topography and other surface properties at sub- or low hertz linescanning frequencies. The recorded force and topography data is
collected orders of magnitude faster compared to force volume
mapping methods, yielding imaging speeds comparable to conventional AFM imaging methods (Alsteens et al., 2012; Pfreundschuh
et al., 2014). Another benefit of this method is that a large range
of loading rates for receptor–ligand dissociation events can be
probed in a single experiment, due to the largely varying cantilever
tip velocities. Recently, this method was applied to gain nm-scale
resolution imaging data of a G protein-coupled receptor (PAR1)
in proteoliposomes while characterizing their ligand-binding
energy landscape (Alsteens et al., 2015) from loading rates ranging
between 1e3 and 1e6 pN/s, already two orders of magnitude
higher than conventional force–distance based SMFS. Another
recent study demonstrates the ability of this technique to distinguish two different binding events on opposite sides of engineered
PAR1 by their unbinding force, and thereby determine their orientation within the lipid bilayer (Pfreundschuh et al., 2015).
6.5. Lateral force sensors
A slightly different approach developed a T-shaped cantilever
(Dong et al., 2009; Dong and Sahin, 2011) to drive it at its flexural
resonance frequency (9 kHz) and record force data from cantilever torsion, resulting in a lateral laser deflection signal that
was acquired while imaging the sample in conventional tapping
mode. Due to the cantilever’s high torsional resonance
(115 kHz), unbinding dynamics could be measured at the
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microsecond timescale and at extraordinarily high loading rates of
up to nearly 1e9 pN/s (Dong and Sahin, 2011), about four orders of
magnitude faster than conventional SMFS. Force curves and therefore unbinding events and their corresponding force values could
be mapped with high spatial and temporal resolution, while providing AFM images that were simultaneously recorded as surface
topography. Mechanical elasticity properties of the substrate were
also detected in the phase signal.
7. Theory and data analysis
7.1. The data analysis problem
Technical advances greatly increasing the throughput of AFMSMFS measurements have made automated data analysis protocols
an essential requirement. In practice, researchers face the problem
of extracting meaningful single molecule signal from large datasets
that contain an abundance of unusable data. The use of welldefined fingerprint domains with known unfolding patterns facilitates this procedure greatly. To avoid tedious and time-consuming
manual sorting of thousands of data traces, and potential introduction of bias into the data analysis procedure, algorithms which
identify the fingerprint unfolding length increments and classify
the data correspondingly have been developed and implemented
with success (Bosshart et al., 2012; Jobst et al., 2015; Kuhn et al.,
2005; Puchner et al., 2008).

force–extension curves for multiple measurement cycles as shown
in Fig. 3B i.
From a physicist’s point of view, mechanical stretching of an
unfolded protein domain is described by polymer elasticity models
such as the worm-like chain (WLC) (Bustamante et al., 1994), the
freely jointed chain (FJC) (Ortiz and Hadziioannou, 1999), or the
freely rotating chain (FRC) model (Livadaru et al., 2003). These
models contain the free contour length L of the polymer, including
surface tethers and unfolded protein backbone, as a parameter. The
free contour length is simply the length of the polypeptide along
the contour of the biopolymer chain, given a specific folding state
(e.g., Fig. 3A). Under a set of physically relevant constraints (L, x,
F > 0, x < L), these elasticity models provide one-to-one mappings
from force–extension space into force-contour length space. The
models can be solved for the contour length parameter (Jobst
et al., 2013; Puchner et al., 2008), yielding an expression for the
contour length as a function of force and extension L(F, x). This
function can be used to transform force–extension traces from constant speed or force clamp/ramp experiments into contour length
space (Fig. 3B ii). The calculated contour length then can be binned
(Fig. 3B iii), aligned, and subsequently averaged to precisely locate
energy barriers (Fig. 3B iv) along a protein’s unfolding pathway,
and to classify data sets based on unfolding patterns. This idea
was first proposed by Puchner et al. (2008) and has been successfully applied in multiple AFM-SMFS studies (Jobst et al., 2015,
2013; Otten et al., 2014; Schoeler et al., 2014; Stahl et al., 2012;
Thoma et al., 2015).

7.2. Polymer elasticity models and contour length transformations
7.3. Worm-like chains, freely-rotating chains and beyond
Single molecule force measurements generally only gain access
to a protein’s extension under a given force. The stochastic nature
of domain unfolding or complex dissociation under force as well as
the non-linear elastic behavior of the polymer backbone chain
makes analysis in force-extension space difficult. The same unfolding event is observed over a range of different positions in

A

The WLC model accurately describes a protein’s stretching
response for forces up to approximately 150 pN. While many protein unfolding or dissociation events take place well within this
force regime, some interactions like titin Ig domain unfolding
(Rief et al., 1997a), cohesin unfolding (Valbuena et al., 2009), disso-

B
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Fig. 3. Assembly of contour length histograms for screening AFM-SMFS datasets. (A) Force–extension traces are transformed into contour length space using an appropriate
polymer elasticity model. The choice of the model depends on the force range. (B) Following transformation, the data (i) are plotted in force-contour length space (ii). Force
and contour length thresholds are applied and the data are histogrammed (projected onto contour length axis) with an appropriate bin width, i.e., nanometer scale, to obtain
the diagram in (iii). Each trace analyzed this way can be searched for a specific contour length increment (distance between two peaks in the probability density vs. contour
length plot) corresponding to one of the fingerprints. To obtain a master histogram describing all the observed increments in a dataset, individual histograms reflecting a
specific unfolding pathway are aligned by cross-correlation and offsetting along the contour-length axis (iv).
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Fig. 4. Schematic depiction of an (un)folding energy landscape. The bound state of a protein receptor–ligand complex can be thought of as a Brownian particle confined to a
complex multidimensional energy landscape. At equilibrium, the system can escape the bound state driven by thermal fluctuations. This escape can occur along any pathway
on the energy landscape. When measuring the thermal off-rate with bulk assays such as surface plasmon resonance biosensors, a weighted average of all thermally accessible
pathways is obtained. In a single-molecule pulling experiment, however, a small subset of pathways is selected, which is defined by the projection of the energy landscape
onto the pulling coordinate as illustrated by paths 1–3. Caution is required when comparing data obtained from single molecule techniques with bulk data. In cases where
SMFS probes a steep pathway with a high free energy barrier, the fitted zero-force off rate may greatly differ from values obtained by bulk techniques. Path 4 illustrates the
thermal escape (4b) versus the forced pathway across an additional energy barrier (4a) by the AFM cantilever.

ciation of skeletal muscle titin–telethonin bonds (Bertz et al., 2009)
or dissociation of cellulosomal adhesion complexes (Schoeler et al.,
2015, 2014) exhibit much higher unfolding or rupture forces. To
adequately describe the elastic response of polymers in such high
force regimes, models beyond the standard WLC are required. To
address this shortcoming, Hugel et al. (2005) developed quantum
mechanical corrections for polymer elasticity models to account
for polypeptide backbone stretching at high forces. These corrections can be applied to obtain the contour length at zero force L0
(Puchner et al., 2008).
Livadaru et al. proposed a more sophisticated model exhibiting
three distinct regimes for a protein’s stretching response as a function of the applied force (Livadaru et al., 2003). For AFM based
SMFS, however, mainly the medium to high force regimes are relevant. The medium force regime of protein stretching, roughly
between 10 and 125 pN, exhibits classical WLC stretching behavior, whereas the high force regime shows the behavior of a discrete
chain, where the stretching response is independent of the persistence length. This model is most suitable for studying high force
interactions, especially when combined with the aforementioned
quantum mechanical corrections for backbone stretching.
8. Kinetic and energetic parameters
In dynamic force spectroscopy of receptor–ligand pairs, kinetic
and energetic parameters of the complex are of interest. The
method most prominently used to extract this information from
SMFS experiments is to vary the loading rate by measuring the
rupture forces at different pulling speeds in constant speed mode
(Baumann et al., 2015; Schoeler et al., 2014; Stahl et al., 2012), or
with different slopes in force ramp mode (Oberhauser et al.,
2001). The obtained rupture force data are then assembled into a
dynamic force spectrum, a plot of most probable rupture forces
against their corresponding loading rates. In their comprehensive

guide to analysis of SMFS data sets, Noy and Friddle (2013) explain
the basic physics of bond stretching. An SMFS measurement corresponds to the stretching of multiple elastic components in series,
including the projection of the bond potential onto the pulling axis,
the cantilever modeled as a harmonic spring and potential linker
molecules with nonlinear elasticity deviating from those under
investigation. Such a scenario gives rise to bound and unbound
states separated by free energy barriers. By pulling on the harmonic spring, this energy landscape is constantly modulated. Since
thermal fluctuations are orders of magnitude faster than changes
in the external force, the transition from a bound to an unbound
state is thermally driven in common loading rate regimes, as
described by Bell (1978), Evans and Ritchie (1997), Izrailev et al.
(1997). These models describe a linear dependence of the rupture
force on the natural logarithm of the loading rate and give access to
the zero force off rate k0 (exponentially amplified under force) and
the distance to the transition state Dx. Theoreticians extended this
framework and accounted for modulation of Dx by the applied
force (Dudko et al., 2006), and the possibility of rebinding at slow
loading rates (Friddle et al., 2012). These newer models predict a
nonlinear dependence of the most probable rupture force on the
loading rate and give the height of the free energy barrier to
unbinding DG as an additional parameter. Such non-linear trends
were observed experimentally, and a comprehensive list of such
data sets is given in Friddle et al. (2012). Joint experimental and
computational data sets were also analyzed in recent studies
(Rico et al., 2013; Schoeler et al., 2015). As Noy and Friddle
(2013) point out, these models should only be used if the force
spectrum of interest indeed exhibits a non-linear trend. If this is
not given, fitting non-linear models results in non-meaningful fit
parameters and the phenomenological model should be used
instead.
Although in both bulk measurements and single molecule force
measurements at common loading rates, the unbinding process is
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thermally driven, caution is required when comparing their data.
While at unbiased equilibrium, all thermally accessible pathways
from the bound state are sampled and the off rate is consequently
measured as a weighted average, single molecule force measurements select only a small subset of these pathways due to the
defined pulling geometry, as illustrated by paths 1–3 in Fig. 4. In
cases where the energy landscape is highly asymmetric and the
pulling experiment probes a steep pathway, the off rates obtained
from single molecule vs. bulk measurements might differ greatly
(see Fig. 4, paths 4a vs 4b).
9. Summary and outlook
We highlighted recent advances in experimental design, molecular design, sample preparation, measurement and analysis methods for AFM-SMFS on polyproteins and receptor–ligand complexes.
We summarized site-specific bioconjugation strategies to obtain
well-defined pulling geometries for improved reliability and reproducibility of experiments. We also highlighted receptor–ligand
pairs with high mechanical strength (e.g., cohesin–dockerin), and
their application as specific pulling handles in AFM-SMFS for
improving experimental throughput and curve yield. Finally, we
touched on recent innovations in positional control and cantilever
microfabrication for improving time and force resolution and stability of the measurement, on emerging techniques for mapping
force responses of surfaces to their topologies, and we discussed
theoretical considerations for analyzing large numbers of curves.
In the future, there remain several technical challenges that
need to be addressed. One of the limitations of AFM is that it covers
a relatively high force range, yet there exist a multitude of biological interactions in the low-force regime that are of interest. Further technical advances in instrument design, cantilever
fabrication, and feedback control might further improve force resolution and thereby enable such experiments. A second area for
improvement involves sample throughput and parallel screening.
With the development of more elaborate, sophisticated and well
defined surface immobilization strategies and protein handles, significant gains in throughput can be envisioned. Innovations of the
chemistry in combination with efficient data analysis protocols
and state of the art instrumentation may pave the way towards
in depth study of complex, multi-domain protein systems.
These advances in experimental design and throughput would
greatly benefit from refined theoretical frameworks that account
for parameters such as cantilever stiffness and ringing whilst
maintaining analytical tractability. Consequently, with improved
methodology we anticipate the community will be able to address
an even wider range of questions about mechanical adaptations of
proteins and protein complexes in the future.
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Žoldák, G., Stigler, J., Pelz, B., Li, H., 2013. Ultrafast folding kinetics and cooperativity
of villin headpiece in single-molecule force spectroscopy. Proc. Natl. Acad. Sci.
USA 110, 18156–18161. http://dx.doi.org/10.1073/pnas.1311495110.

Please cite this article in press as: Ott, W., et al. Single-molecule force spectroscopy on polyproteins and receptor–ligand complexes: The current toolbox. J.
Struct. Biol. (2016), http://dx.doi.org/10.1016/j.jsb.2016.02.011

104

105

Appendix

B

Article in Nature Communications
Chapter 3 in original form

Ultrastable Cellulosome Adhesion Complex Tightens
Under Load

by

Constantin Schoeler, Klara H. Malinowska, Rafael C. Bernardi, Lukas F. Milles,
Markus A. Jobst, Ellis Durner, Wolfgang Ott, Daniel B. Fried, Edward A. Bayer,
Klaus Schulten, Hermann E. Gaub, and Michael A. Nash
published in

Nature Communications 5:5635 doi:10.1038/ncomms6635 (2014)

Reprinted from Schoeler et al. [5] under a Creative Commons CC-BY license

106

B. Article in Nature Communications

ARTICLE
Received 25 Jun 2014 | Accepted 22 Oct 2014 | Published 8 Dec 2014

DOI: 10.1038/ncomms6635

OPEN

Ultrastable cellulosome-adhesion complex
tightens under load
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Challenging environments have guided nature in the development of ultrastable protein
complexes. Specialized bacteria produce discrete multi-component protein networks called
cellulosomes to effectively digest lignocellulosic biomass. While network assembly is enabled
by protein interactions with commonplace afﬁnities, we show that certain cellulosomal
ligand–receptor interactions exhibit extreme resistance to applied force. Here, we characterize the ligand–receptor complex responsible for substrate anchoring in the Ruminococcus
ﬂavefaciens cellulosome using single-molecule force spectroscopy and steered molecular
dynamics simulations. The complex withstands forces of 600–750 pN, making it one of the
strongest bimolecular interactions reported, equivalent to half the mechanical strength of a
covalent bond. Our ﬁndings demonstrate force activation and inter-domain stabilization of the
complex, and suggest that certain network components serve as mechanical effectors
for maintaining network integrity. This detailed understanding of cellulosomal network
components may help in the development of biocatalysts for production of fuels and
chemicals from renewable plant-derived biomass.
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ellulosomes are protein networks designed by nature
to degrade lignocellulosic biomass1. These networks
comprise intricate assemblies of conserved subunits
including catalytic domains, scaffold proteins, carbohydrate
binding modules (CBMs), cohesins (Cohs), dockerins (Docs)
and X-modules (XMods) of unknown function. Coh:Doc pairs
form complexes with high afﬁnity and speciﬁcity2, and provide
connectivity to a myriad of cellulosomal networks with varying
Coh:Doc network topology3–5. The most intricate cellulosome
known to date is produced by Ruminococcus ﬂavefaciens (R.f.)6,7
and contains several primary and secondary scaffolds along with
over 220 Doc-bearing protein subunits8.
The importance of cellulolytic enzymes for the production of
renewable fuels and chemicals from biomass has highlighted an
urgent need for improved fundamental understanding of how
cellulosomal networks achieve their impressive catalytic activity9.
Two of the mechanisms known to increase the catalytic activity of
cellulosomes are proximity and targeting effects10. Proximity
refers to the high local concentration of enzymes afforded by
incorporation into nanoscale networks, while targeting refers to
speciﬁc binding of cellulosomes to substrates. Protein scaffolds
and CBM domains are both critical in this context as they
mediate interactions between comparatively large bacterial cells
and cellulose particles. As many cellulosomal habitats (for
example, cow rumen) exhibit strong ﬂow gradients, shear forces
will accordingly stress bridging scaffold components mechanically
in vivo. Protein modules located at stressed positions within
these networks should therefore be preselected for high
mechanostability. However, thus far very few studies on the
mechanics of carbohydrate-active proteins or cellulosomal
network components have been reported11.
In the present study we sought to identify cellulosomal network
junctions with maximal mechanical stability. We chose an XModDoc:Coh complex responsible for maintaining bacterial adhesion
to cellulose in the rumen. The complex links the R. ﬂavefaciens
cell wall to the cellulose substrate via two CBM domains located
at the N-terminus of the CttA scaffold, as shown in Fig. 1a. The

crystal structure of the complex solved by X-ray crystallography12
is shown in Fig. 1b. XMod-Doc tandem dyads such as this one are
a common feature in cellulosomal networks. Bulk biochemical
assays on XMod-Docs have demonstrated that XMods improve
Doc solubility and increase biochemical afﬁnity of Doc:Coh
complex formation13. Crystallographic studies conducted on
XMod-Doc:Coh complexes have revealed direct contacts between
XMods and their adjacent Docs12,14. In addition, many XMods
(for example, PDB 2B59, 1EHX, 3PDD) have high b-strand
content and fold with N- and C-termini at opposite ends of the
molecule, suggestive of robust mechanical clamp motifs at
work15,16. These observations all suggest a mechanical role for
XMods. Here we perform AFM single-molecule force
spectroscopy experiments and steered molecular dynamics
simulations to understand the mechanostability of the XModDoc:Coh cellulosomal ligand–receptor complex. We conclude
that the high mechanostability we observe originates from
molecular mechanisms, including stabilization of Doc by the
adjacent XMod domain and catch bond behaviour that causes the
complex to increase in contact area on application of force.
Results and Discussion
Single-molecule experiments. We performed single-molecule
force spectroscopy (SMFS) experiments with an atomic force
miscroscope (AFM) to probe the mechanical dissociation of
XMod-Doc:Coh. Xylanase (Xyn) and CBM fusion domains on
the XMod-Doc and Coh modules, respectively, provided identiﬁable unfolding patterns permitting screening of large data sets of
force-distance curves17–19. Engineered cysteines and/or peptide
tags on the CBM and Xyn marker domains were used to
covalently immobilize the binding partners in a site-speciﬁc
manner to an AFM cantilever or cover glass via poly(ethylene
glycol) (PEG) linkers. The pulling conﬁguration with Coh-CBM
immobilized on the cantilever is referred to as conﬁguration I, as
shown in Fig. 1c. The reverse conﬁguration with Coh-CBM on
the cover glass is referred to as conﬁguration II. In a typical
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Figure 1 | System overview. (a) Schematic of selected components of the R. ﬂavefaciens cellulosome. The investigated XMod–Doc:Coh complex
responsible for maintaining bacterial adhesion to cellulose is highlighted in orange. (b) Crystal structure of the XMod-Doc:Coh complex. Ca2 þ ions
are shown as orange spheres. (c) Depiction of experimental pulling conﬁguration I, with Coh-CBM attached to the cantilever tip and Xyn–XMod–Doc
attached to the glass surface.
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experimental run we collected about 50,000 force extension traces
from a single cantilever. We note that the molecules immobilized
on the cantilever and glass surfaces were stable over thousands of
pulling cycles.
We sorted the data by ﬁrst searching for contour length
increments that matched our speciﬁc xylanase and CBM
ﬁngerprint domains. After identifying these speciﬁc traces
(Fig. 2a), we measured the loading rate dependency of the ﬁnal
Doc:Coh ruptures based on bond history. To assign protein
subdomains to the observed unfolding patterns, we transformed
the data into contour length space using a freely rotating
chain model with quantum mechanical corrections for peptide
backbone stretching (QM-FRC, Supplementary Note 1,
Supplementary Fig. 1)20,21. The ﬁt parameter-free QM-FRC
model describes protein stretching at forces 4200 pN more
accurately than the commonly used worm-like chain (WLC)
model20,22. The resulting contour length histogram is shown in
Fig. 2b. Peak-to-peak distances in the histogram represent
contour length increments of unfolded protein domains.
Assuming a length per stretched amino acid of 0.365 nm and
accounting for the folded length of each subdomain, we
compared the observed increments to the polypeptide lengths
of individual subdomains of the Xyn-XMod-Doc and Coh-CBM
fusion proteins. Details on contour length estimates and domain
assignments are shown in Supplementary Table 1.
Unfolding patterns in conﬁguration I showed PEG stretching
followed by a three-peaked Xyn ﬁngerprint (Fig. 1a, top trace,
green), which added 90 nm of contour length to the system. Xyn
unfolding was followed by CBM unfolding at B150 pN with
55 nm of contour length added. Finally, the XMod-Doc:Coh
complex dissociated at an ultra-high rupture force of B600 pN.
The loading rate dependence of the ﬁnal rupture event for curves
of subtype 1 is plotted in Fig. 2c (blue). The measured complex
rupture force distributions are shown in Supplementary Fig. 2.
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Less frequently (35–40% of traces) we observed a two-step
dissociation process wherein the XMod unfolded before Doc:Coh
rupture as shown in Fig. 2a (middle trace, orange). In these cases,
the ﬁnal dissociation exhibited a much lower rupture force
(B300 pN) than the preceding XMod unfolding peak, indicating
the strengthening effect of XMod was lost, and XMod was no
longer able to protect the complex from dissociation at high force.
The loading rate dependency of Doc:Coh rupture occurring
immediately following XMod unfolding is shown in Fig. 2c (grey).
In conﬁguration II (Fig. 2a, bottom trace), with the XynXMod-Doc attached to the cantilever, the xylanase ﬁngerprint
was lost after the ﬁrst few force extension traces acquired in the
data set. This indicated the Xyn domain did not refold within the
timescale of the experiment once unfolded, consistent with prior
work17,18. CBM and XMod unfolding events were observed
repeatedly throughout the series of acquired force traces in both
conﬁgurations I and II, indicating these domains were able to
refold while attached to the cantilever over the course of the
experiment.
We employed the Bell-Evans model23 (Supplementary Note 2)
to analyse the ﬁnal rupture of the complex through the effective
distance to the transition state (Dx) and the natural off-rate (koff).
The ﬁts to the model yielded values of Dx ¼ 0.13 nm and
koff ¼ 7.3  10  7s  1 for an intact XMod, and Dx ¼ 0.19 nm and
koff ¼ 4.7  10  4 s  1 for the ‘shielded’ rupture following XMod
unfolding (Fig. 2c). These values indicate that the distance to the
transition state is increased following XMod unfolding, reﬂecting
an overall softening of the binding interface. Distances to the
transition state observed for other ligand–receptor pairs are
typically on the order of B0.7 nm (ref. 17). The extremely short
Dx of 0.13 nm observed here suggests that mechanical unbinding
for this complex is highly coordinated. We further analysed
the unfolding of XMod in the Bell-Evans picture and found
values of Dx ¼ 0.15 and koff ¼ 2.6  10  6s  1. The loading
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Figure 2 | Experimental SMFS unfolding traces. (a) Unfolding ﬁngerprints from pulling conﬁguration I (curves 1 & 2) and conﬁguration II (curve 3).
The QM-FRC model (dashed lines) was used to estimate the contour lengths of the unfolded modules. (b) Contour length histogram obtained from
127 force extension traces (Conﬁg. I). The peak-to-peak increments correspond to Xyn, CBM and XMod amino-acid sequence lengths. (c) Dynamic
force spectra for the ﬁnal Doc:Coh complex rupture peaks obtained from 2,122 force-extension traces. The blue points show Doc:Coh ruptures that
occurred with an intact XMod, while grey points show ruptures immediately following XMod unfolding. Black circles and diamonds represent the
most probable rupture force/loading rate obtained by Gaussian ﬁtting at each pulling speed. Error bars are ±1 s.d. Dashed lines are least square ﬁts
to the Bell-Evans model.
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Figure 3 | Analysis of binding interface and catch bond mechanism from SMD. (a) Surface plots for the main interacting residues of Coh (left)
and Doc (right). Hydrophobic residues are shown in grey, polar residues in green, and negative and positive residues in red and blue, respectively.
Both Coh and Doc exhibit a hydrophobic patch in the centre of the binding surface that is surrounded by polar and charged residues. (b) Rearrangement
of binding residues of Coh (blue) and Doc (red) under force. Following mechanical loading, an interdigitated complex is formed that resembles teeth
of a zipper. (c,d) Surface contact area of interacting residues of Coh (c) and Doc (d) in the absence and presence of force. Residues forming prevalent
hydrogen bonds are indicated with stars. (e) Total contact surface area of Coh and Doc in unloaded and loaded conformations.

rate dependence for this unfolding event is shown in
Supplementary Fig. 3.
The exceptionally high rupture forces measured experimentally
(Fig. 2) are hugely disproportionate to the XMod-Doc:Coh
biochemical afﬁnity, which at KDB20 nM (ref. 12) is comparable
to typical antibody–antigen interactions. Antibody–antigen
interactions, however, will rupture at only B60 pN at similar
loading rates24, while bimolecular complexes found in muscle
exposed to mechanical loading in vivo will rupture at B140 pN
(ref. 25). Trimeric titin–telethonin complexes also found in
muscle exhibit unfolding forces around 700 pN (ref. 26), while Ig
domains from cardiac titin will unfold at B200 pN (ref. 27). The
XMod-Doc:Coh ruptures reported here fell in a range from 600 to
750 pN at loading rates ranging from 10 to 100 nN s  1. At
around half the rupture force of a covalent gold-thiol bond28,
these bimolecular protein rupture forces are, to the best of our
knowledge, among the highest of their kind ever reported. The
covalent bonds in this system are primarily peptide bonds in the
proteins and C-C and C-O bonds in the PEG linkers. These are
signiﬁcantly more mechanically stable than the quoted gold-thiol
bond rupture force (B1.2 nN) (ref. 29) and fall in a rupture force
range 42.5 nN at similar loading rates. Therefore, breakage of
covalent linkages under our experimental conditions is highly
unlikely. We note that the high mechanostability observed here is
not the result of fusing the proteins to the CBM or Xyn domains.
The covalent linkages and pulling geometry are consistent with
the wild-type complex and its dissociation pathway. In vivo, the
Coh is anchored to the peptidoglycan cell wall through its
C-terminal sortase motif. The XMod–Doc is attached to the
cellulose substrate through two N-terminal CBM domains. By
pulling the XMod–Doc through an N-terminal Xyn fusion
domain, and the Coh through a C-terminal CBM, we
established an experimental pulling geometry that matches
4

loading of the complex in vivo. This pulling geometry was also
used in all simulations. The discontinuity between its
commonplace biochemical afﬁnity and remarkable resistance to
applied force illustrates how this complex is primed for
mechanical stability and highlights differences in the unbinding
pathway between dissociation at equilibrium and dissociation
induced mechanically along a deﬁned pulling coordinate.
Steered molecular dynamics. To elucidate the molecular
mechanisms at play that enable this extreme mechanostability, we
carried out all-atom steered molecular dynamics (SMD) simulations. The Xyn and CBM domains were not modelled to keep the
simulated system small and reduce the usage of computational
resources. This approximation was reasonable as we have no
indication that these domains signiﬁcantly affect the XMod–
Doc:Coh binding strength30. After equilibrating the crystal
structure12, the N-terminus of XMod–Doc was harmonically
restrained while the C-terminus of Coh was pulled away at
constant speed. The force applied to the harmonic pulling spring
was stored at each time step. We tested pulling speeds of 0.25,
0.625 and 1.25 Å ns  1, and note that the slowest simulated
pulling speed was B4,000 times faster than our fastest
experimental pulling speed of 6.4 mm s  1. This difference is
considered not to affect the force proﬁle, but it is known to
account for the scale difference in force measured by SMD and
AFM31,32.
SMD results showed the force increased with distance until the
complex ruptured for all simulations. At the slowest pulling speed
of 0.25 Å ns  1 the rupture occurred at a peak force of B900 pN,
as shown in Supplementary Fig. 4 and Supplementary Movie 1.
We analysed the progression and prevalence of hydrogen bonded
contacts between the XMod–Doc and Coh domains to identify
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Figure 4 | SMD shows unfolding of XMod destabilizes Doc:Coh binding interface. XMod was unfolded by moving the harmonic restraint to the
C terminus of XMod while the N terminus was moved at 0.625 Å ns  1. (a) Surface representation of XMod-Doc:Coh complex with Doc insert
sequences. Coh is shown in blue, Doc in red and green (inserts), and XMod in yellow. (b) Force time trace of XMod unfolding. The domain starts to
unfold in several substeps starting at B400 pN. Snapshots at different time steps are labelled I-V and are shown in (c). Steps IV and V are shown at smaller
scale. (d) Average number of hydrogen bonds between Doc:Coh (black) and XMod-Doc (red). XMod-Doc contact is dominated by the insert sequences
1–3. (e) Root mean squared deviation (RMSD) of Doc (black) and Coh (red).

key residues in contact throughout the entire rupture process and
particularly immediately before rupture. These residues are
presented in Fig. 3a,c,d and Supplementary Figs 5,6. The
simulation results clearly reproduced key hydrogen bonding
contacts previously identiﬁed12 as important for Doc:Coh
recognition (Supplementary Fig. 5).
The main interacting residues are shown in Fig. 3a,b. Both Coh
and Doc exhibit a binding interface consisting of a hydrophobic
centre (grey) surrounded by a ring of polar (green) and charged
residues (blue, positive; red, negative). This residue pattern
suggests the hydrophilic side chains protect the interior
hydrophobic core from attack by water molecules, compensating
for the ﬂat binding interface that lacks a deep pocket. The
geometry suggests a penalty to unbinding that stabilizes the
bound state. Further, we analysed the contact surface areas of
interacting residues (Fig. 3b–e). The total contact area was found
to increase due to rearrangement of the interacting residues when
the complex is mechanically stressed, as shown in Fig. 3e and
Supplementary Movie 2. Doc residues in the simulated binding
interface clamped down on Coh residues upon mechanical
loading, resulting in increased stability and decreased accessibility
of water into the hydrophobic core of the bound complex
(Fig. 3b). These results suggest that a catch bond mechanism is
responsible for the remarkable stability33 under force and provide
a molecular mechanism which the XMod–Doc:Coh complex uses
to summon mechanical strength when needed, while still allowing
relatively fast assembly and disassembly of the complex at
equilibrium. The residues that increase most in contact area
(Fig. 3c,d) present promising candidates for future mutagenesis
studies.

Among the 223 Doc sequences from R. ﬂavefaciens, six
subfamilies have been explicitly identiﬁed using bioinformatics
approaches8. The XMod–Doc investigated here belongs to the
40-member Doc family 4a. A conserved feature of these Doc
modules is the presence of three sequence inserts that interrupt
the conserved duplicated F-hand motif Doc structure. In our
system, these Doc sequence inserts make direct contacts with
XMod in the crystallized complex (Fig. 1) and suggest an
interaction between XMod and Doc that could potentially
propagate to the Doc:Coh binding interface. To test this, an
independent simulation was performed to unfold XMod (Fig. 4).
The harmonic restraint was moved to the C-terminus of XMod so
that force was applied from the N- to C-terminus of XMod only,
while leaving Doc and Coh unrestrained. The results (Fig. 4b)
showed XMod unfolded at forces slightly higher than but similar
to the XMod–Doc:Coh complex rupture force determined from
the standard simulation at the same pulling speed. This suggested
XMod unfolding before Doc:Coh rupture was not probable, but
could be observed on occasion due to the stochastic nature of
domain unfolding. This was consistent with experiments where
XMod unfolding was observed in B35–40% of traces.
Furthermore, analysis of the H-bonding between Doc and
XMod (Fig. 4d, red) indicated loss of contact as XMod
unfolded, dominated by contact loss between the three Doc
insert sequences and XMod. Interestingly, XMod unfolding
clearly led to a decrease in H-bonding between Doc and Coh at
a later stage (B200 ns) well after XMod had lost most of its
contact with Doc, even though no force was being applied across
the Doc:Coh binding interface. This provided evidence for
direct stabilization of the Doc:Coh binding interface by XMod.
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As shown in Fig. 4e, the root mean squared deviation (RMSD) of
Doc increased throughout the simulation as XMod unfolded. Coh
RMSD remained stable until it started to lose H-bonds with Doc.
Taken together this suggests that, as XMod unfolded, Coh
and Doc became more mobile and lost interaction strength,
potentially explaining the increase in Dx from 0.13 to 0.19 nm on
unfolding of XMod in the experimental data sets. Apparently the
XMod is able to directly stabilize the Doc:Coh interface,
presumably through contact with Doc insert sequences that
then propagate this stabilizing effect to the Doc:Coh binding
interface.
In summary, we investigated an ultrastable XMod-Doc:Coh
complex involved in bacterial adhesion to cellulose. While
previously the role of XMod functioning in tandem XMod-Doc
dyads was unclear12,14, we show that XMod serves as a mechanical stabilizer and force-shielding effector subdomain in the
ultrastable ligand–receptor complex. The Doc:Coh complex
presented here exhibits one of the most mechanically robust
protein–protein interactions reported thus far, and points
towards new mechanically stable artiﬁcial multi-component
biocatalysts for industrial applications, including production of
second-generation biofuels.
Methods
Site-directed mutagenesis. Site-directed mutagenesis of R. ﬂavefaciens strain
FD1 chimeric cellulosomal proteins. A pET28a vector containing the previously
cloned R. ﬂavefaciens CohE from ScaE fused to cellulose-binding module 3a
(CBM3a) from C. thermocellum, and a pET28a vector containing the previously
cloned R. ﬂavefaciens XMod-Doc from the CttA scaffoldin fused to the XynT6
xylanase from Geobacillus stearothermophilus12 were subjected to QuikChange
mutagenesis34 to install the following mutations: A2C in the CBM and T129C in
the xylanase, respectively.
For the construction of the native conﬁguration of the CohE-CBM A2C fusion
protein Gibson assembly35 was used. For further analysis CohE-CBM A2C was
modiﬁed with a QuikChange PCR36 to replace the two cysteins (C2 and C63) in the
protein with alanine and serine (C2A and C63S). All mutagenesis products were
conﬁrmed by DNA sequencing analysis.
The XynT6-XDoc T129C was constructed using the following primers:
50 -acaaggaaggtaagccaatggttaatgaatgcgatccagtgaaacgtgaac-30
50 -gttcacgtttcactggatcgcattcattaaccattggcttaccttccttgt-30
The CBM-CohE A2C was constructed using the following primers:
50 -ttaactttaagaaggagatataccatgtgcaatacaccggtatcaggcaatttgaag-30
50 -cttcaaattgcctgataccggtgtattgcacatggtatatctccttcttaaagttaa-30
The CohE-CBM C2A C63S was constructed using the following phosphorylated
primers:
50 -ccgaatgccatggccaatacaccgg-30
50 -cagaccttctggagtgaccatgctgc-30
Expression and puriﬁcation of Xyn-XMod-Doc. The T129C Xyn-XMod-Doc
protein was expressed in E. coli BL21 cells in kanamycin-containing media that also
contained 2 mM calcium chloride, overnight at 16 °C. After harvesting, cells were
lysed using sonication. The lysate was then pelleted, and the supernatant ﬂuids
were applied to a Ni-NTA column and washed with tris-buffered saline (TBS)
buffer containing 20 mM imidazole and 2 mM calcium chloride. The bound protein
was eluted using TBS buffer containing 250 mM imidazole and 2 mM calcium
chloride. The solution was dialysed with TBS to remove the imidazole, and then
concentrated using an Amicon centrifugal ﬁlter device and stored in 50% (v/v)
glycerol at  20 °C. The concentrations of the protein stock solutions were
determined to be B5 mg ml  1 by absorption spectrophotometry.
Expression and puriﬁcation of Coh-CBM. The Coh-CBM C2A, C63S fusion
protein was expressed in E. coli BL21(DE3) RIPL in kanamycin and chloramphenicol containing ZYM-5052 media37 overnight at 22 °C. After harvesting,
cells were lysed using sonication. The lysate was then pelleted, and the supernatant
ﬂuids were applied to a Ni-NTA column and washed with TBS buffer. The bound
protein was eluted using TBS buffer containing 200 mM imidazole. Imidazole was
removed with a polyacrylamide gravity ﬂow column. The protein solution was
concentrated with an Amicon centrifugal ﬁlter device and stored in 50% (v/v)
glycerol at  80 °C. The concentrations of the protein stock solutions were
determined to be B5 mg ml  1 by absorption spectrophotometry.
6

Sample preparation. In sample preparation and single-molecule measurements
calcium supplemented TBS buffer (Ca-TBS) was used (25 mM TRIS, 72 mM NaCl,
1 mM CaCl2, pH 7.2). Cantilevers and cover glasses were functionalized according
to previously published protocols18,38. In brief, cantilevers and cover glasses were
cleaned by UV-ozone treatment and piranha solution, respectively. Levers and
glasses were silanized using (3-aminopropyl)-dimethyl-ethoxysilane (APDMES) to
introduce surface amine groups. Amine groups on the cantilevers and cover glasses
were subsequently conjugated to a 5 kDa NHS-PEG-Mal linker in sodium borate
buffer. Disulﬁde-linked dimers of the Xyn-XMod-Doc proteins were reduced for
2 h at room temperature using a TCEP disulﬁde reducing bead slurry. The protein/
bead mixture was rinsed with Ca-TBS measurement buffer, centrifuged at 850 r.c.f.
for 3 min, and the supernatant was collected with a micropipette. Reduced proteins
were diluted with measurement buffer (1:3 (v/v) for cantilevers, and 1:1 (v/v) for
cover glasses), and applied to PEGylated cantilevers and cover glasses for 1 h. Both
cantilevers and cover glasses were then rinsed with Ca-TBS to remove unbound
proteins and stored under Ca-TBS before force spectroscopy measurements.
Site-speciﬁc immobilization of the Coh-CBM-ybbR fusion proteins to previously
PEGylated cantilevers or coverglasses was carried out according to previously
published protocols39. In brief, PEGylated cantilevers or coverglasses were
incubated with Coenzyme A (CoA) (20 mM) stored in coupling buffer (50 mM
sodium phosphate, 50 mM NaCl, 10 mM EDTA, pH 7.2) for 1 h at room
temperature. Levers or surfaces were then rinsed with Ca-TBS to remove unbound
CoA. Coh-CBM-ybbR fusion proteins were then covalently linked to the CoA
surfaces or levers by incubating with Sfp phosphopantetheinyl transferase for 2 h at
room 37°. Finally, surfaces or levers were subjected to a ﬁnal rinse with
Ca-TBS and stored under Ca-TBS before measurement.
Single-molecule force spectroscopy measurements. SMFS measurements were
performed on a custom built AFM40 controlled by an MFP-3D controller from
Asylum Research running custom written Igor Pro (Wavemetrics) software.
Cantilever spring constants were calibrated using the thermal noise/equipartition
method41. The cantilever was brought into contact with the surface and withdrawn
at constant speed ranging from 0.2 to 6.4 mm s  1. An x-y stage was actuated after
each force-extension trace to expose the molecules on the cantilever to a new
molecule at a different surface location with each trace. Typically 20,000–50,000
force-extension curves were obtained with a single cantilever in an experimental
run of 18–24 h. A low molecular density on the surface was used to avoid
formation of multiple bonds. While the raw data sets contained a majority of
unusable curves due to lack of interactions or nonspeciﬁc adhesion of molecules to
the cantilever tip, select curves showed single-molecule interactions. We ﬁltered the
data using a combination of automated data processing and manual classiﬁcation
by searching for contour length increments that matched the lengths of our speciﬁc
protein ﬁngerprint domains: Xyn (B89 nm) and CBM (B56 nm). After identifying
these speciﬁc traces, we measured the loading rate dependency of the ﬁnal Doc:Coh
ruptures based on bond history.
Data analysis. Data were analysed using previously published protocols17,18,22.
Force extension traces were transformed into contour length space using the
QM-FRC model with bonds of length b ¼ 0.11 nm connected by a ﬁxed angle
g ¼ 41° and and assembled into barrier position histograms using cross-correlation.
Detailed description of the contour length transformation can be found in
Supplementary Note 1 and Supplementary Fig. 1.
For the loading rate analysis, the loading rate at the point of rupture was
extracted by applying a line ﬁt to the force vs time trace in the immediate vicinity
before the rupture peak. The loading rate was determined from the slope of the ﬁt.
The most probable rupture forces and loading rates were determined by applying
Gaussian ﬁts to histograms of rupture forces and loading rates at each pulling
speed.
Molecular dynamics simulations. The structure of the XMod-Doc:Coh complex
had been solved by means of X-ray crystallography at 1.97 Å resolution and is
available at the protein data bank (PDB:4IU3). A protonation analysis performed
in VMD42 did not suggest any extra protonation and all the amino-acid residues
were simulated with standard protonation states. The system was then solvated,
keeping also the water molecules present in the crystal structure, and the net charge
of the protein and the calcium ions was neutralized using sodium atoms as counter
ions, which were randomly arranged in the solvent. Two other systems, based on
the aforementioned one, were created using a similar salt concentration to the one
used in the experiments (75 mM of NaCl). This additional salt caused little or no
change in SMD results. The overall number of atoms included in MD simulations
varied from 300,000 in the majority of the simulations to 580,000 for the unfolding
of the X-Mod.
The MD simulations in the present study were performed employing the
NAMD molecular dynamics package43,44. The CHARMM36 force ﬁeld45,46 along
with the TIP3 water model47 was used to describe all systems. The simulations were
done assuming periodic boundary conditions in the NpT ensemble with
temperature maintained at 300 K using Langevin dynamics for pressure, kept at
1 bar, and temperature coupling. A distance cut-off of 11.0 Å was applied to shortrange, non-bonded interactions, whereas long-range electrostatic interactions were
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treated using the particle-mesh Ewald (PME)48 method. The equations of motion
were integrated using the r-RESPA multiple time step scheme44 to update the van
der Waals interactions every two steps and electrostatic interactions every four
steps. The time step of integration was chosen to be 2 fs for all simulations
performed. Before the MD simulations all the systems were submitted to an
energy minimization protocol for 1,000 steps. The ﬁrst two nanoseconds of the
simulations served to equilibrate systems before the production runs that varied
from 40 to 450 ns in the 10 different simulations that were carried out. The
equilibration step consisted of 500 ps of simulation where the protein backbone was
restrained and 1.5 ns where the system was completely free and no restriction or
force was applied. During the equilibration the initial temperature was set to zero
and was constantly increased by 1 K every 100 MD steps until the desired
temperature (300 K) was reached.
To characterize the coupling between Doc and Coh, we performed SMD
simulations49 of constant velocity stretching (SMD-CV protocol) employing three
different pulling speeds: 1.25, 0.625 and 0.25 Å ns  1. In all simulations, SMD was
employed by restraining the position of one end of the XMod-Doc domain
harmonically (center of mass of ASN5), and moving a second restraint point, at the
end of the Coh domain (center of mass of GLY210), with constant velocity in the
desired direction. The procedure is equivalent to attaching one end of a harmonic
spring to the end of a domain and pulling on the other end of the spring. The force
applied to the harmonic spring is then monitored during the time of the molecular
dynamics simulation. The pulling point was moved with constant velocity along
the z-axis and due to the single anchoring point and the single pulling point the
system is quickly aligned along the z-axis. Owing to the ﬂexibility of the linkers,
this approach reproduces the experimental set-up. All analyses of MD trajectories
were carried out employing VMD42 and its plug-ins. Secondary structures were
assigned using the Timeline plug-in, which employs STRIDE criteria50. Hydrogen
bonds were assigned based on two geometric criteria for every trajectory frame
saved: ﬁrst, distances between acceptor and hydrogen should be o3.5 Å; second,
the angle between hydrogen-donor-acceptor should be o30°. Surface contact areas
of interacting residues were calculated employing Volarea51 implemented in VMD.
The area is calculated using a probe radius deﬁned as an in silico rolling spherical
probe that is screened around the area of Doc exposed to Coh and also Coh area
exposed to Doc.
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ABSTRACT: Here we employ single-molecule force spectroscopy with an atomic force microscope (AFM) and steered
molecular dynamics (SMD) simulations to reveal force
propagation pathways through a mechanically ultrastable
multidomain cellulosome protein complex. We demonstrate
a new combination of network-based correlation analysis
supported by AFM directional pulling experiments, which
allowed us to visualize stiﬀ paths through the protein complex
along which force is transmitted. The results implicate speciﬁc
force-propagation routes nonparallel to the pulling axis that are
advantageous for achieving high dissociation forces.
KEYWORDS: Force propagation, single molecule force spectroscopy, steered molecular dynamics, network analysis, cohesin−dockerin

M

sampling of structural conformations of large and frequently
mechanostable protein complexes.19,20 Analysis of these
conformations from MD trajectories have recently led to the
development of network-based correlation methods for
investigating signal transmission and allosteric regulation in
proteins.21−23 In network models, local correlations of
positional ﬂuctuations in a protein are represented as a web
of inter-residue connections. Within such a network, the
behavior of nodes that are highly correlated and within close
physical proximity can be analyzed to obtain the shortest path
between two network nodes (i.e., amino acids). This analysis
helps to identify which connecting residues are most important
for intramolecular communication.23−25 Examination of multiple pathways, also known as suboptimal paths, within an
acceptable deviation from the optimal path helps to detect the
web of nodes critical for transmission of information.
Among MD methods, steered molecular dynamics (SMD)
simulations in which external forces are used to explore the
response and function of proteins have become a powerful tool
especially when combined with SMFS.6 SMD has been
successfully employed in a wide range of biological systems,
from the investigation of protein mechanotransduction,5,26 to

echanical forces play a fundamental role in biological
systems. Cells are able to sense and respond to
mechanical cues in their environment by, for example,
modulating gene expression patterns,1 reshaping the extracellular matrix,2 or exhibiting diﬀerential biochemical activities.3
At the molecular level, these behaviors are governed by
mechanically active proteins. Such proteins are able to sense
and respond to force by undergoing conformational changes,4
exposing cryptic binding sequences,5 acting synergistically with
ion channels,6 or modulating their function in a variety of
ways.7−9
Experimental methods including AFM single-molecule force
spectroscopy (SMFS) allow direct measurement of molecular
mechanical properties. These studies have demonstrated the
importance of the shear topology involving parallel breakage of
hydrogen bonds in providing mechanical stability to protein
folds.10,11 Many globular domains and protein complexes also
exhibit a directional dependence in unfolding mechanics,
consisting of stiﬀ and soft axes.12−18 Pulling geometry can be
deﬁned by controlling the positions of the chemical linkages
between protein monomer units through a variety of
bioconjugate techniques.
Primary sequences of mechanically active proteins are
extremely diverse, essentially rendering them undetectable by
conventional bioinformatics approaches. Yet, another computational approach, namely, molecular dynamics (MD), allows
© 2015 American Chemical Society
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Figure 1. Single molecule force spectroscopy and steered molecular dynamics of XMod-Doc:Coh in two pulling conﬁgurations. (A) Crystal structure
of the XMod-Doc:Coh complex (PDB 4IU3) with orange spheres marking the termini where force was applied. (B) Experimental unfolding trace for
the native pulling conﬁguration at a pulling speed of 1600 nm s−1. The inset shows a schematic of the pulling geometry. Unfolding signatures of the
Xyn and CBM marker domains are marked in orange and green, respectively. (C) Experimental unfolding trace for the non-native high force class
obtained at a pulling speed of 700 nm s−1. (D) Experimental unfolding trace for the non-native low force class obtained at a pulling speed of 700 nm
s−1. The additional 17−19 nm contour length increment attributed to N-terminal Coh unfolding is shown in red. (E) Dynamic force spectrum for
XMod-Doc:Coh unbinding in the native geometry obtained from experiment and simulations. Gray points and squares represent the rupture force/
loading rate pairs obtained from experiment and simulation, respectively. Black circles represent the most probable rupture force/loading rate
obtained from Gaussian ﬁts to the experimental data at six pulling speeds. The black square shows the mean rupture force and loading rate for the
simulated rupture events. (F) Rupture force histograms obtained at a pulling speed of 800 nm s−1 for the native (gray, n = 46) and non-native high
force class (red, n = 48). Fitted probability densities p(F) are shown as solid black and red lines. Data for both pulling conﬁgurations were obtained
with the same cantilever to minimize calibration errors. (G) Dynamic force spectrum for XMod-Doc:Coh unbinding in the non-native low force class
obtained from experiments and simulation. The same representation as in (E) is used. (H,I,J) Unloaded and loaded surface contact areas for the
diﬀerent pulling geometries ((H) native, (I) non-native high force class, and (J) non-native low force class).

permeability of membrane channels,27,28 and the characterization of protein−receptor interactions.29 SMD simulations
have also been used to study force propagation through
proteins by employing force distribution analysis (FDA).30,31 In
FDA, all pairwise forces, which are usually calculated in MD
simulations, are stored in N × N matrices, where N is the
number of atoms.32 These pairwise forces can then be used to
assess a protein’s response to a mechanical or allosteric signal.33
In the FDA approach, atoms under mechanical strain are
identiﬁed by subtracting forces of both loaded and unloaded
states for each pair of interacting atoms.31 However, to achieve
a suﬃcient signal-to-noise ratio, FDA will often require
exhaustive sampling of the conformational space.32,34 FDA,
therefore, requires more computational resources than usual
SMD studies, which are frequently already computationally
demanding. There is therefore a clear need for new analysis
methods that enable visualization of force propagation
pathways from a single SMD trajectory.
Here we implemented a novel combination of SMD,
network-based correlation analysis, and thermodynamic ﬂuctuation theory, supported by AFM-SMFS experiments to study
force propagation through a protein complex subjected to
diﬀerent pulling geometries. We chose an ultrastable receptor−
ligand interaction as a model system because of its remarkably

high mechanical stability,29 which eﬀectively improves the
signal-to-noise ratio. This complex consists of two interacting
protein domains called cohesin (Coh) and dockerin (Doc) that
maintain bacterial adhesion of Ruminococcus f lavefaciens to
cellulosic substrates. Doc is found within the same polypeptide
chain as a stabilizing ancillary domain called X-module
(XMod), located N-terminally of Doc. Based on its position
with the R. f lavefaciens cellulosomal network, Coh is
mechanically anchored in vivo at its C-terminal end to the
cell surface. Our prior work demonstrated that, when force is
applied to the complex in the native conﬁguration (i.e., Cterminal Coh, N-terminal XMod-Doc anchor points), the
complex is extremely stable, exhibiting high rupture forces of
600−750 pN at loading rates from 1−100 nN s−1.29 Since the
bulk equilibrium aﬃnity of the complex is an unremarkable 20
nM,35 we hypothesized that the high mechanostability is
explained by a catch bond mechanism. AFM rupture force data
and SMD simulations supported this prediction, where it was
observed that the contact surface area of the two proteins
increased as mechanical force was applied.
To characterize the mechanisms behind Coh:Doc high
stability, here we additionally pulled the complex apart in a
non-native conﬁguration (i.e., N-terminal Coh, N-terminal
XMod-Doc anchor points). In the non-native pulling
7371
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conﬁguration. To conﬁrm this, we performed additional
measurements where both Coh conﬁgurations were alternately
probed with the same Xyn-XMod-Doc functionalized cantilever
(Supplementary Figure S2), eliminating inaccuracies introduced through multiple cantilever calibration. Most probable
rupture forces at a pulling speed of 800 nm s−1 of 606 and 597
pN for the native conﬁguration and non-native HF class,
respectively, were determined in the Bell Evans model (Figure
1F, Supplementary eq S2), demonstrating that the native and
non-native HF classes are experimentally indistinguishable.
For the LF class, we analyzed the ﬁnal complex rupture event
and plotted the combined dynamic force spectrum (Figure
1G). Here, simulated and experimentally observed data were
not well described by a single Bell expression. In such cases
nonlinear models have been developed to obtain kinetic and
energetic information from dynamic force spectra.37,38 To ﬁt
the combined data, we used the nonlinear Dudko−Hummer−
Szabo (DHS) model (Supplementary eq S3) and obtained
values of Δx = 0.42 nm and kof f = 0.005 s−1. The DHS model
further provides the free energy diﬀerence ΔG between the
bound state and the transition state as a ﬁt parameter, which
was found to be ΔG = 129 kBT. The model ﬁt produced a
distance to transition that was much longer than observed for
the native conﬁguration. Independent SMD simulations for the
non-native pulling conﬁguration were found to also lead to HF
and LF unbinding scenarios (see below, Figure 4A,D,
respectively).
The diﬀerential solvent contact area was calculated from
SMD simulations to estimate the intermolecular contact area in
the Doc:Coh complex. In the native conﬁguration, the
simulated Doc:Coh contact area increased by 14% and 9%
for Coh and Doc, respectively (Figure 1H). For the non-native
HF class, the contact area increased by 11% and 12% for Coh
and Doc, respectively (Figure 1I). In the non-native LF class,
the contact area increased by only 7% for Coh and decreased by
3% for Doc (Figure 1J). Evidently, an increased surface contact
area for Doc in the native and non-native HF pathways
correlated with high mechanostability of the system.
Force Propagation Theory: A Simple Model. To further
understand the observed unbinding pathways, we sought to
identify paths through the molecule along which the externally
applied load propagates. From thermodynamic ﬂuctuation
theory,39,40 it is known that the correlation of ﬂuctuations of
atoms i and j and the force Fi on atom i are related through

conﬁguration, we found that the complex dissociated along two
competing pathways with very diﬀerent mechanical characteristics.
Our new dynamic network analysis protocol reveals how
diﬀerent mechanical behaviors are attributable to diﬀerences in
the direction of force transmission across the binding interface.
Together, the experiments and simulations depict a simple
physical mechanism for achieving high complex rupture forces:
the complex directs force along pathways orthogonal to the
pulling axis.
Single-Molecule Pulling Experiments and SMD. For
SMFS experiments, XMod-Doc was produced as a fusion
protein with an N-terminal Xylanase (Xyn) domain. Coh was
produced as either an N- or C-terminal fusion domain with a
carbohydrate binding module (CBM). These fusion domains
were used for site speciﬁc immobilization to a glass surface and
AFM cantilever to achieve the two loading conﬁgurations
shown in Figure 1A and further served as marker domains with
known unfolding length increments to validate single-molecule
interactions and sort SMFS data traces.36
For the native pulling conﬁguration found in vivo, Coh-CBM
and XMod-Doc are loaded from their C- and N-termini,
respectively (Figure 1A). A representative unbinding trace for
the native pulling conﬁguration is shown in Figure 1B. We
measured the loading rate dependence of complex rupture
using both experimental and SMD data sets (unbinding trace
from SMD shown in Figure 3A) and plotted them on a
combined dynamic force spectrum (Figure 1E). The linear Bell
model produced ﬁt parameters for the eﬀective distance to the
transition state Δx = 0.13 nm, and the zero-force oﬀ rate koff =
4.7 × 10−4 s−1. Both experimental and simulation data are well
described by a single Bell expression, despite the diﬀerences in
loading rates between experiments and simulation. The
observation suggests that the application of force does not
signiﬁcantly change Δx for this particular conﬁguration.
To test the inﬂuence of pulling geometry on mechanical
stability, we performed SMFS and SMD on the system where
Coh was pulled from the opposite terminus (i.e., non-native Nterminus, cf. Figure 1A). Unlike the native pulling geometry,
this geometry exhibited two clearly distinct unbinding pathways
that are characterized by diﬀerent force ranges (high or low) at
which the complex dissociated. We refer to these pathways as
non-native high force (HF) (Figure 1C) and non-native low
force (LF) (Figure 1D).
AFM data traces classiﬁed as non-native HF showed similar
characteristics as those in the native pulling conﬁguration (cf.
Figure 1B,C,F). The non-native LF traces, however, exhibited a
markedly diﬀerent unfolding behavior (Figure 1D). Xyn
unfolding (highlighted in orange) was regularly observed, but
CBM unfolding was only very rarely observed. The complex
usually did not withstand forces high enough to unfold CBM
when rupturing along the non-native LF path. Among nonnative LF curves, we regularly found an additional contour
length increment of 17−19 nm consistent with unfolding of
∼60 amino acids located at the N-terminus of Coh. This
unfolding occurred immediately following Xyn unfolding
(Figure 1D, red), or alternatively prior to Xyn unfolding, or
with a substep (Supplementary Figure S1). Taken together, it
appears that partial Coh unfolding from the N-terminus
destabilizes the complex, causing lower rupture forces (Figure
1G).
The experimental rupture forces from the non-native HF
class were indistinguishable from those arising in the native

⟨ΔriΔr Tj ⟩ = kBT

∂rj

∂Fi

(1)

where Δri = ri(t) − ⟨ri(t)⟩ and ri is the position of atom i. The
derivative on the right-hand side of eq 1 states that neighboring
atoms i and j will move with high correlation due to an external
force Fi acting on atom i if the coupling between them is strong.
Hence, a given element of a correlation matrix Mij = ⟨ΔriΔrTj ⟩
will be large in the case of a strong interaction potential
between i and j. When force is propagated through a molecule,
soft degrees of freedom will be stretched out along the path of
force propagation, while stiﬀ degrees become more important
for the dynamics of the system.
Consequently, paths with high correlation of motion describe
the paths along which force propagates through the system. To
illustrate this behavior for a toy system, we employed the
NAMD41 SMD42 constant velocity protocol to a test pattern of
identical spheres connected with harmonic springs of diﬀerent
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stiﬀness (Figure 2A). The position of one sphere was ﬁxed
during the simulation, while another sphere on the opposite

analysis to understand force propagation through the XModDoc:Coh complex.
The dynamic networks for the native conﬁguration
(unloaded and loaded) are shown in Figure 3B,C, respectively.
While the network shows multiple suboptimal paths in the
unloaded scenario, the loaded case exhibits a well-deﬁned main
path along which force propagates through the system.
Interestingly, in the loaded conﬁguration, force propagates
through both binding helices of Doc, which results in a force
path with large normal components to the unbinding axis close
to the binding interface as illustrated in Figure 3D. It had been
shown for another ultrastable protein, namely, silk crystalline
units, that curving force paths distribute tension through the
entire system.31 A strategy that assumes an indirect path would
therefore allow the system to have more time to absorb the
tension from the applied force. The result here supports the
view that directing the force along a path with signiﬁcant
perpendicular components to the pulling axis leads to high
mechanical stability. In a simple mechanical picture, a certain
amount of mechanical work, namely dW = F·ds, is required to
separate the two binding interfaces by a distance Δz and break
the interaction. In this simpliﬁed picture, ds points along the
unbinding axis, whereas the force F is locally largely
perpendicular to this direction. Consequently, a larger force is
required to break the interaction than in a scenario where the
force path would point along the unbinding axis.
To validate this picture, we repeated the same analysis for the
non-native HF and non-native LF pathways. The HF
simulation (Figure 4A) exhibited only a small stretching of
the ﬂexible N-terminal region of Coh and complex dissociation
at approximately 800 pN and a pulling distance around 10 nm.
However, the LF case shown in Figure 4D exhibited a stepwise
N-terminal Coh unfolding, dissociating at a force of about 480
pN at a pulling distance of about 25 nm. This behavior
conﬁrmed our assignment of the experimentally observed 17−
19 nm contour length increment to Coh unfolding up to
residue 62 in PDB 4IU3.
While the experimental data did not show a detectable
diﬀerence between the native conﬁguration and the non-native
HF class, the propagation of force takes place along a diﬀerent
pathway (Figure 4B). For N-terminal Coh pulling, helix 3 of
Doc is not involved in the propagation of force as it is for the
native geometry. In the native conﬁguration, force propagates
through the center of Coh, while for non-native HF the path is
shifted toward the side of the molecule. Despite these
diﬀerences, there is a common feature between the native
and non-native HF pathways. At the binding interface, the
pathway again shows pronounced components perpendicular to
the unbinding axis (cf. Figure 4C), suggesting that this feature
is indeed responsible for the exceptional mechanical strength
observed for these two unbinding pathways.
Figure 4E shows the force propagation pathway for the nonnative LF class prior to rupture. Due to the unfolding of the Nterminal Coh segment, the propagation of force is shifted even
further away from the central portion of Coh than for the nonnative HF class. Interestingly, force is propagated through the
small helical segment of Coh (ALA167-GLN179), a portion of
the molecule that is not involved in force propagation for any of
the other analyzed trajectories. Unlike in the aforementioned
scenarios, there is no pronounced tendency for perpendicular
force components at the binding interface for the non-native LF
class. In fact, the force is propagated along a path largely parallel
to the pulling axis (cf. Figure 4F). In cases where force

Figure 2. Network analysis test simulation. (A) Simulated pattern of
atoms depicted by spheres. Connecting lines between atoms represent
harmonic springs with diﬀerent stiﬀnesses (red, k; blue, 5k; yellow,
7.5k; black, 10k). The green atom was ﬁxed (anchor), while a second
green atom was withdrawn at constant speed (arrow). Black and
yellow atoms and their adjacent springs were introduced to maintain
the general shape of the pattern. (B) Deformed sphere pattern at the
end of the simulation. (C) Edges between nodes are weighted by the
corresponding correlation matrix elements. (D) The path with highest
correlation of motion is shown in red.

side of the structure was withdrawn at constant velocity. The
strained structure at the end of the simulation is shown in
Figure 2B. We assigned weights to the lines between spheres
according to the Pearson correlation coeﬃcient Cij (Supplementary eq S4) between those network nodes (Figure 2C).
The Pearson correlation coeﬃcient diﬀers from the left-hand
side of eq 1 by a normalization factor (⟨Δri 2(t )⟩⟨Δrj 2(t )⟩)−1/2
and was chosen to make our analysis mathematically more
tractable. For a detailed discussion on this choice of correlation
measure, see Supporting Information. In a harmonic potential
approximation, the equipartition theorem can be applied to this
normalization factor resulting in the following expression for
Cij:
Cij =

∂rj

∂Fi

ki ,eff kj ,eff

(2)
−1

⎛1
1
1 ⎞
where ki ,eff = ⎜ k + k + k ⎟ and kxi is the curvature of the
yi
zi ⎠
⎝ xi
potential on atom i in the x direction. For a full derivation, see
Supporting Information. Equation 2 illustrates how Pearson
correlation is a suitable measure to identify the stiﬀ paths in our
simple model. We then used dynamical network analysis
implemented in VMD49 to ﬁnd the path of highest correlation
(Figure 2D). As expected from eq 1, we found this path to be
the one connected by the stiﬀ springs.
Force Propagation through XMod-Doc:Coh Complex.
The simple pattern of spheres validated our general approach of
using local correlations to identify load-bearing pathways
through networks. We next employed dynamical network
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Figure 3. Force propagation through XMod-Doc:Coh in the native pulling conﬁguration. (A) Unbinding trace of XMod-Doc:Coh obtained from
SMD at a pulling speed of 0.25 Å ns−1. The full trajectory is shown in gray. The black line represents a moving average with a box size of 500 steps.
The highlighted red areas denote the windows where dynamic networks and contact areas were calculated. (B) Network paths for the unloaded
system. The thickness of the orange tube represents the number of suboptimal correlation paths passing between two nodes. (C) Network paths for
the loaded system. A detailed 2D representation of the pathway, highlighting the amino acids present in the pathway, is shown in Supplementary
Figure S5. (D) Schematic model of force propagation across the Coh:Doc binding interface. Force takes a path across the binding interface with
large components perpendicular to the unbinding axis.

mechanical stability of the Doc:Coh interaction when diﬀerent
pulling geometries are applied. Our methodological approach,
to the best of our knowledge, has never been applied even
though network analysis of SMD trajectories was performed
before to probe the mechanism of allosteric regulation in
imidazole glycerol phosphate synthase.48
In summary, for both unbinding cases where we observed
high mechanostability, we found that across the binding
interface, force propagated along paths with strong normal
components to the pulling direction. Such a behavior was not
observed for the non-native LF class, where, presumably due to
N-terminal Coh unfolding, the system was no longer able to
direct the force across the binding interface at high angles.
From these ﬁndings, we conclude that the ultrastable complex
formed by Coh and Doc achieves its remarkable mechanostability by actively directing an externally applied force toward
an unfavorable angle of attack at the binding interface,
consequently requiring more force to achieve a given amount
of separation along the pulling direction. Our results show that
this mechanically stable complex uses an architecture that
exploits simple geometrical and physical concepts from
Newtonian mechanics to achieve high stability against external
forces. The analytical framework derived here provides a basis
for developing a deeper understanding of the functioning of
various mechanoactive proteins that are crucial for physiolog-

propagation occurs parallel to the pulling axis, as in Figure 4E,
low mechanical stability was observed.
The aforementioned force propagation architecture along
with the eﬀect of increasing contact surface area upon
mechanical loading combine for elevated mechanostability of
the system.29 In cases where we observed an N-terminal Coh
unfolding of 62 amino acids in the non-native geometry, the
system was no longer able to summon this mechanism, causing
dissociation at much lower forces.
Previously, our groups have reported on a family of
mechanically stable protein ligand receptor complexes that
are key building blocks of cellulosomes,29,44−46 the multienzyme complexes used by select anaerobic bacteria to digest
lignocellulose. However, the molecular origins of the stability of
these complexes remained largely unclear. An initial clue was
obtained when, in a previous work, we were able to show that
contact surface area of the two proteins increased as mechanical
force was applied.29 In a diﬀerent study,47 coarse-grained MD
simulations showed much smaller rupture forces at similar
loading rates both for native and non-native pulling than we
report here. This disagreement is likely due to the inability of
the coarse-grained model to capture the rearrangement of
amino acid side chains observed here. As we demonstrated,
force propagation calculation from network-based correlation
analysis helped in investigating the dramatic eﬀect on the
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Figure 4. Force propagation through XMod-Doc:Coh in the non-native pulling conﬁguration. (A) Unbinding trace of XMod-Doc:Coh in the nonnative pulling conﬁguration obtained from SMD at a pulling speed of 0.25 Å ns−1. The full trajectory is shown in gray; the black line represents a
moving average with a box size of 500 steps. Note that this computational pulling experiment revealed a high-force behavior. (B) Network pathways
calculated from dynamical network analysis for the non-native HF trajectory. A detailed 2D representation of the pathway, presenting amino acid
identiﬁcation, is shown in Supplementary Figure S6. (C) Schematic model of force propagation across the Coh:Doc binding interface. Force takes a
path across the binding interface with large components perpendicular to the unbinding axis. (D) Unbinding trace of XMod-Doc:Coh in the nonnative pulling conﬁguration obtained from SMD at a pulling speed of 0.25 Å ns−1. The full trajectory is shown in gray; the black line represents a
moving average with a box size of 500. This computational pulling experiment revealed partial Coh unfolding that led to LF behavior. (E) Network
pathways for the non-native LF scenario. A detailed 2D representation of the pathway, presenting amino acid identiﬁcation, is shown in
Supplementary Figure S7. (F) Schematic model of force propagation across the Coh:Doc binding interface. Unlike in both HF scenarios, force
propagates across the binding interface mostly along the unbinding axis.

■

ically relevant processes such as mechanotransduction, cellular
mechanosensing, and pathogenesis. Additionally, it could
provide a design platform for development of artiﬁcial
mechanoactive systems with applications as tissue engineering
scaﬀolds or components in engineered nanomaterials.
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Protein receptor-ligand pairs are increasingly used as specific molecular handles in single-molecule proteinunfolding experiments. Further, known marker domains, also referred to as fingerprints, provide unique
unfolding signatures to identify specific single-molecule interactions, when receptor-ligand pairs themselves are
investigated. We show here that in cases where there is an overlap between the probability distribution associated
with fingerprint domain unfolding and that associated with receptor-ligand dissociation, the experimentally
measured force distributions are mutually biased. This biasing effect masks the true parameters of the underlying
free energy landscape. To address this, we present a model-free theoretical framework that corrects for the biasing
effect caused by such overlapping distributions.
DOI: 10.1103/PhysRevE.94.042412
I. INTRODUCTION

Mechanical forces play an important role in many biological systems. Refolding of individual titin domains is believed
to assist in muscle contraction [1], stretching forces expose
cryptic binding sites involved in focal adhesions [2], and
mechanically stable receptor-ligand pairs govern the assembly
of large extracellular machineries and adhesion of bacterial
cells to their cellulosic carbon sources [3,4]. Single-molecule
pulling experiments with atomic force microscopes [5], optical
tweezers [6], or magnetic tweezers [7] have become widely
used techniques to study such phenomena at the singlemolecule level.
Due to the stochastic nature of domain unfolding, typical
atomic force microscopy experiments record many thousands
of data traces to obtain statistically meaningful results from
single-molecule pulling experiments. To unambiguously identify the unfolding signals of a given protein domain of interest
or the dissociation of a receptor-ligand system under external
load, the resulting data sets need to be filtered, and specific,
single-molecule interactions must be identified.
To accommodate this need, the community has developed
an elegant strategy to achieve high yields of specific curves:
In this approach, protein domains of interest are fused to a
receptor complex that serves as a specific handle in pulling
experiments. This improves curve yields and data fidelity by
providing a specific molecular interaction handle to “grab”
the protein of interest. Thereby, the unfolding of individual
domains and the dissociation of a receptor-ligand complex
can be studied in a single experiment [3,4,8–10]. Also, using
a known protein domain in the fusion construct provides a
unique unfolding pattern that can be used to identify specific
traces, when receptor-ligand unbinding itself is studied. These
domains are then referred to as fingerprint domains [5].
In order for a curve to be unambiguously identified as
constituting specific signal, it needs to exhibit unfolding of all
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included fingerprint domains plus a specific receptor-ligand
dissociation event. Throughout this letter we will refer to
domains fused to a receptor-ligand complex as fingerprint
domains for both scenarios, namely protein-unfolding studies using receptor-ligand complexes as specific handles, as
well as unbinding studies of receptor-ligand complexes of
interest, which use fingerprint domains for assistance in data
filtering. We discuss the statistical effects that arise when the
respective force distributions for fingerprint domain unfolding
and receptor-ligand complex rupture exhibit a finite overlap.
We quantitatively show how the statistical overlap between
these two distributions affects the experimentally observable
unfolding and rupture force distributions. We provide a framework for extracting kinetic and energetic information from the
experimentally observed distributions that are corrected for
the biasing effects arising from such overlaps in a model-free
fashion.
II. THEORETICAL FRAMEWORK

The standard theoretical framework treats protein unfolding
or bond dissociation as thermally driven escape over a free
energy barrier that is modulated by an external force F
[11–14]. This description leads to a general expression for
the distribution of unfolding or rupture forces in a pulling
experiment,

  F
k(F  )
k(F )
,
(1)
dF 
p(F ) =
exp −

Ḟ (F )
Ḟ (F )
0
where k(F ) is the force-dependent off rate of the system, and
Ḟ (F ) is the force loading rate. In the simplest picture [12,13],
the force-dependent off rate is given by [11]


F x
k(F ) = k0 exp
(2)
kB T
where k0 and x are the zero-force off rate and distance
to the free energy barrier, respectively. For a constant force
loading rate Ḟ and an off rate from Eq. (2), the integral
in Eq. (1) can be solved analytically [Fig. 1(a)]. Dudko
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of interest, care has to be taken when analyzing the resulting
unfolding or rupture force distributions. If the probability
distributions for fingerprint domain unfolding and complex
rupture are disjunct, i.e., the complex ruptures at forces well
above those required for fingerprint unfolding, the measured
distributions are unbiased and can be readily analyzed using a
desired form of Eq. (1). If those distributions have a substantial
overlap [Fig. 1(a)], however, biasing effects have to be taken
into account.
To pass the data analysis filter a given curve is required
to exhibit both fingerprint unfolding and complex rupture
[Fig. 1(b); upper path], i.e., the complex must not rupture
prior to fingerprint unfolding [Fig. 1(b); lower path]. Consequently, the resulting distribution of fingerprint unfolding
forces will be shifted downwards towards lower forces. By
the same logic, experimentally observed distributions for
receptor-ligand complex rupture forces will be truncated at
the lower end and shifted upwards toward higher forces in a
constant-loading-rate experiment. This biasing effect has been
used qualitatively by Jobst et al. [8] to unambiguously identify
a redundant dual binding mode in a receptor-ligand complex.
Here we treat this biasing effect quantitatively and calculate
these effects independent of the model used in Eq. (1). For
overlapping distributions of fingerprint, pf (F ), and receptorligand complex, pc (F ), the biased distribution of the fingerprint, pf (F ), can be calculated by multiplying the original
distribution by the cumulative probability for the bond to
rupture at higher forces and renormalizing,
∞
pf (F ) F dF  pc (F  )
pf (F ) =
,
(3)
η

(a)

(b)

Fingerprint
unfolds

Complex
ruptures

Fingerprint
intact,
complex
ruptures

FIG. 1. (a) Overlapping distributions of fingerprint unfolding
(blue region) and complex rupture (green region) for a constant
loading rate Ḟ = 200 pN s−1 with fingerprint x = 0.4 nm, and
k0 = 0.005 s−1 and complex parameters x = 0.35 nm, and k0 =
0.001 s−1 obtained by integrating Eq. (1) using Eq. (2). (b) Schematic
of possible outcomes for the situation in (a). Analyzable data show
fingerprint unfolding followed by complex rupture (upper path). Due
to the overlapping distributions for unfolding and rupture, complex
rupture with an intact fingerprint is also possible (lower path).

et al. [15] have used the Kramers theory [16] to obtain a
more sophisticated expression for the force-dependent off
rate, which accounts for the specific shape of the free energy
landscape. This approach also provides an analytical solution
to Eq. (1) for a constant loading rate and includes the height of
the free energy barrier G as an additional parameter. Over
the years, more theoretical models describing the distributions
for domain unfolding and receptor-ligand dissociation have
been developed [17–22] that can be applied to experimentally
measured force distributions.
Since a constant force loading rate is required to obtain an
analytical solution for the distribution of forces in a pulling
experiment, force ramp measurements [23,24], where the
external force is ramped linearly, are an elegant technique
to study protein unfolding and receptor-ligand dissociation.
In an experiment where a receptor-ligand system is used to
probe the unfolding behavior of a protein fingerprint domain

where η is a normalization constant. Since pc (f ) is normalized,
Eq. (3) can be rewritten,
F


pf (F ) 1 − 0 dF  pc (F  )
(4)
pf (F ) =
η
pf (F )(1 − Pc (F ))
=
,
(5)
η
where Pc (F ) is the cumulative distribution function of the
complex rupture forces. The normalization constant η can be
calculated by integrating over the numerator in Eq. (5):
 ∞
dF pf (F )Pc (F ).
(6)
η =1−
0

Intuitively, the biased fingerprint distribution is normalized
by the ratio of curves that exhibit fingerprint unfolding vs all
rupture events. The above calculations apply for both constantloading-rate and constant-speed measurements. By the same
logic, the biased distribution of observed complex ruptures for
a constant loading rate can be calculated as
pc (F ) =

pc (F )Pf (F )
.
η

(7)

Both biased distributions for fingerprint unfolding, pf (F ), and
complex ruptures, pc (F ), are normalized by the same yield
parameter η since both distributions are extracted from the
same curves in a given data set. For a mathematical proof,
see Appendix A. We note that the biasing effect on complex
rupture in the constant-speed case is more difficult to quantify.
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FIG. 2. Force ramp simulation with Ḟ = 200 pN s−1 , complex
xc = 0.4 nm, k0,c = 0.002 s−1 , and fingerprint xf = 0.4 nm,
k0,f = 0.005 s−1 (η = 0.71). Histograms of the simulated fingerprint
unfolding forces and complex ruptures are shown in blue and green,
respectively. Dashed blue and green lines represent the unbiased
fingerprint unfolding and complex rupture force distributions, respectively. Biased unfolding and complex rupture force distributions
for the fingerprint and complex calculated from Eqs. (5) and (7) are
shown by solid blue and green lines, respectively.

Since the additional contour length released upon fingerprint
unfolding is not immediately compensated for by a feedback
on the force signal, there is a pronounced drop in force associated with fingerprint unfolding, giving rise to the characteristic
sawtooth pattern in force extension traces. Ignoring the finite
relaxation time of the harmonic pulling device, the force will
drop from F1 = F (x,L) to F2 = F (x,L + L), where the
former describes the (nonlinear) elastic behavior of the pulling
device and potential linker molecules, and L is the additional
contour length released upon fingerprint unfolding. Whether
or not the observed complex distribution is biased depends
on the value of pc (F2 ). For pc (F2 ) ≈ 0, no biasing will occur,
whereas pc (F2 ) > 0 will cause a biasing effect. In practice, L
is usually large enough to ensure that complex distributions are
unbiased in constant-speed experiments, leaving a substantial
bias only on the observed fingerprint distribution. A strategy
to implement our correction procedure for the constant-speed
protocol is proposed in Appendix B.
III. MONTE CARLO SIMULATIONS

To validate our results, we used a Monte Carlo approach
to simulate fingerprint domain unfolding in combination
with receptor-ligand dissociation in a constant-loading-rate

PHYSICAL REVIEW E 94, 042412 (2016)

protocol. Our simulation routine is similar to the approach
described in Ref. [25] and uses the phenomenological model
due to its analytical tractability. Briefly, we integrate Eq. (2)
over a time step t, where F = F (t) = Ḟ t, to obtain probabilities pu and pr for fingerprint unfolding and complex rupture,
respectively. These probabilities are compared to independent
random numbers nu and nr between 0 and unity. If pu < nu and
pr < nr , the fingerprint and complex remain intact and the next
iteration is started. If pu > nu and pr < nr , the corresponding
force is noted as the fingerprint unfolding force and the next
iteration is started with only the complex intact. The simulation
then continues until pr > nr and the corresponding force is
noted as the complex rupture force. If pu < nu and pr > nr or
pu > nu and pr > nr , the complex ruptured prior to fingerprint
unfolding or at the same time, and an experimental curve
would be unanalyzable and filtered out during the data analysis
procedure.
Results from a Monte Carlo simulation at constant loading
rate Ḟ = 200 pN s−1 with overlapping distributions for fingerprint unfolding and complex rupture are shown in Fig. 2.
N = 10000 traces were simulated and the observed fingerprint
domain unfolding forces and receptor-ligand complex rupture
forces were histogrammed. We only analyzed curves that
showed both fingerprint unfolding and complex rupture to
mimic experimental conditions. As expected, both fingerprint
unfolding and complex rupture distributions (blue and green
histograms in Fig. 2) are shifted from the unbiased input
distributions (dashed blue and green lines in Fig. 2). The biased
results are well described by our theoretical predictions, which
are shown as solid blue and green lines in Fig. 2. To illustrate
the potential errors that can occur from not accounting for the
fingerprint biasing effect, we used the uncorrected distribution
[Eq. (1)] to fit the biased fingerprint domain unfolding and
complex rupture histograms and compared the resulting fit
parameters xfit and k0,fit with the unbiased input parameters
(Table I). We found that for fingerprint domain unfolding,
x is hardly affected, while k0 is overestimated by 30%.
For complex rupture x is overestimated by 29% due to
the smaller width of the biased distribution, while k0 is
underestimated by over an order of magnitude. If the unbiased
parameters for the complex distribution are known from a
control experiment, our predicted biased distributions can be
used to fit the experimental data to obtain unbiased values
for the fit parameters pertaining to the fingerprint, or vice
versa. Alternatively, a global fitting procedure can be applied
to both biased distributions for constant-loading-rate data to
obtain unbiased fit parameters without prior knowledge of
either distribution. Using this approach, we obtained global
fit parameters that were within 6% of the input parameters
(Table I).

TABLE I. Input vs fit parameters of the simulation shown in Fig. 2. For these parameters, the yield parameter equals η = 0.71. Initially,
the simulated distributions were fit with the uncorrected distributions (k0,fit and xfit ). To correct for the biasing effects, both fingerprint and
complex data were fit with their respective biased distributions [Eqs. (5) and (7)] in a global fitting procedure to obtain the corrected parameters
k0,global and xglobal .

Fingerprint
Complex

k0,input (s−1 )

k0,fit (s−1 )

k0,global (s−1 )

xinput (nm)

xfit (nm)

xglobal (nm)

5.0 × 10−3
2.0 × 10−3

(6.6 ± 0.2) × 10−3
(0.10 ± 0.02) × 10−3

(4.7 × 0.4) × 10−3
(1.9 ± 0.02) × 10−3

0.400
0.400

0.402 ± 0.007
0.527 ± 0.007

0.401 ± 0.005
0.402 ± 0.005

042412-3

127

SCHOELER, VERDORFER, GAUB, AND NASH

PHYSICAL REVIEW E 94, 042412 (2016)

Eqs. (9) and (10). In cases where data cannot be corrected
for a potential biasing effect, e.g., due to low experimental
yields, the magnitude of the biasing effect can be minimized
by increasing the loading rate in a pulling experiment.

Complex

V. CONCLUSION

Fingerprint

FIG. 3. Biasing of fingerprint unfolding and complex rupture
forces as a function of the theoretical yield of curves exhibiting
fingerprint unfolding η. Data points show the relative mean biased
unfolding force F b /F ub ; fingerprint and complex data are shown
in blue and green, respectively. For fingerprint data, parameters
were held constant at xf = 0.4 nm and k0,f = 0.005 s−1 , while
the complex distribution was shifted by maintaining xc = 0.4 nm
and varying the off rate. For complex data, xc = 0.4 nm and
k0,c = 0.005 s−1 were held constant and the fingerprint distribution
was shifted by maintaining xf = 0.4 nm and varying the off rate.
Dashed lines represent predictions based on Eq. (9) and (10).
IV. SPECIAL CASE: EQUAL POTENTIAL WIDTHS

In Fig. 3 we quantify the magnitude of the biasing
effect by numerically calculating the relative mean biased
unfolding force of the fingerprint (blue symbols) and complex
∗
(green symbols) F b /F ub = dF Fpf/c
(F )/ dF Fpf/c (F )
as a function of the theoretical ratio of curves exhibiting
fingerprint unfolding prior to receptor-ligand complex rupture,
η [Eq. (6)]. For analytical tractability we chose the special case
xc = xf . With this simplification we find for the fingerprint


kB T k0,f
kB T kBxT krη0,f
,
(8)
e f E1
F b =
xf
xf rη
∼
where E1 (x) is the exponential integral. Using ex E1 (x) =

Our calculations provide a framework for analyzing singlemolecule force spectroscopy data where receptor-ligand systems are used as specific handles to study a fingerprint domain
of interest, or vice versa. In such experiments, it is many
times the case that the distributions of fingerprint domain
unfolding and complex rupture have a significant overlap (a
few exemplary cases can be found in Refs. [3,9,10,26]). In
this case biasing effects will occur and should be considered
in the analysis procedure. Our findings can be applied to
both constant-speed and force ramp (constant-loading-rate)
experimental protocols, however, it should be noted that the
biasing effect on complex unbinding is more complicated in
the constant-speed protocol, due to the drop in force upon
fingerprint unfolding dependent on the length of the unfolded
domain. Since the biasing effects are solely due to the statistical
nature of domain unfolding or complex unbinding, our results,
specifically Eqs. (5) and (7), are valid regardless of the specific
model used in Eq. (1).
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−γ

ln (1 + e x ) we can produce an analytical approximation for
the relative mean biased unfolding force for the aforementioned special case,


rxf −γ
F b ∼ ln 1 + k0,f kB T e η


,
(9)
=
rxf −γ
F ub
ln 1 + k0,f
e
kB T

where γ = 0.577 . . . is the Euler-Mascheroni constant. The
analogous result for the complex reads


rxc −γ
F b ∼ 1 ln 1 + k0,c kB T e (1 − η) 1 − η


.
(10)
= −
c
F ub
η
η
ln 1 + k rx
e−γ
k T
0,c B

For this special case Eq. (6) can be evaluated analytically,
−1
yielding η = (1 + kk0,c
) . Equations (9) and (10) (dashed
0,f
lines in Fig. 3) agree very well with our numerical results
over the loading-rate regime covered. Figure 3 clearly shows
that the biasing effect is more pronounced for low loading
rates, consistent with our theoretical predictions based on

FIG. 4. Force ramp simulation with Ḟ = 200 pN s−1 , complex
xc = 0.4 nm, k0,c = 0.002 s−1 , fingerprint xf = 0.4 nm, k0,f =
0.005 s−1 (η = 0.71), and simulated traces N = 1000. Histograms of
the simulated fingerprint unfolding forces and complex ruptures are
shown in blue and green, respectively. Dashed blue and green lines
represent the unbiased fingerprint unfolding and complex rupture
force distributions, respectively. Biased unfolding and complex
rupture force distributions for the fingerprint and complex calculated
from Eqs. (5) and (7) are shown by solid blue and green lines,
respectively.
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TABLE II. Input vs fit parameters of the simulation shown in Fig. 4. For these parameters, the yield parameter equals η = 0.71. Initially,
the simulated distributions were fit with the uncorrected distributions (k0,fit and xfit ). To correct for the biasing effects, both fingerprint and
complex data were fit with their respective biased distributions [Eqs. (5) and (7)] in a global fitting procedure to obtain the corrected parameters
k0,global and xglobal .

Fingerprint
Complex

k0,input (s−1 )

k0,fit (s−1 )

k0,global (s−1 )

xinput (nm)

xfit (nm)

xglobal (nm)

5.0 × 10−3
2.0 × 10−3

(5.9 ± 1.2) × 10−3
(0.2 ± 0.1) × 10−3

(4.3 ± 1.5) × 10−3
(2.7 ± 1.3) × 10−3

0.400
0.400

0.409 ± 0.011
0.504 ± 0.020

0.410 ± 0.020
0.384 ± 0.021

APPENDIX A: IDENTITY OF YIELD PARAMETER
η IN EQS. (5) AND (7)

As we state in the text, the normalization parameter η is
equal to the ratio of curves that exhibit fingerprint unfolding
vs all rupture events. In other words a fraction 1 − η of
all curves will be “missed” in an actual experiment, since
they do not exhibit fingerprint unfolding and would hence be
discarded during data analysis. Consequently, both fingerprint
and complex distributions (which are obtained from the same
curves) need to be normalized by the same η to obtain
probability distributions normalized to unity. Mathematically,

one needs to show that

 ∞
dF pf (F )Pc (F ) = η =
1−
0

∞

dF pc (F )Pf (F ). (A1)
0

F
We use integration by parts and 0 dF  p(F  ) = P (F ) to
evaluate the right-hand side (rhs) of Eq. (A1):
 ∞
∞
dF Pc (F )pf (F ).
(A2)
rhs = Pc (F )Pf (F )0 −
0

Since P (0) = 0 and P (∞) = 1 this is equal to the left-hand
side of Eq. (A1).

(a)

(b)

(c)

(d)

FIG. 5. Force ramp simulation with complex xc = 0.35 nm, k0,c = 0.004 s−1 , fingerprint xf = 0.4 nm, k0,f = 0.005 s−1 , and varying
Ḟ . Due to the different potential widths x, the yield parameter η changes with the loading rate. Values of the loading rate and resulting
yield parameter are (a) Ḟ = 20 pN s−1 and η = 0.70, (b) Ḟ = 200 pN s−1 and η = 0.75, (c) Ḟ = 2000 pN s−1 and η = 0.80, and (d) Ḟ =
20000 pN s−1 and η = 0.85. Histograms of the simulated fingerprint unfolding forces and complex ruptures are shown in blue and green,
respectively. Dashed blue and green lines represent the unbiased fingerprint unfolding and complex rupture force distributions, respectively.
Biased unfolding and complex rupture force distributions for the fingerprint and complex calculated from Eqs. (5) and (7) are shown by solid
blue and green lines, respectively.
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APPENDIX B: CONSTANT SPEED

As pointed out in the text, the correction procedure for
distributions obtained from constant-speed measurements is
more involved. In this Appendix we discuss a strategy for
extracting unbiased parameters from fingerprint distributions
for this pulling protocol. Due to the nonlinear elasticity
of linker molecules (e.g., polyethylene glycol, spacers, or
unfolded protein backbone), the force loading rate Ḟ = Ḟ (F )
becomes a function of the force and the integral in Eq. (1)
can no longer be evaluated analytically. In a standard pulling
experiment, a harmonic pulling device (e.g., atomic force
microscopy cantilever or optically trapped bead) is connected
to the aforementioned linker molecules. By applying a force
balance it can be shown that the force loading rate is given
by [14]

model proposed by Livadaru et al. [27] in Eq. (B1). The choice
of model should be made based on the force regime in which
fingerprint unfolding and complex rupture are expected and
the molecular linkers present in an experimental setup need to
be accounted for in these models via their contour length, L,
and elasticity, e.g., persistence length p. The force-dependent
loading rate for the worm-like-chain model has been derived
as Eq. (4) in Ref. [14].

APPENDIX C: SUPPLEMENTAL FIGURES AND TABLES

where v is the pulling speed, kh is the spring constant of
the harmonic pulling device, and x(F ) is the force-dependent
extension of the linker. The biased distribution for fingerprint
unfolding pf (F ) can be computed by numerically solving
the integrals occurring in Eqs. (5) and (6), using a model
for the elastic response of the linker molecules such as the
worm-like-chain model, freely rotating model, or composite

This Appendix contains contains two figures and one table
that support the results in the text. Figure 4 shows the results of
a simulation with parameters identical to those in Fig. 2, except
only N = 1000 traces were simulated, to mimic a total number
of curves more similar to average experimental yields. The
extracted fit parameters for this simulation are listed in Table II.
We note that despite the increase in uncertainties, the extracted
parameters from our global fitting procedure still reproduce
the input parameters much better than those obtained from a
fit to the uncorrected distributions. Figure 5 shows the results
of Monte Carlo simulations at different loading rates ranging
from Ḟ = 20 pN s−1 to Ḟ = 20 000 pN s−1 . Due to the different potential widths xc = 0.35 nm and xf = 0.4 nm, the
yield parameter η varies for the different simulations.
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mechanism, where a unique molecular conformation is formed upon binding. Contrary to this
paradigm, cellulosomal cohesin-dockerin (Coh-Doc) pairs are believed to interact through
redundant dual binding modes consisting of two distinct conformations. Here, we combined sitedirected mutagenesis and single-molecule force spectroscopy (SMFS) to study the unbinding of
Coh:Doc complexes under force. We designed Doc mutations to knock out each binding mode,
and compared their single-molecule unfolding patterns as they were dissociated from Coh using an
atomic force microscope (AFM) cantilever. Although average bulk measurements were unable to
resolve the differences in Doc binding modes due to the similarity of the interactions, with a singlemolecule method we were able to discriminate the two modes based on distinct differences in their
mechanical properties. We conclude that under native conditions wild-type Doc from Clostridium
thermocellum exocellulase Cel48S populates both binding modes with similar probabilities. Given
the vast number of Doc domains with predicteddual binding modes across multiple bacterial
species, our approach opens up newpossibilities for understanding assembly and catalytic
properties of a broadrange of multi-enzyme complexes.
DOI: 10.7554/eLife.10319.001

Introduction
Cellulosomes are hierarchically branching protein networks developed by nature for efficient deconstruction of lignocellulosic biomass. These enzyme complexes incorporate catalytic domains, carbohydrate binding modules (CBMs), cohesin:dockerin (Coh:Doc) pairs, and other conserved features
(Demain et al., 2005; Bayer et al., 2004; Schwarz, 2001; Béguin and Aubert, 1994; Smith and
Bayer, 2013; Fontes and Gilbert, 2010). A central attribute of cellulosome assembly is the conserved ~75 amino acid type-I Doc domain typically found at the C-terminus of cellulosomal catalytic
domains. The highly conserved consensus Doc sequence from Clostridium thermocellum (Ct) is
shown in Figure 1A. Dockerins guide attachment of enzymes into the networks by binding strongly
to conserved Coh domains organized within non-catalytic poly (Coh) scaffolds. In addition to their
nanomolar binding affinities, many archetypal Coh:Doc pairs are thought to exhibit dual binding
modes (Carvalho et al., 2007; Pinheiro et al., 2008; Currie et al., 2012). The bound Doc domain
can adopt two possible orientations that differ by ~180˚ rotation on the Coh surface, as shown in
Figure 1B. The two binding modes originate from duplicated F-hand sequence motifs, a conserved
structural feature found among type-I dockerins (Pagès et al., 1997). The duplicated F-hand motifs
resemble EF-hands found in eukaryotic calcium binding proteins (e.g., calmodulin), and provide

Jobst et al. eLife 2015;4:e10319. DOI: 10.7554/eLife.10319
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eLife digest Some bacteria use cellulose, the main component of plant cell walls, as a food
source. The enzymes that break down cellulose are anchored onto a protein scaffold in a structure
called the cellulosome on the bacteria’s surface. This anchoring occurs through an interaction
between receptor proteins known as ‘cohesin’ domains on the scaffold proteins and ‘dockerin’
ligands on the enzymes.
Most receptor-ligand interactions only allow the two proteins to bind in a single, fixed
orientation. However, cohesins and dockerins are suspected to bind in two different configurations.
It has been difficult to investigate the populations of these different configurations because most
experimental techniques investigating protein binding take average measurements from many
molecules at once. As the binding modes are extremely similar, these methods have been unable to
distinguish between the two cohesin-dockerin binding configurations without introducing mutations,
in part because these configurations are very similar to each other.
Jobst et al. used a technique called single-molecule force spectroscopy to investigate cohesindockerin interactions between individual molecules. This technique applies a force that separates, or
‘unbinds’, cohesin and dockerin, by pulling individual complexes of the two binding partners apart
with a nanoscale probe. In the experiments, E. coli bacteria were made to produce mutant versions
of dockerin that can only bind to cohesin in one orientation. This allowed each binding configuration
to be studied individually. The results of these experiments revealed the mechanical unbinding
patterns of each cohesin-dockerin configuration, and showed that it is possible to use these patterns
to distinguish between the two configurations. A complimentary set of experiments revealed that
wild-type (non-mutated) cohesin-dockerin complexes occupy both configurations in approximately
equal amounts, and do not switch modes once bound.
Further single-molecule experiments together with computer simulations will provide a more
detailed picture of how cohesin and dockerin fit together in the two configurations. Such
experiments could also reveal how cohesin and dockerin contribute to the break down of cellulose
inside living cells and how they could be used for the precise assembly of single proteins.
DOI: 10.7554/eLife.10319.002

internal sequence and structural symmetry to Doc domains. Rotating Doc by ~180˚ with respect to
Coh (Figure 1B,C) results in an alternatively bound complex with similarly high affinity involving the
same residues on Coh recognizing mirrored residues within Doc. The dual binding mode is thought
to increase the conformational space available to densely packed enzymes on protein scaffolds, and
to facilitate substrate recognition by catalytic domains within cellulosomal networks (Bayer et al.,
2004). From an evolutionary perspective, the dual binding mode confers robustness against loss-offunction mutations, while allowing mutations within Doc to explore inter-bacterial species cohesinbinding promiscuity in cellulosome-producing microbial communities. Coh:Doc interactions and dual
binding modes are therefore important in the context of cellulose degradation by cellulosome-producing anaerobic bacterial communities.
However, direct experimental observation of the dual binding modes for wild-type Doc has thus
far proven challenging. Ensemble average bulk biochemical assays (e.g., surface plasmon resonance,
calorimetry, enzyme-linked immunosorbent assays) are of limited use in resolving binding mode populations, particularly when the binding modes are of equal thermodynamic affinity. Crystallography is
challenging because the complex does not adopt a unique molecular conformation, but rather
exhibits a mixture of two conformations thereby hindering crystal growth. Structural data on the
dual binding mode have typically been collected using a mutagenesis approach, where one of the
binding modes was destabilized by mutating key recognition elements (Carvalho et al., 2007;
Pinheiro et al., 2008). This approach, however, while resolving the structures of each bound complex, cannot determine if one binding mode is dominant for wild-type Doc, or if that dominance is
species or sequence dependent. Coarse grained molecular dynamics has also predicted dual modes
of interaction between Coh and Doc (Hall and Sansom, 2009), but direct experimental evidence of
both binding modes for wild-type Doc has remained elusive. Improved fundamental understanding
of the dual binding mode could shed light onto the molecular mechanisms by which these multi-
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Figure 1. Cohesin:Dockerin dual binding modes. (A) Secondary structure and consensus sequence logo (Crooks, 2004) assembled from 65 putative Ct
type-I Doc variants. Dots above the amino acid codes indicate residues involved in: Ca2+ coordination (yellow), mode A binding (black), and mode B
binding (gray). Letter colors represent chemical properties: Green, polar; purple, neutral; blue, basic; red, acidic; black, hydrophobic. Crucial Cohbinding residues are located at positions 11, 12, 18, 19, 22, and 23 in each F-hand motif. (B) Coh:Doc complex crystal structures showing overlaid Doc
domains in the two binding modes. Images were generated by aligning the Coh domain (gray) from PDB 2CCL (green, binding mode (A) and 1OHZ
(red, binding mode (B) using the VMD plugin MultiSeq (Humphrey et al., 1996; Roberts et al., 2006). (C) View of the Doc binding interface for each
mode from the perspective of Coh. The conserved binding residues at positions 11, 12, 18, and 19 in the F-hand motif relevant for binding in the
corresponding mode are depicted as stick models (yellow). (D) Close-up view of the interface for each binding mode with arrows indicating the location
and direction of applied force. Binding residues 11, 12, 18, and 19 for binding mode A and 45, 46, 52, and 53 for binding mode B are shown as blue
stick models. The Coh domain is oriented the exact same way in both views.
DOI: 10.7554/eLife.10319.003

enzyme complexes self-assemble and achieve synergistic conformations, as well as provide a new
approach to designing systems for protein nanoassembly (Kufer et al., 2009; 2008).
Here, we used SMFS (Li and Cao, 2010; Engel and Müller, 2000; Woodside and Block, 2014)
to study wild-type and mutant Doc from exocellulase Cel48S of C. thermocellum (Ct-DocS). We
demonstrate that specific unfolding/unbinding trajectories of individually bound Coh:Doc complexes
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are characteristic of the binding modes. To validate our approach, we produced Doc mutants that
exhibited a preferred binding mode. We performed single-molecule pulling experiments on bound
Coh:mutant Doc complexes and observed a strong bias in the probability of two clearly distinguishable unfolding patterns, termed ‘single’ and ‘double’ rupture types for each binding mode mutant.
We further probed the unbinding mechanism of the double rupture events using poly (Gly-Ser)
inserts to add amino acid sequence length to specific sections of Doc as a means to identify which
portions of Doc unfolded. Finally, we used the inherent differences in mechanical stability of each
binding mode, and the effects these differences had on the unfolding force distributions of an adjacent domain, to directly observe and quantify binding mode populations for wild-type Doc.

Results
Protein design
The wild-type and mutant Doc sequences used in this work were aligned (Beitz, 2000) and are presented in Figure 2. Among Ct-Doc domains, a Ser-Thr pair located at positions 11 and 12 of F-hand
motif 1 (N-terminal helix 1) is highly conserved (Figure 1A). This Ser-Thr pair is H-bonded to Coh in
binding mode A (Figure 1A, black dots). Analogously, binding mode B refers to the configuration
where the Ser-Thr pair from helix 3 dominates the H-bonding to Coh (Figure 1A, gray dots). Binding
mode B was previously crystallized for a homologous Ct-Doc (Carvalho et al., 2003). Mutation of
the Ser-Thr pair in helix 3 to Ala-Ala was used to bias binding and thereby crystallize binding mode
A for the same Doc (Carvalho et al., 2007). A similar targeted mutagenesis approach was also used
to obtain crystal structures of a Clostridium cellulolyticum Doc in each binding mode
(Pinheiro et al., 2008).
To preferentially select for a specific binding mode (A or B), we prepared Doc sequences that
incorporated 4 amino acid point mutations, referred to as quadruple mutants (‘Q’). To design quadruple mutants, we noted that recent structural work reported a set of Ct-Doc domains that differ
from the canonical duplicated Ser-Thr sequences. These non-canonical Docs were found to exhibit
only a single binding mode (Brás et al., 2012; Pinheiro et al., 2009). In one of these non-canonical
Doc domains, an Asp-Glu pair was found in place of Ser-Thr. Since the Coh surface is negatively
charged, we postulated that including Asp-Glu in place of Ser-Thr within one of the F-hands could
be used to effectively knock out a given binding mode for our canonical Doc. Additionally, we incorporated double alanine mutations to replace the conserved Lys-18 Arg-19 residues of a given Fhand motif, further destabilizing a targeted binding mode. Q1 refers to a quadruple mutant where
helix 1 has been modified at four positions (i.e. S11D-T12E-K18A-R19A). Q3 refers to the quadruple
mutant where helix 3 has been modified at four positions (i.e. S43D-T44E-K50A-R51A). As a negative

Figure 2. Doc sequences used in this study (N- to C-terminus). Doc_wt: wild-type sequence; hydrophobicity and charge graphs are displayed for the
wild-type-Doc (red: positively charged, blue: negatively charged); (GS)x8_insert: A (Gly-Ser)8 linker was incorporated between helix 1 and helix 2;
Q1_mutant: Quadruple mutant in helix 1. Four point mutations (DE/AA) were incorporated into Doc helix 1 to knock out binding mode A; Q3_mutant:
Quadruple mutant in helix 3. Four point mutations (DE/AA) were incorporated into Doc helix 3 to knock out binding mode B; QQ_mutant: Non-binding
control with both binding modes knocked out. Numbers below indicate amino acid number of the fusion protein construct starting from the xylanase
N-terminus.
DOI: 10.7554/eLife.10319.004
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control, we prepared a mutant referred to as ‘QQ’ that incorporated quadruple mutations into both
helices 1 and 3.
Doc domains were expressed as fusion domains attached to the C-terminal end of xylanaseT6
(Xyn) from Geobacillus stearothermophilus to improve solubility and expression levels as previously
reported (Stahl et al., 2012). The Xyn domain also acts as a so-called fingerprint in AFM force extension traces to provide a means for screening datasets and searching for known contour length increments. We use the term ‘contour length’ to refer to the maximum length of a stretched (unfolded)
polypeptide chain. Our screening process identified single-molecule interactions and ensured correct pulling geometry. For the Coh domain, we chose cohesin 2 from Ct-CipA expressed as a C-terminal fusion domain with the family 3a carbohydrate binding module (CBM) from Ct-CipA. In order
to exclude artifacts arising from fingerprint domains, protein immobilization or pulling geometry, a
second set of fusion proteins was cloned, expressed and probed in complementary experiments
using a flavoprotein domain from the plant blue light receptor phototropin (iLOV) (Chapman et al.,
2008). All protein sequences are provided in the ‘Materials and methods’ section.

Single-molecule unfolding patterns
The pulling configuration for single-molecule AFM experiments is shown in Figure 3A. CBM-Coh
was site-specifically and covalently attached to an AFM cantilever tip and brought into contact with
a glass surface modified with Xyn-Doc. The mechanical strength of protein domains and complexes
will strongly depend on the pulling points (i.e. sites at which the molecule is attached to cantilever/
surface). The site-specific attachment chemistry used here was precisely defined by the chosen residue of immobilization, ensuring the same loading geometry was used on the complex for each and
every data trace. After formation of the Coh:Doc complex, the cantilever was retracted at a constant
speed that ranged from 200 to 3200 nm/s while the force was monitored by optical cantilever
deflection. The resulting force-distance traces were characteristic of the series of energy barriers
crossed by the protein complex along the unfolding/unbinding pathway. A sawtooth pattern was
consistently observed when molecular ligand-receptor complexes had formed. Sorting the data
using contour length transformation (Puchner et al., 2008) and identifying traces that contained a
Xyn contour length increment (~89 nm) allowed us to screen for single-molecule interactions
(Stahl et al., 2012), as described in our prior work on Coh:Doc dissociation under force (Stahl et al.,
2012; Schoeler et al., 2014; Jobst et al., 2013; Otten et al., 2014; Schoeler et al., 2015).
Typical single-molecule interaction traces from such an experiment are shown in Figure 3B,
C and in Figure 3—figure supplement 1. Following PEG linker stretching, an initial set of peaks

Figure 3. Overview of the experimental configuration and recorded single-molecule unfolding and unbinding traces. (A) Schematic depiction showing
the pulling geometry with CBM-Coh on the AFM Cantilever and Xyn-Doc on the glass substrate. Each fusion protein is site-specifically and covalently
immobilized on a PEG-coated surface. (B-C) Each force vs. extension trace shows PEG linker stretching (black), xylanase unfolding and subsequent
stretching (blue), and Coh:Doc complex rupture. The Coh:Doc complex rupture occurred in two distinct event types: single (B) and double (C) ruptures.
The 8-nm contour length increment separating the double peaks was assigned to Doc unfolding (C, green).
DOI: 10.7554/eLife.10319.005
The following figure supplement is available for figure 3:
Figure supplement 1. Representative sample of force traces.
DOI: 10.7554/eLife.10319.006
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sequentially decreasing in force was assigned to xylanase unfolding and stretching. This domain
when unfolded added ~89 nm of free contour length to the system. The final peak (s) corresponded
to rupture of the Coh:Doc complex, and occurred as either ‘single’ or ‘double’ rupture events. The
contour length increment between the two double event peaks was found to be ~8 nm, that is, 8 nm
of hidden contour length was added to the biopolymer during a sub-step of Doc unbinding (see
‘Discussion’). The 8-nm contour length increment was also observed in complementary experiments
employing other fusion domains: xylanase was swapped for an sfGFP domain and CBM was
swapped out for an iLOV domain. In these new fusions, the 8 nm Doc increment was still observed,
indicating it was not caused by a specific fusion domain. As we show below, double and single rupture events were associated with binding modes A and B, respectively. CBM unfolding length increments (~57 nm) were only rarely observed because the Coh:Doc complex only rarely withstood
forces sufficiently high to unfold CBM (Stahl et al., 2012).

Ensemble average binding experiments
Binding experiments were carried out in bulk to evaluate the binding affinity of wild-type, Q1, Q3,
and QQ Doc sequences to wild-type Coh. Xyn-Doc fusion protein variants were immobilized in a
microwell plate and exposed to tag red fluorescent protein (TagRFP) (Merzlyak et al., 2007) fused
to Coh (TagRFP-Coh) across a range of concentrations, followed by rinsing and subsequent fluorescence readout (Figure 4A). The data clearly showed that Q1 and Q3 Doc sequences, each with a
mutated binding mode, maintained high-binding affinity with dissociation constants (Kd) in the nM
range. These values are in good agreement with previous reports on homologous type-I Doc
domains (Brás et al., 2012; Sakka et al., 2011). This suggested that mutant Doc domains with one
destabilized binding mode were still able to recognize fluorescent protein fused Coh with strong
affinity by relying on the alternative binding mode that was preserved. The QQ double knockout
mutant, however, showed no appreciable binding over the concentration range tested. This negative
control showed that DEAA quadruple mutations were in fact effective at eliminating binding for the
targeted modes.

Single-molecule rupture statistics of binding mode mutants
For each Doc tested, we collected tens of thousands of force-extension traces and selected for further analysis only those traces showing the ~89 nm xylanase contour length increments and no other
anomalous behavior, resulting in typically 200–3000 usable single-molecule interaction curves per
experiment. We determined the number of Coh:Doc unbinding events that occurred as single or
double rupture peaks. The results are shown in Figure 4B. The wild-type Doc showed double rupture events in ~57% of the cases, and single rupture events in ~43% of the cases. The mutant
designed to knock out binding mode A (Q1), showed a single event probability of ~77%, and a double event probability of ~23%. The mutant designed to knock out binding mode B (Q3) showed a
single event probability of ~41%, and a double event probability of ~59%. It is clear from these data
that the Q1 mutant has a strong bias toward single peaks that is not observed in the wild-type leading to preliminary assignment of single peaks to binding mode B.
For all double events, we determined the force difference of the second peak relative to the first
(Figure 4C). Q1 and wild-type on average showed second peaks that were ~15–20% higher in force
than the first peak. Q3 meanwhile showed clearly different behavior. Although the ratios of single to
double peaks were nearly identical between wild-type and Q3, differences in the relative force
between the first and second peaks differentiated wild-type and Q3 (Figure 4C). Double peaks for
the Q3 mutant were more likely to show a shielded behavior, where the second peak was lower in
force than the first peak by ~10%. Although the Q3 mutant showed the same single vs. double event
probability as wild-type, the double events for Q3 were distinguishable from those of the wild-type
based on this observed decrease in the rupture force of the second peak. The second barrier of the
double events was therefore weaker in Q3 than for wild-type. This weaker 2nd double peak for the
Q3 mutant combined with similar single/double peak ratios as wild-type leads us to believe that the
number of double peaks is being underestimated systematically for the Q3 mutant. Generally, each
binding mode still allows for the occurrence of a single event (albeit with different likelihood), in
which the whole Doc domain unbinds without an additional unfolding substep. Since the second and
final energy barrier for complex dissociation is weaker than the first for the Q3 mutant, the
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Figure 4. Bulk and single-molecule characterization of Doc mutants. (A) Fluorescence binding curve showing binding of TagRFP-labelled Coh to wildtype and mutant Doc nonspecifically immobilized in a 96-well plate. Both Q1 and Q3 mutants bound TagRFP-Coh similarly to wild-type with
dissociation constants (KD) in the low nM range. The negative control QQ mutant showed no binding. Solid lines are 4 parameter logistic nonlinear
regression model fits to the data. Error bars represent the standard deviation of three independent samples. (B) Event probabilities for single (opaque
colors) and double (translucent colors) Coh:Doc rupture peaks determined for Doc wild-type and DE/AA quadruple mutants. Data originate from 947,
4959, and 1998 force-extension traces from wild-type, Q1 and Q3 variants, respectively. Error bars represent 95% Clopper-Pearson confidence intervals
based on the beta probability distribution. (C) Relative difference in double peak rupture forces for the different Doc variants. Positive values indicate a
stronger final peak. Histograms represent concatenated data from various pulling speeds. Drawn lines are kernel density estimates calculated on the
raw data.
DOI: 10.7554/eLife.10319.007
The following source data is available for figure 4:
Source data 1. Probability Data.
DOI: 10.7554/eLife.10319.008

probability for the molecule to pass both barriers simultaneously is increased, thus resulting in a
higher percentage of single events.

Probing the 8-nm length increment with poly (GS) inserts
We sought to identify the molecular origin of the 8 nm contour length increment separating the double event peaks by engineering additional amino acid sequence length into the Doc domain. Amino
acid insert sequences have previously been used to probe length increments in AFM force spectroscopy experiments (Bertz and Rief, 2009) (Carrion-Vazquez et al., 1999). By adding additional
amino acids to the polypeptide chain at a particular location, insert sequences increase the gain in
contour length following unfolding of a subdomain in a predictable way. Any change in the observed
length increment can be pinpointed to the position in the molecule where the unfolding event
occurs. In this case, we engineered flexible (GS)8 insert sequences directly into wild-type Doc
between helices 1 and 2, in a flexible loop that was not expected to interfere with either of the two
binding modes. Structural homology models (Figure 5A) of the wild-type Doc and (GS)8 insert
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Figure 5. Probing the final contour length increment with Poly (GS) inserts. (A) Structural homology model overlay of wild-type and mutant Doc
containing a (GS)8-linker between helix 1 and helix 3. The wild-type Doc is shown in green. The 16 amino acid long GS-insert is shown in purple
(Kelley and Sternberg, 2009) (remaining Doc domain not shown). (B) Typical force extension trace with final double rupture event depicted in green
(arrow). (C) Histogram and kernel density estimate of the transformation of the single force extension trace in panel B into contour length space (black)
and kernel density estimate of the whole dataset of single molecule Xyn-Doc:Coh-CBM traces bearing xylanase fingerprint and final double rupture
(gray, offset in y-direction for readability) in contour length space. (D) Histograms (bars, bin width: 1 nm), kernel density estimates (drawn lines,
bandwidth: 0.75 nm, gaussian kernel), and statistical test (Kolmogorov-Smirnov, ‘KS test’) are each calculated on the raw data of the final increments
(peak-to-peak distances) in contour length space (x-distance between arrow 1 and 2 in panel (C). Maxima for final double event increments lie at 7.75
nm and 7.73 nm for iLOV-Coh:Doc (wild-type)-sfGFP (N = 255) and Xyn-Doc (GS)8:Coh-CBM (N = 320) final ruptures, respectively (a two-sample KS test
on the raw data indicates no significant difference in the data distributions (p-value of 21.7%).
DOI: 10.7554/eLife.10319.009

sequence were calculated using the Phyre server (Kelley and Sternberg, 2009). If the 8-nm contour
length increment was caused by sequential unbinding of Doc helices 1 and 3 in wild-type Doc, then
double peaks for the poly (GS) constructs should show an increase in the double peak contour
length increment. As shown in Figure 5B,C and D, the contour length histogram for (GS)8 Doc was
indistinguishable from the wild-type Doc. No additional contour length was gained due to additional
amino acids inserted between Doc helices 1 and 2. Since the Doc was anchored to the glass slide
through an N-terminal xylanase domain, this result indicated that the unfolding event responsible for
the 8-nm length increment must be located upstream (i.e. N-terminal) from the site of the (GS)8insert. This result suggested that unfolding of calcium binding loop 1 and helix 1 in Doc was the
source of the 8-nm length increment.

Single-molecule evidence of dual binding mode
To finally confirm the presence of both bound conformations in wild-type Coh:Doc complexes, we
replaced xylanase with sfGFPand CBM with iLOV as the contour length marker or fingerprint
domains. iLOV was chosen as a superior unfolding fingerprint domain because it does not show multiple unfolding substeps (in contrast to xylanase), which simplified analysis. Also iLOV has an unfolding force distribution that lies in a similar range as the Coh:Doc complex dissociation single and
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Figure 6. Biasing of unfolding force distributions by dual binding mode. (A) Typical force traces showing iLOV unfolding with final single (green) and
double (purple) complex ruptures. The curve terminating in a double peak is offset in the y-direction for clarity. (B) Final complex rupture force
distribution for single and double events. Double events are more mechanically stable. (C) iLOV domain unfolding forces for final single (green) and
double (red) events at a pulling velocity of 800 nm/s. Histograms (bars), kernel density estimates (lines), and statistical tests are each obtained from the
raw data. Maxima for iLOV unfolding lie at 96.0 pN and 102.7 pN for single (N = 172) and double (N = 277) final ruptures, respectively. A two-sample
Kolmogorov-Smirnov test showed significant differences in the data distributions (p-value of 0.09%). Since the data were all recorded with a single
cantilever and both event types were distributed equally throughout the runtime of the measurement, no systematic biasing is expected. Because of
the lower force distribution of final single peaks, the iLOV unfolding force distribution is truncated compared to final double peak force traces,
supporting the notion that the binding mode is set prior to mechanical loading of the complex.
DOI: 10.7554/eLife.10319.010

double peaks, allowing for effective biasing of the iLOV unfolding force distributions by the inherent
stability difference between single and double event peaks. Figure 6A shows characteristic single
and double event curves containing iLOV unfolding (36-nm contour length increment) followed by
Coh:Doc rupture as a single or double event. The rupture force distributions of the single and double event (second peak) ruptures are shown in Figure 6B. The most probable rupture force for single
events was ~104 pN, while for double events this value was ~140 pN at a pulling speed of 800 nm/s.
We next calculated the unfolding force distributions of the iLOV domain for curves that terminated
with single events or double events. If the Coh:Doc complex ruptured before iLOV unfolding was
observed, the curve was eliminated from the dataset because it lacked a fingerprint domain length
increment. This criterion for inclusion in the dataset results in a biasing of the iLOV unfolding forces,
since the maximum of the fingerprint unfolding force distribution that can be observed must lie
below that of the Coh:Doc complex. The fact that we observed a downward shift in the iLOV unfolding forces (Figure 6C) for curves that terminated in the less mechanically stable single rupture event
is confirmation that the single- and double-event peaks arise from separate bound conformations.
Each mode has a distinct mechanical stability and energy landscape that is set at the time of receptor-ligand binding, that is once bound, the conformation of the complex does not change. If singleand double-event unbinding patterns were simply two competing pathways out of the same bound
state, then the downward shift in rupture force distribution would not be observed for the iLOV
unfolding forces. Although this shift in rupture force distributions is comparatively subtle, it can be
observed accurately with high statistical significance. We note that the datasets for both binding
modes were measured with the same cantilever throughout the runtime of the whole experiment.
Calibration and drift issues therefore did not interfere with the required accuracy.
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Discussion
The relatively small ~8 kDa Doc domains exhibit an internal sequence and structural symmetry that is
believed to give rise to a dual mode of binding to Coh, as shown in Figure 1. In order to study this
remarkable plasticity in molecular recognition in greater detail, we prepared a series of mutants (Figure 2) designed to either knock out a specific binding mode or add length to the molecule at a specific position. Bulk experiments showed that Doc mutants Q1 and Q3, originally designed to
suppress one of the binding modes, were still able to bind Coh with high affinity, while the double
knockout did not bind (Figure 4A). The equilibrium affinities of Coh binding to Q1, Q3, or wild-type
were all similarly high with KDs in the low nM range, in good agreement with literature values
(Sakka et al., 2011), suggesting the two binding modes are thermodynamically equivalent and rendering them indistinguishable with conventional methods such as ELISA or calorimetry. Techniques
like surface plasmon resonance could possibly show differing values for on- and off-rates for the
mutants, but would still not be able to resolve the binding modes within a wild-type population.
Force spectroscopy with the AFM interrogates individual molecules, and measures their mechanical response to applied force. Since the technique is able to probe individual members of an ensemble, it provided a means to quantify binding mode configurations by assigning unfolding/unbinding
patterns to the binding mode adopted by the individual complexes. Site-directed Q1 and Q3 mutations supported the assignment of binding mode A to a characteristic double rupture peak dissociation pathway. Single events were assigned to binding mode B and showed no Doc unfolding substep prior to complex rupture.
We consistently observed 8 nm of added contour length that separated the Doc double peaks.
Since force is applied to Doc from the N-terminus, we analyzed the Doc sequence starting at the Nterminus and searched for reasonable portions of Doc that could unfold in a coordinated fashion to
provide 8 nm of contour length. The results from the GS-insert experiments (Figure 5) indicated no
change in the double-event contour length increment, regardless of the added GS-insert length
located between helix 1 and 3 in Doc. This result is consistent with the 8 nm length increment being
located N-terminally from the GS-insert site, implicating unfolding of Doc calcium binding loop 1
and helix 1 as the source of the 8 nm. This length accurately matches the estimated length increment
for unfolding calculated from the crystal structure (Figure 1D).
Although this result could also be consistent with the 8 nm increment being located somewhere
outside the Doc domain in the polyprotein, we deem this scenario highly unlikely. The 8 nm increment cannot be located in the Xyn or CBM domains because we have accounted for Xyn and CBM
lengths in their entirety based on the observed 89 nm and rare 57 nm length increments here and in
a previous study (Stahl et al., 2012), and for confirmation swapped out those domains for different
proteins completely (i.e. iLOV and GFP). The remaining possibility that the 8 nm is located within the
Coh domain is also not likely since the barrel-like structure of the Coh is known to be mechanically
highly stable (Valbuena et al., 2009; Hoffmann et al., 2013). Also, if the 8-nm length increment
were due to partial Coh unfolding, the Q1 and Q3 mutants would not be expected to affect the single/double peak ratio or force differences between the double event peaks as was observed
(Figure 4B, C). The GS-insert data suggest the 8-nm length increment is located within Doc,
upstream (N-terminal) from the GS-insert site implicating calcium loop 1 and helix 1 in this unfolding
event.
Finally, we observed that an inherent difference in the mechanical stability of single and double
event rupture peaks (Figure 6B) could be used as a feature by which to discriminate the binding
modes. Our analysis algorithm accepted only the force curves that first showed iLOV fingerprint
domain unfolding followed by either a single- or double-rupture peak. By observing a small but significant downward shift in the iLOV unfolding force distribution when analyzing curves that terminated in the less stable single-event peak, we confirmed the single-event peaks originate from a
unique conformation that is ‘set’ at the time of complex formation.
Taken together, we propose an unbinding mechanism where the first barrier of the double peaks
represents unfolding of the N-terminal calcium binding loop and unraveling of alpha helix 1 up to
the Lys-Arg pair at sequence positions 18 and 19 in the wild-type structure in binding mode A.
Based on a length per stretched amino acid of 0.4 nm, the expected contour length for unfolding
the Doc domain up to this position would be 7.6 nm, in good agreement with the measured value of
8 nm within experimental error. A portion of the N-terminal calcium binding loop (i.e. residues S11-
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T12) is involved in binding to D39 in Coh. The first peak of the double events is attributed to breakage of this interaction and simultaneous unfolding of calcium loop 1 and alpha helix 1 up to the LysArg pair at sequence positions 18 and 19. Another contributing factor is the intramolecular clasp
that has been identified as a stabilizing mechanism among similar type-I Doc domains (Slutzki et al.,
2013). A recent NMR structural study (Chen et al., 2014) on the same wild-type Doc used in this
work confirmed a hydrophobic ring-stacking interaction between Tyr-5 and Pro-66. Confirmation of
this clasp motif by NMR means the head and tail of the Doc are bound together, additionally stabilizing the barrier that is overcome in the first of the double event peaks. In this scenario, subsequent
to breaking the interactions between the calcium binding loop and Coh, disrupting the intramolecular clasp and unfolding the N-terminal loop-helix motif, the remaining bound residues including Lys18, Arg-19, Lys-50, Leu-54, and Lys-55 stay bound to Coh and are able to withstand substantial force
on their own, eventually breaking in the second and final of the double rupture peaks. Prior work further supports this unbinding mechanism, revealing that a progressive N-terminal truncation of Doc
did not affect the interaction largely, unless the truncation reached the Lys-18 and Arg-19 residues
(Karpol et al., 2009). This corroborates the idea of the C-terminal end of helix 1 being a crucial part
of the binding site within the complex. Single rupture peaks were thus observed when the wild-type
complex was bound in binding mode B, and no unfolding of Ca-binding loop 1 or helix 1 occurred.
Force was propagated directly to bound residues Lys-18, Leu-22, and Arg-23 which when broken
resulted in complete complex dissociation.
Given the fingerprint biasing phenomenon (Figure 6C), we finally sought to correct the single/
double peak counting statistics (Figure 4B) in order to correct for undercounting of single peaks
due solely to their failure to reach sufficiently high forces to unfold the fingerprint domain. Only
traces showing a fingerprint were analyzed to ensure defined unfolding geometry. Using the rupture
force distributions of singles, doubles, iLOV, and xylanase domains, we calculated the probability of
occurrence of fingerprint unfolding at a force higher than the single-event ruptures. This overlap
probability was found to be 0.85 for iLOV and 0.40 for xylanase. When the single/double peak ratios
for were corrected for this effect, the final binding mode ratios (binding mode A/binding mode B, i.
e., doubles/singles) were found to be 0.95 and 0.87 for xylanase-Doc and iLOV, respectively. These
ratios are close to 1 indicating comparable probability of each binding mode after accounting for
biasing the single/double peak counting statistics due to fingerprint domain stability. We note that
these numbers are also slightly lower than unity due to the exclusion of double peaks that occurred
before unfolding of the fingerprint domains. Further details on rupture force distributions and overlap statistics are shown in Figure 7. As the magnitude of biasing changes with the unfolding force
distributions of each fingerprint domain, overlaps in the probability distributions allow for normalizing single/double event ratios of experimental data sets with different fingerprinting domains. For
the Coh:Doc complex unbinding event, biasing (undercounting) is more pronounced for the mechanically weaker single ruptures. This normalization procedure shows the relative difference of biasing
between single and double events, as double events are less biased than single events.
The biological significance of Coh-Doc interactions in the context of cellulosome assembly and
catalysis cannot be overstated. Their high affinity and specificity, along with their modularity, thermostability, and their ultrastable mechanical properties all make Coh-Doc unique from a biophysics
perspective, and attractive from an engineering standpoint. Dual binding mode Doc domains are
broadly predicted among many cellulosome producing bacteria (e.g. C. thermocellum, C. cellulolyticum, R. flavefaciens), however relatively few have been confirmed experimentally (Carvalho et al.,
2007; Pinheiro et al., 2008; Brás et al., 2012). In fact, the direct effect of single vs. dual binding
modes on the ability of cellulosomes to convert substrate into sugars is currently unknown. It is
therefore unclear whether or not dual binding modes affect, for example, the catalytic properties of
native or engineered synthetic cellulosomes.
However, it is important to note that cellulosome producing bacteria invariably live among communities with other microorganisms, which may be producing cellulases and cellulosomes of their
own. In such an environment, a dual binding mode could enable organisms to produce enzymes that
are able to bind to a neighboring species’ scaffoldins, yet still retain high-affinity interactions with
host scaffoldins. They would be able to combine resources with neighboring cells in a mixed microbial consortium. The dual binding mode could therefore allow genetic drift to explore interspecies
protein binding. Indeed, cross-species reactivity between Coh and Doc has been reported
(Haimovitz et al., 2008). Cellulosome-producing microbes may therefore be pursuing a middle
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Figure 7. Fingerprint unfolding and complex unbinding forces. (A) Rupture force distribution of final complex
ruptures for single (green), first (purple) and second (red) double unbinding events. (B) Overlap area (purple) of
iLOV domain unfolding force distribution (red) (iLOV-doubles curve class) with the rupture force distribution
(green) for single-event complex ruptures. (C) Overlap area (purple) of Xyn domain unfolding force distribution
(red) (Xyn-doubles curve class) with the rupture force distribution (green) for single-event complex ruptures.
Overlaps in probability distributions allow normalizing single-event counts to double events to account for
different biasing caused by the different unfolding forces of the fingerprint domain. Biasing occurs, because for
overlapping force distributions of fingerprint unfolding and complex ruptures, unbinding events are more likely to
take place without fingerprint unfolding if the two distributions are closer together. For the Coh:Doc unbinding,
this effect is more pronounced for the weaker single ruptures. Because double events are also biased, this still
does not give a true quantification, but only compensates for the differences of biasing. The non-bell-evans-like
shape of the single rupture peaks, especially in the region of the 1st double event peak (A) suggests that this class
of curves does not contain a single type of unbinding mechanism, but rather a superposition of different event
types.
DOI: 10.7554/eLife.10319.011
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ground between protein synthesis strictly for selfish vs. communal usage. By distinguishing the presence of each binding mode for wild-type Doc domains, the single-molecule biophysical approach
presented here based on differences in mechanical hierarchies will facilitate further study into the
significance of the dual binding mode.
In summary, the dual binding mode of Coh:Doc domains has so far proven resistant to explicit
experimental characterization. Crystallography combined with mutagenesis has provided snapshots
of the two modes, but resolving each of the modes for wild-type Doc under near native conditions
has up until now not been possible. We have demonstrated the advantages of a single-molecule
approach in resolving these subtle differences in molecular conformations of bound complexes.
Despite having equal thermodynamic binding affinity, when mechanically dissociated by pulling from
the N-terminus of Doc, binding mode A was more mechanically stable with an additional energy barrier. This mechanical difference was exploited to probe the two binding modes independently from
one another, providing direct observation of this unique mechanism in molecular recognition. In the
future, harnessing control over binding modes could offer new approaches to designing molecular
assembly systems that achieve defined protein orientations.

Materials and methods
Site-directed mutagenesis of plasmid DNA
A pET28a vector containing the previously cloned xylanaseT6 from Geobacillus stearothermophilus
(Salama-Alber et al., 2013) and DocS dockerin from Clostridium thermocellum Cel48S were subjected to QuikChange mutagenesis (Wang and Malcolm, 1999) to install the following mutations:
Q1, Q3, and QQ in the dockerin and T129C in the xylanase, respectively.
For insertion of the (GS)4 and (GS)8 linkers into the Doc domain, exponential amplification with
primers bearing coding sequences for the inserts at their 5’-ends was performed with a Phusion
High-Fidelity DNA polymerase (New England Biolabs, MA). PCR products were then blunt end
ligated using KLD Enzyme Mix and KLD Reaction Buffer from the Q5 site directed mutagenesis kit
(New England Biolabs, MA). The modified DNA constructs were used to transform Escherichia coli
DH5-alpha cells, grown on kanamycin-containing agar plates and subsequently screened. All mutagenesis products were confirmed by DNA sequencing analysis.
Primers used for inserting the (GS)8 linker into the Doc domain:
Fw 5’-ggttctggctccggttctggctccagcatcaacactgacaat-3’
Rev 5’-agaaccggagccagagccggaacctatacctgatctcaaaacatatct-3’

Protein expression and purification
Fusion proteins HIS-CBM A2C-Coh2 (C.t.) were expressed in E. coli BL21(DE3)RIPL cells in kanamycin-containing media supplemented with 2mM calcium chloride overnight at 16˚C. After harvesting,
cells were lysed by sonication, and the lysate was subjected to heat treatment at 60˚C for 30 min to
precipitate the bulk of the host bacterial proteins, leaving the expressed thermophilic proteins in
solution. The lysate was then pelleted, and the supernatant fluids were applied to a beaded cellulose
column and incubated at 4˚C for 1 hr. The column was then washed with 50 mM Tris buffer (pH 7.4)
containing 1.15 M NaCl, and the protein was eluted using a 1% (vl/v) triethylamine aqueous solution.
Tris buffer was added to the eluent and the solution was neutralized with HCl.
Fusion proteins HIS-Xyn T129C-DocS (C.t.) wild-type, Q1, and Q3 mutants were expressed as
described above. Following heat treatment, the supernatant fluids were applied to a Ni-NTA column
and washed with TBS buffer containing 20mM imidazole and 2mM calcium chloride. The bound protein was eluted using TBS buffer containing 250 mM imidazole and 2 mM calcium chloride. The solution was then dialyzed to remove the imidazole.
Fusion proteins ybbR-HIS-CBM A2C-Coh2 (C.t.), ybbR-HIS-Xyn T129C-DocS (C.t.) wild-type and
QQ mutants and ybbR-HIS-Xyn T129C-DocS (C.t.) (GS)4 insert were expressed in E. coli BL21(DE3)
RIPL cells; ybbR-HIS-Xyn T129C-DocS (C.t.) (GS)8 insert fusion protein variants were expressed in E.
coli NiCo21(DE3)RIPL cells. Cultivation and expression was done in ZYM-5052 autoinduction media
(Studier, 2005) containing kanamycin (and chloramphenicol, in case of the NiCo21(DE3)RIPL cells)
overnight at 22˚C, overall 24 hr. After harvesting, cells were lysed using sonication. The lysate was
then pelleted by centrifugation at 39,000 rcf, the supernatant fluids were applied to Ni-NTA columns
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and washed with TBS buffer. The bound protein was eluted using TBS buffer containing 200 mM
imidazole. Imidazole was removed with polyacrylamide gravity flow columns or with polyacrylamide
spin desalting columns.
All protein solutions were concentrated with Amicon centrifugal filter devices and stored in 50%
(v/v) glycerol at -20˚C (ybbR-free constructs) or -80˚C (ybbR-bearing constructs). The concentrations
of the protein stock solutions were determined to be in the order of 1–15 mg/mL by absorption
spectrophotometry at a wavelength of 280 nm.

ELISA-like binding assay
1 mM of Xyn-Doc fusion proteins (wild-type Q1, Q3, QQ Doc fusions) bearing either wild-type or
mutant Doc domains were adsorbed onto surfaces of the wells of a 96-well nunc maxi sorp plate
(Thermo Scientific, Pittsburgh, PA). After blocking (2% (w/v) BSA, 0.05% Tween 20 in TBS buffer)
and several rinsing steps, a red fluorescent protein-cohesin (StrepII-TagRFP-Coh2 (C.t.), Addgene ID
58,710 (Otten et al., 2014)) fusion construct was incubated to the unspecifically immobilized Doc
fusion proteins over a range of concentrations. After further rinsing, the fluorescence of the TagRFP
domain was measured with a multi-well fluorescence plate reader ( M1000 PRO, Tecan Group Ltd.,
Männedorf, Switzerland). Fluorescence values were plotted against their corresponding concentration values for each protein variant, and 4 parameter logistic nonlinear regression model functions
were fitted to the data to determine the transition point of the curve.

Surface immobilization strategies
The Xyn domain had a cysteine point mutation at position 129 (Xyn T129C) to facilitate covalent
attachment to a glass surface via Polyethylene glycol (PEG)-maleimide linkers. There were no other
cysteines within the Xyn or Doc domains, which ensured site-specific immobilization of the molecule
and defined mechanical loading of Doc from the N-terminus for the AFM experiments. The CBM
domain likewise contained an A2C cysteine point mutation for covalent attachment to the cantilever
tip via PEG-maleimide linkers. The second set of fusion proteins sfGFP-Doc and iLOV-Coh was covalently attached to coenzyme A bearing PEG linkers by their terminal ybbR tags.

AFM sample preparation
For AFM measurements, silicon nitride cantilevers (Biolever mini, BL-AC40TS-C2, Olympus Corporation nominal spring constant: 100 pN/nm; 25 kHz resonance frequency in water), and glass coverslips
(Menzel Gläser, Braunschweig, Germany; diameter 22mm) were used. 3-Aminopropyl dimethyl
ethoxysilane (APDMES, ABCR GmbH, Karlsruhe, Germany), a-Maleinimidohexanoic-w-NHS PEG
(NHS-PEG-Mal, Rapp Polymere, Tübingen, Germany; PEG-MW: 5 kDa), immobilized tris (2-carboxylethyl)phosphine (TCEP) disulfide reducing gel (Thermo Scientific, Pittsburgh, PA), tris
(hydroxymethyl) aminomethane (TRIS, >99% p.a., Carl Roth, Karlsruhe, Germany), CaCl2 (>99% p.a.,
Carl Roth, Karlsruhe, Germany), sodium borate (>99.8% p.a., Carl Roth, Karlsruhe, Germany), NaCl
(>99.5% p.a., Carl Roth, Karlsruhe, Germany), ethanol (>99% p.a.), toluene (>99.5% p.a., Carl Roth,
Karlsruhe, Germany) were used as received. Sodium borate buffer was 150 mM, pH 8.5. Measurement buffer for AFM-SMFS was tris-buffered saline supplemented with 1 mM CaCl2 (TBS, 25 mM
TRIS, 75 mM NaCl, 1 mM CaCl2 pH 7.2). All buffers were filtered through a sterile 0.2 mm polyethersulfone membrane filter (Nalgene, Rochester, NY) prior to use.
Force spectroscopy measurement samples, measurements and data analysis were prepared and
performed according to previously published protocols (Jobst et al., 2013;Otten et al., 2014). In
brief, NHS-PEG-Maleimide linkers were covalently attached to cleaned and amino-silanized silicon
nitride AFM cantilevers and cover glasses. The respective protein constructs were covalently linked
either via engineered cysteine residues to the maleimide groups of the surface on the sample
directly, or via Sfp phosphopantetheinyl transferase-mediated attachment of a terminal ybbR tag to
coenzyme A, which was previously attached to the maleimide groups of the surface.

AFM-SMFS measurements
AFM data were recorded in 25 mM TRIS pH 7.2, 75 mM NaCl and 1mM CaCl2 buffer solution (TBS).
Retraction velocities for constant speed force spectroscopy measurements varied between 0.2 and
3.2 mm/s. Cantilever spring constants were calibrated utilizing the thermal method applying the
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equipartition theorem to the one dimensionally oscillating lever (Hutter and Bechhoefer,
1993; Cook et al., 2006). Measurements were performed on custom built instruments, deploying an
Asylum Research (Santa Barbara, CA, USA) MFP-3D AFM controller and Physik Instrumente (Karlsruhe, Germany) or attocube (Munich, Germany) piezo nanopositioners (Gumpp et al., 2009). After
each measurement, the xy-stage was actuated by 100 nm to probe a new spot on the surface and
measure new individual Xyn-Doc fusion molecules. Instrument control software was programmed in
Igor Pro 6.3 (Wavemetrics). The retraction speed was controlled with a closed-loop feedback system
running internally on the AFM controller field-programmable gate array (FPGA).

Force-extension data analysis
Data analysis and plotting was performed in Python (Python Software Foundation. Python Language
Reference, version 2.7. Available at http://www.python.org) utilizing the libraries NumPy and SciPy
(van der Walt et al., 2011) and Matplotlib (Hunter, 2007).
Measured raw data were analyzed by determining the zero force value with the baseline position
and applying a cantilever bending correction to the z-position. The resulting force distance traces
were coarsely screened for peaks as sudden drops in force and curves with less than three peaks
(such as in Figure 3—figure supplement 1, panel F) were excluded, as they contain no clearly identifiable signal. Force-distance traces were transformed into contour length space with the inverse
worm-like-chain model (Jobst et al., 2013), assuming a fixed persistence length of 0.4 nm. Screening for the 89 nm xylanase, the 36nm iLOV and the final 8 nm final double rupture increment was
performed by finding their corresponding local maxima in a kernel density estimate with bandwidth
b = 1 nm. Thresholds in force, distance, and peak counts were applied to sort out nonspecific and
multiple interactions. All curves were ultimately selected for the xylanase or iLOV fingerprint and
checked manually. For the counting statistics, double peaks were detected as an increment of 8 +- 4
nm in contour length for final rupture peaks in the contour length plot, given that the curve showed
one of the fingerprints. If a double peak was detected, the force difference was determined as the
percentual difference between the first and the final rupture peak force.
Barrier position diagrams were assembled using optimal alignment through cross-correlation
(Puchner et al., 2008; Otten et al., 2014). The numbers of points included in fitted histograms are
provided in the figure captions, along with the statistical tests and significance values obtained.

Amino acid sequences
pET28a-HIS-XynT129C-DocS (C.t.) wild-type
MSHHHHHHKNADSYAKKPHISALNAPQLDQRYKNEFTIGAAVEPYQLQNEKDVQMLKRHFNSIVAENVMKPISIQPEEGKFNFEQADRIVKFAKANGMDIRFHTLVWHSQVPQWFFLDKEGKPMVNECDPVKREQNKQLLLKRLETHIKTIVERYKDDIKYWDVVNEVVGDDGKLRNSPWYQIAGIDYIKVAFQAARKYGGDNIKLYMNDYNTEVEPKRTALYNLVKQLKEEGVPIDGIGHQSHIQIGWPSEAEIEKTINMFAALGLDNQITELDVSMYGWPPRAYPTYDAIPKQKFLDQAARYDRLFKLYEKLSDKISNVTFWGIADNHTWLDSRADVYYDANGNVVVDPNAPYAKVEKGKGKDAPFVFGPDYKVKPAYWAIIDHKVVPGTPSTKLYGDVNDDGKVNSTDAVALKRYVLRSGISINTDNADLNEDGRVNSTDLGILKRYILKEIDTLPYKN

pET28a-ybbR-HIS-XynT129C-DocS (C.t.) 16aa GS Insert
MGTDSLEFIASKLALEVLFQGPLQHHHHHHPWTSASKNADSYAKKPHISALNAPQLDQRYKNEFTIGAAVEPYQLQNEKDVQMLKRHFNSIVAENVMKPISIQPEEGKFNFEQADRIVKFAKANGMDIRFHTLVWHSQVPQWFFLDKEGKPMVNECDPVKREQNKQLLLKRLETHIKTIVERYKDDIKYWDVVNEVVGDDGKLRNSPWYQIAGIDYIKVAFQAARKYGGDNIKLYMNDYNTEVEPKRTALYNLVKQLKEEGVPIDGIGHQSHIQIGWPSEAEIEKTINMFAALGLDNQITELDVSMYGWPPRAYPTYDAIPKQKFLDQAARYDRLFKLYEKLSDKISNVTFWGIADNHTWLDSRADVYYDANGNVVVDPNAPYAKVEKGKGKDAPFVFGPDYKVKPAYWAIIDHKVVPGTPSTKLYGDVNDDGKVNSTDAVALKRYVLRSGIGSGSGSGSGSGSGSGSSINTDNADLNEDGRVNSTDLGILKRYILKEIDTLPYKN

pET28a-HIS-XynT129C-DocS (C.t.) Q1 mutant
MSHHHHHHKNADSYAKKPHISALNAPQLDQRYKNEFTIGAAVEPYQLQNEKDVQMLKRHFNSIVAENVMKPISIQPEEGKFNFEQADRIVKFAKANGMDIRFHTLVWHSQVPQWFFLDKEGKPMVNECDPVKREQNK-
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QLLLKRLETHIKTIVERYKDDIKYWDVVNEVVGDDGKLRNSPWYQIAGIDYIKVAFQAARKYGGDNIKLYMNDYNTEVEPKRTALYNLVKQLKEEGVPIDGIGHQSHIQIGWPSEAEIEKTINMFAALGLDNQITELDVSMYGWPPRAYPTYDAIPKQKFLDQAARYDRLFKLYEKLSDKISNVTFWGIADNHTWLDSRADVYYDANGNVVVDPNAPYAKVEKGKGKDAPFVFGPDYKVKPAYWAIIDHKVVPGTPSTKLYGDVNDDGKVNDEDAVALAAYVLRSGISINTDNADLNEDGRVNSTDLGILKRYILKEIDTLPYKN

pET28a-HIS-XynT129C-DocS (C.t.) Q3 mutant
MSHHHHHHKNADSYAKKPHISALNAPQLDQRYKNEFTIGAAVEPYQLQNEKDVQMLKRHFNSIVAENVMKPISIQPEEGKFNFEQADRIVKFAKANGMDIRFHTLVWHSQVPQWFFLDKEGKPMVNECDPVKREQNKQLLLKRLETHIKTIVERYKDDIKYWDVVNEVVGDDGKLRNSPWYQIAGIDYIKVAFQAARKYGGDNIKLYMNDYNTEVEPKRTALYNLVKQLKEEGVPIDGIGHQSHIQIGWPSEAEIEKTINMFAALGLDNQITELDVSMYGWPPRAYPTYDAIPKQKFLDQAARYDRLFKLYEKLSDKISNVTFWGIADNHTWLDSRADVYYDANGNVVVDPNAPYAKVEKGKGKDAPFVFGPDYKVKPAYWAIIDHKVVPGTPSTKLYGDVNDDGKVNSTDAVALKRYVLRSGISINTDNADLNEDGRVNDEDLGILAAYILKEIDTLPYKN

pET28a-HIS-XynT129C-DocS (C.t.) QQ mutant
MSHHHHHHKNADSYAKKPHISALNAPQLDQRYKNEFTIGAAVEPYQLQNEKDVQMLKRHFNSIVAENVMKPISIQPEEGKFNFEQADRIVKFAKANGMDIRFHTLVWHSQVPQWFFLDKEGKPMVNECDPVKREQNKQLLLKRLETHIKTIVERYKDDIKYWDVVNEVVGDDGKLRNSPWYQIAGIDYIKVAFQAARKYGGDNIKLYMNDYNTEVEPKRTALYNLVKQLKEEGVPIDGIGHQSHIQIGWPSEAEIEKTINMFAALGLDNQITELDVSMYGWPPRAYPTYDAIPKQKFLDQAARYDRLFKLYEKLSDKISNVTFWGIADNHTWLDSRADVYYDANGNVVVDPNAPYAKVEKGKGKDAPFVFGPDYKVKPAYWAIIDHKVVPGTPSTKLYGDVNDDGKVNDEDAVALAAYVLRSGISINTDNADLNEDGRVNDEDLGILAAYILKEIDTLPYKN

pET28a-ybbR-HIS-sfGFP-DocIS (C.t.)
MGTDSLEFIASKLALEVLFQGPLQHHHHHHPWTSASSKGEELFTGVVPILVELDGDVNGHKFSVRGEGEGDATIGKLTLKFICTTGKLPVPWPTLVTTLTYGVQCFSRYPDHMKRHDFFKSAMPEGYVQERTISFKDDGKYKTRAVVKFEGDTLVNRIELKGTDFKEDGNILGHKLEYNFNSHNVYITADKQKNGIKANFTVRHNVEDGSVQLADHYQQNTPIGDGPVLLPDNHYLSTQTVLSKDPNEKRDHMVLHEYVNAAGITHGMDELYKKVVPGTPSTKLYGDVNDDGKVNSTDAVALKRYVLRSGISINTDNADLNEDGRVNSTDLGILKRYILKEIDTLPYKN

pET28a-ybbR-HIS-CBM A2C-Coh2 (C.t.)
MGTDSLEFIASKLALEVLFQGPLQHHHHHHPWTSASMCNTVSGNLKVEFYNSNPSDTTNSINPQFKVTNTGSSAIDLSKLTLRYYYTVDGQKDQTFWCDHAAIIGSNGSYNGITSNVKGTFVKMSSSTNNADTYLEISFTGGTLEPGAHVQIQGRFAKNDWSNYTQSNDYSFKSASQFVEWDQVTAYLNGVLVWGKEPGGSVVPSTQPVTTPPATTKPPATTIPPSDDPNAGSDGVVVEIGKVTGSVGTTVEIPVYFRGVPSKGIANCDFVFRYDPNVLEIIGIDPGDIIVDPNPTKSFDTAIYPDRKIIVFLFAEDSGTGAYAITKDGVFAKIRATVKSSAPGYITFDEVGGFADNDLVEQKVSFIDGGVNVGNAT

pET28a-ybbR-HIS-iLOV-Coh2 (C.t.)
MGTDSLEFIASKLALEVLFQGPLQHHHHHHPWTSASGSPEFIEKNFVITDPRLPDNPIIFASDGFLELTEYSREEILGRNARFLQGPETDQATVQKIRDAIRDQRETTVQLINYTKSGKKFWNLLHLQPVRDQKGELQYFIGVQLDGSDHVGSVVPSTQPVTTPPATTKPPATTIPPSDDPNAGSDGVVVEIGKVTGSVGTTVEIPVYFRGVPSKGIANCDFVFRYDPNVLEIIGIDPGDIIVDPNPTKSFDTAIYPDRKIIVFLFAEDSGTGAYAITKDGVFAKIRATVKSSAPGYITFDEVGGFADNDLVEQKVSFIDGGVNVGNAT

pET28a-StrepII-TagRFP-Coh2 (C.t.)
MWSHPQFEKVSKGEELIKENMHMKLYMEGTVNNHHFKCTSEGEGKPYEGTQTMRIKVVEGGPLPFAFDILATSFMYGSRTFINHTQGIPDFFKQSFPEGFTWERVTTYEDGGVLTATQDTSLQDGCLIYNVKIRGVNFPSNGPVMQKKTLGWEANTEMLYPADGGLEGRSDMALKLVGGGHLICNFKTTYRSKKPAKNLKMPGVYYVDHRLERIKEADKETYVEQHEVAVARYCDLPSKLGHKLNGSVVPSTQPVTTPPATTKPPATTIPPSDDPNAGSDGVVVEIGKVTGSVGTTVEIPVYFRGVPSKGIANCDFVFRYDPNVLEIIGIDPGDIIVDPNPTKSFDTAIYPDRKIIVFLFAEDSGTGAYAITKDGVFAKIRATVKSSAPGYITFDEVGGFADNDLVEQKVSFIDGGVNVGNAT
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[206] Christian Seifert and Frauke Gräter. Force Distribution Reveals Signal Transduction in E.
coli Hsp90. Biophys. J., 103(10):2195–2202, 2012.
[207] Zoltan Palmai, Christian Seifert, Frauke Gräter, and Erika Balog. An Allosteric Signaling
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